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Chapter 1

Molecular composition of developing glutamatergic synapses


Gabrielle L. Sell
a
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a
, and A. Kimberley McAllister
b
     
Center for Neuroscience, University of California, Davis, CA, United States








Abstract


For synapses to form and become functional, hundreds of synaptic proteins must be recruited and precisely aligned at nascent sites of contact between axons and dendrites in the developing brain. Understanding the mechanisms that govern the recruitment and stabilization of proteins destined for the synapse is imperative to our understanding of the formation of synaptic connections, neuronal circuits, and, ultimately, brain function. Despite tremendous progress in our understanding of the molecular components critical for synaptic function, many fundamental questions, such as how these synaptic components arrive at a nascent synapse and what the molecular signals that control this process are, remain unanswered. In this chapter, current knowledge of the mechanisms that govern the trafficking and recruitment of synaptic proteins to newly forming glutamatergic synapses is discussed.
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1.1. Introduction

The mammalian brain consists of hundreds of thousands of interconnected neuronal circuits that give rise to fundamental cognitive processes such as human perception, learning, and memory. These circuits are assembled during development by the formation of precise synaptic connections between billions of differentiating neurons. Synaptogenesis is a highly intricate process, requiring many spatially and temporally controlled changes in morphology and function. Synapses are initially formed following contact between dynamic filopodia of axons and dendrites and subsequently are transformed into functionally mature connections after the accumulation of a large number of protein complexes and specialized domains that are required for synaptic transmission. Amazingly, many of these synaptic components are transported over vast distances from where they are synthesized in the cell soma to where they eventually accumulate at specific sites of contact. Understanding how these proteins are trafficked before synapse formation and how the mechanisms governing their recruitment and stabilization at newly forming synapses function is crucial for understanding the functioning of the central nervous system (CNS) and how it can go awry in many developmental disorders.

Although in the past two decades there has been tremendous progress in our understanding of the molecular composition of the fully mature synapse, uncovering the intricate mechanisms governing the accumulation of proteins important for synaptic function has only just begun. One of the major reasons for this comes from the technical difficulty of studying individual developing synapses in intact tissue. Synapses in the CNS are tiny structures, less than 1
 
μm in diameter, and are packed at an incredibly high density in the developing brain, making them highly 
challenging to study in vivo. This limitation was overcome in the mid-1990s by the development of dissociated primary neuronal culture systems (Banker and Goslin, 1999; Fletcher et al., 1994). Neurons in culture develop axonal and dendritic arbors, establish connections with each other, and maintain an expression pattern and localization of neuronal proteins that are similar to those of neurons in the intact brain. The use of neuronal culture systems was revolutionized by the advent of high-resolution, subcellular, live-imaging techniques and the discovery and use of fluorescent proteins, such as green fluorescent protein (GFP), which can be tagged to synaptic proteins (Nakata et al., 1998). More recently, another technical leap has been made to recapitulate as much of the biology of the intact brain in the culture system as possible with the advent of three-dimensional cultures and brain organoids, reviewed in depth by Di Lullo and Kriegstein (2017); Wang (2018); and Heide et al. (2018). These systems have been reported to contain functional synapses, have the added capability of including additional neuronal and glial diversity, and can be derived from human or murine pluripotent stem cells (
Krencik et al., 2017; Pasca et al., 2015; Todd et al., 2013
). Neurobiologists now have the ability to monitor many cellular events during synaptogenesis, including the localization and dynamics of fundamental synaptic proteins before, during, and after synapse formation. Moreover, these techniques have permitted direct visualization of initial contact events between axons and dendrites and have started to provide fundamental insights into the molecules that are initially recruited to begin building synapses and the many intricate mechanisms required for that process.

In this chapter, a brief overview of the molecular components of mature glutamatergic synapses is provided, followed by a discussion of our current knowledge regarding both the transport of these proteins before synaptogenesis and the mechanisms that alter this transport, resulting in their accumulation at contact sites during the initial stages of synapse formation. For an extensive review of the molecular composition of the synapse and the trafficking of synaptic proteins in more mature networks and during plasticity, see Ribeiro et al. (2018); Chua et al., 2010; and Siddiqui and Craig, 2010 (also see Chapters 43 and 44). Finally, although it is clear that protein synthesis, degradation, and posttranslational modification of synaptic proteins play critical roles in synaptogenesis, the effects of these processes on protein distribution during synapse formation are not discussed here due to space constraints (for recent reviews, see Martinez et al., 2018; Birdsall and Waites, 2018; Alvarez-Castelao and Schuman, 2015; Yokoi et al., 2012; Fukata and Fukata, 2010; Mabb and Ehlers, 2010; Wang et al., 2010
).




1.2. Molecular composition of glutamatergic synapses

In the mammalian CNS, the vast majority of excitatory synapses are morphologically distinct asymmetric junctions that consist of a presynaptic terminal, a postsynaptic density (PSD), and a synaptic cleft separating and aligning the pre- and postsynaptic specializations (Fig. 1.1A). Presynaptic terminals or boutons are characterized by small varicosities found along the axon length or at the tips of axonal growth cones that establish contact with the postsynaptic cell. They are packed with hundreds of small (50
 
nm), clear synaptic vesicles (SVs) that dock, fuse, and release glutamate into the synaptic cleft in response to a depolarizing action potential (Burns and Augustine, 1995; Phillips et al., 2001). Fusion of SVs with the presynaptic terminal is tightly regulated and is restricted to a specialized region within the bouton called the active zone (Hirokawa, 1989; Landis, 1988). Ultrastructurally, active zones appear as weblike structures, formed by the presence of a dense matrix of protein components and cytoskeletal filaments that extend from the plasma membrane deep into the presynaptic terminal (Dresbach et al., 2001; Landis, 1988; Phillips et al., 2001). This structure tethers SVs to the active zone, bringing them close to calcium (Ca2+) channels and many other proteins that regulate their fusion.

Directly apposed to the presynaptic terminal is the postsynaptic target. Although the majority of glutamatergic synapses are found on dendritic spines on excitatory neurons in the mature brain, most glutamatergic synapses are found on the dendritic shafts of immature excitatory neurons and inhibitory neurons at all ages. The postsynaptic specialization can also be identified ultrastructurally by the presence of an electron-dense meshwork of a large number of proteins and scaffolding components, known as the PSD. The PSD acts to cluster glutamate receptors and their associated signaling molecules at a high density (Kennedy, 2000; Sheng and Hoogenraad, 2007). The PSD receives information transmitted from the presynaptic terminal through ionotropic glutamate receptors, which open in response to glutamate released from the presynaptic active zone. Once open, these channels permit the flow of ions, which depolarizes the postsynaptic cell, enabling information transfer from one neuron to the next. Separating the pre- and postsynaptic specialization is the synaptic cleft, which, rather than being an empty space, is occupied by an array of transsynaptic proteins that extend into the cleft from the pre- and postsynaptic membranes and interact to bring the active zone and PSD in close register.










[image: image]



Figure 1.1 Molecular composition of glutamatergic synapses. (A) Schematic representation of a mature glutamatergic synapse. In the axon, the presynaptic terminal contains a large number of scaffolding molecules that tether glutamate-filled SVs to the active zone. Depolarization stimulates glutamate release into the synaptic cleft through fusion of SVs with the plasma membrane at the presynaptic active zone. The synaptic cleft is spanned by a number of transsynaptic cell adhesion molecules (CAMs) that provide a molecular connection between the pre- and postsynaptic membranes. Glutamate receptors (NMDARs, AMPARs, KARs, and mGluRs) are clustered at high density in the postsynaptic membrane and are associated with a large number of scaffolding and signaling proteins that together comprise the PSD. (B) Thin-section electron micrographs showing ultrastructure of synapses taken from young mouse visual cortex (P8, left image) and mature mouse visual cortex (P60, right image). SV, synaptic vesicle; PSD, postsynaptic density; scale bar is 0.5
 
mm. (C) A cortical neuron grown in culture for 12 days and stained for the postsynaptic density-associated protein PSD-95 (blue) and the presynaptic vesicular glutamate transporter protein, vGlut-1 (turquoise). Glutamatergic synapses are sites of colocalized pre- and postsynaptic protein.




Over the past decades, tremendous progress has been made in identifying the molecular components of the glutamatergic synapse (Collins et al., 2006; Phillips et al., 2001; Sheng and Hoogenraad, 2007; Sheng and Kim, 2002). The presynaptic terminal and PSD are composed of a remarkably large number of proteins. Biochemical isolation and purification of both the active zone and the PSD has revealed more than 1000 proteins organized into complexes that serve to organize these specialized synaptic structures precisely (
Cheng et al., 2006; Fernandez et al., 2009; Peng et al., 2004; Phillips et al., 2001; Scannevin and Huganir, 2000; Sheng and Hoogenraad, 2007
). Despite the general consensus concerning a majority of the proteins present in the synapse, the synaptic proteome does vary in composition across brain area (Roy et al., 2018). Furthermore, mass spectroscopy analysis has led to recent estimates, suggesting that there could be upward of 600 distinct proteins in the PSD alone (Collins et al., 2006) and specific identification of long-lived proteins within the synapse, which may underlie learning and memory (Heo et al., 2018).



1.2.1. Presynaptic molecular composition

A variety of proteins that are associated with the presynaptic terminal have been identified, and they can be grouped into several protein classes by function (Dresbach et al., 2001; Schoch and Gundelfinger, 2006; Ziv and Garner, 2004; Michel et al., 2015). The first are proteins associated with SVs that are critical for their localization and calcium-dependent fusion (Chua et al., 2010; Sudhof, 2004; Takamori et al., 2006), including the vesicle-associated membrane protein 2 (VAMP2), synaptotagmin, and synaptic vesicle glycoprotein 2 (SV2). The second class comprises a variety of several different scaffolding proteins, including Piccolo, Bassoon, Ca2+/calmodulin-dependent serine protein 
kinase (CASK), Munc18-interacting protein 1 (MINT1), synapse-associated protein 97 (SAP97), Rab3-interacting molecule (RIM), and liprin-α, which interact with each other to form a multimolecular structure at the active zone. These scaffolding proteins tether SVs in close proximity to both endocytic and exocytotic machineries and link them to a variety of signaling pathways (Altrock et al., 2003; Ohtsuka et al., 2002; Schoch and Gundelfinger, 2006; Takao-Rikitsu et al., 2004). Finally, there are numerous cytoskeletal proteins, such as actin, myosin, tubulin, and b-catenin, which provide the structural framework for the presynaptic terminal, regulating the distribution of the many active zone proteins (Doussau, 2000; Halpain, 2003). Together, through physical interaction, these classes of proteins create a highly organized network of precisely aligned signaling complexes that enable the Ca2+-dependent release and retrieval of SVs for synaptic transmission and plasticity. Furthermore, the dense packing of proteins in this compartment may lead to phase separation aiding in the formation and localization of the SVs (Milovanovic and De Camilli, 2017). Intriguingly, multiple SV sites can be localized within a single synapse (Maschi and Klyachko, 2017), indicating that molecules that affect localization and fusion might have more nuanced roles in synaptic transmission than previously appreciated.




1.2.2. Postsynaptic molecular composition

The PSD is the most prominent feature of glutamatergic synapses. It is an electron-dense thickening created by hundreds of structural and signaling proteins, including glutamate receptors, ion channels, cell adhesion molecules (CAMs), signaling enzymes, membrane-trafficking proteins, and cytoskeletal proteins (Boeckers, 2006; Sheng and Hoogenraad, 2007), and it is much expanded in glutamatergic synapses compared with inhibitory synapses (Tao et al., 2018). Biochemical isolation and separation of proteins in the PSD has revealed many of these major constituents (Cotman, 1974; Sheng and Hoogenraad, 2007). Several types of glutamate receptors are clustered within the PSD, including metabotropic glutamate receptors, which mediate transmembrane signal transduction via interactions with G proteins, together with the ionotropic glutamate receptors—N-methyl-D-aspartate (NMDA), α-amino-3-hydroxy-5- methyl-4-isoxazole propionic-acid (AMPA), and kainate receptors—that differ in both glutamate responsiveness and ion selectivity. Of these receptors, the two major classes of ionotropic glutamate receptors, NMDARs and AMPARs, are highly enriched in the PSD and are vital for translating glutamate into electrical depolarization in the postsynaptic cell. These receptors are tethered to the PSD through physical interaction with a large number of scaffolding molecules, including PSD-95, guanylate kinase–associated protein (GKAP), glutamate receptor–interacting protein (GRIP), protein interacting with C kinase-1 (PICK1), Shank, and Homer. These structural proteins form a lattice-type structure that stabilizes membrane proteins and correctly localizes glutamate receptors in direct apposition to presynaptic release sites. Scaffolding proteins have several common protein–protein interaction domains, including PSD-95, discs large (Dlg), and zonular occludens-1 (ZO-1) (PDZ)-binding domains that facilitate the binding of many other additional membrane-associated and scaffolding molecules. These domains also enable binding to a wide variety of signaling molecules such as Ca2+/calmodulin-dependent protein kinase II (CAMKII) or Ras, Rho, Rac, and Arf GTPases, thereby enabling coupling of glutamate receptors to many downstream signaling cascades (Sheng and Hoogenraad, 2007). Additional molecules that play a major role in PSD structure and function are cytoskeletal proteins such as actin, tubulin, and cortactin, which interact with numerous scaffolding molecules to organize the PSD spatially and hold the synapse together (Boeckers, 2006; Sekino et al., 2007). In vivo superresolution imaging studies indicate that these structures, despite this complex and conserved organization, are highly dynamic (Wegner et al., 2018).

Our knowledge of the protein composition of the PSD has greatly expanded, and so has our understanding of the spatial organization and three-dimensional architecture of these proteins within the PSD. Recent electron microscopy (EM) studies have identified a sophisticated hierarchical laminar network of scaffolding proteins, arranged to organize signal detection and modulation with transduction into a postsynaptic signal (Petralia et al., 2005; Valtschanoff and Weinberg, 2001). This hierarchy arises from the binding properties and characteristics of individual proteins in the PSD. PSD-95 is found in a layer just beneath the postsynaptic membrane, perfectly situated to interact with glutamate receptors, ion channels, signaling proteins, and CAMs and cluster them at the postsynaptic membrane. Scaffolding molecules that are not anchored to the postsynaptic membrane, such as Shank, GKAP, and Homer, occupy a deeper layer within the PSD and, in turn, bind to cytoskeletal components such as α-actinin, cortactin, and actin and play a role in regulating the size and shape of dendritic spines (Boeckers, 2006; Petralia et al., 2005; Valtschanoff and Weinberg, 2001). Owing to their central position within the PSD and their ability to form large multiprotein complexes, the Shank family of proteins and their binding partners are considered to be a master scaffold deep within the PSD cytomatrix (Boeckers, 2006; Boeckers et al., 2002). Recent studies utilizing purified components of synapses paired with EM indicate that the PSD is primarily composed of cytoskeletal proteins and CaMKII with more traditional scaffolding proteins such as PSD-95 and Shank1 as less abundant components (Suzuki et al., 2018).









1.2.3. Trans-synaptic cell adhesion molecules

In addition to proteins that mediate synaptic transmission, there are proteins in the pre- and postsynaptic membranes that interact with each other across the synaptic cleft, called trans-synaptic CAMs. Many of these molecules have been implicated in the regulation of the initial stages of synaptogenesis in the CNS, as well as the modulation of synaptic plasticity (Craig and Kang, 2007; Gerrow and El-Husseini, 2006; McAllister, 2007; Scheiffele, 2003; Waites et al., 2005; Washbourne et al., 2004a; Cameron and McAllister, 2018). Glutamatergic synapses contain many different CAMs, the majority of which belong to the cadherin and extracellular leucine-rich repeat (LRR) families or the immunoglobulin superfamily, including N-cadherin, NCAM, neuroligins (Nlgs), neurexins (Nrxns), SynCAMs, synaptic adhesion-like molecules (SALMs), netrin-G ligands (NGLs), LRR transmembrane neuronal proteins (LRRTMs), and ephrins (Dean and Dresbach, 2006; McAllister, 2007; Siddiqui and Craig, 2010; Washbourne et al., 2004a; Cameron and McAllister, 2018). CAMs regulate multiple functions at the synapse: They mediate adhesion following initial axodendritic contact via both heterophilic and homophilic interactions and also act as signal transduction molecules to induce pre- and postsynaptic differentiation (Siddiqui and Craig, 2010). Finally, CAMs can also play more specific roles in synapse specification. For example, LRRTM1, in addition to Flrt2 and Slitrk1, determines synapse identity, which seems to be input specific and impact downstream synaptic function (Schroeder et al., 2018).

Nlgs and SynCAMs were the initial CAMs found to induce directly the recruitment of both pre- and postsynaptic proteins to nascent synapses (Li and Sheng, 2003; Scheiffele, 2003; Ziv and Garner, 2004). Nlgs are a family of four (in rodents) or five (in primates, including humans) postsynaptic transmembrane proteins whose extracellular domain binds across the synaptic cleft to their presynaptic partners, the α- and β-Nrxns (Boucard et al., 2005; Brose, 1999; Ichtchenko et al., 1995, 1996; Song et al., 1999; Varoqueaux et al., 2004); also discussed in more detail in Chapter 35. Intracellularly, Nlgs bind to many PDZ domain–containing scaffolding proteins, which in turn interact with postsynaptic transmitter receptors, ion channels, and signaling molecules (Hirao et al., 1998; Irie, 1997; Meyer et al., 2004). Some evidence from sequential deletion of the members of the Nlg family indicates that their functions are overlapping and impact synaptic composition more than synapse number in vivo (Chanda et al., 2017). The intracellular domains of Nrxns also bind to several PDZ-containing proteins, including CASK, through which they are indirectly bound to the neurotransmitter release machinery (Biederer and Sudhof, 2000; Hata et al., 1996
). Conditional removal of all neurexins has confirmed a role in presynaptic terminals, with differential effects in diverse neuron populations (Chen et al., 2017). This Nlg–Nrxn adhesion complex is sufficient and necessary to induce synapse formation, as Nlg- and Nrxn-expressing cells can directly induce both presynaptic SV clustering and postsynaptic aggregation of PSD-95 and NMDARs, respectively (Chih, 2005; Dean et al., 2003; Graf et al., 2004; Levinson and El-Husseini, 2005). SynCAMs are immunoglobulin superfamily members located on both sides of the synaptic cleft that can form tight associations between the active zone and PSD in a Ca2+-independent manner (Biederer, 2002; Washbourne et al., 2004a). SynCAMs impact both the size and number of synapses in cultured neurons as evidenced by combinatorial knockout of SynCAM1-3 (Fowler et al., 2017) and hasten synapse maturation when overexpressed (Doengi et al., 2016). Although SynCAM was originally reported to bind homophilically, recent reports show that SynCAM 1 preferentially interacts with SynCAM 2 (Fogel et al., 2007) to promote excitatory synapse formation and function (Biederer, 2002; Stagi et al., 2010). SynCAMs contain a PDZ domain motif on their intracellular domain that enables their binding to synaptic scaffolding adaptor proteins, including CASK, Mint1, and syntenin (Biederer, 2002).

Recently, several additional trans-synaptic adhesion molecules that also potently regulate synapse formation have been identified (Siddiqui and Craig, 2010), including the LRRTMs, SALMs, and the LRR and Ig domain–containing membrane proteins, NGLs. All four LRRTM family members localize to glutamatergic synapses, where they promote synapse formation (de Wit et al., 2009; Linhoff et al., 2009) and induce postsynaptic differentiation (Linhoff et al., 2009). Decreasing or knocking out LRRTM2 expression alters both glutamatergic synapse density and synaptic transmission and also disrupts the localization of SVs (de Wit et al., 2009; Linhoff et al., 2009). Intracellularly, LRRTM2 interacts with PSD-95, regulates the surface expression of AMPARs, and induces presynaptic differentiation by binding trans-synaptically to α- and β-Nrxns (de Wit et al., 2009; Ko et al., 2009). Although LRRTM2 is more potent than Nlg in promoting synapse formation in cultured neurons, these molecules cooperate in a synergistic manner to enhance synaptogenesis (Siddiqui and Craig, 2010). On the basis of these observations, Nrxns may be key mediators of presynaptic differentiation through binding to several postsynaptic synaptogenic CAMs (Siddiqui and Craig, 2010).

The NGL family of synaptic CAMs also belongs to the LRR superfamily (Woo et al., 2009b). NGL-1, NGL-2, and NGL-3 are predominantly localized postsynaptically and interact with their presynaptic ligands, netrin-G1, netrin-G2, and the liprin-α receptor (LAR), respectively (Kim et al., 2006; Woo et al., 2009a). Intracellularly, NGLs bind to PSD-95 and other postsynaptic proteins, including NMDARs (Kim et al., 2006). In addition to promoting synapse formation, 
NGL proteins also regulate axonal and dendritic outgrowth (Kim et al., 2006; Woo et al., 2009b) and adhesion at contacts between axons and dendrites (Song et al., 2013). Postsynaptic NGL-3 acts on the presynaptic protein, LAR, a tyrosine phosphatase receptor, which has an intracellular phosphatase domain and a liprin-α-binding domain (Kwon et al., 2010). NGL-1 and NGL-2 both define input specificity within the hippocampus (Matsukawa et al., 2014), whereas postsynaptic NGL-2 affects synapse strength and density in input-specific locations in hippocampus (DeNardo et al., 2012).The other LAR family members, PTPdelta and PTPsigma, also interact with NGL-3 to induce synapse formation (Kwon et al., 2010). The diverse and complex role that LAR family members play in synapse formation and organization is an active area of research reviewed in Um and Ko (2013) and Cameron and McAllister (2018).

SALMs, such as other CAMs, also regulate neurite outgrowth, synapse formation, and synapse maturation (Ko et al., 2006; Mah et al., 2010; Wang et al., 2008). SALMs interact across the synaptic cleft both homo- and heterophilically (Seabold et al., 2008) and can bind to PSD-95 postsynaptically (Ko et al., 2006). SALM2 is selectively present in glutamatergic synapses, where it regulates the density of synapses and their AMPAR content (Ko et al., 2006). SALM3 and SALM5, however, are present at both excitatory and inhibitory synapses, where they can induce presynaptic differentiation. SALM3 specifically induces clustering of PSD-95, whereas SALM5 regulates synapse density and function (Mah et al., 2010).

Many types of cadherins are also found at developing and mature synapses (Benson and Tanaka, 1998; Fannon and Colman, 1996; Huntley and Benson, 1999; Yamagata et al., 1995). Classical cadherins are Ca2+-dependent homophilic CAMs (Takeichi, 1991; Tepass et al., 2000) that bind intracellularly to catenins (Benson et al., 2001; Takeichi, 1991). N-cadherin and several protocadherins have been proposed to mediate the initial adhesion between axons and dendrites that precedes synaptogenesis (Waites et al., 2005). Expression of a dominant-negative N-cadherin decreases SV clustering in immature neurons (Bozdagi et al., 2004; Togashi et al., 2002) and reduces levels of β-catenin (Bamji et al., 2003) and p120catenin (Elia et al., 2006); however, N-cadherin is not sufficient in heterologous cells to induce the formation of presynaptic terminals (Sara et al., 2005; Scheiffele et al., 2000). Cadherin2 has recently been shown to interact with neuroligin-1, SynCAM, and LRRTM2 to promote presynaptic differentiation (Yamagata et al., 2018), whereas γ-protocadherin inhibits neuroligin-1 synaptogenic activity (Molumby et al., 2017).

In addition to trans-synaptic CAMs, several transmembrane receptors are found at synapses, where they regulate synaptogenesis and stability. Of these, one of the most characterized is the EphB family of receptor tyrosine kinases (see Chapter 34). EphB receptors are present at synapses, mostly in the PSD, where they bind to the extracellular domain of NMDARs (Dalva et al., 2000). EphB2 binds to PDS-95 and regulates AMPAR trafficking to synapses, as well as glutamatergic synapse and spine density (Kayser et al., 2006). EphB receptors bind across the synapse to ephrins (specifically ephrin-B1 and ephrin-B2) to stimulate differentiation of the presynaptic terminal through recruitment of syntenin-1 (McClelland et al., 2009). Scaffolding protein SAP102 signals through Ephs to induce synapse formation in the developing cortex (Murata and Constantine-Paton, 2013). Most compelling, knockout of EphB 1–3 decreases synapse density and alters spine morphology (Henkemeyer et al., 2003; Kayser et al., 2006), demonstrating that ephrin/EphB bidirectional signaling controls excitatory synaptogenesis in vivo.




1.2.4. Immune molecules

A relatively new class of molecules associated with synaptic development in vivo is the immune-related molecules. While the brain has typically been considered “immune privileged” (Joly et al., 1991), molecules associated with the peripheral immune system have been consistently shown not only to be expressed within the CNS, but specifically on neurons and at synapses. Furthermore, some of the loci encoding these immune molecules are associated with neurodevelopmental disorders in large GWAS studies, highlighting their importance in the formation and maintenance of a functional synapse (Careaga et al., 2010; Estes and McAllister, 2015). Here, we focus on two general immune-related pathways known to mediate synapse dynamics.

Major histocompatibility complex class I (MHCI) molecules are typically associated with the peripheral innate and adaptive immune systems. MHCI molecules are trimeric proteins, composed of the α-heavy chain, the light chain, β2M, which is required for export onto the cellular surface, and a peptide derived from proteolysis of self- or non–self-intracellular proteins (Peaper and Cresswell, 2008). Over the past two decades, it has become clear that MHCI mRNA and protein are present in the CNS and responsive to activity changes therein (Corriveau et al., 1998; Belgard et al., 2011; Needleman et al., 2010; Glynn et al., 2011). These changes in response to activity may be mediated through the PKC and MAPK pathways (Lv et al., 2015). MHCI immune receptors are also expressed within the CNS, including PirB (Syken et al., 2006), Ly49 (Zohar et al., 2008), CD3ε (Nakamura et al., 2007), CD3ζ (Baudouin et al., 2008), and truncated versions of KIRL1 (Bryceson et al., 2005). The expression of MHCI molecules is dependent on both the brain region, with 
expression in neurons and glia, and age, with highest expression in early postnatal development that tapers off to lower levels during early adulthood. Intriguingly, MHCI molecules are localized within both the pre- and postsynaptic terminal and at the membrane, indicating that they may signal within the synapse (Needleman et al., 2010).

Alterations in MHCI signaling have profound and wide-ranging effects on synaptic function and formation. Changes in surface MHCI via knockout of β2m increase both glutamatergic and GABAergic synapse density and strength in cortical cultures and in vivo (Glynn et al., 2011). Similarly, LTP is enhanced and LTD is absent in hippocampal slices (Huh et al., 2000), and mEPSC frequency is increased in hippocampal cultures and visual cortex slices (Goddard et al., 2007) in β2M and TAP1 double knockouts. Removing two of the classical murine MHCIs, H2-Kb and H2-Db, has more subtle effects (McConnell et al., 2009; Datwani et al., 2009). Consistent with MHCIs negatively regulating glutamatergic synapses, overexpression of H2-Db and H2-Kb reduces synapsin expression in vivo (Wu et al., 2011) and reduces synapse density and mEPSC frequency in cultures (Glynn et al., 2011), respectively. This MHCI-induced decrease in cortical synapse density is activity dependent, requiring activation of calcineurin and MEF2 transcription factors (Elmer et al., 2013). When PirB, an MHCI receptor, is knocked out, not only is spine density decreased, but also spine motility is dampened (Djurisic et al., 2013). Furthermore, PirB acute modulation shows an increase in synapses and dendritic spines (Bochner et al., 2014). While there is still more to learn related to the regulation of when and where MHCIs are trafficked to synapses and the mechanisms by which they act to exert their effects, the research has made it clear their role in regulating synaptic density and function.

Immune signaling molecules called cytokines, and their receptors have long been associated with neuroinflammatory signaling, where they regulate synapse formation, function, and plasticity (Boulanger, 2009). Recently, the interleukin-1 (IL-1) family has been implicated in synapse formation and neurodevelopmental disorders. The prototypical proinflammatory cytokine IL-1β (O'Neill, 2008) exerts its effects in the brain through three main receptors: ILR1, IL1RAPL1, and ILRaCP. IL1RI binds directly to NMDA receptors, and its synaptic localization is upregulated by both NMDA receptor activation and IL1β (Gardoni et al., 2011). Exogenous IL1β binding to IL1R1 reduces synapse number as measured via synaptophysin levels (Li et al., 2003) and regulates synapse formation through both pre- and postsynaptic mechanisms (Mishra et al., 2012). Furthermore, IL1β signals through GAPDH sulfhydration to degrade PSD-95 and destabilize excitatory synapses (Mir et al., 2014). The varied roles that IL1β plays generally in synaptic function and plasticity are reviewed in depth elsewhere (Patterson, 2015). IL1RAPL1 mutations are associated with cognitive impairments and autism (Carrie et al., 1999). IL1RAPL1 is present in the synapse where it binds PSD-95 (Pavlowsky et al., 2010) and PTPδ to regulate synapse formation (Yoshida et al., 2011) through RhoA signaling (Hayashi et al., 2013). These results are consistent with reports that IL1RAPL1 knockout mice have reduced cortical and hippocampal dendritic spine density (Yasamura et al., 2014; Montani et al., 2017
), although these results have been disputed as to the intensity of the defect (Houbaert et al., 2013). Furthermore, IL1RAPL1 has been shown to regulate synapse formation through its recruitment of RhoGAP2, a known modulator of actin cytoskeleton, to potential postsynaptic sites (Valnegri et al., 2011). IL1RACP knockdown decreases synapse formation, whereas overexpression increases synapse formation as measured by Bassoon puncta and dendritic spines through binding of PTPδ (Yoshida et al., 2012). Both IL1RAPL1 and IL1RACP induce synapses in HEK293/neuronal cocultures, and binding of both proteins to PTPδ has been confirmed via crystal structure (Yamagata et al., 2015).





1.3. Cellular mechanisms of transport of molecules to developing synapses

From a molecular perspective, synaptogenesis can be defined as the assembly of hundreds of pre- and postsynaptic proteins into the highly complex and specified structure of the mature synapse. For synapses to function correctly, these synaptic components—SVs and their associated proteins, glutamate receptors, ion channels, together with the major structural components of the active zone and PSD—must be transported and accumulate at new sites of contact between axons and dendrites with precise timing and in a highly orchestrated manner. Synapses, however, can often be located at vast distances from the neuronal cell body. Neurons thus face the daunting task of transporting many of these newly synthesized synaptic components along lengthy neuronal processes for them to participate in synaptic assembly. In addition, mechanisms must also be in place to alter or immobilize the transport of synaptic proteins at specific sites of initial contact to begin constructing the active zone and PSD. To gain a clearer understanding of how synapse formation occurs, it is crucial to know where these components are located before synapse formation, how they are trafficked within axons and dendrites, and how the mechanisms governing their recruitment and stabilization at newly forming synapses function.

Both pre- and postsynaptic proteins are present in neurons before synapses are formed, and many can be observed as discrete clusters in axons and dendrites (Nakata et al., 1998; Rao et al., 1998). Biochemical and high-resolution imaging 
techniques have established that these clusters represent heterogeneous vesicular intermediates that transport many synaptic proteins (Ahmari et al., 2000; Dresbach et al., 2005; Fletcher et al., 1991; Nakata et al., 1998; Rao et al., 1998; Shapira et al., 2003; Washbourne et al., 2002; Zhai et al., 2001). These clusters, known as transport packets, are mobile within axons and dendrites and can be recruited to nascent synapses soon after initial axodendritic contact (Fig. 1.2). Current research in this field is focused on identifying the biochemical composition of these transport packets and their timing and hierarchy of recruitment to nascent synaptic sites.
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Figure 1.2 Trafficking of synaptic protein precursors during synapse formation. (A) Electron micrograph of a neuronal dendrite labeled with immunogold for NMDARs. The gold particles label a transport packet that is associated with microtubules (arrows). Scale bar is 0.2
 
mm. (B) Time-lapse images of green fluorescent protein (GFP)–labeled STVs (left images) in axons and DsRed-labeled NMDAR transport packets in dendrites (right images). Clusters are mobile (arrowheads) and can often pause (boxed region) or change direction during transport. Time is shown in seconds; scale bar is 5
 
mm.





1.3.1. Presynaptic proteins

Presynaptic proteins are delivered to newly forming presynaptic terminals as preassembled macromolecular complexes containing many cytoplasmic and membrane-associated proteins required for SV cycling and active zone assembly (Ahmari et al., 2000). In early studies in which axonal transport in dorsal root ganglion cells was blocked, mature SVs were rarely present, and aggregates of variable-sized organelles and smooth endoplasmic reticulum (ER)–like structures were found on the proximal side of axons, indicating that the formation of mature SVs occurs following transport and delivery of SV proteins (Tsukita and Ishikawa, 1980). More recently, live imaging of fluorescently labeled presynaptic proteins has captured videos of mobile clusters of presynaptic protein precursors of variable size moving rapidly in both directions in axons (Ahmari et al., 2000; Nakata et al., 1998). Further characterization of these vesicular clusters revealed at least two types of transport packets that are morphologically and biochemically distinct, Piccolo transport vesicles (PTVs) and synaptic vesicle protein transport vesicles (STVs), which carry active zone and SV components separately to newly forming synapses (Ahmari et al., 2000; Shapira et al., 2003; Zhai et al., 2001).



1.3.1.1. Piccolo transport vesicles

PTVs are 80-nm dense-core vesicles (Zhai et al., 2001) that transport many protein components comprising the scaffolding matrix of the active zone, including Piccolo, Bassoon, CASK, and RIM, together with other proteins that mediate SV exocytosis, such as Munc-13, Munc18, syntaxin, SNAP-25, and also the a1 and b1 subunits of the N-type Ca2+ channels, as well as the adhesion molecule N-cadherin (Shapira et al., 2003; Zhai et al., 2001). These trans-Golgi network (TGN)–derived vesicular structures appear to be crucial for axonal targeting and transport of active zone proteins, since impairment of vesicle exit from the Golgi apparatus with brefeldin-A prevented the transport of Bassoon out of the soma (Dresbach et al., 2005). Interestingly, both Piccolo and Bassoon colocalize at the level of the TGN with several Golgi-resident proteins, suggesting that PTVs are loaded with these key cytomatrix proteins immediately following their synthesis (Dresbach et al., 2005).






Assembled PTVs move rapidly in developing axons at rates of greater than 0.35
 
mm/s. Their mobility is saltatory, often changing direction during trafficking, and they often split into smaller clusters or coalesce to form larger aggregates (Shapira et al., 2003). PTVs and STVs have been reported to colocalize during transport and can be corecruited to new synaptic sites, yet they are transported by distinct mechanisms (Tao-Cheng, 2007). Recently, syntabulin has been implicated in the transport of PTVs along microtubules, linking them via syntaxin1 to the kinesin-1 motor KIF5B and mediating their anterograde transport toward synapses (Cai et al., 2007; Su et al., 2004). Functional depletion of syntabulin not only reduces axonal transport of PTVs but also disrupts presynaptic assembly in developing neurons (Cai et al., 2007). Since PTVs move along axons in both directions, additional molecular motor proteins must be responsible for their retrograde transport. Indeed, Bassoon directly interacts with dynein light chains 1 and 2, possibly linking PTVs to dynein and myosin-V motor complexes (Fejtova et al., 2009). Disruption of this interaction affects the trafficking of PTVs, resulting in a decrease in the density of Piccolo and Bassoon at nascent synapses (Fejtova et al., 2009).

Together, these results suggest that bidirectional trafficking of PTVs is important for appropriate cargo transport during synapse formation. Once they reach axodendritic contact sites, PTVs have been proposed to fuse with the presynaptic plasma membrane, leading to the establishment of new active zones (Shapira et al., 2003 and reviewed by Torres and Inestrosa, 2018).




1.3.1.2. Synaptic vesicle protein transport vesicles

SV proteins are transported in heterogeneous organelles called STVs that are biochemically distinct from PTVs (Zhai et al., 2001). STVs carry many SV-associated proteins, including VAMP, SV2, voltage-dependent Ca2+ channels, synapsin1, and amphiphysin, which are necessary for Ca2+-dependent exocytotic fusion of SVs (Ahmari et al., 2000). Their morphologies range from pleiomorphic, tubulovesicular organelles (Ahmari et al., 2000) to clusters of small vesicles reminiscent of SVs (Kraszewski et al., 1995). In immature axons, STVs are highly mobile, with velocities ranging from 0.1 to 1
 
mm
 
s
−1 (Ahmari et al., 2000; Kaether et al., 2000; Nakata et al., 1998; Sabo et al., 2006; Fig. 1.2B). Similar to PTVs, STVs can split into smaller packets or merge into larger clusters. They travel along axons in a saltatory manner, often changing direction, suggesting that they are associated with multiple motor proteins at different stages during trafficking (Ahmari et al., 2000; Dai and Peng, 1996; Kraszewski et al., 1995; Sabo et al., 2006). Three anterograde microtubule-based motors are thought to be responsible for transporting STVs to nerve terminals: conventional kinesin-1 (Leopold et al., 1992; Sato-Yoshitake et al., 1992), KIF1A (Okada et al., 1995; Pack-Chung et al., 2007; Yonekawa et al., 1998; Stucchi et al., 2018), and KIF1Bb2, belonging to the kinesin-3 family of motor proteins (Nakamura et al., 2002).

STVs are often connected to the kinesin superfamily motors via scaffolding proteins. Evidence from Caenorhabditis elegans indicates that c-Jun kinase (JNK)–interacting proteins (JIPs) mediate the axonal transport and binding of kinesins to SV precursors. JIPs can bind JNK signaling complexes to vesicular cargo, suggesting that JNK signaling could regulate the trafficking of STVs. Consistent with this idea is the fact that a loss-of-function mutation of unc-16, a JIP-3 homolog, results in mislocalization of SVs (Byrd et al., 2001). However, the association of JNKs and JIPs with STVs in mammalian neurons is unknown. In addition to anterograde transport, the dynein complex and actin motor protein myosin-Va have been implicated in mediating retrograde transport of STVs (Koushika, 2004; Ohyama et al., 2001). Such a dependency on multiple motors fits with the reported heterogeneous nature of STVs destined for new synaptic sites.

A remarkable feature of STVs is their ability to pause frequently at predefined sites along axons during transport (Sabo et al., 2006). The majority of these pause sites are associated with sec6, a component of the exocyst complex, suggesting that the exocyst may play a role in facilitating the accumulation of SV precursors at particular sites along the axon. Alternatively, this may enable additional sorting to segregate proteins that reside at the axonal membrane from those belonging to the presynaptic terminal. Importantly, pause sites probably represent future sites of synapse formation, because dendritic contacts are selectively stabilized at these locations during the initial establishment of cortical connections (Sabo et al., 2006). This critical role for STV pause sites in the formation of the presynaptic terminal suggests that synaptogenic signals must be present specifically at these locations. Although the presence of synaptogenic molecules at pause sites remains unknown, it is clear that STVs can fuse and recycle with the plasma membrane during their transport specifically at pause sites (Sabo et al., 2006).

Following arrival at new contact sites, the transition from a dynamic precursor transport packet to a fully functional presynaptic structure can occur rapidly. Retrospective immunostaining of newly formed axodendritic contacts first identified by time-lapse imaging shows that STVs can accumulate at nascent synapses within minutes (Washbourne et al., 2002). These sites can subsequently become functional and soon be capable of neurotransmitter release (as early as 15
 
min to an hour after initial contact), as indicated by FM4-64 staining, which labels sites of activity-dependent SV recycling (Ahmari et al., 2000; Washbourne et al., 2002). Although it has been proposed that active zone proteins are recruited to 
new synapses before SVs (Ziv and Garner, 2004), it is likely that STV recruitment occurs either simultaneously or is followed quickly by the recruitment of PTVs, since Bassoon accumulates at sites of FM4-64 staining (which labels cycling SVs) shortly after their stabilization. Recent results suggest a temporal relationship governing the recruitment of transport packets to the presynapse, in the order of SVs, Piccolo, and synapsin (Easley-Neal et al., 2013).

Although the time course and hierarchy of recruitment of SVs and active zone proteins in mammalian neurons remains somewhat controversial, these events are becoming clearer in Drosophila and C. elegans (Owald and Sigrist, 2009). In these invertebrates, genetic mutations and epistasis studies currently suggest that the presynaptic protein synapse defective 1 (SYD-1) is recruited to synapses first (Patel et al., 2006), together with or followed shortly by SYD-2 (liprin-α in vertebrates; Kaufmann et al., 2002; Owald et al., 2010; Patel et al., 2006; Zhen and Jin, 1999). This is followed later by the recruitment of active zone proteins such as ELKS-1/CAST/ERC (Dai et al., 2006) and, finally, SVs (Patel et al., 2006; Zhen and Jin, 1999). liprin-αs interact with kinesins, including KIF1A and possibly kinesin-1 (Miller et al., 2005; Shin et al., 2003), suggesting that liprin-α may be transported together with SVs by KIF1A. In keeping with this model, mutations in liprin-α cause defective SV trafficking in vivo (Miller et al., 2005); however, liprin-α trafficking is unaltered in KIF1A mutants in C. elegans (Sieburth et al., 2005). Liprin-α recruits KIF1A-associated DCVs in a calcium-dependent manner to the postsynapse (Stucchi et al., 2018). Future work is required to determine if this hierarchy of events is conserved at mammalian synapses and also whether liprin-α regulates presynaptic differentiation by directly modulating trafficking of STVs and/or PTVs through cotransport or by trapping synaptic protein precursor cargo at synaptic sites (Spangler and Hoogenraad, 2007).





1.3.2. Postsynaptic proteins

Compared with presynaptic terminal assembly, which is driven by delivery of preassembled multiprotein complexes of SVs and active zone components, construction of PSD seems to occur through the sequential recruitment of many distinct protein complexes and is not also characterized.



1.3.2.1. N-methyl-D-aspartate receptors

One of the most critical events in glutamatergic synaptogenesis is the recruitment of ionotropic glutamate receptors. Similar to other neuronal transmembrane receptor complexes, the trafficking of NMDARs is complicated, and many steps are poorly understood. Following synthesis in the ER, NMDARs are subjected to highly regulated quality control. Exit from the ER is mediated by ER retention motifs that become sterically masked following proper subunit assembly (McIlhinney et al., 1998; Xia et al., 2001). This is achieved by the formation of tetramers of the obligatory NR1 subunit with either NR2 or NR3 subunits and ensures that only fully assembled receptor complexes are exported (Fukaya et al., 2003). On exiting the ER, NMDAR complexes are modified and sorted in the TGN, where they are subsequently packaged into mobile tubulovesicular transport packets before and during synaptogenesis (
Setou et al., 2000; Washbourne et al., 2002; 2004b).

In young neurons, NMDAR transport packets are heterogeneous in composition, ranging from clusters of multiple 50-nm vesicles to larger, tubulovesicular structures up to 600
 
nm in diameter (Washbourne et al., 2004b; Fig. 1.2A). NMDAR transport packets are mobile, traveling on average 4
 
mm/min (
Washbourne et al., 2002; 2004b; Fig. 1.2B), much slower than that reported for STVs. They accumulate at sites of axodendritic contact within 8
 
min, making them one of the first postsynaptic proteins to be recruited to new synapses (Washbourne et al., 2002). Transport of NMDARs relies on adapter proteins, such as mLin-10, CASK, and Velis, which couple NMDAR vesicular cargo via the PDZ domain of NR2B to the kinesin microtubule motor protein, KIF17 (Guillaud et al., 2003; Setou et al., 2000). However, there are likely to be additional slower motors that regulate NMDAR transport, since the average rate of transport of NMDARs is an order of magnitude slower than KIF17.

PDZ-containing scaffolding molecules also associate with NMDAR transport packets and modulate their mobility. This association occurs early in the secretory pathway and includes members of the membrane-associated guanylate kinases (MAGUKs). NMDAR transport may therefore be controlled to some extent by the various associated MAGUKs and the multiple proteins that can in turn bind to NMDARs and indirectly influence their trafficking to nascent synapses. NMDAR transport packets can move bidirectionally, often changing direction during transport (Washbourne et al., 2002), consistent with their association with multiple motor proteins. The MAGUK protein S-SCAM also associates with NMDAR transport packets (Barrow et al., 2009). S-SCAM can bind to the kinesin motor KIF1Ba (Mok et al., 2002) and may therefore be a good candidate for mediating the transport of NMDARs before synapse formation. SAP102 is also present on NMDAR transport packets (
Barrow et al., 2009; Washbourne et al., 2004b). SAP102 interacts with the C-terminal tail of NR2 in the ER and Golgi apparatus and in turn also binds to the exocyst component Sec8. Disruption of this interaction reduces the 
surface delivery of NMDARs, suggesting that SAP102 is important for linking NMDARs to the exocyst complex, which may facilitate exocytosis during trafficking and delivery to synapses (Sans et al., 2003). Splice variants of SAP102 may preferentially bind to the NR2B subunit (Chen et al., 2011), and the synaptic localization of SAP102 is necessary for efficient NMDA receptor trafficking (Wei et al., 2015). Finally, SAP102 can also bind via its Src homology 3/guanylate kinase (SH3/GK) domain to the mPINS, the mammalian homolog of Drosophila partner of inscuteable, an interaction thought to be important for efficient transfer of NMDARs out of the ER and for their surface delivery. mPINS can associate with the G protein subunit Gai, suggesting a possible link between NMDAR trafficking and G protein signaling (Sans et al., 2005).

For NMDARs to become functional at the synapse, they must be inserted into the plasma membrane. NMDAR transport packets could be transported via motor proteins until they reach their final destination, where they are inserted into the dendritic plasma membrane at the synapse. Vesicular transport of nascent NMDARs along dendrites is interspersed with periods of immobility at clathrin hot spots, where NMDARs undergo multiple rounds of exocytosis and endocytosis with the plasma membrane (Washbourne et al., 2004b). Once inserted into the plasma membrane, these transport packets could be delivered to the synapse following lateral membrane diffusion (Harney et al., 2008; Tovar and Westbrook, 2002). Indeed, single-particle tracking demonstrates that surface NMDARs are relatively mobile within the plasma membrane close to synapses (Choquet and Triller, 2003; Groc et al., 2004). The cycling of NMDARs during their transport suggests the intriguing possibility that NMDARs are capable of sensing glutamate during their periodical delivery to the dendritic surface. This glutamate could be released from STVs that cycle along the length of the axon (Sabo and McAllister, 2003). The ability of neurotransmitter release to regulate synapse formation, however, remains highly controversial. Synaptic connections are formed in the absence of vesicular release (Varoqueaux et al., 2005; Verhage et al., 2000) or following pharmacological blockade of neurotransmitter receptors (Rao and Craig, 1997; Verderio et al., 1994). Thus, synaptic transmission is not essential for initiating synapse formation. However, glutamate is present and released very early in development even before the initial stages of synapse formation (Demarque et al., 2002; Featherstone et al., 2002; Verderio et al., 1999), where it appears to influence many important developmental stages including neuronal migration (Komuro and Rakic, 1993; Manent et al., 2005), dendritic outgrowth (Mattson et al., 1988; Wilson et al., 2000), axonal pathfinding (Zheng et al., 1996), and filopodial motility (Chang and De Camilli, 2001; Wong and Wong, 2000). Furthermore, ionotropic glutamate receptors that are expressed in immature neurons are also functional before synaptogenesis (Demarque et al., 2002; Loturco et al., 1991), suggesting that the detection of glutamate released by nearby axonal growth cones may influence the likelihood of, or location on a neuron where nascent synapses are formed. Although local glutamate is sufficient for spine formation (Kwon and Sabatini, 2011), dendritic spines and synapses are still formed and maintained under conditions in which there is not presynaptic glutamatergic release (Sigler et al., 2017).




1.3.2.2. α-Amino-3-hydroxy-5-methyl-4-isoxazole propionic acid receptors

AMPARs are major players in mediating basal synaptic transmission and synaptic plasticity. At mature synapses, AMPARs are highly dynamic and can rapidly cycle between intracellular pools and the cell surface in an activity-dependent manner (Bredt and Nicoll, 2003; Malinow and Malenka, 2002; Sheng and Kim, 2002). This cycling enables dynamic and highly regulated changes in synaptic AMPAR number to alter synaptic strength. The mechanisms governing the trafficking of AMPARs during the initial stages of synapse formation, however, are not well characterized. While AMPAR trafficking and localization were recently reviewed by Jacobi and von Engelhardt, 2018, we review the general mechanisms known about AMPAR function and localization. AMPARs are heteromeric protein receptors, consisting of combinations of subunits GluR1–4 (Hollmann and Heinemann, 1994). As with NMDARs, AMPARs are delivered to nascent synapses via the secretory pathway. After synthesis, exit from the ER occurs following assembly of AMPAR subunits into correct tetramers, which masks retention signals on the GluR2 subunit, allowing only correctly folded receptors to transition to the Golgi apparatus, where they become fully glycosylated (Greger et al., 2002; Kennedy and Ehlers, 2006; Shepherd and Huganir, 2007). Surprisingly, recent evidence suggests that not all synaptic proteins necessarily go through this classic secretory pathway requiring the Golgi apparatus before trafficking to the dendrite, and GluA1 is among the proteins that can traffic in both ways (Bowen et al., 2017). Passage through the classic secretory pathway and successful exit from the ER requires the interaction of PDZ-containing MAGUKs with the C-termini of AMPARs, which occurs early in the biosynthetic pathway (Nicoll et al., 2006; Sans et al., 2001; Xia et al., 1999). Movement of the GluR2 subunit from the ER and synaptic targeting requires association with SAP97 and PICK1 (Greger et al., 2002; Sans et al., 2001; Xia et al., 1999). Interestingly, mature synaptic AMPARs do not associate with SAP97, suggesting that a switch in the association of different MAGUK proteins occurs to stabilize AMPARs at synapses, similar to the switch observed for 
the NMDAR-associated MAGUKS, SAP102 and PSD-95 (
Petralia et al., 2005; Sans et al., 2000; 2003). Finally, stargazin, a calcium channel g-subunit homolog, also plays a role in regulating AMPAR transport early in the secretory pathway (Bedoukian et al., 2006). In neurons that do not express stargazin, the vast majority of AMPARs fail to reach the dendritic surface and a substantial proportion of AMPARs that are intracellularly retained exhibit immature glycosylation (Tomita et al., 2003).

Time-lapse imaging of fluorescently tagged AMPAR subunits has revealed distinct nonsynaptic clusters that are transported along dendrites in immature neurons (Gerrow et al., 2006; Rao and Craig, 1997; Washbourne et al., 2002). Unlike mature AMPARs, trafficking of newly synthesized AMPARs in the absence of synaptic connections is independent of activity (Perestenko and Henley, 2003). Although a subset of AMPARs can be cotransported with NMDARs in young neurons (Washbourne et al., 2002), AMPARs are trafficked separately in their own vesicular packets. In young neurons, these transport packets are considerably less mobile and slower than NMDARs (Washbourne et al., 2002). AMPAR clusters also travel shorter distances than NMDARs, suggesting that they are transported by different mechanisms. Time-lapse imaging of individual AMPAR subunits has shown that GluR1 is significantly less mobile than GluR2, with the majority of GluR1 retained in relatively immobile clusters associated with the plasma membrane (Perestenko and Henley, 2003).

Mobile AMPAR subunits can be actively transported along microtubules by the motor protein KIF5A (Setou et al., 2002). The PDZ domain–containing protein, GRIP1, links KIF5A and the PDZ domains of GluR2 and GluR3 through direct binding (Dong et al., 1997; Setou et al., 2002; Srivastava et al., 1998). Thus, KIF5A is at least partially responsible for the transport of AMPARs during synaptogenesis. Interestingly, the scaffolding protein liprin-α, which interacts with the kinesin family motor KIF1A, can also associate with the GluR2–GRIP complex (Wyszynski et al., 2002). AMPARs can be coimmunoprecipitated with KIF1 in brain lysates (Shin et al., 2003), and the expression of liprin-α mutants that cannot bind GRIP1 prevents synaptic targeting of AMPARs (Wyszynski et al., 2002). These studies imply that GRIP1 serves as an adaptor to couple AMPARs to multiple kinesin motors and promote dendritic transport.

The actin-dependent motor proteins, myosins, have also been implicated in AMPAR transport (Lise et al., 2006). In developing hippocampal neurons, myosin-Vb associates specifically with the AMPAR subunit GluR1, but not with GluR2. A mutant form of myosin-Vb increases accumulation of GluR1 at the cell soma and reduces its surface expression (Lise et al., 2006). SAP97 has also been shown to provide a molecular link between GluR1 and myosin-VI (Wu et al., 2002). Furthermore, neurons deficient in myosin-VI exhibit a reduced synapse number (Osterweil et al., 2005). Of particular interest, the AMPAR clusters associated with myosin-VI are also associated with the endocytic AP-2, suggesting that this specific myosin-based motor interaction may be involved in clathrin-dependent endocytosis of AMPARs (Osterweil et al., 2005).

In contrast to NMDARs, which are one of the first postsynaptic proteins recruited to nascent synapses, AMPAR recruitment is more delayed (Kerchner and Nicoll, 2008; Washbourne et al., 2002). In many regions of the CNS, newly formed glutamatergic synapses are “silent,” meaning that they contain NMDARs but no functional AMPARs (Isaac et al., 1997; Kerchner and Nicoll, 2008; Liao et al., 1999). Although the length of time that synapses remain silent varies with brain region and preparation (Hall and Ghosh, 2008; Xiao et al., 2004; Zito et al., 2009), retrospective immunocytochemistry following live imaging of GFP-tagged NMDARs suggests that AMPARs are recruited to new sites of synaptic contact between cultured cortical neurons approximately 1
 
h after NMDARs (Washbourne et al., 2002), with GluR4-only AMPARs the first AMPARs to be incorporated into new synapses (Zhu et al., 2000). Consistent with this model, AMPARs are recruited to newly formed spines in hippocampal slice cultures within hours (Zito et al., 2009). The mechanisms that underlie the delayed recruitment of AMPARs to new synapses are unknown, but they could, in part, reflect the reduced transport of AMPAR clusters by specific motor proteins or the delayed recruitment of molecular signals responsible for AMPAR accumulation at nascent synapses.

Throughout development, AMPARs are localized both on the dendritic surface at nonsynaptic sites and in the intracellular vesicular pools (Borgdorff and Choquet, 2002; Groc et al., 2004; Washbourne et al., 2002). At mature synapses, AMPARs readily cycle with the plasma membrane during synaptic plasticity in response to activity (Bredt and Nicoll, 2003; Collingridge et al., 2004; Malinow and Malenka, 2002; Sheng and Kim, 2002; Roth et al., 2017), suggesting that AMPARs may cycle with the plasma membrane during their transport in immature dendrites. Recruitment of AMPAR transport packets to newly formed axodendritic contacts has not yet been visualized directly, leaving it unclear whether AMPARs are directly inserted into new synapses or delivered to the surface at extrasynaptic sites where they laterally diffuse into the synapse. Single-particle tracking studies have demonstrated a mobile and diffuse pool of extrasynaptic AMPARs in the dendritic plasma membrane that become trapped at synaptic sites (Adesnik et al., 2005; Ashby et al., 2006; Groc et al., 2004). Although this issue remains particularly unresolved for AMPAR recruitment to new synapses, it has recently been proposed that AMPARs accumulate at new contacts using a three-step model: exocytosis of mobile 
AMPARs at extrasynaptic sites, lateral diffusion to the synapse, and stabilization within the PSD through interactions with scaffolding proteins (Opazo and Choquet, 2010).

The dynamic nature of surface AMPARs during development gradually decreases with age, suggesting that scaffolding proteins such as SAP97 are involved in the recruitment and stabilization of AMPARs to newly forming synapses. Although the precise molecular mechanisms of AMPAR recruitment to new synapses remain unclear, PSD-95 and other MAGUK family members, including transmembrane AMPAR regulatory proteins (TARPs), are critical determinants for synaptic targeting of AMPARs (Bats et al., 2007). Knockdown of PSD-95 and its family members decreases synaptic accumulation of AMPARs (Beique et al., 2006; Elias et al., 2006). CaMKII may also mediate the recruitment of AMPARs to new synapses, since expression of a constitutively active form of CaMKII increases the colocalization of AMPARs with Nrxn-induced PSD clusters (Poncer et al., 2002).

PSD-95 indirectly interacts with AMPARs via stargazin and other members of the TARP family, which comprise a large family of one of multiple classes of auxiliary AMPAR subunits (Chen et al., 2000; Tomita, 2010; Tomita et al., 2005; Greger et al., 2017). TARPs mediate the translocation of AMPARs from intracellular pools to the dendritic surface and subsequently deliver AMPARs to synapses through interactions with other scaffolding molecules that act to retain and stabilize AMPAR at these sites (Chen et al., 2000; Tomita et al., 2005). Recently, several additional AMPAR-interacting proteins have been identified. First, like TARPs, cornichons (CNIH2 and 3) have been reported to act as novel AMPAR auxiliary subunits that modulate AMPAR properties and surface expression (Schwenk et al., 2009). However, a recent study suggests that cornichons are not expressed on the neuronal surface and act as ER chaperones for AMPARs rather than as auxiliary subunits (Shi et al., 2010). Second, LARGE, a gene implicated in human intellectual disability, has been associated with the AMPAR complex. Functionally, LARGE regulates AMPAR trafficking from the Golgi; therefore, changes in LARGE can impact surface levels of AMPAR (Seo et al., 2018). Third, synapse differentiation–induced gene-1 (SynDIG1) has been identified as a previously unknown central regulator of AMPAR targeting to newly forming synapses (Kalashnikova et al., 2010). SynDIG1, a novel transmembrane type II protein, colocalizes with AMPARs in the developing brain and can modulate their content at nascent synapses through a novel interaction mediated by its C-terminal domain. Knockdown of SynDIG1 in developing neurons reduces AMPAR content at nascent synapses by as much as 50%, in an activity-dependent manner (Kalashnikova et al., 2010). Recent reports suggest that SynDIG1 may alter synaptogenesis more generally rather than specifically AMPAR trafficking (Lovero et al., 2013). The role played by other newly discovered AMPAR-binding proteins such as cornichons, LARGE, and SynDIG1 in trafficking AMPAR to new synapses represents an important issue that deserves further investigation in the near future.




1.3.2.3. Postsynaptic density-95

PSD-95 is one of the most abundant proteins of the PSD (Kennedy, 2000). It interacts with many proteins by virtue of its three PDZ domains, an SH3 domain, and a GK domain and also can multimerize to form an extended scaffold (Kim and Sheng, 2004). PSD-95 has a well-documented role in promoting synapse maturation and regulating synaptic strength and plasticity (El-Husseini et al., 2000; Elias et al., 2006). It can also directly interact with NMDARs, AMPARs, and the adhesion molecule Nlg, and its presence at developing synapses is therefore critical. There has been much speculation as to how PSD-95 is recruited to nascent synapses. Initially, a number of reports described the presence of discrete nonsynaptic clusters of PSD-95 before synaptogenesis that were largely immobile and, therefore, not likely to represent vesicular packets (Friedman et al., 2000; Okabe et al., 1999; Sans et al., 2000). These dendritic, nonsynaptic clusters of PSD-95 were also identified by EM and called free PSDs during the initial stages of synapse formation (Blue and Parnavelas, 1983; Fiala et al., 1998). Although initial reports assumed that PSD-95 gradually coalesced at nascent synapses from a diffuse dendritic cytoplasmic pool (Bresler et al., 2001; Marrs et al., 2001), more recent reports have identified modular transport of PSD-95 before synapse formation (Gerrow et al., 2006; Gutierrez et al., 2009; Prange and Murphy, 2001; Washbourne et al., 2002). In young neurons, PSD-95 is associated with tubulovesicular structures resembling endosomal compartments early in the secretory pathway (El-Husseini et al., 2000). In keeping with the dynamic nature of STVs and NMDARs, PSD-95 clusters are dynamic, can split into smaller clusters, AND move laterally in dendritic shafts and into and out of spines and filopodia (Marrs et al., 2001; Prange and Murphy, 2001). They are also transported bidirectionally (Gutierrez et al., 2009), suggesting their association with multiple molecular motors. Indeed, PSD-95 transport is mediated by myosin-Va and dynein light chains (Cai and Sheng, 2009; Naisbitt et al., 2000) and KIF1Ba (Mok et al., 2002).

Lending further weight to the idea that PSD-95 is transported by vesicular intermediates before its incorporation into nascent synapses is the finding that the exocyst component sec8 can bind directly to PDZ domains 1 and 2 of PSD-95 (Riefler et al., 2003). The cytosolic PSD-95 interactor (cypin), a protein thought to mediate targeting of PSD-95 away from the synapse, competes with sec8 for PSD-95 binding and may therefore regulate the amount of PSD-95 at the synapse 
(Firestein et al., 1999; Riefler et al., 2003). Several other scaffolding molecules also associate with PSD-95 clusters before synapse formation. Nonsynaptic clusters containing PSD-95, GKAP, and Shank are transported as a preformed postsynaptic scaffolding complex in developing hippocampal neurons (Gerrow et al., 2006). While the majority of these clusters are stationary, a small proportion is mobile and is recruited to both nascent and preexisting synapses. These clusters exhibit much slower velocities and are transported over shorter distances compared with their stable counterparts (Gerrow et al., 2006).

Although it has been suggested that PSD-95 accumulation is one of the initial events in postsynaptic assembly, its time course of recruitment to nascent axodendritic contacts is in fact highly variable, sometimes preceding or coinciding with NMDAR recruitment (Bresler et al., 2001; Friedman et al., 2000; Rao et al., 1998; Washbourne et al., 2002) and sometimes occurring long after NMDAR recruitment (Migaud et al., 1998; Washbourne et al., 2002). In keeping with a generally slower time course of recruitment, PSD-95 can accumulate at sites of clustered Nlg within 30
 
min to 1
 
h (Barrow et al., 2009). This accumulation is dependent on palmitoylation of PSD-95 (Barrow et al., 2009), which is important for PSD-95 recruitment to synapses (El-Husseini et al., 2000).




1.3.2.4. Ion channels

In addition to NMDARs and AMPARs, other classes of ion channels are found at glutamatergic synapses, including ligand- and voltage-gated channels, where they alter neuronal function through regulating membrane excitability and activation of second messenger cascades, particularly Ca2+-mediated signaling. Ca2+ signals are known to play a significant role in many important aspects of brain development, including stem cell proliferation, axonal pathfinding, and neuronal morphogenesis (Gomez and Spitzer, 2000; Lang et al., 2007; Li et al., 2005; Zheng and Poo, 2007). One type of channel in particular—the TRPC family—is receiving much attention as central mediators of these processes in the developing CNS (Greka et al., 2003; Kim et al., 2003; Li et al., 2005; Tai et al., 2009; Zhou et al., 2008). TRPCs are a subfamily of nonselective cation channels belonging to the transient receptor potential (TRP) channel superfamily. The seven TRPC members, TRPC1–7, are abundantly expressed in the embryonic brain (Ambudkar and Ong, 2007; Strubing et al., 2003). Intriguingly, TRPC1, 3, and 6 are more highly expressed during early stages of CNS development compared with the adult, suggesting a potential role in the establishment of connections (Roedding et al., 2009; Strubing et al., 2003). TRP channels are activated independently of membrane depolarization (Venkatachalam and Montell, 2007), sometimes downstream of NMDA receptor activation (Stroh et al., 2012), and thus represent ideal candidates for enabling local Ca2+ influx to regulate many aspects of synapse formation during these early developmental stages when neuronal activity is relatively low. Many synaptic proteins and scaffolding molecules associated with the active zone and PSD are sensitive to changes in Ca2+. Therefore, TRP channels provide a potential link between external stimuli and growth cone turning, initial axodendritic adhesion, synapse assembly, and dynamic modifications of dendritic spines, even in the context of neurodegenerative disease (Zhang et al., 2016).

At the subcellular level, TPRC channels share remarkable features common to other synaptic proteins, including their localization and dynamics before synapse formation. All TRPCs are detectable in synaptosome fractions from rat cerebellum or cortex both pre- and postsynaptically (Goel et al., 2002), and a subset of TRPCs has been shown to be expressed at synapses in the olfactory bulb via EM (Stroh et al., 2012). They form discrete, nonsynaptic clusters in axonal and dendritic arbors before most synapses have formed, implying that they may also share similar mechanisms of transport before their accumulation at synapses (Greka et al., 2003; Zhou et al., 2008). TRPC6 is preferentially associated with PSD-95 postsynaptically, although expression of the protein can also be detected presynaptically. TRPC6 is thought to play an important role in synapse formation and synaptic plasticity, as its overexpression induces excitatory synapse formation both in vitro and in vivo (Zhou et al., 2008). TRPC6 induces signaling through multiple kinase pathways in hippocampus, including CAMKIV, PI3K, and the ERK/MEK pathway (Heiser et al., 2013). In the adult brain, TRPC6 associates with several cytoskeletal proteins including myosin, actin, and tubulin and the endocytic vesicle-associated proteins, clathrin, dynamin, and AP-2 (Goel et al., 2005), suggesting that TRPC6 can be inserted into and retrieved from the dendritic membrane dynamically. However, it remains to be determined whether TRPC6 is transported as a complex with these proteins during development, as well as with PSD-95 and other postsynaptic proteins.

TRPC5 channels are also localized to nonuniform clusters that are preferentially targeted to axonal growth cones before the majority of synapses have formed, where they play a crucial role in growth cone morphology and motility (Greka et al., 2003). TRPC5 can form heteromers with TRPC1 that are distributed in the cell soma and along the length of axonal and dendritic arbors but are excluded from synaptic structures. TRPC5 homomers have increased Ca2+ permeability and are preferentially targeted to nascent synapses and axonal growth cones, making them ideally situated to mediate synapse formation (Greka et al., 2003; Strubing et al., 2001). Surprisingly, TRPC5 clusters strongly colocalize with the SV proteins 
VAMP and synaptotagmin, suggesting that they may be transported along with STVs (Greka et al., 2003). EM studies of TRPC5-containing clusters revealed large 30–100
 
nm pleiomorphic, tubulovesicular structures that are ultrastructurally similar to STVs (Greka et al., 2003). TRPC5-containing vesicles contain the growth cone–enriched phosphoprotein, stathmin-2, which helps load TRPC5 channels into cytoplasmic transport packets destined for the axonal growth cones, in a palmitoylation-dependent manner (Greka et al., 2003). A palmitoylation-defective mutant form of stathmin-2 caused a significant reduction in the delivery of TRCP5 to axons; instead, TRPC5 channels, together with stathmin-2, accumulated at the level of the TGN after failing to be packaged effectively into transport packets. This stathmin-dependent export from the ER appears to be specific to TRPC5 channels, since other presynaptic proteins maintained their punctate distribution within the axonal arbor and growth cone (Greka et al., 2003).

Upon their delivery to the growth cones, nerve growth factor, brain-derived growth factor (BDNF), and insulin growth factor can induce the rapid translocation and exocytosis of TRPC5 transport vesicles into the neuronal membrane in a rac1/phosphatidylinositol 3-kinase-dependent manner (Bezzerides et al., 2004). The increased availability of functional surface TRPC5 channels in native axonal growth cones enables transient and local increases in Ca2+ that act to prevent neurite extension and forward motility of growth cones, instead causing them to slow or pause possibly toward a target dendritic shaft (Bezzerides et al., 2004; Greka et al., 2003). TRPC1 and TRPC3 receptors are also associated with hippocampal spine dynamics via leptin-dependent CAMK signaling (Dhar et al., 2014).

As with TRPC channels, other members of the TRP superfamily are expressed in the developing brain before synaptogenesis (Goswami et al., 2007). TRPV1, a vanilloid subtype of TRP channel, is expressed at early embryonic stages during the period of establishment and fine-tuning of neuronal connections (Goswami et al., 2007; Hjerling-Leffler et al., 2007). TRPV1 is necessary and sufficient for inducing long-term depression during synaptic plasticity at glutamatergic synapses (Gibson et al., 2008) and also plays a fundamental role in synaptic transmission, neurotransmitter release, and growth cone morphology and motility (Goswami et al., 2007; Kauer and Gibson, 2009; Maione et al., 2009; Starowicz et al., 2008). Combined immunocytochemistry and time-lapse imaging of GFP-tagged TRPV1 shows that TRPV1 is present within both axons and dendrites before synaptogenesis and is located at sites of neuronal contact, colocalizing with both pre- and postsynaptic proteins (Goswami et al., 2010). In developing axons, TRPV1 is transported with synaptophysin in STV-like discrete clusters that move rapidly at speeds of around 0.45
 
mm s1, often changing direction. Remarkably, TRPV1-containing transport packets are frequently located at the base of short filopodia and can often pause during their movement, where they undergo extensive membrane recycling (Goswami et al., 2010), similar to STVs (Sabo et al., 2006). Activation of TRPV1 seems to be important in regulating vesicle recycling, since TRPV1-mediated Ca2+ influx promotes the exocytotic fusion of vesicular packets with the filopodial membrane via a protein kinase C–dependent mechanism (Goswami et al., 2010). The ability of STVs to cycle with the plasma membrane during transport, as previously discussed, could be important for vesicular release of glutamate at specific locations along the axonal shaft during synaptogenesis (Sabo and McAllister, 2003). The fact that TRPV1-containing vesicular structures also share this feature suggests a novel mechanism that could provide spatially and temporally restricted Ca2+ signals through TRP channels at precise locations within the axon following their membrane insertion. This intriguing model remains to be tested.

These few studies highlight not only the emerging role of TRP channels in the developing brain and the initial stages of synapse formation but also the remarkable commonalities between the mechanisms that govern the trafficking of synaptic proteins to nascent synapses. Although TRP-mediated Ca2+ entry is fundamental to processes such as axonal pathfinding, growth cone motility, and the initial formation of contacts, it remains to be seen if TRP channels can also influence other aspects of synapse formation through regulation of the trafficking of other synaptic proteins, as TRP channels interact and form multiprotein complexes with several PSD and active zone-associated proteins (Meng et al., 2016; Berg et al., 2007; Kim et al., 2003; Xiao et al., 2000; Yuan et al., 2003).




1.3.2.5. Adhesion molecules

Trans-synaptic CAMs have long been proposed to play instrumental roles in triggering the initial formation of synapses. First, by forming hetero- or homophilic interactions across the synaptic cleft, CAMs not only provide an adhesive link between the pre- and postsynaptic cell but also appear to be important for target recognition between prospective axonal and dendritic partners (Dalva et al., 2007; Gerrow and El-Husseini, 2006; Shapiro et al., 2007; Washbourne et al., 2004a; Cameron and McAllister, 2018). Second, by binding many synaptic proteins and scaffolding molecules in the active zone and PSD, CAMs can induce simultaneous bidirectional signaling necessary for pre- and postsynaptic differentiation (Dean and Dresbach, 2006; Dean et al., 2003; Graf et al., 2004; Washbourne et al., 2004a). Given their initial roles as inducers of pre- and postsynaptic assembly, CAMs therefore provide the earliest framework to which STVs, PTVs, NMDARs, and other synaptic proteins are recruited. Although the hierarchical nature of synaptic protein delivery to a nascent synaptic 
contact is not yet fully resolved, it seems reasonable to speculate that the targeting and delivery of CAMs into the plasma membrane and subsequent accumulation at nascent axodendritic contacts is one of the earliest events. This raises many questions about the transport of CAMs before synapse formation. How are CAMs targeted to nascent synaptic sites? Are they already present within the plasma membrane where they can move laterally to a site of contact? Or are they delivered directly to a nascent synapse through vesicular-mediated mechanisms similar to other synaptic proteins? What is the time course and hierarchy of recruitment of CAMs relative to one another, as well as to other synaptic proteins? While most of these questions remain unanswered for the large majority of trans-synaptic CAMs described in Section 1.2.3, insight into the trafficking and accumulation of a few CAMs at nascent synapses has recently been gained.

The classical cadherins, which mediate Ca2+-dependent homophilic adhesion, are clearly important for several steps before synaptogenesis, including axon targeting, dendritic spine morphology, and synapse assembly (Bamji et al., 2003; Inoue and Sanes, 1997; Nern et al., 2008; Togashi et al., 2002). Cadherins signal through binding to α- and β-catenins, which in turn interact with the actin cytoskeleton (Daniels et al., 2001; Ivanov et al., 2001). Their rapid appearance at developing synapses (Benson and Tanaka, 1998), in addition to the decrease observed in excitatory synapse number following expression of a dominant-negative form of N-cadherin in young neurons (Bozdagi et al., 2004; Togashi et al., 2002), suggests a crucial role for cadherins in the initial stages of synapse formation (Friedman et al., 2015). However, the function of cadherins may extend beyond simply promoting adhesion. Altering N-cadherin function in young neuronal cultures causes a dispersal of synapsin (Togashi et al., 2002; Ziv and Garner, 2004), whereas perturbing b-catenin disrupts the clustering of SV proteins (Bamji et al., 2003), suggesting that cadherin/β-catenin signaling may be critical for the initial recruitment of SVs to newly forming synapses.

During development of N-cadherin, the most widely distributed neuronal cadherin and its associated β-catenin are detected both pre- and postsynaptically (Benson and Tanaka, 1998; Jontes, 2004; Togashi et al., 2002) and are localized to vesicle-like clusters along the length of axons, dendrites, and motile filopodia before most synapses have formed (Benson and Tanaka, 1998; Jontes, 2004; Togashi et al., 2002). At least some of these structures appear to correspond to dense-core PTVs (Jontes, 2004; Shapira et al., 2003; Zhai et al., 2001). In zebrafish in vivo, clusters of N-cadherin in developing axons are highly mobile, moving predominantly in the anterograde direction, presumably being delivered to axonal growth cones (Jontes, 2004). Indeed, stable accumulations of N-cadherin were observed at nascent axonal terminals from an intracellular pool within 30
 
min (Jontes, 2004), a time course almost identical to that found for the synaptic accumulation of PTVs (Friedman et al., 2000) and STVs in some preparations (Sabo et al., 2006). With increasing developmental age in zebrafish, N-cadherin clusters increase in size and decrease in density and motility, implying that small, motile puncta in young axons are incorporated into synapses with maturation (Latefi et al., 2009). N-cadherin trafficking may also regulate postsynaptic development. N-cadherin is also cotrafficked with vesicles containing AMPA receptors through an interaction with GRIP1 (Heisler et al., 2014) and adhesion through presynaptic cadherin/β-catenin signaling contributes to dendritic spine stability during spinogenesis (Li et al., 2017). Synaptic activity modulates the subsynaptic localization of N-cadherin, with brief elevations increasing central localization and prolonged activity increasing peripheral N-cadherin in neurons (Yam et al., 2013).

Several other studies have alluded to a predominantly surface-bound localization of CAMs such as Nlg, SynCAM, and NCAM before synapse formation, consistent with their proposed role in promoting initial contact and adhesion (Barrow et al., 2009; Breillat et al., 2007; Rosales et al., 2005; Washbourne et al., 2004a). Quantum dot imaging of recombinant SynCAM in developing hippocampal neurons revealed distinct clusters of both immobile and highly mobile SynCAM on the neuronal surface (Breillat et al., 2007). Mobile SynCAM clusters moved laterally within the neuronal surface at velocities of less than 0.2
 
mm/s (Breillat et al., 2007). SynCAM 1 is highly expressed in neurons before synapses are formed and is enriched in axonal growth cones. Axodendritic contact leads to a significant, threefold accumulation of SynCAM 1 within 5
 
min of contact (Stagi et al., 2010). SynCAM 1 may directly recruit other synaptic proteins to nascent synapses as it interacts with other PSD proteins, such PSD-95, through an interaction with the MAGUK MPP2 (Rademacher et al., 2016). Additionally, posttranslational addition of polysialic acid onto the adhesion molecule NCAM, which is shown to be important for modulating adhesion and neurite outgrowth, can influence its mobile fraction within the plasma membrane (Conchonaud et al., 2007), suggesting that lateral diffusion in the plasma membrane is important for the trafficking of adhesion complexes.

Nlg is also localized to discrete plasma membrane clusters in developing neurons that interact across the synaptic cleft with members of the alternatively spliced b-Nrxn cell surface receptors (Boucard et al., 2005; Brose, 1999; Ichtchenko et al., 1996; Missler and Sudhof, 1998; Washbourne et al., 2004a). Nlg clusters are located exclusively in dendrites before synapse formation, and this targeting is mediated by a 32-amino-acid cytoplasmic sorting motif following synthesis of Nlg in the ER (Rosales et al., 2005). Although synapses can form in the absence of all Nlgs (Varoqueaux et al., 2006), Nlgs are sufficient for glutamatergic synapse formation as they induce recruitment of pre- and postsynaptic proteins to nascent 
synapses (Budreck and Scheiffele, 2007; Dean et al., 2003; Graf et al., 2004; Li and Sheng, 2003; Scheiffele, 2003). Time-lapse imaging of GFP-tagged Nlg1 in developing cortical neurons reveals both diffuse and clustered pools of Nlg. The majority of clustered Nlg is present on the dendritic surface (Washbourne et al., 2004b), of which a small population is mobile, with speeds of approximately 15
 
mm/min (Barrow et al., 2009). These Nlg clusters move into and out of filopodia rapidly and are present at filopodial tips, making them perfectly situated to mediate and stabilize new contacts (Barrow et al., 2009). Direct visualization of contact formation between extending axonal growth cones and dendrites from cultured neurons expressing Nlg revealed an almost instantaneous accumulation of Nlg at sites of contact (Barrow et al., 2009). Further regulation of Nlg surface expression is through CamKII phosphorylation, which is activity regulated and in its absence reduces Nlg-1 surface expression and synapses generally (Bemben et al., 2014). These data provide the first direct evidence supporting the prevailing assumption that CAM recruitment is one of the first events following contact at the start of synapse formation.

Despite this insight into the trafficking of Nlg, much less is known about the transport of their presynaptic ligands, the Nrxns, during development. Once synthesized, Nrxns are trafficked to both axons and dendrites, where they exhibit a clustered distribution (Fairless et al., 2008). Nrxns are transported with KIF1A down axons more quickly than they diffuse within the membrane, with differential regulation of α- and β-Nrxns (Neupert et al., 2015). Surface presentation of Nrxn predominantly occurs in the axonal compartment, ensuring a polarized distribution for binding to dendritically located Nlg (but see Taniguchi et al., 2007). In contrast to the trafficking of Nlg, which depends on a short 32-amino-acid motif rather than the full PDZ domain, integrity of the PDZ type II domain within the cytoplasmic tail of Nrxn is essential for insertion into the plasma membrane and subsequent targeting to nascent synapses. Disruption of this domain prevents the punctate appearance of Nrxn and results in its accumulation in the ER (Fairless et al., 2008). Ultrastructurally, Nrxn is localized to vesicle-like structures in the axonal shaft and presynaptic terminals. These nonsynaptic vesicular clusters also colocalize with the active zone components CASK, RIM1a, and N-type Ca2+ channels, but not Bassoon (Fairless et al., 2008). The synaptogenic function of Nrxn appears to be dependent strictly on its extracellular interactions and not on Nrxn-dependent intracellular signaling (Gokce and Sudhoff, 2013).

Given the predominant surface localization of CAMs, it has been generally assumed that accumulation of synaptic protein precursors at nascent synapses is brought about by intracellular signaling following CAM activation. This intracellular signaling can, in turn, alter the velocity and directionality of transport packets, leading to their recruitment to new sites of contact. It is also possible, however, that accumulation of these synaptic protein precursors could be directly altered through cotrafficking with CAMs. In support of this idea, NCAM, present in mobile clusters in the axonal plasma membrane, is trafficked together with intracellular TGN-derived organelles in developing neurons (Sytnyk et al., 2002). These organelles are linked to clusters of surface-bound NCAM via the cytoskeletal protein spectrin and are trafficked together as a complex along neurites, where they become trapped at sites of axodendritic contact (Sytnyk et al., 2002). Decreasing NCAM levels results in fewer TGN-derived organelles at contact sites (Sytnyk et al., 2002) and fewer excitatory synapses (Dityatev et al., 2000), probably because accumulation of TGN organelles at synapses is dependent on cotransport with NCAM. Postsynaptically, surface NCAM also forms a spectrin-dependent complex with NMDARs in developing neurons. This interaction of NCAM with NMDAR transport packets is important for the recruitment of NMDARs to nascent synapses, as accumulation of NMDARs is reduced both in NCAM- and spectrin-deficient neurons (Sytnyk et al., 2006).

In addition to its classical role in target recognition, these observations suggest a more instructive role for NCAM in synapse formation in directly influencing the trafficking and synaptic targeting of trafficking organelles. Along with similar observations that TrkB, the BDNF receptor found along the axonal surface, is cotransported with STVs in young axons before most synapses have formed (Gomes et al., 2006), these studies are the first to suggest a direct link between synaptogenic molecules and intracellular trafficking cargo destined for nascent synapses. TrkB signaling is also known to regulate the palmitoylation of PSD-95 and thus its efficient trafficking and insertion in the postsynapse (Yoshii et al., 2011; Yoshii and Constantine-Paton, 2014). Because other CAMs might interact with intracellular proteins and trafficking intermediates through associated scaffolding proteins, both in the presynaptic terminal and PSD, they may also transport synaptic protein precursors to new synapses through a direct association.

Indeed, a subset of Nlg is cotransported with NMDARs and recruited to new synapses within 8
 
min of contact, a time course previously reported for NMDARs to accumulate at nascent synapses (Barrow et al., 2009; Washbourne et al., 2002). This is particularly surprising since NMDARs transport packets can undergo multiple rounds of exocytosis and endocytosis with the dendritic plasma membrane during their trafficking along microtubules (Washbourne et al., 2004b). The biochemical nature of this interaction appears to be mediated by associated proteins, including the scaffolding molecules SAP102 and S-SCAM, which associate with NMDARs and can, in turn, bind to Nlg. Deletion of the PDZ-binding domain within the cytoplasmic tail of Nlg greatly reduces this interaction between Nlg and NRTPs and reduces their comobility 
(Barrow et al., 2009). These findings support the emerging model that some surface CAMs can be linked via scaffolding molecules to intracellular transport cargo that deliver synaptic proteins to nascent synapses. Retention of that CAM at new sites of contact would therefore ensure that postsynaptic proteins such as NMDARs are directly accumulated at this specific location. Indeed, artificial clustering of Nlg on the dendritic surface dramatically reduces the mobility of NMDARs that are transported with Nlg (Barrow et al., 2009).






1.4. Final thoughts

Despite tremendous progress in identifying the molecular components of glutamatergic synapses, there is relatively little known about how the hundreds of proteins destined for synapses are trafficked before and during synaptogenesis. Exciting progress has been made in studying glutamate receptor trafficking and in identifying a large and rapidly growing list of synaptogenic molecules. It is now critical for the field to start integrating this information by determining how these many synaptogenic molecules interact with one another to recruit synaptic proteins to newly forming synapses. An important approach to study these kinds of interactions in the future would be to use modern imaging techniques to fill in the tremendous gap in our understanding of how most synaptogenic CAMs are trafficked before and during synapse formation (
Chamma and Thoumine, 2018; Ribiero et al., 2018). It is unknown whether most CAMs are transported alone, together, or with other synaptic proteins to nascent synapses. Recent findings suggesting that surface CAMs can be trafficked with intracellular synaptic protein transport organelles have identified a novel mechanism for CAM function and opened up exciting new avenues for future investigation. Moreover, despite many published models for the roles for synaptogenic molecules in distinct phases of synapse formation, little is known about their hierarchy of recruitment to synapses. Perhaps most important, identifying the mechanisms that regulate trafficking of synaptic proteins and synaptogenic CAMs to nascent synapses has important ramifications for translational research, since many of the synaptic proteins discussed in this chapter have been identified as contributing to neurodevelopmental disorders, including autism spectrum disorders and schizophrenia (Betancur et al., 2009; van Spronsen and Hoogenraad, 2010; and is discussed extensively in Frei and Stoeckli, 2017; Bourgeron, 2015).




List of acronyms and abbreviations





AMPA

   α-amino-3-hydroxy-5- methyl-4-isoxazole propionic acid




BDNF

   brain-derived neurotrophic factor




Ca2+


   calcium




CAMKII

   Ca2+/calmodulin-dependent protein kinase II




CAMs

   cell adhesion molecules




CASK

   Ca2+/calmodulin-dependent serine protein kinase




CNIH

   cornichons




CNS

   central nervous system




cypin

   cytosolic PSD-95 interactor




EM

   electron microscopy




ER

   endoplasmic reticulum




GFP

   green fluorescent protein




GKAP

   guanylate kinase–associated protein




GluR

   glutamate receptors




GRIP

   glutamate receptor–interacting protein




IL-1

   interleukin-1




IL1RaCP

   interleukin-1 receptor accessory protein 1




IL1RAPL1

   interleukin-1 receptor accessory protein-like 1




ILR1

   interleukin-1 receptor




JIPs

   JNK-interacting proteins




JNK

   c-Jun kinase




KAR

   kainite receptor




LAR

   liprin-α receptor




LRR

   leucine-rich repeats




LRRTMs

   LRR transmembrane neuronal proteins




MAGUKs

   membrane-associated guanylate kinases




mGluR

   metabotropic glutamate receptor




MHCI

   major histocompatibility class I






MINT1

   Munc18-interacting protein 1




NGLs

   netrin-G ligands




Nlgs

   neuroligins




NMDA

   N-methyl-D-aspartate




Nrxns

   neurexins




PICK1

   protein interacting with C kinase-1




PSD

   postsynaptic density




PTVs

   Piccolo transport vesicles




RIM

   Rab3-interacting molecule




SALMs

   synaptic adhesion-like molecules




SAP102

   synapse-associated protein 102




SAP97

   synapse-associated protein 97




SH3/GK

   Src homology 3/guanylate kinase




STVs

   synaptic vesicle protein transport vesicles




SV2

   synaptic vesicle glycoprotein 2




SVs

   synaptic vesicles




SYD-1

   synapse defective 1




SYD-2

   synapse defective 2




SynDIG1

   synapse differentiation-induced gene 1




TARPs

   transmembrane AMPAR regulatory proteins




TGN

   trans-Golgi network




TRP

   transient receptor potential




VAMP2

   vesicle-associated membrane protein 2
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Abstract


The advent of confocal and multiphoton microscopy, along with the adaptation of genetically encoded fluorescent proteins for structural and functional imaging, has made it increasingly feasible to follow the morphological development of neuronal processes and the formation of synapses in the living animal over time. Imaging in the living animal has shifted our view of the brain from one of a hardwired circuit to that of a dynamic circuit that is constantly adapting by changing the connectivity between cells. Here we present an overview of some of the key techniques for studying synaptogenesis in vivo and the major findings, with an emphasis on the benefits of using appropriate animal models for live imaging.
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2.1. Technological advances for in vivo imaging of synaptogenesis

One of the key features that make the brain unique is its elaborate network of synaptic contacts through which rapid communication between nerve cells takes place. Experiments examining synapse formation onto heterologous cells or defined substrates like protein-coated beads in vitro have provided highly informative details about the mechanisms that mediate synaptogenesis (Cohen-Cory, 2002; Garner et al., 2002; Scheiffele, 2003; Lucido et al., 2009; Yamagata et al., 2018). Such approaches are important for identifying the molecular players that underlie this key cell biological process. However, the controlled in vitro environment cannot fully reproduce the complex interactions that occur in normal synaptic development. While it may be possible to preserve a subset of the three-dimensional cell–cell interactions that normally occur in vivo, additional epigenetic influences such as patterned neural activity are more challenging to reconstruct. To accurately recreate these conditions, it is best to study synapse formation in the intact organism. A number of animals have proven to be popular or promising model systems for in vivo imaging (Fig. 2.1).

Limited accessibility of cells in the in vivo models, both for manipulation and for observation, has traditionally restricted the versatility and range of in vivo studies. However, several technological innovations have greatly helped overcome these barriers. The first limitation to accessibility relates to the ability to image fine structural details of neurons in highly optically scattering brain tissue. Structures even just a few tens of microns below the surface can be hopelessly inaccessible to widefield fluorescence microscopic approaches. The application of confocal microscopy to live imaging greatly improved the quality of images collected near the brain surface. Two-photon laser scanning microscopy (TPLSM) in which nonlinear fluorescence excitation using long wavelength light can be focused to a single diffraction limited point has permitted repeated imaging at even greater tissue depths than had previously been possible and with minimal phototoxic damage (Denk and Svoboda, 1997; Ruthazer and Cline, 2002). Even deeper imaging, down to the hippocampus nearly 1
 
mm below the surface of the mouse brain is possible using longer wavelengths to generate three-photon excitation (Horton et al., 2013). In addition to image acquisition from greater depths, its restriction of excitation light to a single optical plane also makes TPLSM well-suited for calcium imaging throughout volumes of brain tissue expressing 
genetically encoded indicators or bulk loaded by injection with acetoxymethyl (AM)-conjugated calcium indicators (Stosiek et al., 2003; Luo et al., 2008; Chen et al., 2013). This technique has revolutionized functional imaging by making it possible to measure nearly simultaneously the activity of hundreds of individual neurons and glial cells in a volume of tissue associated with a set of test stimuli or a specific behavior.



[image: image]



Figure 2.1 Animal models for in vivo imaging.Traditionally, certain animal models have been favored for imaging in vivo. Caenorhabditis elegans is a transparent genetic model organism that can be imaged noninvasively and whose entire nervous system has been reconstructed at the ultrastructural level. There are also well-developed genetic tools available for Drosophila melanogaster (fruit fly) which allow for targeting fluorescent proteins to specific neuronal components of interest. Zebrafish larvae and Xenopus tadpoles are small, transparent, and thus amenable to noninvasive imaging. Animals may be imaged freely swimming, or immobilized in a custom shaped PDMS chamber under coverslip or embedded in low-melting point agarose. The mouse is the most commonly used mammalian animal model due to its powerful genetics. Numerous lines expressing fluorescent proteins in defined populations of neurons are available. The sketch depicts a mouse standing on a ball for locomotion, permitting imaging of the awake, behaving animal. The marmoset is an emerging nonhuman primate animal model. Its small size, high rates of fecundity and relatively short time to sexual maturity allow for transgenesis and breeding in research facilities.



A parallel technical advance that has spawned previously inconceivable possibilities for in vivo imaging has been the ability to genetically label and modify neurons with increasing spatial and temporal precision. This has been achieved using a wide range of different techniques depending on the particular model system. For example, virally mediated gene transfer to express green fluorescent protein (GFP) and other fluorescent proteins (FP) for visualization of neuronal morphology has been used successfully in many systems, including some of the early groundbreaking central nervous system (CNS) imaging work in rodent somatosensory cortex (Lendvai et al., 2000). While simple virus-based methods are still widely used for imaging in models such as nonhuman primate (Stettler et al., 2006), the availability of interesting transgenic lines that express FPs or cre recombinase in defined subsets of cells has made transgenic animals (especially mice and zebrafish) the tool of choice for most imaging in vivo (Feng et al., 2000; Pan and Gan, 2008). Recent advances in genetic editing using zinc finger nucleases; transcription activator-like effector nucleases (TALENs); clustered, regularly interspaced, short palindromic repeats (CRISPR); and the CRISPR-associated endonuclease (Cas) have made it practical to generate knock-in mice inserting a small epitope such as hemagglutinin (HA) tag or FP-fusion protein, with much higher efficiency and a major decrease in cost (Deltcheva et al., 2011; Makarova et al., 2011; Liu et al., 2017; Auer and Del Bene, 2014; Miura et al., 2018).
 Furthermore, using single-cell labeling of endogenous proteins by CRISPR-Cas9-mediated homology-directed repair (SLENDR), it is possible to generate single-cell knock-ins in vivo through in utero electroporation (Mikuni et al., 2016). These novel strategies for genome editing provide exciting opportunities to track the behavior of synaptic proteins in single neurons in vivo.

An alternative method for gene transfer that has been particularly successful in rodent, avian, and amphibian models is targeted transfection of plasmid DNA by electroporation or lipofection in the developing embryo (Holt et al., 1990; Haas et al., 2002; Falk et al., 2007). In utero electroporation of mammalian embryos works very well and has made an important contribution in cases where specific transgenic lines were not available or where gene expression could not be appropriately targeted using available genetic tools (Shimogori and Ogawa, 2008). Finally, in animal models like fish and amphibians that undergo external fertilization, injection of DNA or mRNA into the early stage blastomers, resulting in mosaic or transgenic gene expression in the embryo, is also effective (Smith and Harland, 1991).

As the ability to image and to genetically manipulate brain cells becomes increasingly powerful, a second generation of technological progress is emerging at the interface between these two areas. This includes innovations like “Brainbow,” the clever application of genetic tools and FPs to making a mouse in which every neuron is stochastically labeled with a different color combination of FPs (Lichtman et al., 2008; Luo et al., 2008). Beyond simply imaging structure, functional imaging is also making remarkable advances, as genetically encoded indicators of calcium and membrane potential become increasingly sensitive. Over the last decade, there has been an extraordinary development of a variety of fluorescent proteins and probes that allow for noninvasive measurements of neuronal activity in the living cell. The most significant breakthrough in genetically encoded calcium indicators (GECIs) came with GCaMP6, which is now widely used to assess neuronal and synaptic activity in the developing and the adult brain (Chen et al., 2013). Furthermore, the high sensitivity of GCaMP6 has made it possible to not only study the correlation between neurons during neural circuit assembly but also to isolate the influx of calcium in individual dendritic spines and compare the synaptic changes between neighboring spines (Chen et al., 2013; Winnubst et al., 2015). The application of GECIs to circuit tracing opens new avenues for exploring resting state functional connectivity of large-scale networks (Avitan et al., 2017) and has allowed for imaging of neural activity in the whole brain of awake behaving zebrafish larvae (Dunn et al., 2016).

Recent efforts aimed at adding red colored FP to the palette of GECIs which will allow for simultaneous imaging of synaptic activity in pre- and postsynaptic partners and calcium transients in the surrounding glial cells. Specifically, jRGECO1a and jR-CaMP1a,b are new generation red calcium indicators that display sensitivity similar to GCaMP6 (Dana et al., 2016). A new generation of multicolor calcium indicators, the XCaMPs, based on the Ca2+/CaM-sensing domain of CaMKK, offers faster kinetics to more faithfully report activity in fast-spiking cells and is available as a palate of four colors for following activity in distinct cell populations (Inoue et al., 2019).

An important complementary tool to study the behavior of single synapses by imaging dendritic spines is glutamate uncaging. In conjunction with two-photon uncaging, caged glutamate compounds allow for diffraction-limited precision in both temporal and spatial control (single synapse) of glutamate release (Adams and Tsien, 1993; Pettit et al., 1997). Two-photon glutamate uncaging combined with the highly sensitive GECIs provides an excellent system by which to study the changes at individual synapses associated with development and plasticity. On the other hand, sensitive indicators such as iGluSnFR, iGlu
f
, and iGlu
u
 are available to measure physiological release and spillover of glutamate, providing a valuable tool to assess presynaptic function (Marvin et al., 2013; Helassa et al., 2018).

Another exciting innovation is the use of GFP complementation to reveal protein–protein interactions, including GFP Reconstitution Across Synaptic Partners (GRASP) technology that claims to reveal transsynaptic interactions (Feinberg et al., 2008). In GRASP, pre- and postsynaptic cells each express at their surface either the N- or C-terminal fragment of a split GFP molecule. Upon prolonged contact of these two nonfluorescent GFP fragments at synapses, a single functional fluorescent protein can be reconstituted and thereby optically detected (Fig. 2.2A). Fusing at least one of the split GFP molecules to synaptic proteins ensures that the labeling occurs specifically at synaptic sites (Shearin et al., 2018). Such modification can be used for labeling of active synapses (Macpherson et al., 2015). GRASP has been a valuable tool to unravel neural circuits and their underlying behaviors in Drosophila melanogaster and Caenorhabditis elegans. In Drosophila, another nonviral genetic method for transsynaptic labeling has been described. This method, coined trans-Tango or TRACT, relies on a pan-neuronal expression of the components of a membrane-tethered ligand and receptor that control reporter transcription (Huang et al., 2017; Talay et al., 2017). Activation of expression of the ligand in the donor cell results in ligand binding to a specifically engineered foreign receptor at postsynaptic sites, leading to activation of a transcription factor. Thus, this transcription factor activates expression of FP only in neurons postsynaptic to the donor neuron. Although this method requires expression of multiple components, it may be generally valuable in other genetically tractable organisms such as mice or fish where GRASP has met with limited success.
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Figure 2.2 Transsynaptic labeling with GFP reconstitution across synaptic partners (GRASPs) and G-deleted rabies virus.(A) The pre- and postsynaptic cells each express a synaptic or cell-surface protein tagged with part of a split superfolder green fluorescent protein (GFP) that spontaneously assembles after being brought into close proximity at the synaptic cleft to become fluorescent. (B) Monosynaptic retrograde labeling with G-deleted rabies virus (RVdG). The rabies glycoprotein (G) necessary for neuronal infection is deleted from virus pseudotyped with avian ASLV type A envelope protein (EnvA). A helper virus encoding floxed G, red FP, and TVA receptor (interacting with EnvA) is injected and allows for expression of those genes in a Cre-positive “starter” neuron (red). The G expressed on the membrane of this starter cell allows budding off of infectious viral particles RVdG, encoding green FP and decorated with G. Those G
 
+
 
RVdG infect neurons presynaptic to the starter neuron but RVdG cannot spread further due to the lack of expression of G by the virus. Those presynaptic neurons are then labeled with GFP encoded by the virus RNA. 

A. Images modified from Barnard, E., McFeran, N.V., Trudgett, A., Nelson, J., Timson, D.J., 2008. Development and implementation of split-GFP-based bimolecular fluorescence complementation (BiFC) assays in yeast. Biochem. Soc. Trans. 36, 479–482. (B) Adapted from Callaway, E.M. & Luo, L., 2015. Monosynaptic Circuit Tracing with Glycoprotein-Deleted Rabies Viruses. J. Neurosci. 35, 8979–8985.





A seminal breakthrough in imaging synaptic connections came from a clever modification of rabies virus (Fig. 2.2B). In this method, the gene for the glycoprotein (G) necessary for viral particle packaging is deleted from the viral RNA and substituted with a sequence encoding FP and/or GECI (Wickersham et al., 2007; Wertz et al., 2015). The postsynaptic starter cell is separately transfected with the gene encoding the G envelope glycoprotein, therefore allowing the viral particle to assemble and be transferred to all the presynaptic partners of the neurons of interest but not to propagate further (Wickersham et al., 2007). This modification of the viral genome allows for reliable monosynaptic labeling since the transynaptically infected neuron is unable to retrogradely transfer viral particles due to its lack of glycoprotein encoding genes. Retrograde monosynaptic structural and functional labeling allows for dynamic imaging of neural connectivity within synaptically defined networks. In complement, anterograde transsynaptic transport of adeno-associated virus 1 (AAV1) and AAV9 was also described recently (Zingg et al., 2017). These transsynaptic tracing techniques combined with expression of optogenetic tools allow for decoding of input integration by a neuron and for mapping outputs of defined neurons to further reveal specific circuits underlying complex behaviors. Nonetheless, the neural circuit properties revealed by the anterograde and retrograde techniques described above should be interpreted with caution as not all synaptic partners of a neuron of interest are mapped with the same efficiency and it is plausible that the labeling may reflect physical cell-to-cell contact rather than functional synaptic interactions (Luo et al., 2018).

Advances in anterograde anatomical labeling have been applied to the mapping of long-range neuronal projections and for extracting connectivity patterns. MAPSeq is a high-throughput method for anterograde labeling involving infection of neurons in a brain region of interest with viral RNA, encoding FP, a random 30 nucleotide RNA barcode, and an engineered protein which binds and transports mRNA in the axonal terminals (Kebschull et al., 2016). This method of labeling ensures a unique barcode is assigned to every fluorescently labeled neuron within an infected brain region, which reveals whether a single neuron innervates a single or multiple target areas. For example, MAPseq has been used to unravel the connectivity patterns of layer 2/3 neurons in the primary visual cortex (V1). Most neurons project to multiple cortical layers, suggesting a parallel information transfer from V1 to its target cortical and subcortical regions (Han et al., 2018).






At the other end of the spectrum is the burgeoning field of “optogenetics” in which animals have been genetically modified to render their neurons sensitive to specific activation or suppression by light (Zhang et al., 2007; Luo et al., 2008). Channelrhodopsin-2-assisted circuit mapping (CRACM) relies on restricted expression of ChR2 in a genetically or anatomically defined population of presynaptic neurons. Recording from a postsynaptic cell, while optically stimulating presynaptic ChR2 expressing neurons by scanning activation illumination over a mapping grid reveals functional connectivity between grid sites and the cell of interest (Petreanu et al., 2007; Lim et al., 2013; Anastasiades et al., 2018). Subcellular CRACM utilizing laser scanning photostimulation is used to determine the subcellular location of inputs of interest (Petreanu et al., 2009). For practical reasons, CRACM has not been widely applied in the intact brain in vivo, but would in principle be a superior option to glutamate uncaging approaches which require the introduction of caged compounds into the extracellular space.





2.2. In vivo analysis of synapse development in the neuromuscular junction

2.2.1. Background and methodology




The neuromuscular junction (NMJ) was one of the first synapses to be followed by time-lapse imaging in the living animal and it has continued to provide significant insights into synapse development and plasticity (Lichtman and Sanes, 2003). The NMJ offers several important advantages over central synapses for imaging studies. The most evident of these is its experimental accessibility in the periphery of the animal. The NMJ is also a large synapse, at least an order of magnitude larger than the typical CNS synapse. These points, in conjunction with the sparse innervation of each muscle, initially receiving inputs from several motor neurons during development, but culminating in a single motor neuron input per muscle fiber in adulthood, present an ideal model system in which to study developmental synaptic remodeling.

The very first longitudinal study of NMJ morphology over extended periods of time involved the visualization of presynaptic terminals. Following an extensive screen for fluorescent dyes that could be used for live imaging of synapses, the vital dye 4-di-2-asp was identified as a useful fluorescent stain to repeatedly label presynaptic terminals at the mouse NMJ in living animals (Lichtman et al., 1987). It turns out that 4-di-2-asp is in fact a mitochondrial dye, which highlights synapses as a consequence of mitochondrial enrichment at metabolically active presynaptic terminals.

Another feature that greatly facilitates imaging of synaptic development at the NMJ is the high affinity binding by alpha-bungarotoxin (BTX), a neurotoxin purified from the venom of the Taiwanese banded krait Bungarus multicinctus to nicotinic acetylcholine receptors (AChRs) in situ (Chang et al., 1973). Fluorescently tagged BTX applied at low concentrations cleanly labels postsynaptic receptor clusters at the NMJ while leaving synaptic transmission intact. In this way, the same NMJ can be visualized in vivo repeatedly over extended periods of time by simply reapplying fluorescent BTX (Wyatt and Balice-Gordon, 2003). Furthermore, because BTX binds irreversibly, the turnover rate of AChRs can be readily monitored by using different color BTX conjugates (Bruneau and Akaaboune, 2006).




2.2.2. Synaptogenesis mechanisms

Studies in which pre- and postsynaptic components of the NMJ were followed over time in adult or juvenile animals demonstrated its remarkable structural stability, with mainly a gradual scaling of the synaptic terminal as the muscle grew, but only very modest remodeling (Balice-Gordon and Lichtman, 1990). In particular, these investigators observed that the pre- and postsynaptic sites were closely matched for size and shape at all developmental stages, raising the question of whether the presynaptic axon helped stabilize the postsynaptic AChR cluster or whether the AChR cluster was responsible for maintaining the presynaptic terminal.

A surprising answer came from live imaging studies of initial muscle innervation in the zebrafish larva, an animal in which the very earliest developmental events can be imaged owing to its external fertilization. Before the first arrival of the motor neuron axon at the muscle, and even in mutants lacking motor neurons altogether, AChR clusters can be observed by BTX labeling to form spontaneously on muscle fibers (Panzer et al., 2005). Time-lapse imaging in HB9:mGFP fish of growing motor neurons demonstrated that as their axons extended to contact muscle fibers, filopodial extensions formed contacts with the preexisting clusters (Flanagan-Steet et al., 2005; Panzer et al., 2006). In many cases, these contacts persisted to produce stable NMJs. Thus, while the presence of an axon may be necessary for the stable maintenance of AChR clusters (Wyatt and Balice-Gordon, 2003), clusters initially form in the absence of presynaptic partners, and these sites can subsequently stabilize motor neuron synaptic inputs.

The formation of synapses appears to have a profound effect on the subsequent morphological development of the motor endplate. Curiously, there is an enormous diversity of NMJ morphologies across species, ranging from the classic pretzel shape of the mouse NMJ to the punctate terminals formed by motor neurons onto muscle fibers in the zebrafish. In 

Xenopus tadpoles, the morphology is intermediate between these two extremes with motor neurons extending periodic branched elaborations along their length at sequential junctions. The development of this simple branched morphology of Xenopus motor neuron axons was studied by coelectroporating YFP and synaptophysin-CFP, a marker of synaptic vesicles, into the spinal cords of developing tadpoles and imaging the elongating motor neuron axons over subsequent days (Javaherian and Cline, 2005). Synaptophysin-CFP expression results in discrete clusters along the axon that represent putative presynaptic release sites. Moreover, these synaptophysin-CFP puncta could in most cases be colabeled with fluorescent BTX, suggesting that they represented true synaptic terminals with pre- and postsynaptic elements. Interestingly, sites of new branch initiation were found to correlate very strongly with the presence of a synaptophysin-CFP positive punctum. Thus, in development, synapses beget branches that in turn form new synapses. This phenomenon, which has been reported for CNS axon branch elaboration as well (Alsina et al., 2001; Meyer and Smith, 2006; Ruthazer et al., 2006) appears to be a general mechanism for terminal arbor elaboration, perhaps most clearly exemplified in the densely branched synaptic pretzels at the mouse NMJ.

Although earlier studies using BTX and 4-di-2-asp suggested that the mammalian NMJ was relatively stable over development, this observation flies in the face of the fact that initially multiply innervated terminals gradually expel their supernumerary inputs to become singly innervated. However, imaging synaptic markers without knowing the identities of the axons on which the synapses reside ignores a key part of this story. Visualization of the individual motor neuron axons was elegantly achieved in the mouse by using transgenic animals that expressed different color fluorescent proteins in different motor neurons (Feng et al., 2000). By repeatedly examining NMJs that start out innervated by motor neurons of different colors, Walsh and Lichtman (2003) were able to follow the battle for domination of the synapse as it unfolded. They observed a phenomenon referred to as “synaptic takeover” in which, as one axon gradually withdrew from part of the NMJ, the vacated postsynaptic site was rapidly invaded by processes from the other axon (Fig. 2.3). Only very rarely did 
new branches elaborate beyond the existing pretzels, suggesting that postsynaptic sites, in addition to being places where new branches of axons could form, also imposed limitations on the size of the inputs that could be sustained.
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Figure 2.3 Synaptic competition at the neuromuscular junction.Innervation of a neuromuscular junction by two motor neurons (green and blue). (A): Initial expression on the muscle fiber (pink) of preclusters of acetylcholine receptors (brown dots). (B): Both motor neurons occupy comparable synaptic area at first. (C): Blue neuron “takeover” of acetylcholine receptors liberated by retraction of green axon. (D). The blue axon has dominated the junction, with only an isolated area innervated by the green axon. (E): Postsynaptic sites that are far away from the blue motor neuron are lost as the green motor neuron retracts. 

Adapted from Wyatt, R.M., Balice-Gordon, R.J., 2003. Activity-dependent elimination of neuromuscular synapses. J. Neurocytol. 32, 777–794.




Interestingly, the axon that dominated the junction at the first-imaged time point was not necessarily always the victor in the final outcome. This reversal of synaptic fortunes, termed synaptic “flip-flop” suggested that forces beyond simple survival-of-the-fittest might be at play in determining the fate of any particular competition. Indeed, by broadening the scope of their analysis to entire motor units, the full set of NMJs innervated by all the branches of each motor neuron axon, Kasthuri and Lichtman (2003) made the remarkable discovery that a kind of competitive hierarchy exists between motor units. By painstakingly carrying out confocal reconstructions of the full set of motor units innervating a set of muscles, they found that with surprising reproducibility at every NMJ where the same two axons were competing with one another, the outcome of the competition was identical. Furthermore, they observed a tendency for large motor units with many endplates to fare more poorly in competition against smaller units, suggesting that as motor units begin to win control over one subset of NMJs they may abandon the fight for others. The notion of a hierarchy of competitive interactions that limits the success of one very strong competitor could help explain how an overall balance of motor unit control is maintained in the face of winner-take-all local competitive mechanisms. Consistent with the idea of hierarchical competition, it has been shown that in response to laser lesioning of motor neuron axonal branches, leading to the partial deafferentation of an endplate, rapid branching and reinnervation by available terminals takes place, even by the terminal retraction bulbs of losing competitors that had been in the process of withdrawing, suggesting the existence of a branch promoting signal induced by postsynaptic site availability, possibly originating from the denervated Schwann cell glial cap (Turney and Lichtman, 2012).






2.3. Small vertebrate model systems: Xenopus and zebrafish

2.3.1. Background and methodology




Although the simplicity and accessibility of the peripheral nervous system makes it a tractable system for studying neuronal circuit formation, synaptogenesis, and synapse maturation, it is far removed from the substrate of cognitive processing and the mind that motivates much neuroscientific inquiry. Phenomena having elements relevant to perception and learning and memory can be found in the periphery, but it is the rich complexity of the brain with its network of billions of synapses that embodies the mystery of cognition. While much fundamental work, especially for identifying molecular signaling components in synaptogenesis and circuit wiring has been achieved by exploiting the powerful genetics of invertebrate model organisms like Caenorhabditis elegans and Drosophila melanogaster, we will restrict our discussion here to vertebrate models. Unfortunately, access for optical techniques is limited in the intact mammalian brain, never mind the human brain, due to its size and light scattering properties. A promising compromise for in vivo imaging studies can be found in the CNS of smaller vertebrate models. In particular, larvae of the zebrafish Danio rerio and tadpoles of Xenopus laevis (and its smaller diploid cousin Xenopus tropicalis) have become common experimental preparations in which to apply light microscopy to the study of CNS development and function.

Unlike mammals, which undergo most of their early brain development in utero, fish and amphibians develop by external fertilization. This not only means that their cells can be imaged from the very first cleavage of the zygote into two cells, but importantly these cells are readily accessible for microinjection with dyes or genetic material. Transgenic fish and frogs are increasingly utilized; however, it is far faster to simply inject early blastomers with plasmid DNA, mRNA, or antisense Morpholino oligonucleotides (MOs) to alter gene expression in developing embryos. The Gal4-UAS system further refines this approach by making it easy to use well-characterized promoters and enhancers to target expression of genes of interest in defined cell types at specific developmental stages. By combining these approaches with expression of GFP and other FPs for morphological information, functional imaging with GECIs, or FP-tagged genes of interest for subcellular imaging a great deal can be learned from experiments requiring only a few days to implement from conception to final analysis.

One reason these experiments are so efficient is the rapid rate of development of externally developing organisms. In the wild, these animals would have to fend for themselves very quickly after fertilization, and therefore undergo an accelerated early developmental process. Zebrafish are mature enough to actively hunt for food by 6–9 days postfertilization (Budick and O'Malley, 2000). Xenopus develop somewhat slower, but can exhibit visually evoked escape behaviors within about 5 days following fertilization.

Optical access is perhaps the most beneficial feature of these animals for imaging brain development. The tiny zebrafish larva is extremely transparent, as is the “albino” variant of Xenopus laevis, commonly used in laboratories. In fact, these tadpoles are not true tyrosinase negative albinos. They synthesize pigment in cells called melanophores; however, the “
albino” mutation leads to a substantial decrease in the differentiation of melanophores and thus with many fewer of these cells the animals appear unpigmented (Hoperskaya, 1975). Because of their transparency and small size, the entire developing brain and spinal cord are accessible for fluorescence imaging in the intact embryo using TPLSM.

Another outstanding technical advance that has worked especially well in the Xenopus tadpole is gene transfection by late stage electroporation of DNA (Haas et al., 2001, 2002; Bestman et al., 2006; Falk et al., 2007). This method has two main approaches: bulk electroporation and single-cell electroporation. Bulk electroporation of the eye or brain is achieved by injecting plasmid solution next to the target cells, often into a ventricle or small compartment such as the eye, and subsequently passing current pulses across plate electrodes spanning the target. This method is highly efficient and can transfect dozens to hundreds of cells in nearly every treated embryo. It is also about 80% efficient at introducing multiple plasmids into the same target cells. Single-cell electroporation uses the same principle but delivers both the DNA and the current through the tip of a fine glass micropipette, positioned directly next to the target cell. Though more technically challenging than bulk electroporation, this method has the enormous advantage for live imaging of creating a single-cell chimera in an otherwise wild-type background. This eliminates the need for segmentation of adjacent cells in images to determine often unsatisfactorily where one cell's axonal and dendritic processes end and its neighbor's processes begin.

A less targeted, but equally common approach involves the injection of plasmid DNA into the early blastulae resulting in sparse mosaic expression of the gene of interest under the control of specific promoters. This method has proven especially successful in zebrafish taking advantage of the combinatorial control of expression by specific promoter-/enhancer-driven Gal4 expression controlling expression of genes of interest or FPs from plasmids with a UAS promoter. Enhancer trap screens have identified an enormous variety of Gal4 driver lines for cell type–specific expression (Scott and Baier, 2009). Furthermore, a morphological atlas with about 2000 individually labeled, imaged, and traced neurons in the zebrafish brain is now an available tool which will aid studying the development of neural circuits and their associated behaviors (Kunst et al., 2019).

The lack of availability of an embryonic stem cell culture system for efficiently generating targeted knockout animals had been a severe barrier for work in fish and frogs, though both zebrafish and X. tropicalis are powerful forward genetic model systems for which a number of loss of function mutants have been characterized (Baier et al., 1996; Goda et al., 2006). However, this limitation has been largely compensated for by targeted knockdown using MO antisense constructs, which when conjugated to charged fluorophores such as lissamine can be coelectroporated with plasmid DNA into target cells (Bestman et al., 2006; Falk et al., 2007). For example, EGFP encoding plasmid coelectroporated with fluorescent MO allows for fine-scale time-lapse imaging of morphology in individual or groups of cells that can be confirmed to have been loaded with high levels of antisense MO due to their somatic fluorescence intensity. Cells loaded in this manner can also be used for whole cell patch clamp electrophysiology experiments in which the knocked down single cell in an otherwise wild-type background can be targeted for recording based on its bright fluorescence (Ewald et al., 2008). Fortunately, with the wide scale adoption of the CRISPR/Cas9 system for genome editing, targeted knockouts have now become far more commonplace in these experimental preparations. By taking advantage of homology directed repair, genetic knock-ins have become feasible as well.




2.3.2. Imaging synaptogenesis and morphogenesis in the developing spinal cord

The reticulospinal projection in fish and frogs is one of the earliest descending CNS pathways to develop, as it mediates an important escape reflex. In particular, the Mauthner cell is a reticulospinal neuron whose large-diameter axon makes synapses onto a defined subset of spinal motor neurons at regular intervals along its length. The predictable nature of the synapses produced as this early circuit forms was exploited in a seminal study by Jontes and coworkers (Jontes et al., 2000) to image synaptogenesis taking place in the intact organism. These investigators used vital dyes to label the Mauthner cell and several of its prospective motor neuron targets in zebrafish cells prior to the onset of synaptogenesis. It was then possible to place fish under a confocal or two-photon microscope and observe the interactions between these cells that lead up to the establishment of a synaptic contact. Contrary to the working model held by many at the time, in which axonal growth cones approached postsynaptic targets to initiate synapse formation, these investigators observed that in fact it was the dendrite that appeared to play an active role in establishing the reticulospinal synapse. Dendritic filopodia could be seen actively probing the Mauthner cell, particularly at varicosities along the part of the axon that had formed some distance behind the advancing growth cone. This important study established that in many cases, and in all likelihood the majority of cases, it is the postsynaptic cell that extends processes toward active or prospective release sites on axons to form en passant synapses (Fig. 2.4A and B).

After initial contact, the next key event in synaptogenesis is the accumulation of synaptic machinery at both the pre- and postsynaptic terminals. The synapse is a form of adhesive junction between the axon and dendrite. It had been shown 
in cultured neurons that the homophilic synaptic adhesion molecule N-cadherin participates in forming this early intercellular linkage (Benson et al., 2000; Togashi et al., 2002) and recruits more cadherin molecules (Zhai et al., 2001) as well as downstream signaling molecules like catenins that further promote synaptic maturation (Ziv and Garner., 2004; Bamji, 2005
). The progressive recruitment of N-cadherin to developing synapses was first confirmed in vivo in an imaging study of spinal synapses formed by Rohon–Beard (RB) cells, a transient sensory neuron in the zebrafish spinal cord (Jontes et al., 2004). A GFP-tagged N-cadherin was expressed using an RB cell-targeting islet-1 promoter in zebrafish larvae and imaged over time as the RB synapses onto their CNS targets developed and matured. N-cadherin was observed to aggregate into clusters at presynaptic sites which became gradually brighter in unitary increments over time as the incipient synapse presumably recruited transport vesicles bearing N-cadherin and other synaptic molecules. The role of N-cadherin at developing RB synapses was further examined in a study comparing the consequences for synapse maturation of either overexpressing wild-type N-cadherin or expressing a dominant negative, nonadhesive form of pro-N-cadherin (Latefi et al., 2009). 
Interestingly, while no manipulation prevented the normal complement of RB synapses from forming, the process was accelerated in overexpressing cells and delayed in the dominant negative expressers. Compelling support for the model that adhesive interactions at contacts between pre- and postsynaptic partners facilitates synaptogenesis comes from in vitro experiments in which hemi-synapse formation, including presynaptic vesicle accumulation, can be induced at contact points between axons and nonneuronal target cells transfected to express synaptogenic neuroligin family members, only if adhesive cadherin proteins are also coexpressed in these cells (Yamagata et al., 2018). Taken together these experiments suggest a model for synapse formation and maturation in which extensive probing by dendritic processes results in transiently stabilized adhesive contacts that have the opportunity to mature into fully functional synapses through specific signaling and the targeted recruitment of additional synaptic machinery.
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Figure 2.4 Filopodia and spine formation(A): Left: Filopodium forms on dendrite in the vicinity of an axonal varicosity. Middle: Filopodium contacts axon. Right: Synapse maturation at contact by recruitment of NMDAR (black dots) and later AMPARs and increase in the presynaptic vesicle pool (yellow dots) in axon. (B): Confocal time series of the initial contact of a dendritic filopodium onto a Mauthner cell axon in a zebrafish. (C): Matched two-photon and electron microscopic images of a spine and newly formed filopodium that both contain a synapse (depicted in red in the EM reconstruction). (D): Spine number (y-axis) versus spine age (x-axes). A large fraction of immature spines (<4d) lack synaptic morphology as determined by EM serial reconstructions, but all spines older than 4 days are true synapses with pre- and postsynaptic components. 

(B). Reproduced with permission from Jontes, J.D., Buchanan, J.A., Smith, S.J., 2000. Growth cone and dendrite dynamics in zebrafish embryos: early events in synaptogenesis imaged in vivo. Nat. Neurosci. 3, 231–237. (C-D). Reproduced with permission from Knott, G., Holtmaat, A., Wilbrecht, L., Welker, E., Svoboda, K., 2006. Spine growth precedes synapse formation in the adult neocortex in vivo. Nat. Neurosci. 9, 1117–1124.







2.3.3. Visual system development in fish and frogs

Not all contacts will ultimately become mature, stable synapses. The factors that determine a positive outcome are not entirely understood, but appear to involve a combination of molecular cues and activity-dependent influences (Ruthazer and Cline, 2004; Kutsarova et al., 2017). How neuronal activity affects axonal and dendritic growth and synaptogenesis has been studied extensively in the visual systems of fish and frogs (Fig. 2.5). In addition to the accessibility of these model systems as described above, another advantage they have for the study of visual system development is their precocious retinal development. Unlike mammals in which much of the early retinal activity is spontaneous rather than evoked, the retina of fish and frogs responds to visual stimuli even as the retinal ganglion cell (RGC) axons are first innervating their target nucleus, the optic tectum (Zhang et al., 2000). This permits a remarkable degree of control over neuronal activity patterns and levels.

Early experiments were carried out by iontophoretically labeling individual RGCs with lipophilic vital dyes like DiI or by loading cells with fluorescent dye–tagged dextrans. In a ground breaking in vivo imaging experiment carried out by O'Rourke and Fraser (1990), individual RGC axons from either the nasal or temporal retina were repeatedly imaged using a confocal microscope as they innervated the optic tectum over consecutive days. This study confirmed a prediction based on axon reconstructions in fixed tissue (Sakaguchi and Murphey, 1985) that the retinotopic map emerged in these tadpoles from an initially overlapping set of inputs through the gradual caudad extension of nasal, but not temporal, RGC axons. It further revealed for the first time the remarkable rate of dynamic axon branch addition and retraction that underlies normal development. This finding was confirmed in the zebrafish model shortly afterward (Kaethner and Stuermer, 1992).

This powerful in vivo imaging paradigm was subsequently applied to analyzing the role of synaptic activity in dynamic retinotectal axonal and dendritic remodeling. Time-lapse imaging of dynamic dendritic branch behaviors of tectal neurons clearly shows that during early stages of dendritic arbor elaboration, presenting visual stimuli to increase neural activity promotes branching and dendrite growth (Sin et al., 2002). Conversely, N-methyl-D-aspartate-type glutamate receptor (NMDAR) blockade stunts dendrite elaboration (Rajan and Cline, 1998).






[image: image]



Figure 2.5 Retinotectal projection in Xenopus laevis
(A): Light microscopic image of tadpole head with overlaid confocal image of green fluorescent protein (GFP)-expressing retinal ganglion cells growing from the eye to the optic tectum. (B): Projection of several optical sections from a two-photon image of the optic tectum of same animal. The GFP-expressing retinal ganglion cells (RGCs) (green) and general tectal morphology (BODIPI stain) can be seen. Overlaid in blue is a two-photon picture of several tectal cells from a different animal. (C): RGC axons showing a complex terminal arbor and an ingrowing axon tipped with a growth cone. (D): Two-photon projection of four tectal neurons. Scale bars: A: 400
 
μm, B–D: 20
 
μm.








Curiously, neural activity appears to have the opposite effect on presynaptic axon arbors. A comparison of the rates of dynamic axon branch addition, retraction, and stabilization under various activity blockade conditions, including tetrodotoxin (TTX) treatment (Kaethner and Stuermer, 1994; Cohen-Cory, 1999) and NMDAR blockade (O'Rourke et al., 1994; Rajan et al., 1999; Schmidt et al., 2000) revealed a subtle contribution of activity. In particular, blockade of NMDARs appeared to reduce branch stabilization, leading to a significantly increased rate of both branch addition and elimination over time, but with oddly little impact on the overall arbor size. This paradox has in part been explained by elegant experiments suggesting that rather than simply changing individual arbor size, blockade of neurotransmission may instead disrupt the topographic convergence of multiple RGC inputs within the tectum (Cline and Constantine-Paton, 1989; Gnuegge et al., 2001; Ben Fredj et al., 2010).

One of the strongest lines of evidence that patterned neural activity contributes to retinotopic axon convergence in the tectum comes from experiments in which the normally monocularly innervated optic tectum is surgically altered to receive inputs from a second eye, either the animal's own ipsilateral eye or a transplanted third eye (Law and Constantine-Paton, 1980, 1981). Rather than uniformly mapping their axons across the optic tectum, the inputs from the two eyes segregate into alternating eye-specific bands. However, if retinal action potentials or tectal NMDARs are blocked, the bands rapidly desegregate, suggesting that it may be correlation in the activity patterns of each eye, detected by tectal NMDARs that maintain segregation (Reh and Constantine-Paton, 1985; Constantine-Paton et al., 1990). Experiments in which RGC axon branch dynamics were imaged in dually innervated optic tecta of Xenopus tadpoles revealed that while new branch additions occurred over the entire axon arbor, branches were more stable over time when extended in territory dominated by other inputs from the same eye (Ruthazer et al., 2003). This preferential stabilization of branches in same-eye territory was lost in animals treated with the NMDAR antagonist MK801. Consistent with this, ipsilaterally projecting axons that innervated contralateral eye-dominated tectum exhibited reduced branch addition and prolonged branch lifetimes when the axon's firing was correlated with that of its neighbors and this effect dependent upon NMDAR activation (Munz et al., 2014).

There are also data to suggest that overall levels of neural activity in addition to correlation in firing can impact arbor growth. This was demonstrated in a clever set of experiments in zebrafish larvae in which individual RGC axons were made to express an inward-rectifying K channel or dominant negative synaptobrevin, which greatly attenuate firing rate and transmitter release, respectively (Hua et al., 2005). Interestingly, RGCs expressing either of these constructs were found to add branches at a lower rate than their normal neighbors, suggesting they were at a competitive disadvantage. Indeed when TTX was applied to block all RGCs uniformly, growth was restored in these cells.

However, this experiment was recently revisited by expressing tetanus toxin light chain, a far more potent inhibitor of transmitter release, with the opposite outcome (Ben Fredj et al., 2010): Silenced axons grew faster than controls. But this result in fact may not entirely contradict the previous experiment. It is possible, for example, that a weak input might be subjected to punitive signals from which a completely silenced input would be spared. A similar phenomenon has been reported for cortical ocular dominance plasticity in mice (Frenkel and Bear, 2004). Interestingly this predicts the existence of a punitive factor that might under normal conditions be produced in response to uncorrelated firing, perhaps leading to a homosynaptic depression. It is also consistent with the findings in dually innervated tectum that inputs synapsing within territory dominated by the opposite eye, and therefore unable to efficiently drive postsynaptic NMDARs are at a competitive disadvantage and more prone to being eliminated.

By what signaling mechanisms might neural activity and NMDAR activation modulate neuronal growth and branching? An appealing model, referred to as “synaptotropism” was originally proposed by Vaughn (1989) which suggests that environmental (and potentially intrinsic) influences drive dendritic branch elaboration, but those branches that successfully partner with a presynaptic partner should be preferentially stabilized relative to those that fail to form synaptic contacts. Support for the “synaptotropic” model came from experiments in zebrafish larvae in which a GFP-tagged version of the postsynaptic density protein PSD95 was expressed together with dsRed FP to visualize both postsynaptic sites and whole cell morphology of tectal cells (Niell et al., 2004). Although highly dynamic, the growing dendritic arbor was observed to form PSD95-GFP positive puncta on filopodia. Filopodia bearing these putative synapses exhibited greater stability than those filopodia that failed to acquire PSD95-GFP puncta. Later experiments in Xenopus tectal neurons tested synaptotropism even more directly, by overexpressing AMPA receptor c-terminal peptides that, by competing for binding with endogenous receptor trafficking machinery, could block delivery of AMPA receptors to synapses, effectively rendering them functionally immature (Haas et al., 2006). Dendritic arbors in these cells adopted grossly abnormal morphologies failing to stabilize a large fraction of their branches. The converse experiment in which tectal cells were made to overexpress CaMKIIa, an important signaling kinase downstream of synaptic NMDAR activation, resulted in arbors that were less dynamic than normal, suggesting enhanced stabilization of synapses (Wu and Cline, 1998).

Axonal arbors too appear to exhibit synaptotropism. Expressing GFP-tagged synaptic vesicle proteins including synaptobrevin and synaptophysin in RGC axons results in fluorescent puncta distributed throughout the terminal arbor that can be demonstrated at the ultrastructural level to correspond to bona fide presynaptic sites in the majority of cases (Alsina et al., 2001; Meyer and Smith, 2006; Ruthazer et al., 2006). 
Axonal branches bearing synaptic puncta were found not only to be more stable than branches lacking puncta, but were also more likely to go on to emit filopodia of their own. The NMDAR dependence of axon branch stabilization, presumably via retrograde signals released by the postsynaptic partner, was demonstrated by chronically rearing Xenopus tadpoles in the NMDAR co-agonist D-serine, which enhances endogenous NMDAR currents. Retinal ganglion cell axon arbors in these animals showed potentiated synaptic AMPA currents and hyperstabilized axonal branches, resulting in much smaller arbors that changed little over the 4 days of time-lapse imaging (Van Horn et al., 2017).

As in the case of dendritic remodeling, molecular signaling pathways involved in synaptic plasticity also dramatically influence axonal synaptogenesis and arborization. The most prominent among these is brain-derived neurotrophic actor (BDNF), which has been shown, through its activation of the TrkB receptor tyrosine kinase, to participate in long-term potentiation (LTP) of retinotectal synapses (Mu and Poo, 2006; Du et al., 2009). Tectal microinjection of BDNF protein results in a rapid increase in both the total number of GFP-synaptobrevin puncta and the number of axonal branches present per axonal arbor (Alsina et al., 2001) Moreover, ultrastructural analysis of tectal synapses following BDNF application revealed an increase in the number of synapses onto spinelike dendritic protrusions and in the number of docked vesicles at retinotectal synaptic sites within 24
 
h of treatment (Nikolakopoulou et al., 2010). Given that tectal BDNF levels are regulated by synaptic activity (Schwartz et al., 2011), it is an excellent candidate for an endogenous activity-dependent modulator of axonal morphogenesis, perhaps in part through its enhancement of synaptogenesis.





2.4. Visualizing synaptogenesis in mammals

Though the basic mechanisms of synaptogenesis can be more easily studied in smaller, more transparent animal models such as zebrafish or Xenopus, specific questions relating to mammalian brain structures like cortex ultimately must be answered using mammals. For imaging axons, dendrites, and spines in the larger, more light-scattering mammalian brain, TPLSM is the method of choice due to its superior imaging depth. However, a major challenge for in vivo imaging in the mammalian brain lies in the fact that thinning the skull or a cranial window are necessary to obtain adequate optical access. These two methods have been the subject of intense discussion and both methods have advantages and disadvantages. Transcranial TPLSM is a minimally invasive method in which a small region of the skull is thinned to roughly 20
 
μm thickness. If one is observing a section of a neurite or imaging individual spines, this method is well-suited. On the other hand, a cranial window exposes larger areas of cortex, making it appropriate for imaging entire cells and functional areas. It can also be used for larger mammalian species in which it may be more challenging to thin the skull without damage, though one must be cognizant of the possibility that the act of introducing the cranial window itself may induce an injury response, involving glial activation that may potentially impact synaptic properties (Xu et al., 2007). The opening of the skull also allows injection of viral vectors, pharmacological agents, and use of electrodes or optical fibers. Both methods can be used for long-term imaging over months. and TPLSM can even be used for longitudinal imaging over years (Holtmaat et al., 2009; Yang et al., 2010).



2.4.1. Imaging axons, dendrites, and spines

The mouse has proven to be extremely amenable to in vivo imaging in large part due to the creation of useful transgenic lines. Numerous stable transgenic mouse lines are available expressing different FPs mainly under the thy1-promoter to label a subset of cells (e.g., layer V pyramidal cells). These mouse lines include the widely used GFP-M and YFP-H, as well as the very promising Brainbow mice and Single-neuron Labeling with Inducible Cre-mediated Knock-out (SLICK) mice. Brainbow mice stochastically express different combinations of FPs of different colors in each cell, such that by clever spectral unmixing of images, each cell in the field of view can be uniquely parsed from all of its neighbors (Livet et al., 2007). In SLICK mice, the opposite approach is taken for visualizing single neurons. By providing low dosages of tamoxifen to activate estrogen receptor (ER)-cre recombinase to activate GFP expression in only a small number of cells at once, individual neurons can be readily visualized without the confound of thousands of neighboring fluorescent cells extending their axons and dendrites into the imaging field (Deisseroth et al., 2006).

Although the costly and laborious process of creating transgenic animals expressing appropriate synaptic markers may be the ideal way to study synaptogenesis in vivo (Li et al., 2010), a number of alternative methods for gene transfer are available for when transgenesis is not a practical option, in particular when imaging in nonmurine mammals. For example, Stettler et al. (2006) have successfully imaged axons and boutons of cortical neurons in primary visual cortex of adult Macaque monkeys using adeno-associated virus bearing the gene for enhanced GFP. They reported a steady addition and loss of a fraction of the boutons in V1, consistent with ongoing synaptogenesis in adult V1. Lentivirus has also been successfully used to genetically modify small subsets of cortical neurons (Dittgen et al., 2004). As in fish and frogs, it is also possible to use electroporation to transfect neurons in the mammalian brain. For genetic manipulation of single cells, a 
glass microelectrode can be brought into close proximity to the cell and plasmid DNA can be electroporated into the cell body. In Xenopus, this is enormously facilitated by the fact that all the cell somata are densely packed into a cell body layer in the optic tectum and therefore it is possible to electroporate “blind.” While this is not the case in mammalian cortex, it is possible to visualize the targeted neuron by injecting fluorescent dye into the extracellular space to provide a negative contrast image of its location relative to the pipette (Judkewitz et al., 2009). Bulk electroporation in utero can be used to transfect large numbers of neurons, and because mainly periventricular cells are transfected by timing the electroporation properly it is possible to roughly target specific waves of migrating cells, for example, superficial versus deep cortical layers (Shimogori and Ogawa, 2008).

Studying synaptogenesis in cortical pyramidal neurons is greatly facilitated by the fact that they are studded with dendritic spines of about 1
 
μm length, which is fortuitously just above the diffraction limit for detection by light microscopy. It is roughly correct to think of each spine as representing one excitatory synapse, though there are a number of interesting exceptions to this rule. However, because only a fraction of all synapses form on spines, imaging synaptic markers is helpful to get a more complete picture. Synapse-specific proteins like PSD95 for the postsynaptic density (PSD) or Synaptophysin for the presynaptic compartment may be tagged by FPs to label the synapse.

To verify a synapse using synaptic markers is important for two reasons. First, not all structures identified as having a spinelike morphology will end up as a synapse, especially those recently formed. This has been demonstrated in an impressive experiment by Knott and colleagues (Knott et al., 2006) in which TPLSM was used to follow spinogenesis over many days in the intact mouse cortex (Fig. 2.4C and D). At the end of the experiment, large stretches of dendrite that had been imaged were reconstructed by serial electron microscopy to identify bona fide synapses. They observed that only a fraction of the new “spines” formed within the past 4 days had actual presynaptic partners, but 100% of the spines formed prior to that had an associated presynaptic terminal indicating that they were all functional synapses. Second, inhibitory interneurons show no spine formation and hence different mechanisms may underlie the formation of inhibitory synapses (Wierenga et al., 2008).

The gold standard for identifying a synapse is to show that both pre- and postsynaptic elements are present. However, this is especially difficult to achieve in vivo in cases where the goal is sparse labeling of neurons in the brain to facilitate reconstruction. The ideal solution would be a technique like GRASP in which, for example, all cells in the brain express a cell surface presynaptic marker tagged with half of the split GFP protein. In this case, the cell of interest could be made to express the complementary half of the GFP at all its postsynaptic sites, thereby reconstituting GFP fluorescence only at synapses onto that one cell (Feinberg et al., 2008). There has been some very limited success with GRASP-like approaches in the mammalian brain using meticulously designed constructs for synaptic targeting and GFP reconstitution (Kim et al., 2011). As mentioned earlier, a number of promising transsynaptic gene transfer techniques have shown great promise for circuit tracing in the mammalian brain (Luo et al., 2018). Although imaging spines has produced amazing results that have improved our understanding of circuit formation, a key step in furthering our knowledge will be the validation and broad adoption of versatile transsynaptic markers.




2.4.2. Somatosensory development and plasticity

How does activity influence synaptogenesis in the mammalian CNS? An outstanding model system to tackle this question is the somatosensory cortex of nocturnal mammals. A large part of the neocortex in these animals processes information coming from mechanoreceptors in the whisker follicle. Deflection of the whisker evokes action potentials in sensory neurons that travel to neurons in the trigeminal nucleus of the brainstem. From here, trigeminothalamic neurons innervate the ventral posterior medial (VPM) nucleus. Neurons from the VPM synapse onto layer 4 cortical cells and together form distinct columns called barrels. Each barrel receives information from one whisker, and the entire barrel field represents the whisker field in a highly topographic manner. The appearance of the barrel field is so striking that it can be visualized by plain light microscopy. Although the lemniscal pathway described above is not the only input to the barrel map, stimulation of the whisker is an easily accessible way to drive activity of a defined subset of cells in the neocortex.

During early development a strong genetic component is involved in the setup of the barrel field. Fukuchi-Shimogori and Grove have shown that overexpression or reduction of FGF8 induces a shift of the cortical barrel field posterior or anterior, respectively, and when a second FGF8 gradient is experimentally induced, a second barrel field develops (Fukuchi-Shimogori and Grove, 2001). On the other hand, lesioning of the whisker follicle before P4 results in a loss of the corresponding barrel (Woolsey and Van der Loos, 1970), and bilateral whisker trimming between P4 and 20 induces a decrease in spine density in layer 2/3 but not in layer 4 (Briner et al., 2010). Only before P4 and during the initial thalamocortical innervation are the neurons of layer 4 highly structurally plastic (Fox, 2002). A second critical period is defined by the loss of thalamocortical long-term potentiation (Crair and Malenka, 1995) and long-term depression (Feldman et al., 1998) before P10.






Although plasticity persists throughout the mouse's life, it decreases during the first months. After early development, structural changes generally occur first to cells in layers 5 and 2/3 whereupon layer 4 changes might occur but are less pronounced and more difficult to induce. Furthermore, these changes can be either of Hebbian or non-Hebbian nature. In the barrel cortex, Hebbian plasticity can be seen when a subset of whiskers is trimmed or follicles are lesioned. The neurons in layer 4 of barrels in somatosensory cortex 1 (S1) belonging to the remaining whiskers will come to drive neurons in the deprived whisker columns and to a small extent also may extend axonal processes into these neighboring columns (Feldman and Brecht, 2005). A useful way to induce experience-dependent structural changes is to trim alternating whiskers in a chessboard-like pattern. In this way, nondeprived barrels surround each deprived barrel, and vice versa. This manipulation results in the loss of previously stable spines and increases the number of newly formed persistent spines. It is believed that the majority of spines are long persistent (i.e., over 1 month) with 65%–85% in young animals and at least 75%–95% in mature adults (Holtmaat and Svoboda, 2009). Moreover, CaMKII-T286A mutant mice that lack potentiation of the physiological response following deprivation show no increase in new persistent spines at the border between spared and deprived barrels after whisker trimming (Wilbrecht et al., 2010).

In addition to Hebbian plasticity, as induced by chessboard deprivation, other types of plasticity can be induced by different manipulation of the whiskers. For example, continuous 24-hour passive stimulation of a single whisker in adult mice induces structural changes in the corresponding barrel. Layer 4 neurons show increased double innervations of dendritic spines with one excitatory (glutamatergic) and one inhibitory (GABAergic) input. These two inputs cancel each other out and lead to a decreased responsiveness of the S1 layer 4 neurons.

Recently, several groups have directed their research toward more natural relevant behavioral paradigms to study plasticity. One example is the Etruscan shrew (Suncus etruscus), a novel animal model for tactile guidance of behavior and the underlying circuitry. Due to its small size, it has a high metabolism and has therefore a very robust prey (cricket) capture behavior (Munz et al., 2010). As nocturnal animals, Etruscan shrews must detect, overwhelm, and kill prey in large numbers in darkness. Shrews have to learn how to hunt crickets, which are highly mechanosensitive, fast-moving prey that are almost as big as the shrew itself. This very natural behavior in combination with the Etruscan shrew's small brain should make it possible to image behavioral relevant changes deeper in the brain (Diamond et al., 2008; Anjum et al., 2006).




2.4.3. Synaptogenesis and plasticity in visual cortex

Monocular deprivation is an experimental paradigm for inducing cortical response plasticity. Normally neurons in the binocular segment of the primary visual cortex (V1) in the mouse respond about twice as strongly to stimulation of the contralateral eye as to the ipsilateral eye. However, suturing shut the contralateral eye during the critical period for ocular dominance plasticity results in the rapid loss of responsiveness by V1 neurons to contralateral eye stimulation, followed by a subsequent increase in the response to the ipsilateral eye (Frenkel and Bear, 2004). Comparable to the chessboard deprivation for S1, monocular lid suture enhances spine motility in the primary visual cortex (V1) (Oray et al., 2004). Consistent with the loss of responsiveness through the deprived eye, monocular deprivation has been shown to drive a dramatic loss of spines on the dendrites of layer 2/3 neurons in V1 (Mataga et al., 2004).

It has recently come to be appreciated that monocular deprivation of adult mice after the critical period also leads to a mild, slow ocular dominance shift, which is qualitatively different from the critical period shift in that it lacks the initial phase in which there is a loss of response to stimulation of the deprived eye, but still shows the enhanced responsiveness to the nondeprived eye. Closing the contralateral eye in adult mice leads to an 8% increase in spine number over 4
 
days (Hofer et al., 2009). Subsequent binocular vision completely reverses the ocular dominance shift within 8 days, but the added dendritic spines remain. As one might predict if the new persistent spines added during eye occlusion represented a new substrate for inputs driven by the open eye, when a second round of monocular deprivation was performed, the shift took place much faster this time. Thus, the changes in spine number appeared to reflect the underlying physiological changes taking place and interestingly the newly added spines could be considered a kind of sensory memory trace of the ocular dominance shift that could be reactivated at a later time.




2.4.4. Imaging synaptogenesis in motor cortex

The motor cortex provides an excellent platform for the investigation of synaptic changes associated with behavioral learning. Motor learning can in many cases be detected noninvasively in the awake behaving animal. Xu et al. (2009) used a single-seed reaching task to assess structural changes in the motor cortex in YFP-H mice. The mouse was placed in a plastic box containing a slot just big enough for the mouse to reach through. A seed was positioned on the other side of the slot such that a complex reaching motion was necessary to grasp it. Mice that succeed in learning to bring the seed inside the plastic box were thus directly rewarded. Mice that failed to do so lost interest and served as controls. Impressively, the 
study showed an increase of spine formation in the mice that successfully reached for the seed within 1
 
hour. The mice that failed to learn this task showed no increase in spine formation. When the same mice were tested several months later, they retained the motor learning as indicated by their behavior in the single-seed reaching task and no new spine formation was seen this time. However, when these mice had to learn a modified task involving reaching for pasta, new spines again formed during the learning phase.




2.4.5. Integration of new neurons into olfactory circuitry

Another very attractive system for in vivo TPLSM is the olfactory system because it is one of the brain areas into which new adult-born neurons are continually being integrated into the circuit. Livneh et al. (2009) used TPLSM to image periglomerular neurons expressing with PSD95-GFP in the glomerular layer of the olfactory bulb. They found that odor enrichment accelerated synaptogenesis and dendritic development in newly imbedded neurons. This was also the case for mature neurons already fully embedded in the circuit; however, it occurred with a lower rate in these cells (Kelsch et al., 2010).




2.4.6. Structural developmental plasticity in the superior colliculus

The superior colliculus (SC) integrates information about the eye and reflexive head movement. It is a laminated structure with upper layers getting input from the retina and the lower layers receiving input from V1. The SC is retinotopically organized such that the nasotemporal axis of the retina maps along the anteroposterior axis of the SC and the dorsoventral axis of the retina projects along the mediolateral axis of the SC. Several particularly cleverly designed mouse lines have proven very informative about the mechanisms responsible for topographic mapping. During the first postnatal week, spontaneous patterned waves of activity in the retina, mediated by cholinergic starburst amacrine cells, constitute the principal source of neural activity for the developing retinocollicular circuit. In a knockout mouse lacking β2 nicotinic acetylcholine receptors, the organized retinal waves are disrupted, though overall activity levels do not decrease, and the retinotopic precision of the retinocollicular projection is degraded, suggesting an instructive role for activity in the development of this circuit (McLaughlin et al., 2003).

Another line that has significantly contributed to our understanding of the signaling that produces the retinocollicular map is a line of Islet2-EphA2 knock-in mice, the so-called ki/ki mice, which develop two juxtaposed retinotopic maps in the colliculus, but a single fairly normal map in cortical area V1 (Triplett et al., 2009). In these mice, the corticocollicular projection from V1 similarly duplicates to align retinotopically with the dual maps. However, in crosses of ki/ki and β2−/− mice in which a weak second retinocollicular maps forms, only a single corticocollicular map forms suggesting that correlated activity in the retinocollicular input, which is lost in β2 −/− animals is necessary to instruct the retinotopic matching of V1 inputs.

The single-cell morphology of retinal axons projecting to the colliculus and the lateral geniculate nucleus has been studied postmortem over a range of developmental stages in both wild-type and β2−/− mice that had undergone electroporation of EGFP into retinal ganglion cells (Dhande et al., 2011). These reconstructions revealed that retinocollicular arbors progressively increase in complexity over the first postnatal week, and do not appear to undergo a period of exuberance followed by pruning. Interestingly, the exception to this finding came from β2−/− mice in which single arbors exhibited unusually diffuse branch formation over very large termination zones in the colliculus, suggesting that correlated firing may be necessary to achieve convergence of arbor branches within a restricted termination zone. It will be important in future work to ultimately perform live imaging of these axons as they refine, much as has already been carried out successfully in the small vertebrate models like fish and frogs.





2.5. Future perspectives

Imaging of neuronal morphogenesis and synapse formation in vivo is a relatively young field that has made tremendous strides in the past quarter-century. However, many critical questions remain unanswered. Much of the research to date has consisted of gathering the proverbial “low-hanging fruit.” The neuromuscular junction in the periphery, apical dendrites of layer 5 cortical pyramidal cells and layer 1 targeting thalamocortical axons in the central nervous system have been disproportionately studied, not because they constitute a particularly important or interesting class of neurons, but rather because of the availability of convenient transgenic mouse lines in which these neurons are labeled and because even with the considerable improvements in deep imaging afforded by high-power two- and three-photon laser scanning microscopy and by implantable gradient-index (GRIN) lenses, resolution degrades substantially below the first few cortical layers, especially in a chronic imaging preparation where preserving the health of upper layers is desirable. Improvements in 
imaging technology and image analysis techniques, as well as less invasive endoscopic imaging methods, will be necessary to expand the repertoire of neurons being studied. An explosion of new transgenic lines and improvements on innovative approaches like Brainbow are inevitable not just for mouse studies, but for zebrafish and Xenopus as well. Just like the revolution in live imaging wrought by GFP, future frontiers in areas like potentiometric and calcium imaging with genetically encoded indicators, optogenetics for cell activation and silencing, and functional ultrasound imaging methods that will ultimately open deeper brain areas to noninvasive investigation are already being pushed to new extremes. Despite this growing set of powerful tools for probing deeper into the brain, what will ultimately matter for neuroscience, as has always been the case, is how deeply probing are the questions we ask.




List of acronyms and abbreviations





AAV

   Adeno-associated virus




AChR

   Acetylcholine receptor




AM

   Acetoxymethyl




AMPA

   α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid




BDNF

   Brain-derived neurotrophic factor




BTX

   Bungarotoxin




CaMKII

   Ca2+/Calmodulin kinase type II.




CaMKK

   CaMK kinase




CFP

   Cyan fluorescent protein




CNS

   Central nervous system




CRACM

   Channelrhodopsin-2-assisted circuit mapping




CRISPR

   Cas9-mediated homology-directed repair




CRISPR

   Clustered, regularly interspaced, short palindromic repeats




DNA

   Deoxyribonucleic acid




EGFP

   Enhanced green fluorescent protein




EphA

   Family of tyrosine kinase receptors EphA




Islet2

   LIM homeodomain protein




ER

   Estrogen receptor




FGF

   Fibroblast growth factor




GABA

   Gamma amino butyric acid




GCaMP

   GFP-calmodulin-M13 peptide




GECI

   Genetically encoded calcium indicator




GFP

   Green fluorescent protein




FP

   Fluorescent protein




GABA

   γ-aminobutyric acid




GRASP

   GFP reconstitution across synaptic partners




GRIN

   Gradient index




HA

   Hemagglutinin




iGluSnFR

   Intensity-based glutamate-sensing fluorescent reporter




jR-CaMP

   Janelia Red FP-calmodulin-M13 peptide




jRGECO

   Janelia red genetically encoded Ca2+ indicators for optical imaging




LTP

   Long-term potentiation




MAPSeq

   Multiplexed Analysis of Projections by Sequencing




MO

   Morpholino oligonucleotide




mRNA

   Messanger RNA




NMDAR

   N-methyl-D-Aspartate receptor




NMJ

   Neuromuscular junction




PSD

   Postsynaptic density




RB

   Rohon–Beard




RGC

   Retinal ganglion cell




RNA

   Ribonucleic acid




SC

   Superior colliculus




SLENDR

   Single-cell labeling of endogenous proteins by CRISPR-Cas9-mediated homology-directed repair




SLICK

   Single-neuron labeling with inducible cre-mediated knock-out




TALENs

   Transcription activator-like effector nucleases




TPLSM

   Two-photon laser scanning microscopy




TRACT

   TRAnsneuronal Control of Transcription






TrkB

   Tropomycin receptor kinase B




TTX

   Tetrodotoxin




UAS

   Upstream activating sequence




V1

   Primary visual cortex




VPM

   Ventral posterior medial




YFP

   Yellow fluorescent protein
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Abstract


Glial cells, particularly astrocytes, were once considered to be passive residents of nervous tissue, performing the most basic housekeeping functions such as spatial ion buffering and water homeostasis. However, in recent years, we have expanded our knowledge in how these cells actually instruct neurons to build, maintain, and repair synaptic networks. This chapter highlights the pro- and antisynaptogenic factors that astrocytes secrete during the development of the central nervous system (CNS), the interactions between neurons and astrocytes that drive the development of both cell types, and ways in which these synaptogenic pathways are reinstated or disrupted following injury or in diseases of the CNS.
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3.1. Introduction

Synapses are generally considered to be composed of two primary elements: a presynaptic, neurotransmitter-containing axon interfacing with a postsynaptic dendrite and cell body. However, with recent advances in our understanding of how nonneuronal cells influence synaptic development, activity, and plasticity, this traditional view of the synapse has been expanded to include perisynaptic processes from glial cells. In particular, by ensheathing pre- and postsynaptic machinery throughout the central nervous system (CNS) with their fine perisynaptic astrocyte processes (PAPs), astrocytes constitute the third major element of what has come to be known as the “tripartite synapse” (Blanco-Suarez et al., 2017; Risher and Eroglu, 2012). These PAPs, which contact and surround neuronal synapses to a varying degree in different brain regions, are highly dynamic, reorganizing in correlation with synaptic processes associated with learning and memory (Bernardinelli et al., 2014). By maintaining this close contact with synapses, astrocytes are ideally positioned to perform essential functions for neuronal health such as uptake of excess glutamate, buffering extracellular potassium, and secretion of neurotrophic factors such as nerve growth factor (NGF) and brain-derived neurotrophic factor (BDNF); disruptions in any of which may facilitate neurodegeneration and disease pathogenesis (Blanco-Suarez et al., 2017; Connor and Dragunow, 1998).

As the field began to delve more deeply into the ways in which astrocytes contributed to synaptic maintenance and activity, it became apparent that these cells are also critical for the initial formation and maturation of synapses. Seminal 
experiments performed with retinal ganglion cells (RGCs) from the eye showed that, although neurons can survive in culture in the absence of glia, synaptic density and activity are robustly upregulated when neurons are grown together with astrocytes (Pfrieger and Barres, 1997; Ullian et al., 2001). Further enriching the story was the finding that neurons grown in media previously conditioned by astrocytes also exhibit enhanced synaptogenesis, revealing the role of paracrine-secreted factors in astrocyte-induced synaptogenesis (Pfrieger and Barres, 1997). The list of astrocyte-expressed factors that either promote or inhibit synaptic development is rapidly growing, as is our understanding of the cellular and molecular mechanisms whereby these factors exert their effects. Table 3.1 Section 3.2 of this chapter summarizes what is currently known regarding the astrocytic/synaptogenic “secretome”.

In addition to what we now know about how glial cells promote synaptic development via secreted signals, we are also beginning to understand how multidirectional glia–neuron interactions drive the formation and maturation of nervous systems across evolution. Studies from invertebrate model systems such as Drosophila and Caenorhabditis elegans (i.e., C. elegans) show that astrocyte-like glial cells are highly involved in the formation, morphological maturation, and circuit function of neuronal networks (Shao et al., 2013; Stork et al., 2014). The metabolism of lipids and cholesterol by astrocytes is critical for synaptic development, potentially by modifying vesicle number and content as well as the adhesivity and stability of glial and neuronal membranes (van Deijk et al., 2017). Astrocyte-regulated control of synapses is not limited to secreted factors, since physical interactions between PAPs and synapses have been shown to promote synapse growth to further refine neuronal connectivity (Barker et al., 2008; Garrett and Weiner, 2009). Furthermore, recent insights show that contact-mediated signaling between neurons and astrocytes is also crucial for morphological and molecular maturation of astrocytes in the rodent brain, with this signaling made possible by cell adhesion molecules in astrocytes that were previously only known for their functions in neurons (Farmer et al., 2016; Stogsdill et al., 2017). Section 3.3 of this chapter will discuss these various modalities of neuron/glial cross-talk with an emphasis on how they promote the maturation of synaptic networks.

In Section 3.4 of this chapter, we will discuss the ways in which disruption of synaptogenic regulation by astrocytes can drive aberrant synaptic circuitry in CNS injury and disease. Synaptic abnormalities are thought to underlie circuit dysfunction in neuropsychiatric disorders, with aberrant synapse morphology having been identified in nearly all brain disorders. Astrocytes are known to shift their morphological and molecular profiles in disease and, following injury, becoming “reactive” (Liddelow et al., 2017). In their reactive state, astrocytes lose their ability to promote synaptogenesis and can even begin to promote neuronal death (Liddelow et al., 2017), resulting in widespread rearrangement of synaptic connectivity. Changes in the expression of proteins involved in astrocyte-induced synaptogenesis have been detected after stroke and traumatic brain injury, in the development of neuropathic pain after spinal cord injury, and in the pathogenesis of epilepsy (Liauw et al., 2008; Yu et al., 2018). Finally, we conclude our discussion with recent genetic studies on human patients with various neurological diseases and speculate how mutations affecting astrocyte-induced synaptogenesis may contribute to disease pathology.




3.2. Secreted astrocytic factors orchestrate synaptogenesis

Astrocytes were once thought of as merely taking up space between neurons (the term “glia” is derived from the Greek for “glue”), providing passive support such as removing excess glutamate from the synaptic cleft and maintaining potassium homeostasis. These roles were facilitated by the presence of fine astrocytic processes (PAPs), making close contact with presynaptic axons and postsynaptic dendrites. Despite this intimate association, very little was known about whether nonneuronal cells could influence the number or function of synapses. One early study suggested that astrocytes could promote the proliferation of dendritic spines (Seil et al., 1992), the postsynaptic neuronal specializations implicated in long-term memory storage in their mature form. In this section, we review the pioneering experiments that determined the synaptogenic capabilities of astrocytes and summarize the various factors secreted by astrocytes that facilitate the building of complex synaptic networks throughout the CNS.



3.2.1. Retinal ganglion cells and the discovery of astrocyte-secreted synaptogenic factors

The timing of neurogenesis and gliogenesis in the developing CNS, with progenitor stem cells first producing neurons before switching to astrocytes (Miller and Gauthier, 2007), establishes an environment where initial neuronal growth and patterning occurs intrinsically, but proper synaptic connectivity requires instructive signals from glia. Indeed, the peak period of CNS synaptogenesis in the rodent brain occurs around postnatal weeks 2 and 3, a period when astrocytes are rapidly maturing (Risher and Eroglu, 2012). Using a retinal ganglion cell (RGC) culture model to grow neurons in the absence of glia, Pfrieger and Barres (1997) showed that these neurons showed significantly increased synaptic efficacy 
when cultured together with glial cells, with dramatic increases in both the frequency and amplitude of spontaneous excitatory postsynaptic currents (EPSCs) when compared with RGC synapses in glia-free conditions. Furthermore, the authors went on to show that these synaptic effects could be mimicked by the application of glial/astrocyte-conditioned medium (ACM) to the glia-free RGC cultures (Pfrieger and Barres, 1997) (Fig. 3.1). Follow-up studies using immunocytochemistry and electron microscopy (EM) confirmed that the enhanced synaptic activity was due to the increased density of synapses formed between RGCs in the presence of glia (Ullian et al., 2001). These glia-induced synapses appeared ultrastructurally normal with EM. Astrocytes were also found to be necessary for synapse stability and maintenance, as removal of glia from the RGC culture after the initial synaptogenic period led to significant reductions in synapse density (Ullian et al., 2001). Similar synapse-promoting effects were seen between rodent astrocytes and human-derived neurons (Johnson et al., 2007), suggesting that these functions are evolutionarily conserved.


Table 3.1




Astrocyte-expressed molecules involved in synaptic circuit development.


	Molecule
	Synaptogenesis-associated receptor
	Synapse type
	Function





	Thrombospondin (TSP; isoforms 1–5)
	α2δ-1
	Excitatory
	Promotes formation of silent synapses; intracortical connectivity; dendritic filopodia-to-spine transition



	Hevin
	NL1B; NRX1α
	Excitatory
	Bridges incompatible neuroligin/neurexin pairs for thalamocortical synapse formation



	SPARC
	Unknown
	Excitatory
	Antagonizes the synaptogenic function of hevin; roles in synapse elimination



	Glypican (Gpc4 and Gpc6)
	RPTPδ
	Excitatory
	Promotes functional synapse formation; GluA1 surface expression



	TGF-β
	Unknown (possibly TGF-βR)

	Excitatory/inhibitory
	NMJ and cortical synaptogenesis; synapse elimination



	
D-Serine
	NMDAR
	Excitatory/inhibitory
	Synaptic integration of adult-born neurons



	BDNF
	TrkB
	Excitatory/inhibitory
	Promotes synapse formation



	Unknown (possibly TSP1)

	β1 and β3 integrins
	Inhibitory (glycinergic)
	Spinal cord neuron GlyR localization



	UNC-6 (netrin)
	UNC-40 (DCC)
	Multi
	Sheath glia-associated synapse assembly in Caenorhabditis elegans




	Ephrin-A3
	EphA4
	Excitatory
	Contact-mediated synaptic formation and maturation



	FABP7
	∗Interacts with lipids
	Excitatory
	Synaptic integration of nearby adult-born neurons



	DHA/cholesterol/ApoE
	Unknown
	Excitatory
	Promote presynaptic terminal and postsynaptic dendrite differentiation
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3.2.2. Thrombospondin family proteins as synapse organizers

After astrocytes were determined to be synaptogenic, the search was on to identify the factors released by astrocytes that have synapse-promoting effects. After narrowing down the candidate list to a heparin-binding extracellular matrix (ECM) protein larger than 100
 
kDa in size, Christopherson et al. (2005) determined that thrombospondin (TSP) family proteins comprised the primary synaptogenic components of ACM (Fig. 3.2A). TSPs were initially discovered in human platelets and were known to be antiangiogenic, with roles promoting platelet aggregation and thrombosis (Risher and Eroglu, 2012). Several TSP isoforms have been found in the brain, with primary expression in astrocytes during early postnatal development (Cahoy et al., 2008; Risher and Eroglu, 2012). The secretion of TSP by astrocytes during development appears to be regulated by purinergic signaling via P2Y receptors. Application of either purified TSP1 or TSP2 mimicked the ACM-induced increase in excitatory synapse number in glia-free RGC cultures (Christopherson et al., 2005). As with astrocyte-induced synapses, TSPs induced synapses that were ultrastructurally normal and presynaptically active. However, 
electrophysiological recordings revealed that these TSP-induced synapses were postsynaptically silent, owing to a lack of functional α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid (AMPA) receptors in the postsynaptic membrane (Christopherson et al., 2005). Immunohistochemical analysis of TSP1/2 double-null mouse cortex revealed significant reductions in excitatory synapse density, suggesting that TSP signaling is necessary for normal cortical development. Levels of some TSP family members are proportionately increased in the cortex of humans compared with nonhuman primates, raising the intriguing question of whether TSP signaling contributes to the complexity of human synaptic networks, as well as their potential vulnerability to disease (Risher and Eroglu, 2012).



[image: image]



Figure 3.1 Neurons can be highly purified (>95%–99.5%) and grown in serum-free neurobasal-based growth media containing neurotrophic factors. Original experiments from the Barres laboratory were conducted with retinal ganglion cells (RGCs), but similar results have been observed from other cell types including cortical neurons. After an initial growth period, some neurons are then cultured with either astrocyte inserts or astrocyte-conditioned media (ACM) for an additional 6 days. Synapse number is then assessed by labeling with antibodies specific for pre- (e.g., synaptotagmin; green) and postsynaptic (e.g., PSD95; red) proteins. These antibodies appear colocalized (arrows) at synapses, where the compartments containing these proteins reside in close proximity. Astrocytes and ACM each significantly increase colocalized synaptic puncta compared with growth media alone (i.e., neurons only). 

Images courtesy of the Eroglu laboratory, Duke University Medical Center.
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Figure 3.2 Astrocytes regulate different aspects of excitatory synaptic development. (A) Astrocytes promote structural synapse formation (i.e., NMDAR-containing synapses) via secreted thrombospondins (TSPs) acting on the neuronal calcium channel subunit, α2δ-1. The antiepileptic drug gabapentin (Gbp) interacts with α2δ-1 to block this synaptogenic effect. Signaling involving α2δ-1 and NMDARs at the postsynaptic density (PSD) triggers downstream activation of the actin cytoskeletal organizing protein, Rac1, which promotes synaptic maturation. (B) Hevin/SPARCL1 secreted from astrocytes stimulates silent synapse formation by “bridging” otherwise incompatible isoforms of NRX and NL1. The closely related glial molecule SPARC inhibits this process. (C) Glypicans contribute to the formation of functional, AMPAR-containing synapses by interacting with receptor protein tyrosine phosphatase δ (RPTPδ). This event triggers the release of neuronal pentraxin 1 (NP1) from presynaptic terminals, which binds to and stabilizes AMPARs in the PSD. (D) Astrocyte-derived transforming growth factor β1 (TGF-β1) promotes excitatory synapse formation in conjunction with the NMDA coagonist, D-serine.



How do thrombospondins promote CNS synaptogenesis? Eroglu et al. (2009) analyzed the domain structure of TSPs to gain insight into potential synaptogenic mechanisms. There are five TSP isoforms in mammals, with two trimeric isoforms (TSP1 and 2) and three pentameric isoforms (TSP3-5) (Risher and Eroglu, 2012). All five isoforms were able to increase synapse number in RGC culture, indicating that the synaptogenic domain of TSP is found in the C-terminal region common to all isoforms. By using truncation constructs of TSP1 and 2, Eroglu et al. further narrowed down the synaptogenic domain of TSP to the C-terminal epidermal growth factor (EGF)–like repeats. These repeats bind to a protein–protein interaction fold, the von Willebrand factor A (VWF-A) domain, of membrane integrin receptors, suggesting a role for them in facilitating the binding of TSP to a neuronal surface receptor to promote synaptogenesis. TSPs interact with a variety of receptors to regulate various functions throughout the CNS. For synaptogenesis, the relevant VWF-A-containing receptor was identified to be α2δ-1, a cell surface protein that is highly expressed in RGCs and 
localizes to synapses (Eroglu et al., 2009). In vitro knockdown of α2δ-1 completely abolished synaptogenesis induced by either purified TSP or astrocytes, confirming TSP as the primary synaptogenic factor secreted by astrocytes. Transgenic mice overexpressing α2δ-1 showed significantly increased synapse density in vivo, showing that this synaptogenic mechanism is sufficient to increase connectivity in the developing brain. Similarly, α2δ-1 knockout (KO) mice had reduced excitatory synapse numbers in the cortex, and this decrease was specific to synapses labeled with the intracortical synapse–specific marker, vesicular glutamate transporter 1 (VGluT1) (Risher et al., 2018). Ultrastructural analysis revealed that the morphological development of α2δ-1 KO dendrites was impaired, indicated by decreased numbers and maturity of dendritic spines. Thus, astrocytes are able to promote both the formation and maturation of synapses via secreted TSP acting through neuronal α2δ-1.

The finding that α2δ-1 is the neuronal synaptogenic receptor for TSP was especially intriguing due to earlier findings that α2δ-1 was also a high-affinity receptor for the commonly prescribed anticonvulsant drugs gabapentin (GBP, Neurontin) and pregabalin (Lyrica) (Field et al., 2006). These drugs were initially designed as analogs of the inhibitory neurotransmitter γ-aminobutyric acid (GABA), but neither GBP nor pregabalin can physically interact with canonical GABA receptors. Instead, the therapeutic effect of these drugs occurs through their binding to α2δ-1 (Field et al., 2006). In RGC culture, addition of GBP prevented the TSP-induced increase in excitatory synapses (Eroglu et al., 2009). Furthermore, the presence of GBP significantly reduced the interaction between α2δ-1 and the synaptogenic domain of TSP, indicating that GBP inhibits synaptogenesis by interfering with the α2δ-1/TSP interaction. In vivo injection of GBP was sufficient to reduce excitatory synapse number in mouse cortex, though it is unclear whether this decrease was a direct result of the interaction between GBP and α2δ-1. GBP injection was also capable of inhibiting proper neural circuit reorganization in the barrel cortex after whisker lesioning in a well-established model of synaptic plasticity (Eroglu et al., 2009). Similar aberrant plasticity was also seen after whisker lesioning in TSP1/2 double-null mice, strongly supporting a role for TSP/α2δ-1 signaling in this process.

α2δ-1 is an auxiliary subunit of voltage-gated calcium channels (VGCCs), particularly those of the high-voltage, dihydropyridine-sensitive L-type variety (Geisler et al., 2015). Roles for α2δ-1 in the trafficking and function of VGCCs have been described in a number of biological systems (Geisler et al., 2015), raising the question of whether the induction of synapses by TSP was regulated by VGCC expression and activity. Interestingly, altering VGCC surface expression level had no impact on the magnitude of TSP-induced synaptogenesis; neither did pharmacological inhibition of VGCC conductance (Eroglu et al., 2009). Instead, α2δ-1 was shown to have its synapse and spine-promoting effects by triggering the downstream activation of the small Rho GTPase, Ras-related C3 botulinum toxin substrate 1 (Rac1), an important regulator of the actin cytoskeleton (Risher et al., 2018). N-methyl-D-aspartate (NMDA) receptors also appear to play a role in this synaptogenic signaling pathway, as the C-terminal of α2δ-1 can directly interact with NMDARs. Gabapentin decreases the amount of α2δ-1-bound NMDARs in the postsynaptic membrane, in line with the ability of GBP to inhibit TSP-induced synaptogenesis. Further investigation into the mechanisms linking TSP, α2δ-1, NMDA, and downstream components including Rac1 is needed to more fully understand this complex signaling pathway that is triggered by astrocytes.




3.2.3. Hevin, SPARC, and the diversity of synaptogenic modulation by astrocytes

Like thrombospondins, hevin is an extracellular matrix protein secreted by astrocytes that contributes to synaptic development (Fig. 3.2B). Hevin (also known as secreted protein acidic and rich in cysteine [SPARC]-like 1 or synaptic cleft-1 [SC1]) mRNA expression can be observed in nearly all brain cell types but is particularly high astrocytes (Cahoy et al., 2008). Increased hevin expression coincides with synaptogenic periods of postnatal development, remaining high in the adult brain, with protein localization observed at synaptic compartments and in PAPs (Lively and Brown, 2008). Similar to TSP, hevin was found to increase the number of ultrastructurally normal excitatory synapses in RGC cultures (Kucukdereli et al., 2011). Another similarity shared with TSP is that hevin is only able to induce synapses that are postsynaptically silent, lacking AMPA receptors. Hevin differs from TSP in that, in the cortex of mice lacking hevin expression, VGluT1-containing intracortical synapses are not decreased but were surprisingly more abundant (Risher et al., 2014). Instead, hevin-null cortex had drastically diminished thalamocortical connectivity, as shown by a decrease in excitatory synapses labeled with the presynaptic marker VGluT2. Investigation of synaptic ultrastructure at the EM level revealed that hevin KO dendrites had a significant proportion of spines that were innervated simultaneously by multiple axons (spines with multiple excitatory contacts, or SMECs). Frequently, the axons contacting these multiply innervated spines originated from different brain regions, suggesting a competition for postsynaptic sites. Up to 25% of excitatory synapses in the mouse visual cortex are made onto these SMECs during early development which then disappear by postnatal day 25 (P25), indicating that hevin is required to facilitate the resolution of axon competition for spines (Risher et al., 2014).






What is the mechanism underlying the specificity of hevin for promoting thalamocortical connectivity? While investigating the molecular mechanisms behind hevin-induced synaptogenesis, Singh et al. (2016) found that hevin interacts with cell adhesion molecules, neurexins and neuroligins, which are typically found at pre- and postsynaptic sites, respectively. Neurexins and neuroligins are known to form trans-synaptic adhesions that promote the formation and maturation of synapses, recruiting and organizing pre- and postsynaptic specializations that allow efficient synaptic communication. Multiple isoforms of neurexins and neuroligins are generated as a result of alternative splicing; neuroligin-1 had previously been found to participate in astrocyte-induced synaptogenesis through a direct interaction with TSP1 in the hippocampus (Xu et al., 2010). However, not all neurexins and neuroligins are compatible with each other for trans-synaptic pairing. By simultaneously binding both presynaptic neurexin-1α (NRX1α) and postsynaptic neuroligin-1B (NL1B), which are incapable of directly interacting with one another, hevin is able to bridge these incompatible isoforms to form synapses (Singh et al., 2016). Thalamic axons predominantly express NRX1α, whereas NL1B is expressed by cortical neurons, providing synaptogenic specificity when secreted hevin recognizes these specific isoforms. The authors tested the functional significance of impaired thalamocortical connectivity in the hevin KO mice by testing for ocular dominance plasticity (ODP). In ODP, monocular deprivation attenuates the responses of neurons in the visual cortex associated with the deprived eye while strengthening the responses of neurons associated with the undisturbed eye. Hevin KO neurons showed no difference in contralateral bias index (comparing the amplitude of visually evoked field potentials between the contralateral and ipsilateral eye) following monocular deprivation, indicative of impaired ODP (Singh et al., 2016). Induction of hevin in the hevin KO astrocytes rescued ODP, demonstrating the importance of astrocyte-mediated synaptogenesis for physiologically relevant developmental processes.

In addition to hevin, astrocytes express high levels of a related matricellular protein, SPARC. SPARC and hevin share similar domain structures, though SPARC has a considerably shorter N-terminal acidic domain (Kucukdereli et al., 2011). Also like hevin, SPARC shows high mRNA expression throughout the developing and adult brain, and SPARC mRNA and protein has been observed at astrocyte processes and synapses (Cahoy et al., 2008; Sakers et al., 2017). Despite these numerous similarities, hevin and SPARC have markedly different effects on synaptic development. SPARC is unable to promote synapse formation in RGC culture; rather, SPARC acts by antagonizing the synaptogenic properties of hevin (Kucukdereli et al., 2011). These two proteins do not directly interact; therefore, their high degree of homology suggests that SPARC exerts its antisynaptogenic effects by competing with hevin for a common synapse-associated interacting partner. In line with the role of SPARC in blocking the synapse-promoting abilities of hevin, SPARC KO mice have increased synapses in vivo.

SPARC has been found to have numerous effects that may influence synaptic organization in the developing brain. Surface levels of AMPA-type glutamate receptors are significantly upregulated in SPARC KO hippocampal neurons, accompanied by impairments in the long-term potentiation (LTP) paradigm of synaptic plasticity (Jones and Bouvier, 2014). This accumulation of AMPA receptors was found to be mediated by inhibition of neuronal β3-integrin receptors by SPARC. In the dentate gyrus (DG) region of hippocampus, SPARC KO mice show an increase in neuronal activity (as measured by an increase in the immediate early gene c-Fos) and decreased proliferation in the neurogenic subgranular zone (Campolongo et al., 2012), potentially demonstrating altered connectivity and function of newly integrated neurons. In cholinergic neuron cultures, SPARC application kept presynaptic terminals in an immature state with fewer vesicles and higher release probability (Albrecht et al., 2012). Synapse elimination is an important developmental step in the formation of neuronal networks, with various mechanisms in place to remove weak synapses from the circuit. SPARC has been shown to enhance cholinergic synaptic elimination, including the competition-driven elimination of neuromuscular junction (NMJ) synapses of Xenopus tropicalis tadpoles (Lopez-Murcia et al., 2015). As the list of functions of SPARC in the CNS continues to grow, so too should our understanding of the mechanisms that underlie its role as a negative regulator of synaptogenesis.




3.2.4. Glypicans and the recruitment of AMPA receptors for functional synapse formation

The silent synapses induced by TSP and hevin are in contrast to the fully functional synapses generated in the presence of either astrocytes or ACM, indicating that astrocytes must secrete additional factors to initiate synapse function. Excitatory synaptic transmission is largely mediated by AMPA-type glutamate receptors (AMPARs) anchored in the postsynaptic membrane. Astrocytes do not increase the total expression of AMPARs in RGC culture; rather, neuronal surface expression of AMPARs is significantly upregulated by astrocyte coculture or ACM treatment (Allen et al., 2012). Astrocyte-derived signals increase trafficking of internal AMPARs to the surface as well as promote the synaptic clustering of the surface AMPARs already present. The AMPA-promoting signals were identified as glypicans, heparin sulfate proteoglycans previously known for their roles in receptor signaling complexes, cell migration, and morphogenesis. Glypicans 4 (Gpc4) 
and Gpc6 are ACM components that are sufficient to promote surface expression of AMPARs and AMPA-mediated synaptic transmission (Allen et al., 2012) (Fig. 3.2C). Gpc4 KO mice showed significant deficits in synaptic strength in the hippocampus, associated with decreased synaptic localization of the GluA1 AMPAR subunit. AMPAR clustering downstream of glypicans is regulated by a secreted glycoprotein known as neuronal pentraxin 1 (NP1), which binds and stabilizes AMPARs in the postsynaptic membrane (Farhy-Tselnicker et al., 2017). This AMPAR clustering event also requires the recruitment of presynaptic receptor protein tyrosine phosphatase δ (RPTPδ), one of several presynaptic proteins along with leucine-rich repeat transmembrane neuronal proteins (LRRTMs) that interact with glypicans to induce synapse formation (Farhy-Tselnicker et al., 2017). AMPA receptor surface expression has also been shown to be regulated by glial-derived tumor necrosis factor α (TNFα), resulting in increased excitatory neurotransmission (Diniz et al., 2014). Further studies may determine how these factors work in concert to modulate the level of functional AMPAR-containing synapses in neural networks.




3.2.5. Control of excitatory synaptic connectivity by transforming growth factor-beta and D-serine

The transforming growth factor-beta (TGF-β) superfamily regulates a variety of biological processes via an extensive network of interacting partners (Diniz et al., 2014). In the peripheral nervous system (PNS), TGF-β1 secreted by Schwann cells induces the clustering of acetylcholine receptors and promotes NMJ synaptogenesis. In the brain, TGF-β1 has been implicated in astrocyte proliferation and development and has also been shown to be involved in the astrocytic regulation of neuronal connectivity and function. TGF-β1 can also promote functional synapse formation between cortical neurons in vitro in an NMDA-dependent manner (Diniz et al., 2014). This induction of synaptogenesis by TGF-β1 requires the NMDA coagonist, D-serine, which is also expressed and secreted by astrocytes (Fig. 3.2D). The release of D-serine by astrocytes is critical for NMDAR function and related paradigms of synaptic plasticity including LTP and long-term depression (LTD) as well as synaptic integration of newborn neurons in the adult hippocampus (Sultan et al., 2015). The participation of TGF-β in these same processes indicates that astrocyte signaling via TGF-β and D-serine is a crucial component of the formation of functional synaptic networks in both developing and adult brain. The mechanism of astrocytic TGF-β activation has yet to be fully elucidated, but interestingly the latent form of TGF-β can be induced by TSP1 (Risher and Eroglu, 2012). Network refinement may also be significantly affected by astrocytes via the process of synapse elimination. The classical complement protein, C1q, is known to “tag” weak synapses for elimination, potentially via microglial engulfment (Bialas and Stevens, 2013). TGF-β promotes synapse elimination by increasing C1q expression at synapses during normal development of the visual system. Astrocytes also release the cytokine interleukin-33 (IL-33) to promote microglial synapse engulfment (Vainchtein et al., 2018), providing the means for astrocytes to regulate synapse number and function even after the initial establishment of connectivity.




3.2.6. Astrocytes and inhibitory synaptogenesis

Excitatory synaptogenesis regulated by astrocytes has received the bulk of the attention after the initial findings from the Barres laboratory, but glial-derived signals have also found to be important for the development of inhibitory synapses. Early evidence for the role of astrocytes in inhibitory synaptogenesis pointed to astrocytic expression of brain-derived neurotrophic factor (BDNF) and tyrosine receptor kinase B (TrkB) as key components of this process, in addition to growth and branching of GABAergic axons (Diniz et al., 2014). ACM treatment of slices from avian auditory brain stem leads to significantly increased inhibitory presynaptic terminals (marked by vesicular GABA transporter [VGAT]), though the identity of the synaptogenic factor was not determined. After discovering that astrocytic TGF-β1 promotes excitatory synaptic connectivity, Diniz and colleagues went on to find a role for TGF-β1 in inhibitory synaptogenesis. Blockade of TGF-β1 signaling completely abolished the ability of astrocytes to promote inhibitory synapse density in cortical neuron culture (Diniz et al., 2014). TGF-β1 treatment was sufficient to increase the number of inhibitory synaptic puncta both in vitro and in vivo. Inhibitory synaptic transmission was also strengthened by TGF-β1 in culture. As with excitatory synapses, D-serine was also able to enhance inhibitory synapse number. These effects were shown to be due to an inhibitory synapse-associated phosphorylation of calcium/calmodulin-dependent protein kinase II (CaMKII), a downstream component of NMDAR activation. The authors also found clustering of neuroligin 2 (NL2) to inhibitory postsynaptic sites to be an essential component of TGF-β1-induced GABAergic synaptogenesis.

Glycinergic synapses can also be modulated by astrocytes and their secreted factors. Spinal cord neurons grown in the absence of glia display normal levels of GABAergic transmission but significantly impaired glycinergic activity (Cuevas et al., 2005). However, this reduction in glycinergic transmission was not due to changes in the level of functional glycine receptors (GlyRs). Signals from both neurons and glia, including TSP1, influence GlyR synaptic localization by 
differentially activating β1 and β3 integrins, which have opposing effects on regulating GlyR accumulation via CaMKII (Hennekinne et al., 2013). TSP1 also decreases synaptic localization of GluA1- and GluA2-containing AMPARs, further shifting the excitatory/inhibitory balance toward reduced excitability.




3.2.7. Astrocyte synaptogenic heterogeneity

Despite what has long been known about the morphological, molecular, and functional diversity of neurons, researchers (including many glial biologists) are often unable to resist the temptation to aggregate findings from astrocyte studies with little regard to the influence of local environments or regional and temporal specificity. The concept of astrocyte heterogeneity is a rapidly emerging field with significant implications for the regulation of synaptic networks by astrocytes. Gene expression profiles across development show diverse expression timelines for astrocyte-enriched genes across maturation, including a number of synapse-associated genes (Boisvert et al., 2018; Cahoy et al., 2008). Interestingly, significant differences exist for astrocytes cultured in vitro compared with astrocytes in vivo. In particular, astrocytes in culture lack activation of the notch signaling pathway and instead have high levels of expression of immune system markers, suggesting a less mature and possibly more reactive astrocyte phenotype than their in vivo counterparts (Cahoy et al., 2008). As such, experiments with cultured astrocytes should be appropriately considered with these caveats in mind.

Astrocytes show varying expression levels of common molecular markers depending on brain region (Khakh and Sofroniew, 2015). The astrocyte-specific glutamate transporters found in PAPs, glutamate transporter 1 (GLT-1) and the glutamate aspartate transporter (GLAST), are differentially expressed in hippocampus, cortex, and striatum, as is the potassium channel Kir4.1. Within the cortex, distinct astrocyte subpopulations can be identified based on their expression of CD44, whereas the sonic hedgehog (Shh) receptor demonstrates a mosaic pattern of expression. Synapse-specific interactions between neurons and astrocytes were previously assumed to be due to differences in neuron identity, but the discovery of regionally and molecularly specialized astrocytes has challenged this idea. Fluorescence-activated cell sorting (FACS)–based approaches have successfully identified astrocyte subpopulations that are enriched for synapse-promoting genes (John Lin et al., 2017). These results were corroborated by in vitro experiments showing variations in synaptogenic capacity among astrocytes isolated from different brain regions (Buosi et al., 2018). The regional specificity of astrocyte-induced synaptogenesis was demonstrated by experiments where astrocytes from one brain region were found to only induce synaptic activity in neurons from their same anatomical region and not in mismatched coculture (Morel et al., 2017). The restrictive nature of synaptogenesis is also observed in the spinal cord, where manipulation of region-specific astrocyte genes leads to highly selective aberrant synaptic circuitry and failure of proper circuit organization (Khakh and Sofroniew, 2015). In injured spinal cord, region-specific loss of astrocytes resulted in synaptic deficits that could not be restored by migrating astrocytes from nearby areas. Interestingly, astrocyte genes associated with synapse elimination have also been shown to be regionally diverse, conferring further heterogeneity for the process of synaptic circuit refinement by astrocytes (Boisvert et al., 2018). Moving up the evolutionary ladder, human astrocytes show significantly higher degrees of complexity and diversity than those from rodents, further complicating the heterogeneity issue. Fortunately, tools have recently become available to study in vivo–like human neuron and astrocyte development in three-dimensional culture (Pasca et al., 2015) that should allow more mechanistic examination of astrocyte heterogeneity and its consequences for synaptic development.





3.3. Astrocyte–neuron interactions as drivers of synaptic development

Glial cells are present in nervous systems throughout the animal kingdom, and their morphological and molecular complexity appears to be concurrent with evolutionary development. Astrocyte-like glial cells are critical for organ morphogenesis and regulating neuronal behavior in C. elegans and Drosophila (Shao et al., 2013; Stork et al., 2014). Rodent astrocytes have evolved to contact hundreds of thousands of synapses, whereas in humans this number is estimated to be closer to two million. Through this close contact, astrocytes and neurons are able to communicate in ways that stimulate their mutual growth and maturation. In this section, we discuss the ways in which cross-talk between the various cell types promotes the formation and maturation of synaptic circuits.



3.3.1. Glia–neuron interactions in developing circuits: insight from Drosophila and Caenorhabditis elegans


Studies of astrocyte-like glial cells from invertebrate model systems have been essential in working out various mechanisms involved in the formation, morphological maturation, and function of neuronal networks. Sheath glia in C. elegans 
enwrap the central brainlike structure, the nerve ring, and are essential for maintaining synaptic connectivity there (Shao et al., 2013). The epidermal factor CIMA-1 is required for correct positioning of sheath glia, and disturbance of this mechanism results in impaired synaptic connectivity at the postlarval stage of development (Shao et al., 2013). Adhesive interactions between UNC-6 (netrin)-expressing sheath cells and UNC-40 (DCC)-expressing neurons are critical for synapse assembly in this circuit (Colon-Ramos et al., 2007). Glia are also necessary for the morphological and functional development of specialized postsynaptic structures called neuronal receptive endings (NREs), the C. elegans version of dendritic spines, with a high degree of specificity (Singhvi et al., 2016).

Compared with C. elegans glia, the glial cells of Drosophila demonstrate a significant evolutionary advancement in terms of structural and molecular composition. Drosophila glia resemble mammalian astrocytes due to their finely branched morphology, presence at synapses, and nonoverlapping territories (Stork et al., 2014). This “tiling” behavior of Drosophila glia is driven by contact-mediated interactions, potentially informing how mammalian astrocytes are able to accomplish similar patterning throughout the hippocampus, cortex, and numerous other brain regions (Bushong et al., 2004; Stork et al., 2014). Genetic ablation of glia during the synaptogenic period of Drosophila development leads to a sharp reduction in synapses that persists into adulthood (Muthukumar et al., 2014). This dramatic deficit in synapses is accompanied by significant behavioral impairments, underscoring the importance of glia–neuron interactions for CNS development. Interestingly, modification of glial morphology via knockdown of the neurotrophin-like protein Spätzle 3 can trigger neuronal cell death and associated behavioral deficits (Coutinho-Budd et al., 2017), suggesting that both the presence and maturational state of glia are critical for the proper formation and function of synaptic circuits.




3.3.2. The role of contact-mediated signaling in astrocyte-induced synaptogenesis

Fine astrocyte processes (i.e., PAPs) make physical contact with pre- and postsynaptic elements throughout the brain. The presence of PAPs is highly indicative of mature synapses, whereas synapse stability is correlated with a high degree of PAP motility (Bernardinelli et al., 2014). In addition to contributing to synapse maturation and maintenance, PAPs also appear to play a role in the earliest stages of synaptogenesis. Barker et al. (2008) found that direct contact with astrocytes increases the synaptic receptivity of RGCs by altering localization of neurexins in dendrites. Astrocyte processes also interact with integrin receptors on neurons, triggering the activation of protein kinase C (PKC), enhancing synaptogenesis (Hama et al., 2004). Once nascent synaptic connections have been made, numerous roles have been found for PAPs in enabling the stabilization and maturation of pre- and postsynaptic compartments. Astrocyte contact enhances calcium signaling in young neurons, potentially providing astrocyte-associated synapses a competitive advantage over astrocyte-free synapses and thereby protecting specific synapses from activity-dependent elimination (Mazzanti and Haydon, 2003). Homophilically interacting cell adhesion molecules called γ-protocadherins are expressed by both astrocytes and neurons, and loss of these proteins from either cell type severely stunts synaptogenesis (Garrett and Weiner, 2009).

One class of interactions that has emerged as a potent driver of astrocyte–neuron communication at synapses is that between ephrins and Eph receptors (Fig. 3.3). Ephrins and Eph receptors were originally known for neuronal trans signaling events that regulated axon guidance and certain forms of synaptic plasticity. The discovery of ephrin-A3 expression in PAPs, and the concomitant finding that disruption of ephrin-A3/EphA4 interactions leads to severely stunted development of dendritic spines, revealed the importance of ephrins and Eph receptors for neuron/glia cross-talk (Murai et al., 2003). EphA7 is also present in PAPs as well as in the postsynaptic densities of spines (Amegandjin et al., 2016). Ephrin/EphA signaling is critical for PAP motility and its ensheathment of hippocampal synapses, essential processes for the regulation of glutamate availability by glia. Indeed, the loss of either ephrin-A3 or EphA4 results in impaired glutamate transport, accompanied by deficits in LTP and a hippocampal-dependent fear conditioning test of learning and memory (Dines and Lamprecht, 2016). Ephrin-A2 was similarly found to be important for glial glutamate uptake; knockout of ephrin-A2 leads to decreased glial glutamate transporters and increased NMDA-dependent elimination of dendritic spines in the cortex (Yu et al., 2013), suggesting a role for ephrins in activity-dependent synaptic circuit refinement. In contrast to the described role of ephrin-As, ephrin-B1 has been identified as a negative regulator of synapse and spine development, as astrocyte-specific ephrin-B1 knockout hippocampal neurons exhibit increased, although less mature and potentially silent, spine synapses (Koeppen et al., 2018). It is unclear whether this enhanced synaptogenesis is due to increased formation or decreased elimination, as deletion of EphB receptors in neurons results in decreased phagocytosis of synaptosomes by ephrin-B1-positive astrocytes. Additionally, EphB2 was recently found to play a role in synaptic target selection by dendritic filopodia, potentially by interacting with ephrin-B1 on axons (Mao et al., 2018). Clearly, our knowledge of how neurons and astrocytes communicate during development will require a detailed understanding of how these and other ephrin/Eph receptor pairs work in concert to regulate the formation and maturation of synaptic circuits.
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Figure 3.3 A variety of contact-mediated signaling events occur between astrocyte processes and neurons that affect synaptic development. Trans-synaptic interactions between neurexins (NRX) and neuroligins (NL) have been traditionally known to drive synaptic formation and growth, but these same molecules have also been shown to drive astrocyte morphological complexity and physical association with synapses. Ephrin/Eph receptor pairs coordinate various outcomes in the perisynaptic environment, from early target selection by dendritic filopodia to astrocyte process (PAP) motility and synaptic plasticity. Interactions between astrocytic ephrin-B and neuronal EphB may act as a negative regulator of synaptogenesis, instead promoting a synapse engulfment pathway.







3.3.3. The role of astrocyte lipid metabolism in synaptogenesis

Astrocytes are a major source of lipids and lipoproteins (including cholesterol) in the brain (van Deijk et al., 2017), and many of the functions of astrocytes in maintaining lipid homeostasis have been discovered to have profound effects on synapse formation and maintenance. For example, loss of fatty acid–binding protein 7 (FABP7) in astrocytes leads to impaired synapse and spine growth in cortical neurons (Ebrahimi et al., 2016). Interestingly, FABP7+ astrocytes are frequently found in close proximity with newborn neurons in the dentate gyrus, suggesting a potential role for lipid metabolism in functional synaptic circuit integration (Young et al., 2013). The primary polyunsaturated fatty acid found in the developing brain, docosahexaenoic acid (DHA), is produced by astrocytes and promotes neurite outgrowth, synaptogenesis, and glutamatergic transmission (Cao et al., 2009). Astrocyte-derived cholesterol, in conjunction with apoE-containing lipoproteins, promotes synaptogenesis by inducing the both the differentiation of postsynaptic dendrites and the synthesis of vesicles in presynaptic axon terminals (van Deijk et al., 2017). In line with this, disruption of cholesterol and phospholipids from astrocytes results in impaired vesicle production and presynaptic terminal differentiation, driving presynaptic functional deficiencies assessed by paired-pulse facilitation (van Deijk et al., 2017). Presynaptic development and postsynaptic development are also triggered by oleic acid from astrocytes activating PKC signaling in neurons (Rodriguez-Rodriguez et al., 2004). PKC activation was shown to be required for the astrocyte-mediated increase in activity of GluN2B-containing NMDARs (Hahn et al., 2015). Further investigation is required to determine the extent to which lipid metabolism by astrocytes shapes synaptic connectivity both during development and in the aging brain, which is known to undergo dramatic shifts in lipid composition (Boisvert et al., 2018).




3.3.4. Reciprocal interactions with neurons regulate astrocyte morphology and synaptic connectivity

Astrocyte–neuron interactions are not only critical for the maturation of neurons and synaptic circuits, but also increasing evidence reveals that this communication is bidirectional to drive the development of astrocytes. In vitro studies increased process elaboration of astrocytes when cocultured with neurons (Matsutani and Yamamoto, 1997). This elaboration effect was at least partially driven by GABAergic signaling, presumably the release of GABA from astrocyte-contacting neurons. In Drosophila, fibroblast growth factor (FGF) ligands thought to be released from neurons interact with the Heartless receptor on glia, driving fine process elaboration and regulating their association with synapses. Molecular maturation of astrocytes has been shown to be induced by Sonic Hedgehog (Shh) signaling in neurons (Farmer et al., 2016), providing a mechanism for the diversification of astrocytes within distinct anatomically defined regions. As synaptic circuits require 
astrocyte contact and secreted factors for their developmental progression, so too is the rate of astrocyte maturation coincident with synaptic activity. Reduced visual cortical activity in dark-reared animals is accompanied by dramatic deficits in astrocyte morphological complexity in vivo (Stogsdill et al., 2017). Pharmacological modulation of glutamatergic synaptic transmission leads to widespread changes in astrocytic gene expression; indeed, astrocyte–neuron coculture results in an in vivo–like expression profile that is markedly different from astrocytes grown in monoculture (Hasel et al., 2017). Furthermore, inhibition of VGluT1 synaptic signaling results in astrocyte domain restriction and decreased ensheathment of synapses (Morel et al., 2014).

These studies confirm the regulation of astrocyte development by neurons and neuronal activity, but what are the molecular mechanisms that drive these interactions? Stogsdill et al. (2017) used an astrocyte/neuron coculture system to confirm previous in vitro studies showing the necessity of neurons for astrocyte process elaboration. However, the authors also performed several critical modifications to these experiments: First, they showed that neuron-conditioned medium is not sufficient to induce mammalian cortical astrocyte morphological complexity, indicating that this mechanism is through contact-mediated interactions. Second, astrocytes grown in culture with neurons previously fixed with methanol, killing the neurons but essentially preserving their structure, showed similar morphological complexity to astrocytes grown together with live neurons (Stogsdill et al., 2017). This result strongly indicated the presence of surface adhesion proteins on both astrocytes and neurons that tether PAPs to neurons and promote astrocyte structural maturation (Fig. 3.3). In astrocytes, the proteins identified to be necessary for these interactions were none other than neuroligins, the synapse-promoting cell adhesion molecules known primarily for their expression and function in neurons. Stogsdill et al. (2017) found evidence for both mRNA transcript and protein expression of multiple neuroligins in astrocytes, and knockdown of astrocytic neuroligins led to reduced structural complexity both in vitro and in vivo. The astrocytic neuroligins were found to interact with neuronal neurexins to induce this process of morphological maturation. Furthermore, disruption of neuroligin-dependent astrocyte maturation decreased both the density and function of excitatory synapses within the domain of the affected astrocyte, confirming the bidirectional nature of this interaction and the importance of astrocyte development for synaptogenesis.





3.4. Aberrant synaptogenesis: astrocyte signaling after injury and in disease

Synaptic connectivity can be severely disrupted after insult to the CNS, and synaptic abnormalities are often thought to be drivers of circuit dysfunction in neuropsychiatric disorders (Irwin et al., 2001). Given the preponderance of evidence presented thus far that astrocytes regulate the formation and function of synapses during development, it is not surprising that there are strong links between astrocytes and disease pathology (Blanco-Suarez et al., 2017). Researchers have begun to pursue the possible correlations between astrocyte dysfunction and disease progression, citing the previous neuron-centric approach to drug discovery as the reason why many clinical trials have failed. This section discusses the ways in which astrocytes may promote the pathogenesis of disease as well as the therapeutic implications of astrocyte synaptogenic signaling.



3.4.1. Reactive astrocytes

In injury and disease conditions, astrocytes are well documented to undergo structural, molecular, and physiological changes in a heterogeneous process termed reactive astrogliosis. Widespread alterations in gene expression have been detected, from upregulation of astrocytic marker glial fibrillary acidic protein (GFAP) to genes involved in extracellular matrix adhesion and immune responses (Zamanian et al., 2012). The activation of this diverse set of genes often results in the formation of the so-called glial scar that, in clinical practice, was originally thought to act as a barrier to structural and functional neuronal recovery. However, several protective roles for the glial scar have also been described. For example, ablation of scar-forming astrocytes leads to excessive leukocyte infiltration and subsequent neurodegeneration after forebrain stab wound (Bush et al., 1999). Additionally, in terms of axon regeneration, preventing scar formation actually inhibits the regrowth of axons in a model of spinal cord injury (Anderson et al., 2016).

The diversity of astrocytic responses to injury led several groups to speculate that there may be distinct subpopulations of reactive astrocytes that emerge after injury and in disease (Zamanian et al., 2012). To confirm the nature of these subpopulations and test whether they were differentially activated, Liddelow et al. (2017) injected microglia-deficient mice with lipopolysaccharide (LPS), a model of neuroinflammation previously shown to induce a neurotoxic “A1” subtype of reactive astrocyte (Zamanian et al., 2012). LPS failed to promote A1 astrogliosis in the absence of microglia, showing that microglia are necessary for this process (Liddelow et al., 2017). The authors went on to show that the microglial cytokines interleukin-1α (IL-1α), TNF, and C1q are sufficient to induce the A1 phenotype in 
astrocytes. Astrocytes in this state of activation are capable of inducing the death of neurons and oligodendrocytes through an as-yet-unidentified neurotoxic signal, making this activation pathway an attractive target for therapy. Indeed, inhibition of A1 activation has been shown to reduce pathology and prolong survival in a mouse model of Parkinson's disease (Yun et al., 2018). In addition to directly promoting neuronal death, these A1 astrocytes lose their ability to induce synaptogenesis (Liddelow et al., 2017), a finding with significant implications for the regulation of synaptic rewiring in the injured or diseased brain.




3.4.2. Synaptic remodeling after stroke and brain injury

Acute brain injuries such as stroke are known to result in widespread neuronal damage and loss of synaptic structure. Modulation of synapse-regulating astrocytic proteins is a common finding in the glial response to injury, potentially as part of the brain's attempt to repair neural circuitry by reopening immature astrocytic signaling (Jones and Bouvier, 2014; Kim et al., 2017). Thrombospondins, hevin, and SPARC are all upregulated in response to lesion, mechanical injury/traumatic brain injury (TBI), and ischemic stroke (Jones and Bouvier, 2014; Liauw et al., 2008). In addition to these factors that have already been discussed in detail, tenascin-C (TN-C) is another astrocyte-secreted factor with normal roles in cell adhesion and promoting synaptic activity that is upregulated during reactive gliosis (Jones and Bouvier, 2014). In addition to increasing their expression of these matricellular proteins, reactive astrocytes have also been shown to enhance the level and activity of matrix metalloproteinase (MMP) and a disintegrin and metalloproteinase with thrombospondin motifs (ADAMTS) enzymes that modulate ECM protein adhesion and function (Jones and Bouvier, 2014; Weaver et al., 2010). Postinjury equilibrium of MMP, ADAMTS, and inhibitory molecules such as TIMPs (tissue inhibitors of metalloproteinases) has been proposed to modulate neural circuit reorganization, likely through regulating the expression and function of cell adhesion- and synapse-promoting astrocytic proteins in the perisynaptic environment (Jones and Bouvier, 2014).

As previously mentioned, TSPs (particularly TSP1 and TSP2) are upregulated after ischemic brain injury (Liauw et al., 2008). This upregulation, which is enhanced by the serine protease thrombin, was proposed to mediate angiogenesis during repair processes in the local microenvironment. Blocking the interaction between TSP1 and one of its known surface receptors, cluster of differentiation 47 (CD47), significantly reduces reperfusion injury, likely via disinhibiting vascular-promoting nitric oxide (NO) signaling pathways (Maxhimer et al., 2009). However, TSP1/TSP2 double-null mice did not show any differences in infarct area or blood vessel density following unilateral occlusion of the distal middle cerebral artery (dMCA) and common carotid artery (CCA) (Liauw et al., 2008). Instead, the TSP1/TSP2 KO mice showed impaired recovery in a tongue protrusion test of neurological function. Since functional recovery following stroke is linked with the reorganization of neuronal circuits, the TSP1/TSP2 KO mice were then assessed postinjury for signs of neurite growth and synaptic connectivity. Axon sprouting and synapse density were markedly decreased in the TSP-null ischemic penumbra (i.e., infarct-adjacent area) region of cortex (Liauw et al., 2008), suggesting that the absence of TSP impairs a synaptic rewiring event necessary for functional recovery. The factors that promote TSP upregulation following injury are still largely unknown, though astrocytic signal transducer and activator of transcription-3 (STAT3) appear to play a significant role. A STAT3-dependent increase in TSP1 promotes synaptic recovery in a model of motor neuron injury (Tyzack et al., 2014), whereas the astrocyte-expressed, antisynaptogenic ephrin-B1 was shown to inhibit this mechanism in the response to TBI (Nikolakopoulou et al., 2016).




3.4.3. Astrocytes in the development of neuropathic pain

Reactive astrogliosis has long been associated with spinal cord injury (SCI), with the appearance of hypertrophic astrocytes correlated with the development of chronic pain (Kim et al., 2017). Chronic or neuropathic pain may develop and present in a variety of ways, including hyperalgesia, where sensitivity to a painful stimulus is increased, and allodynia, in which stimuli that are not normally painful now induce a pain response. These conditions develop as a result of acute and sustained inflammation and synaptic reorganization events in the hours, weeks, months, and years after injury. A primary unanswered question with regard to neuropathic pain, similar to responses to injury in the brain, is whether the actions of astrocytes are reactionary to or causative of the maladaptive neural circuits in the injured spinal cord. In transgenic mice treated with an antiviral agent to selectively ablate reactive astrocytes, mild or moderate SCI induced widespread reorganization of injured tissue, highlighted by demyelination, prolonged blood–brain barrier disruption, neurodegeneration, and motor impairments; wild-type mice whose reactive astrocytes were intact did not show these severe phenotypes (Faulkner et al., 2004). By contrast, persistent reactive astrogliosis following SCI may also be contributing the neuronal hyperexcitability that drives neuropathic pain. A more comprehensive molecular understanding of the development of neuropathic pain is therefore critical for developing potential therapies based on modulating neuron–glia interactions after SCI.






The calcium channel subunit α2δ-1, previously introduced in this chapter as the neuronal synaptogenic receptor for TSPs, is significantly upregulated in the dorsal spinal cord in rat models of SCI (Yu et al., 2018). Blocking α2δ-1 expression or function leads to reversal of the allodynia. Similarly, the affinity of the pain drug pregabalin for α2δ-1 is directly linked with its analgesic efficacy (Field et al., 2006). Overexpression of α2δ-1, by contrast, exacerbates pain-associated responses (Yu et al., 2018). In line with these findings, the α2δ-1 ligand TSP4 is also associated with SCI-induced neuropathic pain: Injection of TSP4 into naïve rat spinal cord increases neuronal hyperexcitability, whereas TSP4 inhibition reverses pain-associated behavioral hypersensitivity (Yu et al., 2018). Genetic silencing of α2δ-1 prevents TSP4-induced synaptogenesis and reduces nociception (Yu et al., 2018). Progression of neuropathic pain mediated by α2δ-1 has also been observed in a model of orofacial hypersensitivity, where increased excitatory synapses and miniature EPSC frequency can be seen in neurons of the dorsal horn; the TSP/α2δ-1 inhibitory drug gabapentin prevents these effects (Yu et al., 2018). In addition to the spinal cord–specific mechanisms mentioned thus far, evidence is also mounting for neuropathic pain–related maladaptive cortical rewiring by astrocytes. In mice that developed allodynia following sciatic nerve ligation, altered calcium transients in astrocytes from somatosensory cortex precede TSP1 release, excessive synaptogenesis, and increased turnover of dendritic spines (Kim et al., 2017). Blockade of TSP signaling in cortex alone was sufficient to suppress the allodynia, indicating a role for cortical astrocyte-induced synaptogenesis in the development of pain after peripheral injury (Kim et al., 2017).




3.4.4. Epilepsy, seizures, and astrocyte signaling

In epileptogenesis, neurons in a restricted region of the brain become hyperexcitable, leading to the generation of recurrent, spontaneous seizures. Therapeutic strategies for epilepsy primarily target synaptic activity in an attempt to dampen hyperexcitable circuits, but this approach fails to offer relief in a significant proportion of patients. Similar to other brain insults and neurodegenerative conditions, seizures are associated with hypertrophic reactive astrocytes that have been proposed to contribute to epileptiform activity (D'Ambrosio, 2004). Chronic dysregulation of astrocytic ion channels impairs the ability of these cells to perform their normal homeostatic roles, exacerbating aberrant circuit function. However, as with the development of neuropathic pain after peripheral injury, the question arises whether astrocytes are merely responding to preexisting epileptiform activity or are playing an active role in initiation. To address this, Robel et al. (2015) used a model of partial reactive gliosis driven by conditional genetic deletion of β1-integrin from astrocytes, which results in a hypertrophic state in astrocytes without an appreciable degree of inflammation. Loss of β1-integrin from astrocytes, and not neurons, resulted in neuronal hyperexcitability and the generation of spontaneous seizures, potentially via impaired glutamate uptake by the reactive astrocytes (Robel et al., 2015), revealing a causal role for astrocytes in epileptogenesis.

Do impairments in astrocyte-induced synaptogenesis contribute to the development of epileptic circuits? Certainly, epileptic tissue is characterized by extensive axonal sprouting and synaptic reorganization that may represent an intrinsic response to compromised connectivity. In accordance with the idea of astrocytes driving this reorganization, astrocytes lose their stereotypical nonoverlapping domain patterning in epileptic mouse brain, whereas pyramidal neuron dendrites in the vicinity of the hypertrophic astrocytes show significantly increased spine density (Oberheim et al., 2008). Samples from the hippocampi of humans with temporal lobe epilepsy show significantly disrupted PAPs at spines (Witcher et al., 2010). In an LPS model of immune activation, resembling inflammatory conditions associated some forms of epilepsy (Maroso et al., 2010), astrocytic Toll-like receptor 4 (TLR4) induces a pathway that initiates excitatory synaptogenesis and increases seizure susceptibility in the hippocampus. Astrocytic synaptogenesis is also implicated in seizure generation in a model of postinjury epilepsy through a mechanism involving TGF-β1 signaling (Weissberg et al., 2015). As previously stated in this chapter, astrocytes responding to brain injury show altered expression of synapse-associated matricellular proteins, and the same is true for epilepsy and seizure. Synaptogenic hevin shows increased colocalization at excitatory synapses following status epilepticus (i.e., prolonged seizure) in a pilocarpine model of temporal lobe epilepsy (Jones and Bouvier, 2014). Additionally, the strongest link yet between astrocytic synaptogenesis and epilepsy involves TSPs and their neuronal receptor, α2δ-1.

One of the earliest indicators that the synapse-promoting effects of astrocytes could drive epileptogenesis was the finding that TSPs shared the same receptor (α2δ-1) with the widely prescribed anticonvulsant drug, gabapentin (Eroglu et al., 2009). Gabapentin is highly effective at decreasing seizure frequency in a variety of epilepsies, but its mechanism of action has been in question ever since it was shown to have a poor affinity for GABA receptors despite being designed as a GABA analog. However, instead of GABA receptors, gabapentin showed high affinity for the α2δ-1 subunit of L-type calcium channels. Many groups have since postulated that gabapentin likely inhibited seizure via modulation of calcium currents, in line with other known anticonvulsants. The discovery of α2δ-1 as the receptor for astrocyte-secreted 
TSPs offered an alternative explanation for the efficacy of gabapentin in controlling seizures: namely, the inhibition of aberrant synaptic rewiring after CNS injury. In line with this, transgenic mice overexpressing α2δ-1 exhibited increased synapses, cortical hyperexcitability, and epileptiform activity compared with wild-type controls (Faria et al., 2017). Chronic gabapentin treatment after injury in an undercut model of posttraumatic epilepsy resulted in decreases in TSP1 expression, excitatory synapse density, and neuronal excitability (Kim et al., 2017). Aberrant TSP/α2δ-1 synaptogenic signaling is therefore maladaptive in the context of epilepsy, though whether this pathway can be targeted therapeutically to promote the correct wiring of seizure-affected areas remains to be seen.




3.4.5. Deficient astrocyte signaling in neurodevelopment and neurodegeneration

Increased attention is being focused on the contributions of astrocyte dysfunction to abnormal synaptic wiring that occurs in diseases of neurodevelopment and degeneration. Fragile X syndrome (FXS) is the most commonly heritable form of intellectual disability, affecting nearly 1 out of every 4000 males and approximately half that rate in females (National Institutes of Health, 2018). Significant population overlap is seen between FXS and autism spectrum disorder (ASD), with a number of shared structural and functional characteristics. FXS neurons are characterized by the appearance of long, immature dendritic filopodia and few spines when compared with those from control subjects, indicative of synaptic abnormalities (Irwin et al., 2001). Using an FXS mouse model, the fragile X mental retardation protein (FMRP) knockout mouse (Fmr1 KO), Jacobs et al. (2010) showed that Fmr1 KO astrocytes induce aberrant spinogenesis when cocultured with wild-type (WT) neurons. Conversely, spine deficits in Fmr1 KO neurons were rescued by WT astrocytes. The impaired synaptic development eventually recovered when cultures were allowed to continue past 7
 
days, indicating that astrocyte dysfunction contributed to delayed, rather than abolished, synaptic growth (Jacobs et al., 2010). Fmr1 KO astrocytes secrete high levels of the trophic factor neurotrophin-3 (NT-3) that inhibits synaptic development when present in excess (Yang et al., 2012). TSP1 levels show decreased expression in Fmr1 KO astrocytes, suggesting a role for TSP signaling in FXS pathogenesis; accordingly, the application of exogenous TSP1 rescued synaptic deficits in Fmr1 KO neurons (Cheng et al., 2016). Hevin and SPARC are also differentially expressed in Fmr1 KO brain (Wallingford et al., 2017), implying systemic FXS abnormalities in astrocyte-regulated synaptogenesis. Down syndrome astrocytes show similarly low levels of TSPs and failure to support synaptogenesis and spinogenesis (Torres et al., 2018), implying a critical role for astrocytes in the development of multiple forms of intellectual disability.

In neurodegenerative disorders such as Alzheimer disease (AD), neuron loss is concurrent with, and often preceded by, synaptic loss and reorganization. Internalization of synaptic AMPA receptors and decreased dendritic spine density are observed following increased expression of the beta-amyloid (Aβ) peptide associated with Alzheimer's pathology (Hsieh et al., 2006). Human tissue shows similar spine loss in AD (Moolman et al., 2004). These disruptions in synaptic connectivity are accompanied by significant reactive astrogliosis, with hypertrophic astrocytes frequently observed near and occasionally surrounding Aβ plaques (Moolman et al., 2004). Astrocytes exposed to Aβ show reduced expression and secretion of TSP1, potentially underlying the general TSP1 decrease observed in AD brain (Rama Rao et al., 2013). These results point to synaptogenic astrocyte signaling, particularly with TSP1, as a viable therapeutic strategy for AD. In support of this approach, a recent study found that stem cells derived from human umbilical cord blood, which can reverse some synaptic impairments in AD mouse models, completely lose this restorative capability when depleted of TSP1 (Kim et al., 2018). Furthermore, TSP1 or TSP1-secreting stem cells rescued the expression of the synaptogenic receptors α2δ-1 and neuroligin-1 found to be downregulated in Aβ-treated neurons.




3.4.6. Focusing on human disease: targeting astrocyte-induced synaptogenesis

To end this chapter, we will discuss recent studies that provided human genetic evidence for dysfunctional synaptic regulation by astrocytes in disease. Most neurodevelopmental and neurodegenerative conditions, including those associated with trauma or injury such as stroke and TBI, have underlying genetic influences. Advances in genetic testing, particularly whole-exome sequencing (WES), have provided valuable, comprehensive insight into the molecular basis of disease susceptibility. WES analysis of the more than 2500 families represented in the Simons Simplex Collection led to the identification of hundreds of de novo mutations associated with an increased vulnerability to the development of autism (Iossifov et al., 2014). Significant overlap was seen between this data set and others investigating schizophrenia and intellectual disability, suggesting common etiology. Commonalities emerge when examining genes in clusters of known function, with synapse-associated genes among the most frequent. Appearing in the list are several known to function in astrocyte-induced synaptogenesis, including the genes that encode SPARC, TSP family proteins, neuroligins, and ephrin-B1 (Iossifov et al., 2014). A different WES-based study yielded similar results in terms of identifying mutations in synapse formation and maturation in ASD, such as NRXN1 (neurexin-1) and SPARCL1 (hevin) (De Rubeis et al., 2014).






One identified mutation from the Iossifov study (2014) in the gene CACNA2D1, which encodes α2δ-1, is found in the VWF-A domain that is necessary for binding TSP (Eroglu et al., 2009). While a wild-type α2δ-1 expression construct is capable of rescuing deficits in excitatory synapse and spine density in α2δ-1 KO mouse cortex, an α2δ-1 variant with the Iossifov mutation cannot promote synaptic development (Risher et al., 2018). Genetic variants in CACNA2D1 have also been found in individuals with epilepsy and intellectual disability (Vergult et al., 2015). We do not currently know whether the mutations discovered in these and other studies are involved, either directly or tangentially, in the pathogenesis of disease in the affected patients. Nor can we predict whether any pathogenic mechanisms, if found, are related to the roles of the associated proteins in astrocyte-induced synaptogenesis. Nevertheless, as the field matures, an ideal situation sees the use of these types of genetic studies as roadmaps for more basic studies of causality and mechanism to guide therapeutic approaches.





List of acronyms and abbreviations





A1

   “harmful” subtype of reactive astrocyte




ACM

   astrocyte-conditioned media




AD

   Alzheimer disease




ADAMTS

   A disintegrin and metalloproteinase with thrombospondin motifs




AMPA(R)

   α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid (receptor)




ASD

   autism spectrum disorder




Aβ

   beta-amyloid




BDNF

   brain-derived neurotrophic factor





C. elegans


   Caenorhabditis elegans





C1q

   complement component 1q




CaMKII

   calcium/calmodulin-dependent kinase II




CCA

   common carotid artery




CD44

   cluster of differentiation 44




CD47

   cluster of differentiation 47




CIMA-1

   circuit maintenance 1




CNS

   central nervous system




DG

   dentate gyrus




DHA

   docosahexaenoic acid




ECM

   extracellular matrix




EGF

   epidermal growth factor




EM

   electron microscopy




EPSC

   excitatory postsynaptic current




FABP7

   fatty acid binding protein 7




FACS

   fluorescence-activated cell sorting




FMRP

   Fragile X mental retardation protein




FXS

   Fragile X syndrome




GABA

   gamma-aminobutyric acid




GBP

   gabapentin




GFAP

   glial fibrillary acidic protein




GLAST

   glutamate aspartate transporter




GLT-1

   glutamate transporter 1




GlyR

   glycine receptor




Gpc

   glypican




IL-1α

   interleukin 1 alpha




IL-33

   interleukin 33




Kir4.1

   inwardly rectifying potassium (K+) channel 4.1




KO

   knockout




LPS

   lipopolysaccharide




LRRTM

   leucine-rich repeat transmembrane




LTD

   long-term depression




LTP

   long-term plasticity




MMP

   matrix metalloproteinase




mRNA

   messenger ribonucleic acid




NGF

   nerve growth factor






NL

   neuroligin




NMDA(R)

   N-methyl-D-aspartate (receptor)




NMJ

   neuromuscular junction




NO

   nitric oxide




NP1

   neuronal pentraxin 1




NRE

   neuronal receptive ending




NRX

   neurexin




NT-3

   neurotrophin-3




ODP

   ocular dominance plasticity




PAP

   perisynaptic astrocyte process




PKC

   protein kinase C




PNS

   peripheral nervous system




Rac1

   Ras-related C3 botulinum toxin substrate 1




RGC

   retinal ganglion cell




RPTPδ

   receptor protein tyrosine phosphatase delta




SC1

   synaptic cleft 1




SCI

   spinal cord injury




Shh

   Sonic Hedgehog




SMEC

   spine with multiple excitatory contacts




SPARC

   secreted protein acidic and rich in cysteine




STAT3

   signal transducer and activator of transcription-3




TBI

   traumatic brain injury




TGF-β

   transforming growth factor-beta




TIMP

   tissue inhibitor of metalloproteinases




TLR4

   Toll-like receptor 4




TN-C

   tenascin-C




TNFα

   tumor necrosis factor-alpha




TrkB

   tropomyosin receptor kinase B




TSP

   thrombospondin




UNC-40

   deleted in colorectal cancer (DCC)




UNC-6

   netrin




VGAT

   vesicular GABA transporter




VGCC

   voltage-gated calcium channel




VGluT

   vesicular glutamate transporter




VWF-A

   von Willebrand factor A




WES

   whole-exome sequencing




WT

   wild-type
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Abstract


Genetic programs direct the formation of synaptic specializations as well as precise alignment of contacts between presynaptic neurons and postsynaptic target cells in the developing and mature neural circuits. We review the concept and methods of applying genetic analysis in model organisms to the study of nervous system. In particular, we highlight research that combines genetic analysis with other observations to identify key players and regulatory relationships during synaptogenesis.
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4.1. Introduction

The nervous system is the key conduit of the interaction between an animal's external and internal worlds, responsible for generating appropriate behaviors for survival. The reliable decoding of stimuli into actionable outputs by networks of neurons and their target/effector cells relies on specialized cell junctions called synapses. Mature chemical synapses harbor presynaptic molecular machinery for the release of synaptic vesicles filled with neurotransmitters in presynaptic neuron and postsynaptic ionotropic neurotransmitter receptor clusters to elicit changes in membrane potential. Synaptic connections between pre- and postsynaptic cells residing in different parts of the brain or musculature form anatomical circuits that are selectively constructed by a set of organizational principles to produce a dazzling-rich repertoire of behaviors in a multicellular organism. As the wiring diagram and the physiological properties of a neural circuit are dictated by genetic programs, both the architectural plan of the nervous system and the command hierarchy ensuring proper neural functions 
have been elucidated by genetic analysis. In this chapter, we will highlight a variety of genetic screens in the nematode worm Caenorhabditis elegans and fruit fly Drosophila melanogaster as discovery platforms that led to characterization of candidates and their functions during synaptogenesis, emphasizing on neuromuscular junction (NMJ) synapses. Genetic screens provide powerful surveys of genetic networks. Using distinct phenotypic assays ranging from cell-based gene profiling, anatomical neural circuitry to animal behavior in genetic screens, convergent pathways by which interacting partners of synaptic constituents promote or inhibit the formation and stability of NMJs are reviewed here. We will also review a growing arsenal of current genetic tools as a resource for readers interested in exploring and validating putative functions of novel cellular components or molecular determinants of synaptic formation across a variety of neural circuits in worm and fruit fly to zebra fish and mouse. For readers interested in the topic of genetic analysis of NMJ development, insights into specific genetic pathways that function in different spatiotemporal stages of synaptogenesis can be found in other excellent reviews (reviewed by Ackley and Jin, 2004; Margeta et al., 2008; Menon et al., 2013; Seifert et al., 2006; Van Vactor and Sigrist, 2017; Waites et al., 2005; Wu et al., 2010).





4.2. Studying synaptogenesis in genetic model organisms

4.2.1. Genetic approach to the study of the nervous system




The idea of searching for heritable mutations in molecular units that encode the wiring instructions to construct functional neural circuits underlying complex behaviors seemed quixotic when Seymour Benzer first proposed genetic screens for behavioral phenotypes using chemical mutagenesis in the fruit fly D. melanogaster (Benzer, 1971). The long history of the fruit fly as an attractive genetic model organism began in the early 1900s, when Thomas Hunt Morgan first introduced different spontaneous variants to study the chromosomal basis of inheritance in the early 1900s (Morgan, 1910). Decades of work by Drosophila geneticists laid down the foundation to track the segregation of mutation-bearing chromosomes by the distinguishable external features of the fly under a dissection microscope (Ashburner, 1989). Following the dawn of molecular biology, it was possible to explore whether the central dogma directing information flow from gene to RNA transcription to protein translation (Crick, 1970) can explain the specifications of the nervous system in a multicellular organism. However, the chasm between genotype and behavioral phenotype in Drosophila was difficult to bridge without molecular genetic tools and knowledge about the cell physiology of neurons and about the anatomy of neural circuits.

Isolation of Drosophila mutants from creative behavioral screens by Benzer and others (reviewed by Hall and Greenspan, 1979; Pak and Pinto, 1976) and neurological inbred mice mutants (e.g., stagger, reeler, and stargazer) did not yield etiological explanations of behavior but nevertheless demonstrated that mutations in a single genetic locus could disrupt neural circuits in an intact animal (Quinn and Gould, 1979). Electrophysiological recordings of the adult fly retina (Heisenberg, 1971; Pak et al., 1969), the giant fiber flight jump circuit (Levine and Wyman, 1973; Suzuki et al., 1971), and the larval NMJ (Jan and Jan, 1976b) were used to examine the first blind, lethargic, seizure-prone, or temperature-sensitive paralytic mutants in Drosophila (Ikeda et al., 1976; Siddiqi and Benzer, 1976). These pioneering experiments gave unprecedented access to the core machinery of synaptic transmission and neuronal excitability (reviewed by Ganetzky and Wu, 1986). Behavioral genetics combined with assays to detect and record neurophysiological changes offered encouraging prospects to understand the functions of neural circuits in the future (reviewed by Greenspan, 2008), but cell-based assays were still lacking to prove whether a single genetic locus could instruct the assembly of synapses and neural circuits.

For the purpose of studying genetic specification of behavior, Sydney Brenner introduced the soil-living nematode worm C. elegans to establish the necessary cell-based assay platform (Brenner, 1974). The genetics and anatomy of C. elegans made it possible to investigate the causal relationships between a single genetic locus and the construction of neural circuits in a manner parallel to the genetic approach taken to study the biosynthetic enzyme pathway in bacteria or viral assembly in bacteriophage (Brenner, 2002). As a genetic model organism, the worm is a self-fertilizing hermaphrodite easily grown on solid petri dishes and for large numbers in a liquid culture, which can be kept frozen to preserve as stocks. The fast generation time of 3 days at room temperature is useful for performing genetic screens that require analysis of a large number of progeny to isolate mutants with specific defects during the narrow time window of synapse assembly and neural circuit formation.

A large class of “uncoordinated” C. elegans mutants (UNC mutants) were isolated from Brenner's initial chemical mutagenesis screen for locomotion motility defects and size aberration. Mutations in these UNC animals mapped to 77 genetic loci repeatedly produced specific movement phenotypes (Brenner, 1974). For the dissection of wiring diagram on a cellular basis, the worm has invariant postembryonic cell lineage and its stereotypic anatomy visible in a transparent body containing less than 1000 cells in total (Sulston and Horvitz, 1977). In a unique tour de force, White et al. (1976) systematically investigated neuroanatomy in C. elegans using serial section electron microscopy to reconstruct the detailed wiring plan for the entire organism. The C. elegans nervous system consists of three major axon bundles: nerve ring (central ganglion or “
brain”), ventral nerve cord, and dorsal nerve cord. The 95 mononucleated body wall muscles required for locomotion and feeding are in four longitudinal quadrants, with two flanking the dorsal nerve cord and the other two flanking the ventral nerve cord. The motor neurons controlling body wall muscle contraction reside within the ventral nerve cord, some of which extend a commissural axon into the dorsal nerve cord (White et al., 1976, 1986). A handful of UNC mutants showed abnormal nerve–muscle innervation patterns associated with changes in the morphology of dendritic or axonal processes in these motor neurons (Brenner, 1974) and provided a cellular basis of synaptic defects underlying locomotor behavior.

While genetic screens continued to uncover more mutants with interesting defects that affected behavior and neurophysiology in Drosophila and wiring diagram in C. elegans, the genetic approach had yet to prove whether mutations in a single genetic locus rather than indirect epiphenomena caused the failure of the nervous system to form and function normally (Stent, 1981). Through embryonic lethal screens, Nüsslein-Volhard and Wieschaus (1980) mapped mutations to 15 single genetic loci that determined the formation of segmentation and polarity in Drosophila embryos. As genetic loci specified early embryonic development, it became conceptually plausible that component specifications of synapses and organizational instructions for neural circuit formation were also encoded by genes to perform nervous system functions.

As the debate over whether genetics was a valid approach to the study of the nervous system abated, identifying genes and validating their functional impact on a previously characterized phenotype was the most pressing issue for neurobiologists, but it remained as challenging as ever. Ranked highly on the list of challenges is the limited progress made in the mapping and positional cloning of genes. For example, shaker was one of the earliest neurological Drosophila mutants described for its leg-shaking behavior (Kaplan and Trout, 1969) and comatose emerged from one of the first behavioral screens for temperature-sensitive paralytic mutants (Siddiqi and Benzer, 1976). However, it was not until two 
 
decades later that cloning of the putative Shaker potassium channel (Papazian et al., 1987; Tempel et al., 1987) and putative N-ethylmaleimide-sensitive fusion subunit homolog involved in synaptic vesicle fusion was completed (Pallanck et al., 1995). Similarly in C. elegans, UNC-30 and UNC-5 mutants were both described in the first locomotor motility screen to have synapse formation and axon guidance defects, respectively (Brenner, 1974), but cloning of the homeodomain transcription factor UNC-30 and cloning of the immunoglobulin domain–containing transmembrane netrin receptor homolog UNC-5 were not reported until the early 1990s (Jin et al., 1994; Leung-Hagesteijn et al., 1992).

The next unresolved challenge comes from confounding effects of genetic background in chemically mutagenized animals used in behavioral screens. Chromosomes in these animals are loaded with point mutations that could potentially induce synthetic phenotypes and interfere with mapping. The last but not the least of all challenges is that functional validation of genes in subsets of cells is confined to a small number of genetic mosaic or chimeric animals available. Therefore, the development of molecular genetic tools including mapping improvements, transgenesis, isogenic mutagenesis kits, gene targeting, and conditional gene expression described later in this chapter accelerated the genetic analysis of the nervous system by at least an order of magnitude.




4.2.2. Neuromuscular junctions in Caenorhabditis elegans and Drosophila melanogaster as the model system to study synaptogenesis

Neuromuscular circuits control the outputs of the motor programs in C. elegans (e.g., locomotion, egg laying, defecation, proprioception) for behavioral plasticity (reviewed by Hobert, 2003). Neuromuscular synapses in C. elegans provide an excellent experimental platform to study synaptic development and formation contributing to the functions of the nervous system. First of all, the sensory neurons, motor neurons, and muscle groups involved in neural muscular circuits have been defined in great detail from the anatomy of wiring diagram at single-cell resolution (Chalfie and White, 1988) down to the gene expression profiles in the neurons and muscles (Baruch et al., 2008; Fox et al., 2007; Kauffman et al., 2006; von Stetina et al., 2007). Second, despite the small size of NMJs in worm, they are accessible for electrophysiological recordings of neural circuits (reviewed by Francis et al., 2003) and live imaging (see Section 4.2.4.1). Lastly, C. elegans NMJs and mammalian central synapses have in common the en passant configuration of synaptic connections (White et al., 1986). As en passant synapses form along the length of the axons between the membranous extensions of body muscles or lamina and multiple regions of presynaptic specializations, it is not simply the physical contact between pre- and postsynaptic partners, but rather guidepost cells at distinct positions expressing synaptogenic and antisynaptogenic factors that determine where synapses should form (reviewed by Margeta et al., 2008; Sanes and Yamagata, 1999). Genes involved in promoting or inhibiting NMJ formation in C. elegans have therefore been considered as useful candidates for the study of synaptogenesis in central synapses. Overall, genetic analysis of NMJ synaptogenesis in C. elegans has been quite fruitful and uncovered the roles of key synaptic constituents, upstream molecular cues, and downstream receptor signaling effectors in all steps, leading to the assembly of specific and functional synaptic connections (reviewed by Ackley and Jin, 2004).






Among all neural circuits in Drosophila, larval NMJs have received the most attention as a versatile platform for the study of synaptic development, synaptic vesicle fusion during synaptic transmission, and activity- or experience-dependent remodeling of synaptic structure and function (reviewed by Collins and DiAntonio, 2007; Ruiz-Canada and Budnik, 2006; Schuster, 2006; Schwarz, 2006). Drosophila larval NMJs are easily accessible for electrophysiological recordings and have a complete wiring diagram with simple and invariant connectivity patterns for 32–36 motor neurons innervating 30 muscles (Landgraf et a., 1997; reviewed by Nose, 2012). At light microscopy and ultrastructural levels, Drosophila NMJs share many features with the mammalian central synapses with the exception of having the en passant configuration. Bulbous axonal swellings called synaptic boutons decorate the elaborate axonal arbors and branches on the presynaptic termini. Synaptic vesicles in Drosophila NMJs are filled with glutamate (Jan and Jan 1976a). Vesicle fusion and release from docked sites occur on the electron-dense membranous structures called active zones at the axonal termini, and postsynaptic densities (PSDs) are embedded within postsynaptic electron-dense membranous folds in the muscle called subsynaptic reticulum (Atwood et al., 1993). As synaptic proteins were first isolated from biochemical purification of mammalian brains and many were found to have Drosophila homologs, mutant alleles of these proteins have been generated by reverse genetic tools for functional validation at the Drosophila NMJs (reviewed by Featherstone and Broadie, 2000; Schwarz, 2006).

Synaptogenesis and the formation of neuromuscular circuits are the culmination from multistage reciprocal processes between the nerve and muscle cells during development (reviewed by Colón-Ramos and Oliver, 2009; Waites et al., 2005). Stage zero of synaptogenesis involves specification of cell fate to designate unique morphological and physiological features to neurons and muscles by combinatorial sets of transcription factors (reviewed by Polleux et al., 2007; Shirasaki and Pfaff, 2002). Next, developing axons are guided over a long distance to the appropriate general target area through a combination of chemoattractive and chemorepulsive axon guidance cues (reviewed by O'Donnell et al., 2009). During synaptogenesis, stage 1 begins when developing axons reach the appropriate target area and begin to form contacts with specific partners out of the multitude of surrounding possible partners. This is accompanied by selection of the cellular subdomain of the target where the synapse will form (reviewed by Benson et al., 2001). Stage 2 involves the stabilization or elimination of preexisting synaptic contacts to strengthen specific synaptic connections (Eaton and Davis, 2003). Following synapse specification, stage 3 comprises synaptic assembly, whereby core components of synaptic machinery are expressed and transported to pre- and postsynaptic specializations until appropriate density is reached at precisely apposed membranes across the synaptic cleft to conduct synaptic transmission (reviewed by Fox and Umemori, 2006). Here, we will focus on those genetic screens harnessing the features and available genetic approaches in C. elegans and Drosophila that led to insights into the important biological pathways in synaptogenesis (Table 4.1).





4.2.3. Motor behavior screens

4.2.3.1. Modifier drug-resistant screens for locomotion defects in Caenorhabditis elegans





Crawling in C. elegans is a locomotor behavior characterized by a sinusoidal wave from the head to the tail. To achieve this pattern, body wall muscle contractions and relaxations receive innervations from a reciprocal and mutually exclusive balance of excitatory cholinergic and inhibitory GABAergic synaptic transmission from specific groups of ventral cord motor neurons in the neuromuscular circuits (reviewed by Chalfie and White, 1988; de Bono and Villu Maricq, 2005; Richmond and Jorgensen, 1999). Mutations or pharmacological interventions that induce faulty synaptic transmission at NMJs can lead to abnormal muscle contraction patterns and a range of locomotor behavioral defects with varying degrees of severity from lethality due to muscle paralysis, convulsions from body compression, to jerky or sluggish movements (McIntire et al., 1993a,b; Miller et al., 1996). Therefore, modifier genetic screens for mutations that enhance or suppress locomotor defects caused by drugs or known mutations were expected to generate candidates for the study of synaptic transmission and assembly.

Synaptic transmission C. elegans mutants with deficient biogenesis, decreased transport, and release of acetylcholine (ACh) or unresponsive acetylcholine receptors (AChRs) have been found to survive treatment of antiparasitic drugs levamisole and aldicarb (Alfonso et al., 1993; Brenner, 1974; Lewis et al., 1980; Miller et al., 1996). As these drugs kill worms by inducing muscle paralysis, it should not be surprising that levamisole acts as a cholinergic agonist on nicotinic AChRs (nAChRs) in the muscles (Boulin et al., 2008; Lewis et al., 1980; Martin et al., 2005) and aldicarb inhibits the acetylcholine-degrading enzyme acetylcholine esterase (Nguyen et al., 1995). By titrating the working dosage range and time course for administering levamisole or aldicarb to C. elegans, more mutations have been isolated that confer resistance to inhibitors of cholinesterase inhibitor (Ric mutants) and hypersensitive to them (Hic mutants) due to decreased or increased ACh level at the synaptic cleft, respectively. For example, genes encoding core machinery for cholinergic and 
GABAergic neurotransmission and others with more general functions such as G protein–coupled receptor signaling pathways have been identified among the Ric and Hic mutants (reviewed by Rand, 2007). Posttranscriptional regulators of synaptic transmission machinery, such as the conserved microRNA miR-1, which coordinates the dampening of cholinergic neurotransmission across the pre- and postsynaptic sides of NMJs via retrograde signaling (Simon et al., 2008), were also uncovered from drug resistance in sensitized Ric or Hic mutant background. Expansion of similar sensitized modifier drug-resistant screens has the potential to reveal even more genes with putative primary functions in either synaptic transmission or synaptic assembly at the cholinergic or GABAergic NMJs in C. elegans.


Table 4.1




Genetic analysis leads to the emergence of biological pathways important for synaptogenesis.


	Pathways protein, gene IDs, and functional annotations
	Methodology of genetic screens



	Cell-based gene profiling
	Visualization within subsynaptic region
	Visualization within neural circuit
	Analysis of programmed behavior





	
Gene regulation: (reviewed by Li and Jin, 2010; Polleux et al., 2007)

– Synaptic target specificity




– Timing for initiating pre- and postsynaptic specializations






	
	
	
	



	

Transcription factors


C.e.: UNC-30 (Jin et al., 1994)

Homeodomain protein homologs: orthodenticle (otd)/Pax-3, Ptx family, Pitx-2


	Transcriptional targets of UNC-30 absent in type-D motor neurons including ACR-2, a neuronal nicotinic ACh receptor that caused muscle convulsions with gain of function, were identified (Cinar et al., 2005)
	
	
	GABA-mediated “Shrinker” locomotion defects (McIntire et al., 1993a,b)



	


1. C.e.: UNC-4 (Miller et al., 1993)




Paired-like homeodomain homologs: dPHD-1/Uncx4.1




2. C.e.: UNC-37, repressor of UNC-4 (Pflugrad et al., 1997)




Transcriptional corepressor with wild-type repeat homologs: Groucho (Gro)/ESG, TLE

3. C.e.: CEH-12, repressor of UNC-4




Homeodomain protein homologs: dHB9, extra–extra (exex)/HB9
	


3. Transcription targets of UNC-4 absent in VA motor neurons (Von Stetina et al., 2007)






	


1. Serial EM reconstruction of synaptic connectivity in the ventral nerve cord (White et al., 1986)






	
	


1. VA motor neuron–mediated reverse locomotion defects (White et al., 1992)




2. Suppression of UNC-4 locomotion defect (Miller et al., 1993)









	C.e.: CEBP-1, CCAAT/enhancer-binding proteins (C/EBP) with basic leucine zipper (bZip) domain
	
	
	
	Suppression of locomotion defects in rpm-1;syd-1 double mutants (Yan et al., 2009)



	Dm: BTB-zinc finger, clueless (clu), abrupt (ab)

	
	
	
MAb screen for altered patterns of synaptic connectivity (Van Vactor et al., 1993)

Enhancer trap screen for genes expressed in the embryonic central nervous system (CNS) (Hu et al., 1995)






	




	Dm: LOLA, longitudinals lacking (lola)

	
	
	MAb screen for altered patterns of midline crossing in the CNS (Seeger et al., 1993) and PNS development with lethal P-element insertions (Kania et al., 1995), followed up with characterization of synaptic connectivity (Madden et al., 1999)
	



	
Dm: Teyrha-Meyhra (Tey)

Putative transcription factor with no known motif


	Muscle-derived transcription factors for synaptic specificity (Inaki et al., 2010)
	
	
	



	

MicroRNAs


C.e.: miR-1 miR-1 homologs: miR-1


	
	
	
	Suppression of muscle paralysis in altered aldicarb sensitivity (Simon et al., 2008)



	Protein turnover control: (reviewed by Dittman and Ryan, 2009; Haas and Broadie, 2008)

– Subcellular protein composition of pre- and postsynaptic specializations




– Synaptic protein degradation




– Synaptic protein and membrane trafficking






	
	
	
	



	

Ubiquitin–proteasome system (UPS)


1. C.e.: RPM-1




RING finger containing ubiquitin E3 ligase homologs: Highwire (Hiw)/Esrom, PAM, Phr-1

2. C.e.: FSN-1




F-box containing Skp1/Cullin/F-box (SCF)-like ubiquitin ligase in complex with RPM-1 homolog: dFsn/FBXO45

3. C.e.: MAP kinase kinase kinase (MAPKKK), DLK-1




DLK-1 homologs: Wallenda (wnd)/DLK

C.e.: MAP kinase kinase (MAPKK), MKK-4

C.e.: p38 mitogen-activated protein kinase (p38 MAPK), PMK-3

4. C.e.: MAP kinase-activated protein kinase (MAPKAPK), MAK-2








	2. RPM-1::GFP-interacting synaptic proteins identifiable by mass spectrometry (Grill et al., 2007)
	


1. SNB-1::GFP visual screen for presynaptic growth and differentiation defects in GABAergic and glutamatergic synapses (Schaefer et al., 2000; Zhen et al., 2000)




3. SNB-1::GFP secondary visual screen for mutants that suppress the reduced size and vesicle distribution of rpm-1 (Nakata et al., 2005)






	
	


2. Suppression of locomotion defects in syd-2 mutants (Liao et al., 2004)




3. Suppression of locomotion defects in rpm-1;syd-1 double mutants (Nakata et al., 2005)




4. Suppression of locomotion defects in rpm-1;syd-1 double mutants (Yan et al., 2009)










	



1. D.m.: Hiw, Highwire (Hiw)





Ubiquitin E3 ligase homologs: RPM-1/Esrom, PAM, Phr-1

2. D.m.: Wallenda (wnd)




MAP kinase kinase kinase (MAPKKK) homologs: DLK-1/DLK, LZK

The following MAPK signaling pathway components in UPS were identified by candidate approach:

P38 MAPK, p38a, and p38b

JNK kinase, basket (bsk)

Transcription factor, dFos, kayak (kay)


	
	
	


1. MAb screen for morphological defects in neuromuscular junctions (NMJs) (Wan et al., 2000)






	


1. Walking behavior defects (Wan et al., 2000)




2. Suppression of lethality induced by the combination of gain-of-function Faf and hiw (mutagenized UAS-faf overexpressed in postmitotic neurons by elav-Gal4 in hiw loss-of-function mutant) (Collins et al., 2006)









	
D.m.: FAF, fat facets (faf)


Deubiquitinating protease


	
	
	Overexpression in the CNS (EP screen) that led to morphological defects in NMJs; gain-of-function faf enhanced synaptic overgrowth in hiw, whereas loss-of-function faf suppresses hiw, illustrating an antagonistic ubiquitination/deubiquitination relationship (DiAntonio et al., 2001)
	



	
D.m.: Ben, bendless (ben)


Ubiquitin-conjugating enzyme homologs: Ubc, Ube


	
	
	
	Mutants defective in jump-escape response and mediated by the giant fiber system (GFS) motor output to the flight and jump muscles (Thomas and Wyman, 1982, 1984); the synaptic connectivity defects in ben mutant were independent from the Hiw pathway (Uthaman et al., 2008)




	

Trafficking


C.e.: GLO-4

RLD-containing GTPase exchange factor (GEF) homologs:

Claret (ca)/RPGR, DEL-GEF

The following components of endocytotic pathway downstream of RPM-1/GLO-4 were identified by candidate approach and function independent from the RPM-1/FSN-1 MAPK pathway in “UPS”

Ce: GLO-1

Small Rab GTPase homologs: Lightoid (ltd)/Rab32, Rab38, Rab7-like variant 1 (Rab7L1)

Ce: AP-3

AP-3 adaptor in clathrin complex for vesicle biogenesis

Ce: RAB-7

Small Rab GTPase homologs: Spin, spinster (spin)/Rab7


	RPM-1::GFP interacting synaptic proteins identifiable by mass spectrometry (Grill et al., 2007)
	
	
	



	
D.m.: Spin, spinster (spin)


Small Rab GTPase homologs: RAB-7/Rab7

The following components of BMP (TGF-β superfamily) signaling pathway downstream of the endocytotic Spin/RAB-7 were identified by candidate approach

D.m.: BMP-signaling inhibitor and transcriptional effector dSmad2, daughters-against-Dpp (dad)


D.m.: BMP receptor type I, TKV/thick veins (tkv) and SAX/saxophone (sax)


D.m.: BMP receptor type II, Wit/wishful thinking (wit)



	
	
	Overexpression in the CNS (EP screen) that led to morphological defects in NMJs; enhanced BMP signaling phenocopied spin, whereas mutations in BMP receptors suppressed the NMJ overgrowth phenotype of spin (Sweeney and Davis, 2002)
	Female courtship behavior and viability defects (Nakano et al., 2001)




	
D.m.: Actin-related protein, Arp-1

D.m.: p150, Glued (Gl)

RAB-7-interacting dynein motor activator dynactin complex subunit homologs: DNC-1/p150Glued


	
	Synaptic retraction assay using presynaptic marker antisynapsin and postsynaptic density marker anti-Dlg to visually screen for cytoskeletal regulator RNAi mutants that destabilized NMJs; disassembly of presynaptic microtubules (MTs) precedes dissolution of postsynaptic glutamate receptor clustering (Eaton et al., 2002)
	
	



	
D.m.: Dap160, dap160


Dynamin-associated protein homologs: ITSN-1/intersectin, Dap160


	
	
	
	Phototaxis/ERG on–off transient screen of eye mosaic mutants defective in the endocytosis of synaptic vesicles during synaptic transmission (Koh et al., 2004); endocytotic proteins were mislocalized in dap160 with supernumerary bouton growth (Koh et al., 2004; Marie et al., 2004)



	
D.m.: Kinesin-3, immaculate connections (imac)


Kinesin-3 motor protein homologs: UNC-104/KIF-3


	
	
	
	Phototaxis/ERG on–off transient screen of eye mosaic mutants defective in synaptic transmission and development; imac mutant failed to form synaptic boutons and active zones (Pack-Chung et al., 2007); UNC-104 interacted directly with active zone protein SYD-2/liprin-α and the loss of binding reduced transport efficiency of UNC-104 (Wagner et al., 2009)



	
D.m.: Importin β-11, impβ11


Retrograde nucleocytoplasmic transporter importin-β homologs: IMB-1/importin β-11


	
	
	
	Phototaxis/ERG on–off transient screen of eye mosaic mutants defective in synaptic transmission and development; impβ11 showed smaller boutons and interacted with components of BMP signaling pathway genetically (Higashi-Kovtun et al., 2010)




	Cytoskeletal reorganization
:
 (reviewed by 
Lowery and Vactor, 2009; Ruiz Canada et al., 2006)

– Pathfinding and steering capabilities of nascent neuronal processes




– Anchorage of scaffolding proteins for proper localization of pre- and postsynaptic specializations




– Synaptic growth and expansion






	
	
	
	



	

MT-binding proteins


D.m.: Actin-related protein, Arp-1

D.m.: p150, Glued (Gl)

MT-binding dynactin complex subunit homologs: DNC-1/p150Glued


	
	Synaptic retraction assay using presynaptic marker antisynapsin and postsynaptic density marker anti-Dlg to visually screen for cytoskeletal regulator RNAi mutants that destabilized NMJs; disassembly of presynaptic MTs precedes dissolution of postsynaptic glutamate receptor clustering (Eaton et al., 2002)
	
	



	
D.m.: Ankyrin-2 (ank2L)

MT-binding protein ankyrin homologs: UNC-44/ankyrin


	
	
Visual screens of live larval NMJ in EMS mutants that disrupt NMJ stability via alterations of postsynaptic CD8-GFP-Sh puncta patterns; presynaptic β-spectrin/actin network required for proper localization of Ank2/MT network core to support NMJ stability (Koch et al., 2008)

Synaptic retraction assay using presynaptic active zone marker anti-Brp and postsynaptic density marker anti-Dlg to visually screen for P-element insertional mutants that destabilized NMJs; loss of Ank2 led to disassembly of presynaptic MTs and transmembrane synaptic adhesion proteins NCAM/FasII and L1-like neuroglian (Pielage et al., 2008)






	
	



	

Actin regulators: small Rho GTPases, GEFs, GAPs


D.m.: Nwk, nervous wreck (nwk)


FCH/SH3 adaptor protein homolog: Slit Robo-interacting Rho GTP-activating protein 3 (srGAP3)

The following components of the neuronal Rac-WASP-Arp2/3-actin remodeling pathway were identified by yeast two-hybrid assays using Nwk as bait

D.m.: WASP, Wsp (wsp)


D.m.: SCAR, scar (scar)


Wiscott–Aldrich syndrome protein (WASP) homologs: WSP-1/WASP

WAVE/SCAR complex homologs: WVE-1/GEX-1, WAVE/SCAR

∗The following components of endocytotic pathway were identified by yeast two-hybrid assay with Nwk (O'Connor-Giles et al., 2008)

D.m.: Dap160, dap160


WASP-binding Dap160 homologs: ITSN-1/intersectin, Dap160

D.m.: Dynamin, shibire (shi)


Dynamin GTPase homologs: DYN-1/dynamin


	
	
	
	EMS screen for temperature-sensitive paralytic mutants; loss-of-function nwk showed NMJ overgrowth that was enhanced by wsp and scar acting presynaptically (Coyle et al., 2004); Nwk attenuated retrograde BMP signaling via genetic and direct interaction with BMP receptor Tkv and endocytotic pathway (O'Connor-Giles et al., 2008)




	
∗D.m.: Dap160, dap160


WASP-interacting Dap160 homologs: ITSN-1/intersectin, Dap160


	
	
	
	Phototaxis/ERG on–off transient screen of eye mosaic mutants defective in endocytosis of synaptic vesicles in synaptic transmission (Koh et al., 2004); endocytotic proteins were mislocalized in dap160 with supernumerary bouton growth (Koh et al., 2004; Marie et al., 2004)



	

Formins


D.m.: Dia, diaphanous (dia)


MT- and actin-binding Rho GTPase effector protein formin homologs: diaphanous-related formins

The following components of the LAR synaptic growth receptor pathways were identified by candidate approach

D.m.: DLAR, dlar


Receptor protein tyrosine phosphatase (RPTP) homologs: LAR

D.m.: Trio, trio


Rho GEF homologs: Rho GEF


	
	Synaptic retraction assay using presynaptic marker antisynapsin, anti-Brp, and postsynaptic density marker anti-Dlg to visually screen for cytoskeletal regulator RNAi mutants that destabilized NMJs; dia, dlar, and trio acted in the same pathway to regulate presynaptic actin and MT stability (Pawson et al., 2008)
	
	



	
Synaptic cell adhesion molecules: (reviewed by Dalva et al., 2007; Piechotta et al., 2006)

– Synaptic induction and differentiation upon contact




– Synapse stability






	
	
	
	



	
C.e.: SYG-1

Immunoglobulin superfamily (IgSF) homologs: IrreC, irregular optic chiasma (irreC) or roughest (rst)/NEPH1

C.e.: SYG-2

IgSF homologs: SNS, sticks and stones (sns) and Hib, hibris (hib)/nephrin

The following components of the UPS pathway were identified by yeast two-hybrid screen using SYG-1 as bait followed by candidate approach

C.e.: SKR-1

SCF ubiquitin E3 ligase homologs: Skp1, skp/Skp1

C.e.: SEL-10

SCF ubiquitin E3 ligase homologs:

?/FBXW7


	
	SNB-1:YFP visual screen for reduced or abnormal localization of synapse formation between HSNL neurons and vulval guidepost epithelial cells (Shen and Bargmann, 2003; Shen et al., 2004); SYG-1 interaction with SKR-1 inhibited SCF complex formation at specific presynaptic cells and protected local synapse from UPS-mediated protein degradation and synapse elimination (Ding et al., 2007)




	
	




	
D.m.: CAPS, capricious (caps) and other LRRTMs

Leucine-rich repeat transmembrane protein superfamily homologs in vertebrates: netrin-G ligands


	
	
	
Enhancer trap screen for genes expressed in specific muscle fiber during motor neuron innervation (Shishido et al., 1998)

Pan-muscle overexpression screen for motif-based cell surface and secreted proteins that induced motor axon-targeting error during NMJ formation (Kurusu et al., 2008)


	



	Morphogens and axon guidance signaling: (reviewed by Marqués, 2005; Salinas, 2005; Shen and Cowan, 2010)

– Synaptic formation




– Inducing pre- and postsynaptic differentiation






	
	
	
	



	
D.m.: Wit, wishful thinking (wit)


TGF-β superfamily BMP receptor type II homologs: DAF-4/BMPRII


	
	
	Visual screen of CD8-GFP-Sh-labeled larval NMJs for altered patterns of synaptic formation and connectivity (Aberle et al., 2002); wit mutant showed small NMJs with reduced expression of NCAM/FasII, misalignment of pre- and postsynaptic membranes, and decreased presynaptic BMP signaling (Aberle et al., 2002; Marqués et al., 2002)




	



	
D.m.: Baboon, baboon (babo)


TGF-β superfamily dActivin type-I receptor homologs: ALK-2, ALK-4/ActR1A, ActR1B

The following components of Activin/BMP/TGF-β superfamily signaling pathway were identified by candidate approach:

D.m.: dActivin, Dawdle (Daw)


D.m.: dSmad2, daughters-against-Dpp (dad)



	
	
	MARCM screens for abnormal axonal projection patterns of single neurons in adult brain (Zheng et al., 2003); Baboon acted through the TGF-β superfamily ligand Activin upstream of another TGF-β superfamily ligand, BMP7 (Gbb) encoded by glass bottom boat to regulate NMJ growth from the muscle side (Ellis et al., 2010)
	



	



1. D.m.: Shaggy or Zeste-white 3, shaggy (sgg)





WNT/Wingless (Wg) signaling transducer glycogen synthase kinase (GSK-3) homologs: SGG-1/GSK-3β

2. D.m.: dWnt-4, Wnt-4





WNT oncogene protein homologs: LIN-44, EGL-20/WNTs

The following components of WNT/Wingless (Wg) signaling pathway were identified by candidate approach:

D.m.: dFz2, Frizzled (Fz)

WNT/Wg receptor Frizzled family homologs: LIN-17/Frizzled

D.m.: Dsh, dishevelled (dsh)


WNT/Wg receptor Frizzled family signaling adaptor homologs:

DSH-1/Dishevelled


	


2. Muscle-derived signaling factors that are putative membrane receptor or secreted proteins with potential function in mediating synaptic specificity; Wnt-4 acted as an antisynaptogenic repellent (Inaki et al., 2007)






	
	


1. GFP protein trap screens for genes expressed in the larval NMJ; presynaptic inhibition by overexpressing the dominant-negative Shaggy resulted in large NMJ boutons and increased number and branching complexity (Franco et al., 2004)






	



	
C.e.: LIN-44, EGL-20, WNT/Wg morphogen

C.e.: LIN-17, WNT/Wg receptor Frizzled family

C.e.: DSH-1, WNT/Wg receptor Frizzled family signaling adaptor


	
	Visual screen for displacement of presynaptic markers from postsynaptic marker AChR in DA motor neurons; synaptic vesicle proteins SNB-1/synaptobrevin, RAB-3, and SNG-1/synaptogyrin in addition to active zone marker SYD-2/liprin-α and voltage-gated calcium channel CCB-1 were labeled (Klassen and Shen, 2007)



	
	




	
C.e.: UNC-6

Netrin homologs: netrin, netrin (net)/netrin

C.e.: UNC-5, netrin receptor mediating repellent response

The following component of netrin signaling was identified by candidate approach:

C.e.: UNC-40, netrin receptor mediating attractant response

Netrin receptor homologs: Frazzled, frazzled (fra)/DCC


	
	Visual screen for displacement of presynaptic markers from postsynaptic marker AChR in DA motor neurons; synaptic vesicle proteins SNB-1/synaptobrevin, RAB-3, and SNG-1/synaptogyrin in addition to active zone marker SYD-2/liprin-α and voltage-gated calcium channel CCB-1 were labeled (Poon et al., 2008)
	
	



	
C.e.: UNC-40, netrin receptor mediating attractant response

Netrin receptor homologs: Frazzled, frazzled (fra)/DCC


	
	Visual screen for abnormal synapse distribution in presynaptic interneuron AIY; synaptic vesicle proteins RAB-3, active zone marker SYD-2/liprin-α, and ELKS-1/Brp were labeled; UNC-6/netrin mutant phenocopied UNC-40 (Colón-Ramos et al., 2007)
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Despite the evidence demonstrating that initial synapse formation does not require GABAergic or cholinergic synaptic transmission in some neuromuscular circuits (Baines et al., 2001; Gally and Bessereau, 2003; Jin et al., 1999; Panzer et al., 2006; Westerfield et al., 1990), studies in C. elegans and other model organisms support a secondary role of synaptic activity in nascent central synapses or in the last stage of NMJ synaptogenesis to increase synaptic strength via remodeling of synaptic assembly (Broadie and Bate, 1993, reviewed by Behra et al., 2002; Keshishian et al., 1996; Misgeld et al., 2002; Zhao and Nonet, 2000, reviewed by Flanagan-Steet et al., 2005; Goda and Davis, 2003; Lefebvre et al., 2004). Indeed, candidate genes involved in the functions of synaptic transmission and synaptic assembly have emerged from an 
expanded modifier drug-resistant screening platform using systematic RNA interference (RNAi). RNAi is a conserved gene-silencing mechanism across eukaryotes that are triggered by double-stranded RNA (dsRNA) (reviewed by Mello and Conte, 2004).

Genome-wide RNAi screens in intact C. elegans have been implemented as systematic delivery of dsRNA by feeding is easy and effective in C. elegans (Timmons and Fire, 1998); feeding synthesized or expressed RNAi libraries, and mutant strains to overcome germ line and neuronal inhibition of RNAi are readily available (Kennedy et al., 2004; Simmer et al., 2002; Wang et al., 2005, reviewed by Antoshechkin and Sternberg, 2007). When RNAi is introduced by heat shock only to fully developed animals, suppressors and enhancers of muscle paralysis induced by a panel of drugs and aldicarb-hypersensitive C. elegans mutants are recovered from the maximum number of genes with live knockdown mutants (Sieburth et al., 2005; Vashlishan et al., 2008). The increased sampling coverage of mutants in the first aldicarb-sensitive RNAi screen resulted in the isolation of 132 out of 185 genes that had not been previously implicated in synaptic transmission in C. elegans or in any other model organism, and 30 met the functional selection criteria that qualify candidates for a likely role in regulating synaptic structure (Sieburth et al., 2005). Prioritizing genes and pathways for further detailed genetic analysis can be challenging, but the abundant pool of candidates presents unprecedented opportunities to illuminate novel regulation of activity-dependent synaptic assembly during synaptogenesis.




4.2.3.2. Phototaxis-defective mutants with abnormal electroretinograms in the genetic mosaic Drosophila


Phototaxis in Drosophila is a robust behavior that has been used since the earliest genetic screens to study photoreceptor function in vision (Hotta and Benzer, 1969; Pak et al., 1969) and later adapted as a screening platform for synaptic defects manifested in genetic mosaics carrying eye-specific homozygous mutations in an otherwise heterozygous wild-type animal (Stowers and Schwarz, 1999). The Drosophila compound eye is accessible to recording of electrical activity against a reference electrode, producing electroretinograms (ERGs) as a readout of the visual integration process from phototransduction to synaptic transmission in higher-order secondary neurons (Pak et al., 1969). ERGs have two easily distinguishable components: a “negative component” contributed by the membrane conductance of the photoreceptor cells in the retina and “transient deflections” at the initiation and cessation of light stimulus contributed by the depolarizing “on-transient” and hyperpolarizing “off-transient” from synchronous neurotransmission in the optic ganglia (Heisenberg, 1971; Meinertzhagen and Hanson, 1993; Pak, 1979). Therefore, the combination of visual behaviors and direct ERG recording approach has been applied to identify genetic programming beyond photoreceptor cell fate specification (reviewed by Nagaraj and Banerjee, 2004) into processes in the visual system depending on the endocytosis of synaptic vesicles (Babcock et al., 2003; Koh et al., 2004; Verstreken et al., 2003) and synaptic connectivity required for optomotor responses (reviewed by Choe et al., 2005; Clandinin and Zipursky, 2002; Sanes and Zipursky, 2010).

While early ethane methyl sulfonate (EMS) screens for phototaxis-defective mutants with abnormal ERGs in the 1960 and 1970s succeeded in identifying components of phototransduction, they fell largely short of identifying genes associated with synaptic connectivity outside of the visual system because animals carrying homozygous mutations of such genes typically die as embryos or early larvae. In recent years, breakthroughs in the dissection of optomotor response circuitry, which directs movement guided by perceived motion, were made by harnessing the Gal4/UAS-Shibirets system (Section 4.3.4.2) to genetically silence synaptic activity in separate regions of optic ganglia during the visual behavioral assay (Rister et al., 2007; Zhu et al., 2009). More remarkably, lethal synaptic transmission mutants syntaxin and synaptotagmin, and novel classes of molecules in NMJ synaptogenesis, such as kinesin, voltage-gated calcium channel subunit, and importin (Table 4.1), emerged from a combined phototaxis–ERG screen using eye-specific mosaic animals (Section 4.3.4.3) that have homozygous mutant eyes critical for the screen to discriminate phototaxis and ERG defects in otherwise heterozygous flies (Dickman et al., 2008; Higashi-Kovtun et al., 2010; Kurshan et al., 2009; Ly et al., 2008; Pack-Chung et al., 2007; Stowers and Schwarz, 1999). These examples illustrate the great impact that conditional gene expression methods have on fulfilling the unrealized potential of earlier visual behavioral screens in Drosophila.




4.2.3.3. Jump escape defective mutants with disrupted giant fiber flight circuit in Drosophila


The giant fiber system (GFS) is a neuromuscular circuit responsible for initiating a rapid flight and jump escape response in adult Drosophila. A large pair of interneurons receives sensory inputs from the visual and olfactory centers of the brain and sends descending axons (giant fibers) to the thoracic ganglion where two synaptic contacts are made to elicit flight and jump. One peripherally synapsing interneuron (PSI) relays the escape signal to five motor neurons innervating the contralateral dorsal longitudinal muscle (DLM) in the wings for flight. The other motor neuron synapses with the terminus 
of the giant fibers after a characteristic bend and innervates the ipsilateral tergotrochanteral muscle (TTM) in the legs for jumping (King and Wyman, 1980; Tanouye and Wyman, 1980). As stereotyped motor output patterns of DLM and TTM could be obtained by presenting the flies with a light-off stimulus or stimulating the brain extracellularly, GFS initially provided a versatile platform to launch behavioral screens using the jump escape response and extracellular field recordings from the leg muscle (Thomas and Wyman, 1982, 1984). Flight muscle activity recordings from the GFS also contributed to the characterization of neuronal excitability mutants with putative sodium channel functions originally isolated from temperature-sensitive paralytic screens (Elkins and Ganetzky, 1990; Kasbekar et al., 1987; Nelson and Wyman, 1990) and of synaptic transmission mutants (e.g., presynaptic N-type calcium channel and synaptotagmin) promoting NMJ growth (Rieckhof et al., 2003; Yoshihara et al., 2005). Unfortunately, only a handful of mutations isolated from the jump escape response/GFS screens that disrupted synaptic connectivity electrophysiologically or anatomically were mapped and cloned, such as bendless and passover (Krishnan et al., 1993; Muralidhar and Thomas, 1993; Oh et al., 1994; Thomas and Wyman, 1982, 1984).

The GFS later made a comeback for the study of synaptic connectivity in the central synapses. Advances in reverse genetic tools enabled investigators to utilize the spatial and temporal resolution in the formation of GFS to reveal the dual roles of some previously identified guidance and targeting molecules (e.g., roundabout, semaphorin, and neuroglian/L1-CAM) as candidate regulators for later stages of synaptogenesis (
Godenschwege et al., 2002a; b, 2006). Once bendless (ben) was identified as a ubiquitin E2 conjugase-promoting synapse formation between PSI and TTM and central synapses (Muralidhar and Thomas, 1993; Oh et al., 1994; Thomas and Wyman, 1982), mechanistic understanding of ubiquitin-mediated protein degradation pathway (Table 4.1) in synaptic connectivity began to be elucidated. Parallel studies in C. elegans and Drosophila identified the role of ubiquitin E3 ligase Phr-1/highwire/Rpm-1 (PHR) family in presynaptic differentiation and synaptic growth during NMJ synaptogenesis (Schaefer et al., 2000; Wan et al., 2000; Zhen et al., 2000). In contrast to highwire (hiw), the best studied Drosophila member of the ubiquitin E3 ligase PHR family originally isolated from a walking behavioral screen (Wan et al., 2000) and shown to engage in signaling effectors from transcription factors to cytoskeletal regulators across multiple stages of synaptic development (reviewed by Po et al., 2010), bendless, works independently from highwire and has a dedicated role in central synapse formation in Drosophila (Uthaman et al., 2008). For example, when a bendless transgene (UAS-ben) was driven by a presynaptic GFS-specific Gal-4 enhancer trap line under the control of Gal-4 inhibitor Gal-80
 
t
 
s to allow temperature-sensitive activation of spatially restricted transgene expression (temporal activation of regional gene expression targeting [TARGET] system, see Section 4.3.4.2), the transgenic rescue of synaptic undergrowth in the ben mutant defined the critical period to occur just prior to the synapse growth and maturation (Uthaman et al., 2008). It is not clear whether the majority of these candidates from GFS screens play a role in NMJ synaptogenesis, but genetic tools are available now for further analysis.





4.2.4. Microscopy-based genetic screens for protein misexpression patterns within the synaptic region or in the anatomy of neural circuits

The rationale behind visualizing the synapses in the genetic screens is straightforward: Mutations that affect the appearance of pre- and postsynaptic specializations or the stereotypic innervation patterns between the nerve and muscle are likely to regulate synaptic assembly, stabilization, maturation, and growth during different stages of synaptogenesis. In contrast to behavioral genetics screens, the assays for microscopy-based screens detect changes in connectivity pattern or synaptic structures, which do not require homozygous mutants to survive past larval stages to have quantifiable changes in behavioral paradigms and electrophysiological recordings compared with control animals. Therefore, direct visualization of axon branch and synapse morphology in intact animals is a laborious but necessary approach to screen for mutations that affect individual neurons performing fundamental functions as units in the neural circuits.

Advances in conditional expression of transgenic green fluorescent protein (GFP) reporters that selectively label a single clone of axon trajectory or sparsely label a subset of axons began to bear fruits for imaging neural circuits in intact animals (see Section 4.3.4). A small-scale microscopy-based forward genetic screen using such reporters was carried out in mice to identify mutations that disrupt normal spinal motor connectivity patterns and neuronal morphology (Lewcock et al., 2007). However, mice harboring point mutations or even knockout of genes that promote or inhibit synapse formation in coculture assays in vitro (reviewed by Akins and Biederer, 2006) frequently result in high mortality rate or lack of visible synaptic defects (reviewed by Piechotta et al., 2006). Microscopy-based screens and characterization of mutants in synaptogenesis have been mostly performed in C. elegans and Drosophila, which have fewer redundant genes and are more genetically amenable for investigators to scale up the screening efforts with a focus on the anatomical organization of subsynaptic regions and synaptic connectivity in neuromuscular circuits.








4.2.4.1. Microscopy-based screens in Caenorhabditis elegans


Visualizing the C. elegans synapses was first accomplished by serial reconstruction of electron micrographs (Hall and Russell, 1991; White et al., 1986). Ultrastructural visualization revealed presynaptic membrane thickenings, called active zones, decorated with clear spherical synaptic vesicles and dense core vesicles characteristic of other genetic model organisms, but postsynaptic membranes lack the electron-dense, meshlike PSDs (Hall and Russell, 1991). The simple ultrastructural appearance of postsynaptic specializations in C. elegans predicts that live imaging of presynaptic structures may be sufficient to recapitulate the most significant regulatory mechanisms for synapse formation in C. elegans.

Visualizing presynaptic varicosities at single-synapse resolution as quantifiable puncta in live C. elegans became possible as GFP expression under the control of neuron-specific promoters was targeted to express a fusion with markers for presynaptic specializations (Chalfie et al., 1994; Nonet, 1999). The hallmark of presynaptic specializations includes components of active zones, synaptic vesicles, and synaptic vesicle fusion cycle (reviewed by Jin and Garner, 2008). When electrical depolarization arrives at presynaptic terminals, the opening of voltage-gated calcium channels leads to a local rise in calcium concentration, which induces fusion of synaptic vesicles at the active zone and triggers rapid membrane fusion events for neurotransmitter release (reviewed by Sudhof, 2004; Sudhof and Rothman, 2009). The practical advantage that C. elegans offers to visualize synapses in live preparations is the diverse assortment of well-characterized XFP reporters (X denotes the color variations: G for green, Y for yellow, and R for red) that drive fluorescent presynaptic markers to highlight any specific neural circuit of interest. Synaptic vesicle protein synaptobrevin (SNB-1), active zone protein SYD-2 (liprin-α), periactive zone protein ELKS-1 (CAST/bruchpilot), small GTPase RAB-3, and voltage-gated calcium channel subunits CCB-1 and UNC-2 have all been visualized in the cholinergic and GABAergic motor neurons, serotoninergic HSN neurons, or glutamatergic mechanosensory touch neurons that provide excitatory or cross-inhibitory inputs for motor behavioral outputs (Hallam and Jin, 1998; Klassen and Shen, 2007; Mahoney et al., 2006; Nonet, 1999; Patel and Shen, 2009; Saheki and Bargmann, 2009; Shen and Bargmann, 2003; Yeh et al., 2005; Zhen and Jin, 1999). Apposed to these presynaptic markers, a wide variety of fluorescent neurotransmitter receptors driven by their endogenous promoters in the musculature are also available (glutamate receptor GLR-1: Rongo et al., 1998; Touroutine et al., 2005, ACHR-8, ACHR-16: Francis et al., 2005, GABA receptor UNC-49: Bamber et al., 1999).

Early morphological screens in C. elegans examined alteration of normal SNB-1:XFP puncta pattern in type D motor neurons (Hallam et al., 2002; Zhen and Jin, 1999), mechanosensory neurons (Schaefer et al., 2000), chemosensory ASI neurons (Crump et al., 2001), and HSN neurons (Shen and Bargmann, 2003; Shen et al., 2004), which led to the isolation of a series of overlapping genes syd-, rpm-, sad-, and syg- in respective studies. Interestingly, proteins encoded by these genes function not in synaptic transmission but rather in the composition of distinct subdomains in presynaptic structures and in synaptic specificity. To further characterize genes responsible for these phenotypes, a candidate-based approach was taken, whereby genes whose homologs were previously shown to function in synaptogenesis or in a related developmental process in other model organisms were then tested in C. elegans for genetic interaction and function. Suppressors of rpm-1/highwire/Phr-1 (also known as syd-3), syd-2/liprin-α, and syd-1 identified from second-generation microscopy-based screens also led to additional candidates (Nakata et al., 2005; Patel and Shen, 2009; Yeh et al., 2005). For example, multiple synaptic cell adhesion molecules (SCAMs) from the immunoglobulin superfamily (IgSF) or from transmembrane proteins with leucine-rich repeat superfamily (LRRTM), cytoskeletal proteins, trafficking, and ubiquitination-associated protein degradation mechanisms have each been recruited in an organized hierarchical order and act together in specific ensembles to ensure synapse formation with appropriate postsynaptic partners in specific regions (Table 4.1). Microscopy-based screens and genetic analysis in C. elegans revealed the assembly sequence for presynaptic differentiation and elucidated specific contact-mediated synaptic target selection process for en passant synapses (reviewed by Margeta et al., 2008).




4.2.4.2. Microscopy-based screens in the Drosophila neuromuscular junctions

Among the many neural circuits well-characterized in Drosophila (reviewed by Prokop and Meinertzhagen, 2006), the NMJ is a popular platform to conduct microscopy-based screens for altered expression patterns of synaptic markers within the subsynaptic region or within the anatomical neural circuits. Developing NMJs can be imaged through the translucent cuticle in live preparations for muscles in close proximity to the epidermis or by histological methods in dissected preparations. Compared with the central synapses in the visual or olfactory circuits where clonal analysis (Section 4.3.4.3) provides lineage-specific single neuron resolution, imaging of Drosophila NMJs also collects information about subsets of axons but has higher spatial resolution for synaptic regions where identified constituents for presynaptic specializations and postsynaptic “master scaffolds” in the PSD complex are used as markers (reviewed by Boeckers, 2006; Okabe, 2007). 
Even finer structural details for active zones at NMJs began to be obtained below the diffraction limit (Kittel et al., 2006) thanks to recent development of superresolution fluorescence microscopy (reviewed by Huang et al., 2009). Using Drosophila NMJs as the platform for microscopy-based screens, numerous candidates emerged to establish synaptic connectivity with gene regulatory, cell–cell adhesive, and signaling functions, or they participate in the spatial organization within the pre- and postsynaptic specializations for the assembly and stability of synapses during growth and activity-dependent plasticity at NMJs (Table 4.1).

One primary target for large-scale microscopy-based genetic screens in Drosophila NMJs comprises molecules that instruct and establish specific synaptic connection between nerve and muscle cells during synaptogenesis. To screen and isolate mutants with defective connectivity pattern, altered gene expression within NMJs has been achieved by mutagenesis (Section 4.3.3) or a global misexpression approach (Section 4.3.4.2), and subsets of embryonic axons are labeled with monoclonal antibodies or with a fluorescent protein (XFP) tracking epitopes expressed on their neuronal membranes. From the early days of microscopy-based screening using dissected embryonic NMJ preparations and histological methods, SCAMs have emerged as an important class of molecules that guide target selection among the attractive and repulsive interactions between motor axons and specific muscle fields down to individual muscles in vivo (Winberg et al., 1998). For example, Connectin, Toll, and Capricious are LRRTM superfamily SCAMs that have synaptogenic or antisynaptogenic activity in nontarget muscles when misexpressed (Nose et al., 1992; Shishido et al., 1998). SCAMs of the IgSF with homophilic adhesive properties (e.g., fasciclin III; Chiba et al., 1995; Patel et al., 1987; Snow et al., 1989) or with trans-synaptic binding partner (e.g., Sidestep/Beaten path) attract axons to specific groups of muscles to form initial synapses (Siebert et al., 2009; Sink et al., 2001; Van Vactor et al., 1993). Many other SCAMs (e.g., cadherins), secreted ligands, and their receptors (e.g., netrins/deleted in colorectal cancer [DCC] or frazzled, semaphorins/plexins or neuropilins, and ephrins/Eph receptors) originally purified from the vertebrate brain homogenates have Drosophila homologs that provide loss-of-function and gain-of-function in vivo validations for guiding axons to form synapses with appropriate targets (reviewed by Arikkath and Reichardt, 2008; Giagtzoglou et al., 2009; Lai and Ip, 2009; Yamagata et al., 2003). A microscopy-based muscle overexpression screen to systematically explore the majority of cell surface proteins and secreted ligands encoded by the Drosophila genome (∼410 genes) revealed that 30 of them including a predominant number of SCAMs of the LRRTM superfamily specified the selection of synaptic partners at NMJ and central synapses (Hong et al., 2009; Kurusu et al., 2008).

Microscopy-based screens in live larval NMJ preparations complement the end-point analysis of mutants defective in connectivity pattern by histological methods and uncover genes functioning beyond the stage of synaptic partner specification during synaptogenesis. Using live Drosophila larval NMJ preparations and neuronal misexpression screens coexpressing transgenic GFP reporter, various trafficking and cytoskeletal effector mutants showed defects in connectivity patterns (Kraut et al., 2001). However, this approach drives only a fraction of genes preferentially inserted by the transposons to misexpress within parts of NMJs on top of their endogenous expression. A more complete coverage of the Drosophila genome for loss-of-function screens requires large-scale mutagenesis and an alternative strategy to label developing larval NMJs in these animals bearing point mutations or deletions on the chromosomes. By incorporating transgenic GFP fusion with membrane-bound voltage-gated potassium channel Shaker CD8-GFP-Sh to express on both sides of NMJs (Zito et al., 1999), synaptic growth and stability can be tracked over time in microscopy-based loss-of-function screens (Aberle et al., 2002). For example, bone morphogenetic protein (BMP) receptor type II Wishful thinking (Wit) of the transforming growth factor β (TGF-β) signaling pathway (Aberle et al., 2002) and linker protein ankyrin 2 with a proposed function to tether clustered transmembrane receptors and SCAMs to cytoskeletal effectors (Koch et al., 2008) have been identified to mediate the remodeling and stabilization of synaptic contacts at NMJs.

To search for molecules involved in synaptic assembly and stability after synaptic connectivity is established, the “synaptic footprint” assay is commonly used in microscopy-based screens for altered expression patterns in subsynaptic regions. This histological assay is based on the demonstration that postsynaptic formation of organized subsynaptic reticulum requires continued presence of presynaptic nerve terminal as synaptic partners in wild type. Therefore, the absence of presynaptic markers in apposition to postsynaptic markers indicates regions of the NMJ where the nerve terminal once resided and has since retracted (Eaton et al., 2002). For example, using antibodies against active zone marker bruchpilot (Brp) and PSD markers Disc-large (Dlg), Shaker potassium channel, and postsynaptic glutamate receptor cluster staining, to screen for missing synaptic footprints, cytoskeletal linker protein ankyrin 2 and small GTPase Rab3 were revealed to stabilize NMJs through cell adhesion (Pielage et al., 2008) and control of protein composition at active zones, respectively (Graf et al., 2009). Microscopy-based screens and genetic analysis in Drosophila generated valuable candidates and insights into biological pathways responsible for target selection, initial formation of synaptic sites, and subsequent assembly and stabilization of NMJs.










4.2.5. Cell-based genomic screens for promoters and inhibitors of synapse formation

The premise of using cell-based genome-wide expression profiling as a search engine for synapse-inducing molecules rests upon genes with transcriptional changes that depend on target-derived cues. For example, muscle-derived cues have been shown to stimulate transcription factor signaling pathways to induce postsynaptic differentiation (Schaeffer et al., 2001) and give feedback to the presynaptic cell to coordinate synaptic assembly via retrograde signaling (McCabe et al., 2003; Petersen et al., 1997; Zhao and Nonet, 2000). Indeed, genetic manipulation of trans-synaptic signaling by EphA4 receptor/ligand complex or acute induction of neuronal activity activated transcription factor signaling and resulted in changes in synaptic-specific gene expression, including SCAMs and other known components from the acetylcholine or glutamatergic neurotransmission system at the respective vertebrate and Drosophila NMJs (Guan et al., 2005; Lai et al., 2004). A comprehensive search for candidates involved in the muscle-derived retrograde signaling to convey synaptic specificity soon followed suit in mice and Drosophila. In these studies, individual synapse-enriched muscle cells and their nontarget neighbor muscle cells were meticulously isolated from the diaphragm muscles in postnatal mouse and from the embryonic ventral lateral muscles in Drosophila by microdissection and then pooled together for differential transcriptome analysis by microarray profiling (Inaki et al., 2007; Jevsek and Burden, 2006). Notably, the secreted morphogen Wnt-4, the glycosylphosphatidylinositol-linked CD24, and a number of putative cell surface proteins that showed at least twofold differences in the gene expression levels were also expressed as clusters at NMJs and influenced presynaptic differentiation and synaptic target selection (Inaki et al., 2007; Jevsek et al., 2006). Cell-based genome-wide coverage in microarray screens provides an unbiased list of all genes transcriptionally specialized in synaptogenesis.

Specification of synaptic connections also involves regulation by posttranscriptional and posttranslational mechanisms, which cannot be detected by differential genome profiling using microarrays. Proteomics has recently been incorporated into the discovery platform to identify presynaptic protein interactions involved in the differentiation and maturation of Drosophila NMJ. For example, active zone proteins bruchpilot Brp/CAST/ELKS-1 and Syd-1 homolog were originally identified by coimmunoprecipitation with an antibody against unknown epitopes in the subsynaptic region followed by the proteomics approach (Owald et al., 2010; Wagh et al., 2006). The next-generation proteomics methods are now available for differential profiling of proteomes and phosphoproteomes in intact genetic model organisms (Gouw et al., 2010; Zhai et al., 2008; Zielinska et al., 2009; Lu et al., 2014). Together with cell-based genomic screens and RNAi screens, we expect the advances in reverse genetics screens to facilitate compilations of signature profiles of different cell states and understand the key transitions, leading toward the progression of synaptogenesis.





4.3. Molecular genetic tools for screening and analysis of synaptogenesis mutants

Forward genetic screens are phenotype-based searches for randomly induced chromosomal lesions affecting a given biological process. Large-scale genetic screens in C. elegans and Drosophila have provided a gateway to explore multiple genetic loci for a specific biological process, such as synaptogenesis, in the development of the nervous system (Table 4.1). Although the immediate goal of genetic screens is to find key molecular components encoded by the mutant genetic loci to deconstruct complex biological processes on a molecular basis, neurogeneticists face two major challenges: rapid gene identification and functional validation by targeted gene disruption and replacement.

Here, we will review the genetic and molecular tools developed to meet both challenges. Mapping improvements by single-nucleotide polymorphism (SNP) mapping against the annotated genome sequences (Section 4.3.1), transgenesis (Section 4.3.2), and mutagenesis kits with built-in sequence tags near randomly inserted mutations or site-specific mutations (Section 4.3.3) contributed to accelerated gene identification. Genetic mosaics with mitotic clones of cells carrying homozygous mutations in an otherwise phenotypically wild-type heterozygous animal (Section 4.3.4) have been used in second-generation screens to recover genes essential for synaptic transmission and synaptogenesis. The latest advances in locus-specific genomic engineering tools enabled precisely targeted gene disruption and subsequent functional rescue in an intact animal and studies of synaptogenesis in the organoids of central nervous system (CNS) disease models for the first time.



4.3.1. Mapping improvements

Forward genetic screens typically start with mutagenizing chromosomes with highly active mutagens that cause mutations in as many different genetic loci as possible. UV irradiation, chemicals such as ENU (N-ethyl-N-nitrosourea) and EMS, and retroviruses all have a high mutation rate, but the main drawback of these mutagens is that it is not trivial to map random chromosomal lesions or point mutations to specific genes, and this is often the rate-limiting step in the genetic 
approach. Two complementary mapping strategies have been devised: deficiency mapping, in which the mutations are positioned by its failure to complement or restore the gene function of interest in the deleted segments of the chromosomes, and meiotic recombination between two visible genetic markers. However, mapping a mutation between widely spaced markers based on recombination frequency can only provide a statistical estimate of its cytological position: 1%
 
=
 
1 centi-Morgan (c.M.)
 
∼
 
400 kilobase pairs (kbp). Deficiency mapping is also limited by the availability of a preexisting collection of chromosome deficiencies with defined break points and requires a simple and robust functional assay to detect complementation in a large number of progeny. Transposon-mediated insertions in Drosophila chromosomes (Rubin and Spradling, 1982) define the physical location of a mutation and allow for meiotic recombination mapping flanked between two transposons on homologous chromosome (male recombination mapping; Chen et al., 1998). Several rounds of P-element-mediated mapping are required to narrow down to a sufficiently small region (20–50
 
Mb) for the candidate genes to be tested, sequenced, and cloned (10–100
 
kb). Since the publication of Drosophila genome sequence (Adams et al., 2000), P-element-mediated mapping has greatly accelerated gene identification from phenotype-based forward genetic screens in Drosophila.


In other genetic model organisms, which lack the many visible genetic markers and defined chromosomal deletions of Drosophila, DNA polymorphism mapping has been routinely used to narrow down the physical location of point mutations in the genome. Single base-pair difference introduces or eliminates a recognition site by a restriction enzyme. Therefore, the linkage of one or more clustered SNPs in a small genomic region between the mutant and reference strain reveals the relative position of a mutation. Rapid high-density SNP mapping is an established method in C. elegans (reviewed by Fay and Bender, 2006), D. melanogaster (Berger et al., 2001; Schnorrer et al., 2008), and zebra fish Danio rerio (Bradley et al., 2007; Stickney et al., 2002). A high-density SNP map with SNP markers covering every 1
 
kb of up to 35% of the human genome (The International HapMap Consortium, 2007) has greatly facilitated the mapping of both single-gene and association with polygenic disease loci in human populations (The Wellcome Trust Case Control Consortium, 2007, reviewed by Shastry, 2007).




4.3.2. Transgenesis

Transgenesis is to deliver genes efficiently, safely, and with controllable expression level to the host organism. Successful transgenesis enables a spectrum of gain-of-function, loss-of-function, reporter, and phenotypic rescue experiments for the analysis of a specific gene function in a given biological pathway. Applications for transgenesis include expression of a wild-type transgene to augment endogenous gene dosage in the wild-type background, assessment of phenotypic rescue by the transgene in a mutant background, and interference with endogenous gene function by dominant-negative interactions or genomic editing when mutant allele is not available or not suitable for studying the nervous system. Furthermore, knock-in of a tagged version of the wild-type transgene can serve as a reporter to detect physiological or structural changes in the anatomically complex nervous system. Mutagenesis kits, locus-specific genome engineering systems (Section 4.3.3), and conditional gene expression tools based on gene-targeting technologies (Section 4.3.4) all depend on transgenesis for delivery into intact animals. We will review methods of transgenesis in different genetic model organisms.

In Drosophila, transgenesis has been accomplished by injecting P-element vectors that carry transgenes smaller than 30
 
kb into the female germ-line cells for chromosomal integration (Rubin and Spradling, 1982). However, transgene expression in Drosophila manifests mosaic inactivation or “position effect variegation” (PEV) due to a repressive local chromosomal environment adjacent to the junction of euchromatin and heterochromatin, especially for insertion sites near telomeres and centromeres and on sex chromosomes (reviewed by Weiler and Wakimoto, 1995). Site-specific transgenesis by bacteriophage φC31 integrase (Groth et al., 2004) and Cre recombinases (Oberstein et al., 2005) mitigates PEV, boosts efficiency of transgenesis, and increases the upper size limit of transgene cargo.

When φC31 integrase induced target-defined homologous recombination between the very short but distinct 30–50 bp attP attachment site from λ phage and attB site from bacterial strain Streptomyces lividans, over 50% of adults produced transgenic offspring (Bischof et al., 2007; Groth et al., 2004), achieving tenfold higher efficiency than the standard P-element-mediated transgenesis. A cloning method called “recombineering” utilizes the highly efficient λ phage-based homologous recombination system in Escherichia coli to facilitate the modification of large genomic fragments cloned into the bacterial artificial chromosome (BAC) libraries (reviewed by Copeland et al., 2001; Muyrers et al., 2001), which is then constructed with the P-element backbone for transgenesis (Venken et al., 2006). φC31-mediated site-specific transgenesis of P[acman]BAC, pFlyFos, and MiMICs libraries covers a wider size range of transgenes for tagging and manipulation of coding genes and introns throughout the Drosophila genome (Ejsmont et al., 2009; Venken et al., 2009; Nagarkar-Jaiswal et al., 2015).






In C. elegans, the most commonly used method to generate a transgenic worm has been DNA microinjection (reviewed by Rieckher et al., 2009). Microinjecting DNA into the gonad is a simple and straightforward procedure that reliably gives a transformation efficiency of about 10% (Stinchcomb et al., 1985), but the major drawbacks are semistable transformation due to lack of genomic integration and uncontrollable transgene expression. Concatemeric transgenes with hundreds of copies form extrachromosomal arrays in C. elegans and frequently lead to mosaic expression in somatic cells but silencing in the germ line (Kelly et al., 1997; Mello et al., 1991). The more expensive and less commonly used method microparticle bombardment, also known as bioballistic DNA transfer, creates low-copy number of transgenes on extrachromosomal arrays that spontaneously integrate into the genome via homologous recombination in 1% of the transformants to overcome the shortcomings of DNA microinjection, especially for the germ-line transgenesis. By shooting DNA-coated gold particles with high-speed helium stream into the worms, microparticle bombardment results in up to 35% transformation efficiency (Jackstadt et al., 1999; Praitis et al., 2001; Wilm et al., 1999). Both DNA microinjection and microparticle bombardment enable phenotypic rescue experiments by introducing transgene arrays to express in the native spatial and temporal pattern driven by its own promoter. Mosaic transgene expression in somatic cells and neighboring cells can also reveal cell-autonomous functions of the gene of interest. In cases where stable transgenic reporter transformants are required, Mos1 transposon from Drosophila mariner can mobilize efficiently in C. elegans and deliver single-copy transgene expression at endogenous level or generate knock-in and knockout animals (Bessereau et al., 2001; Frokjaer-Jensen et al., 2008).

In zebra fish and mice, the creation of transgenic GFP reporter animals opened the possibility of using in vivo imaging and digital reconstruction approach to study the developmental mechanisms of biological processes (Chalfie, 2009, reviewed by Megason and Fraser, 2003). Analysis of synaptogenesis and neural circuitry within the architecture of CNS and NMJs in mice received a huge boost from transgenics that express multiple spectral variants of GFP in sparsely labeled subsets of neurons (Thy1::eYFP-H line) and “Brainbow” mice, which express a stochastic combination of GFP variants in single neurons and glial cells (Feng et al., 2000; Livet et al., 2007, reviewed by Lichtman et al., 2008). Likewise, transgenic zebra fish embryos expressing GFP in neurons (HuC::GFP line) and fluorescent synaptic vesicle-associated protein (GFP::VAMP2) were instrumental for differentiating the reciprocal induction mechanism of initial NMJ formation. Live imaging in these transgenics revealed prepatterned AChR clusters in skeletal muscle formed prior to the arrival of motor neuron (Panzer et al., 2006).

Transgenesis zebra fish and mice have been largely accomplished by microinjection of naked DNA into fertilized eggs (Gordon et al., 1980; Udvadia and Linney, 2003; Auerbach, 2004) and pseudotyped retroviral infection with a transformation efficiency of 5%–10% (Naldini et al., 1996, reviewed by Pfeifer, 2004). As concatemerized transgene arrays overexpress in some cells but are silenced in others due to PEV-like epigenetic regulation (reviewed by Henikoff, 1998), transgenic GFP reporter lines have a wide range of expression in a given tissue. Isolation of a stable transgenic founder with uniform expression level consequently requires generating and screening through a large number of transformants (Baup et al., 2010). For this reason, transposon systems with wide host specificity, such as Sleeping Beauty (SB) and Tol2 (maize-derived activator/dissociator (Ac/Ds) element) have been explored as alternatives for transgenesis in zebra fish and Sleeping Beauty in mice. The higher transformation efficiency (30%–45%) of transposon-mediated transgenesis reduces the total number of progeny required for screening and integrating single-copy transgenes into the genome (Davidson et al., 2003; Kawakami, 2005; Mates et al., 2009). Furthermore, transgenes flanked by the inverted repeats of Sleeping Beauty can be remobilized by crossing with SB-transposase-expressing breed with a 10%–50% rate of revertants in mice (Ruf et al., 2011).

Transgenesis integrated with transposon system and site-specific gene-targeting Cre-loxP system (Section 4.3.3.3) have become widely in use in mice and zebra fish. BAC transgenesis that transforms large vertebrate genes (up to 300
 
kb) via transposition by recombineering bacterial artificial libraries (BACs) for mammals (Poser et al., 2008) and a built-in inverted cis-element of Tol2 transposon in the backbone of BAC succeeded in delivering endogenous gene expression patterns in zebra fish and mice (Suster et al., 2011).





4.3.3. Mutagenesis kits

4.3.3.1. Transposon-mediated mutagenesis




Transposon activity was first discovered through color variegation in maize by Barbara McClintock in 1944 as the driving force for “gross chromosomal rearrangement which consists of transposition, duplication, deletion, insertion and translocation of the linear nucleic sequence” (McClintock, 1987). Transposable elements are inverted sequence repeats found in almost all species that can transpose autonomously through DNA replication or can be excised and reintegrated into 
different locations on chromosomal DNA by the enzyme transposase. Up to 75% of chromosomal DNA in maize, 14% in Drosophila, and 45% in humans reportedly consists of sequences from the shuffling activity of transposable elements (Lonnig and Saedler, 2002). Because they can insert themselves close to or within the coding regions of genes reversibly, transposons are not only useful in insertional mutagenesis but can further provide phenotypic revertants in parallel control experiments to rule out genetic background as a confounding influence over genotype in the phenotypic variances observed in any genetic analysis.

P-element transposition gained prominence as the leading mutagenesis method in Drosophila because it offers several experimental advantages. P-elements have the frequency of mobilization about 1%, they excise from and reinsert into the promoter region of genes with little specific target sequence requirement, and the inverted repeats serve as a tag for easy identification of molecular lesions and cloning of genes disrupted by mutagenesis (Cooley et al., 1988; Spradling et al., 1995). However, due to the sequence selection bias by P-elements, not every gene in the genome is inserted (“cold spots”), resulting in the average coverage of P-element insertional mutations per diploid genome lower than that of chemical mutagens. Additional transposable elements, such as piggyBac (PB) (from the moth Trichoplusia) and Minos (Drosophila hydei), were isolated from other insect species, and their transposase activity in Drosophila complemented the P-elements with an even wider coverage of target sites for randomized chromosomal integration (Hacker et al., 2003; Horn et al., 2003; Metaxakis et al., 2005, Venken et al., 2011). More than two-thirds of all Drosophila genes have been tagged by transposons through large, systematic mutagenesis and sequence annotation of insertion sites by the Berkeley Gene Disruption Consortium, Exelixis Inc., Develogen AG, and Bellen Lab (Artavanis-Tsakonas, 2004; Bellen et al., 2004; Nagarkar-Jaiswal et al., 2015, Spradling et al., 1999, reviewed by Venken and Bellen, 2005, Gene Disruption Project Database, Exelixis Collection at Harvard Medical School). The transposon-mediated mutagenesis kit is an attractive tool for use in large-scale genetic screens in Drosophila, including behavioral screens for phenotypes that are sensitive to genetic backgrounds. Since the kit became available, it has been used in an embryonic lethal screen followed by histological secondary screen for synaptogenesis mutants in the NMJs (Liebl et al., 2006), a mosaic screen for neuronal morphogenesis mutants in dendrite targeting of olfactory projection neurons in the adult brain (Schuldiner et al., 2008), and aggressive behavior screen (Edwards et al., 2009), among others.

Derived from the existing transposon P and piggyBac (PB) insertions, deficiency collections are valuable mutagenesis tool kits carrying cytologically mapped chromosomal deletions that remove multiple genes. For example, the isogenic Exelixis and DrosDel deficiency collections consist of molecularly defined deletions in autosomes averaged 140
 
kb in size covering ∼77% of the Drosophila Release 5.1 genome (Parks et al., 2004; Ryder et al., 2004, 2007; Thibault et al., 2004). Exelixis Inc. and DrosDel Consortia independently adopted the same FLP-FRT (FLP recognition target) “ends-out” homologous recombination-based gene deletion strategy that utilized the FLP recombinase to generate site-specific precise deletions in the genomic regions flanked by two FRT-bearing sequences carried on the transposon insertions on sister chromatids (Rong and Golic, 2000). Building further on these FRT-inserted stocks from Exelixis and DrosDel, the last and smallest deficiency collection was generated from a deletion-generator strategy based on a hybrid transposable element P{wHy} (H element inside a P-element) that induces local nested hopping upon the activation of hobo transposase followed by trans-recombination between the H elements. The reiterative process results in near saturation of regional chromosomal deletions within 60
 
kb of the initial insertion site at every 1–3
 
kb interval (Huet et al., 2002; Myrick et al., 2009). The Bloomington Drosophila Stock Center (BDSC) deficiency collection ultimately covers
 
∼98.4% of the Drosophila genome, including deletions near the haploinsufficient regions on the X chromosome (Cook et al., 2012). More details on the principles and practice of transposon-mediated mutagenesis in Drosophila can be found in Drosophila: Methods and protocols (Hummel and Klämbt, 2008) and the fly stocks are available for distribution through public stock centers (see Relevant Websites).


C. elegans has endogenous transposons with multiple copies in the genome, but they do not carry tags that distinguish new insertions from background transpositions for the purpose of insertional mutagenesis. Between 2003 and 2007, NemaGENTAG project had deployed Mos1 transposon system derived from the Tc1/mariner superfamily of Drosophila mariner transposons that are active in C. elegans to tag 25%–30% of all genes and generated more than 13,000 strains (Vallin et al., 2012; NemaGENETAG). However, the relevance and utility of this collection has reduced drastically since the discovery of easy and versatile locus-specific genomic engineering by CRISPR/Cas system in recent years (Section 4.3.3.2).

In zebra fish and mice, transposon-mediated mutagenesis and SNP mapping tools complement the widely used chemical mutagenesis, lentiviral/retroviral delivery, and microinjection methods to accelerate gene identification from forward genetic screens and functional validation. Tol2 transposon systems of the hobo/Ac/Tam3 (hAT) family isolated from Japanese medaka fish Oryzias latipes (Kawakami et al., 2000) and Sleeping Beauty (SB) of the Tc1/Mariner superfamily synthesized from extinct salmon fish species (Ivics et al., 1997) mobilize effectively in the germ-line cells of zebra fish (Davidson et al., 2003; Kawakami et al., 2000) as well as in both the germ line and somatic cells of mice 
(Collier et al., 2005; Dupuy et al., 2005; Ivics et al., 2009; Takeda et al., 2007). Although transposon-mediated mutagenesis collection is not available in zebra fish, a variety of genetic tools derived from the transposon system in insect species are adopted successfully for applications in zebra fish and mice (reviewed by Mates et al., 2007). For example, “gene trap” insertion of a reporter with a splice acceptor (SA) has been used for creating loss-of-function mutations and “enhancer trap” insertion of a reporter to visualize endogenous gene expression patterns and transgenesis (reviewed by Kawakami, 2005; Korzh, 2007; Largaespada, 2009).

Two transposon-mediated genome-wide mutagenesis libraries are available in mice with built-in loxP site to initiate in vivo chromosomal rearrangements, such as deletions, duplications, or inversions when combined with another loxP or for conditional recombineering using Cre recombinase (Wu et al., 2007). Sleeping Beauty (SB) Transposase and Recombinase-Associated Chromosomal Engineering Resource (TRACER) project with all the insertional sites are available (Mouse Transposon Insertion Database; MTID) (Roberg-Perez et al., 2003; Takeda et al., 2007; Ruf et., 2011). PiggyBac (PB) insertional mutagenesis library in embryonic stem (ES) cells was created in the Bloom-deficient (Blm
−/−
) background previously shown to have a robust 44% mitotic recombination rate (Luo et al., 2000) to facilitate isolation of homozygous mutants following the PB-mediated transposition (Ding et al., 2005; Wang et al., 2009). These mutagenesis kits provide site-specific, molecularly defined, and nonviral means to perform genetic analysis for a significant fraction of the 60,000 mouse genes.




4.3.3.2. Locus-specific genome engineering—Targeting-Induced Local Lesions in Genomes and assembly of customized DNA nucleases (zinc finger nucleases and transcription activator-like effector nucleasess)

In the postgenomic era, manipulation of genes is no longer limited to species amenable to transgenesis and those that have transposon-mediated mutagenesis kits are readily available to map mutations and the physical location of a gene from forward genetic screens. Annotated genome sequences, customizable endonucleases, and state-of-the-art sequencing technologies gave rise to SNP mapping (Section 4.3.1), Targeting-Induced Local Lesions in Genomes (TILLING), and locus-specific genome engineering.

TILLING is a reverse genetic technique based on the use of a mismatch-specific single-stranded DNA endonuclease that identifies point mutations in a target gene through resequencing of EMS- or ENU-mutagenized animals for heteroduplex analysis (reviewed by Barkley and Wang, 2008). TILLING first gained popularity for the fast and efficient generation and detection of null mutant alleles from a full spectrum of ENU-mutagenized developmental and behavioral screens in zebra fish (reviewed by Burgess and Granato, 2008) as well as in C. elegans and Drosophila. Since the publication of zebrafish genome sequence and launch of FishMap for annotation and other resources (Meli et al., 2008), site-specific mutagenesis tools and methods expanded and demonstrated utility across species. Among the new methods developed in recent years, customizable endonucleases for targeting-specific genomic loci proved to be a particularly powerful addition.

Endonucleases introduce single- or double-stranded breaks (SSB or DSBs) on chromosomal DNA and then leave breaks unrepaired or repaired inaccurately without a homologous donor, a process also known as nonhomologous end-joining (NHEJ), resulting in chromosomal rearrangements and mutations (reviewed by Iliakis et al., 2004). Zinc-finger nuclease (ZFN) is an artificial hybrid nuclease consisting of a nonspecific DNA nuclease domain and an array of engineered DNA-binding proteins with the Cys2His2 zinc finger pairs in a precise orientation and spacing relative to each other to bind to any sequence to create DSBs (Kim et al., 1996; Smith et al., 2000). Remarkably, the DSBs catalyzed by ZFN cleavage were shown to enhance the rate of homologous recombination, homology-directed repair (HDR), by several orders of magnitude when supplied with a linearized targeting donor construct for targeted gene replacement in genetic model organisms (reviewed by Carroll et al., 2008) and in human cells (Porteus and Baltimore, 2003; Urnov et al., 2005). “Open Source” improvements of ZFN array design methodology led to wider adoption with higher mutagenesis efficiency in zebra fish research community (Doyon et al., 2008; Meng et al., 2008). Transcription activator-like (TAL) effector nucleases (TALENs) are chimeric nucleases that contain effectors from plant pathogenic Xanthomonas bacteria's modular nucleotide recognition elements with a tandem array of ∼34 amino acids long repeats (TALEs) for target DNA binding and fused with endonuclease FokI (Boch et al., 2009). Two TALEN monomers are required to make a double-stranded DNA cut; the plasmids (“Golden Gate” vectors) and design guidelines to build and identify high-efficiency TALEN pairs became available through community efforts (Cermak et al., 2011; OMICs Tools). While customized TALENs and ZFNs can be microinjected as mRNAs in a dose-dependent manner to minimize off-target effects and increase efficiency of site-specific mutagenesis, it is not trivial to assemble the chimera and selectively maintain the mutant progeny for further genetic analysis.









4.3.3.3. Locus-specific genome engineering—CRISPR/Cas system

The Clustered Regularly Interspaced Short Palindromic Repeats (CRISPR)/CRISPR-associated (Cas) system has emerged as an extraordinary RNA-guided DNA-cleaving technology for site-specific mutagenesis and is adopted successfully in genetic model organisms for a variety of genome engineering applications (reviewed by Sternberg and Doudna, 2015). CRISPR locus in bacteria and archea is where foreign viral or pathogenic bacterial DNA integrates as new spacers into the host genome upon infection to vaccinate itself against repeated infection for adaptive immunity. Noncoding CRISPR RNAs (crRNA) is transcribed from CRISPR locus; each encodes a unique spacer (guide) sequence from the foreign genetic element, processed enzymatically to mature crRNAs, bound by one or more Cas proteins and trans-activating crRNAs (tracrRNAs) to form a ribonucleoprotein targeting complex and degrade target DNA via complementary base-pairing with crRNA. Since type II CRISPR/Cas-9 system only requires a single polypeptide of Cas-9 and a chimeric crRNA-tracrRNA single guide RNA (sgRNA or gRNA) to mediate full activity, the simple and effective design has enabled more than locus-specific genome editing in model organisms (CRISPR Design). In recent years, genome-wide CRISPR/Cas-9 screens in Drosophila cells (Viswanatha et al., 2018) and the study of CNS disease models in human pluripotent stem cells and “mini-brains” grown in a dish (Muffat et al., 2016) have offered a powerful and efficient means for gene discovery.





4.3.4. Gene targeting and conditional gene expression by binary systems

Gene targeting is central to the reverse genetics approach that modifies the gene in vivo to probe and validate the functional relationship between genotype and phenotype. During the gene-targeting process, DSBs are introduced, target homology sequences from the donor and acceptor are recombined by DNA repair mechanisms, and genomic integration is identified by virtue of marker gene expression in the progeny. The more accurately targeted knock-in transgene expression can recapitulate the temporal and spatial profile of endogenous gene expression; the more reliable observations about the gene functions can be obtained. This has been achieved via two strategies: exogenous regulation of knock-in mediated by DNA site-specific recombinases (SSRs), such as Cre and FLP (Section 4.3.4.1), and binary transactivation systems that utilize a split cis-regulatory element and a trans-effector, such as the Gal4/upstream activator sequence (UAS) system (Section 4.3.4.2). The combination of both strategies culminates in the generation of genetic mosaics that allow for clonal analysis and conditional knock-in of transgene expression in specific cell types or specific subsets of cells, or neurons within a tissue (e.g., brain) throughout development (Section 4.3.4.3).

We will consider these popular strategies for gene-targeted and conditional gene expression in whole animals with some notable omissions. The core of targeting knock-in is built on the introduction of SSRs for homologous recombination-mediated cassette exchange in the target chromosomes (reviewed by Branda and Dymecki, 2004); however, the technical complexities involved in somatic cell nuclear transfer and manipulation of pluripotent mouse embryo-derived stem cells (ES cells) for the contribution to germ line are beyond the scope of this chapter and are reviewed elsewhere (Aizawa, 2008; Capecchi, 2005; Sorrell and Kolb, 2005). Transactivation systems originally developed in mice that have been refined in Drosophila for temporal and spatial control of gene expression are not reviewed here. For example, tetracycline-dependent regulatory systems (Tet-on/off) and mutated ligand-binding domain (LBD) for nuclear receptors responsive to synthetic steroid hormones are covered in detail by previous reviews (García-Otín and Guillou, 2006; Lewandoski, 2001; Luan and White, 2007; McGuire et al., 2004b). More recent innovations for conditional expression include a repressible binary system based on the Neurospora transcription factor Q and its regulatory proteins inducible by quinic acid for transactivation activity (Potter et al., 2010) and a new conditional gene expression method in C. elegans utilizing MEC-8-dependent splicing (Calixto et al., 2010).




4.3.4.1. Combinatorial control of DNA site-specific recombinase activity

4.3.4.1.1. Cre-loxP




The Cre-loxP technology is well established as a versatile approach to enable controlled disruption of transgene expression or function in select brain cells in an otherwise undisturbed mouse embryo or adult (reviewed by Dymecki and Kim, 2007; García-Otín and Guillou, 2006; Tronche et al., 2002). Conditional knockout animals generated by Cre-loxP technology circumvent lethality and compound defects associated with the systemic loss of gene function by the classical knockout approach and are therefore viable for analysis of specific nervous system phenotypes. The Cre recombinase isolated from bacteriophage P1 binds to the asymmetric arm within the loxP sequence, catalyzes precise cleavage in the minimal 8 bp loxP recognition sites, and removes the genomic fragment flanked by two loxP sites during 
recombination. The “floxed” mouse is generated from ES cells isolated with selectable markers, indicating that successful homologous recombination creates two loxP sites in the intronic sequences flanking an entire gene or an essential exon of the gene of interest. The transgenic “Cre” mouse is generated from somatic cell transfer to stably express the Cre recombinase. When the “floxed” mouse is bred with the “Cre” mouse or microinjected for transient expression of Cre, irreversible gene cassette exchange occurs in Cre-expressing cells and results in knockout of target gene or knock-in of the replacement gene. Based on gene targeting and gene trapping (Section 4.3.4.2) for high-throughput insertional mutagenesis, groups of academic labs and biotech companies formed the International Knockout Mouse Consortium (Austin et al., 2004; Collins et al., 2007; The International Mouse Knockout Consortium, 2007) and the International Gene Trap Consortium to mutate all protein-coding genes in the mouse ES cells. So far, the International Gene Trap Consortium has mutated and tagged over 66% of the protein-encoding genes across the mouse genome, greatly facilitating the selection and construction of Cre- or FLP-transgenic activator animals for conditional gene targeting in mice (Araki et al., 2009; Schnutgen, 2006; Skarnes et al., 2004; The European Mouse Mutagenesis Consortium, 2004) (Section 4.3.4.1).

Using the Cre-loxP gene-targeting backbone, spatial control can be achieved by placing Cre under the control of a cell- or tissue-specific promoter or by using viral delivery to specific regions. Temporal control strategies include Cre-Tet or fusion of the open reading frame of Cre (Cre-ORF) with LBD of nuclear hormone receptors, such as progesterone (Cre-PR), estrogen (Cre-ER), or glucocorticoid (Cre-GR) receptors. Upon ligand binding (RU486, tamoxifen, and dexamethasone, respectively), Cre translocates from cytosol to the nucleus where it catalyzes homologous recombination-induced gene cassette exchange. Conditional control of recombinase activity was later adapted for Cre-loxP in zebra fish (Hans et al., 2009; Liu et al., 2007; Thummel et al., 2005) and for GAL-4 in Drosophila (Oberstein et al., 2005), although the efficiency remains low in all genetic model organisms other than mice. Many examples of conditional gene knockout by Cre-loxP contributed to revision of the reciprocal induction model for vertebrate NMJ formation (reviewed by Hoch, 2003; Kummer et al., 2006), and we selected two to illustrate how the technology was applied: MuSK and HB9.

The muscle-specific kinase (MuSK) was originally proposed to mediate the signal from the motor neuron–derived synaptogenic factor agrin to cluster AChRs at the muscle end plates and induce postsynaptic differentiation (McMahan, 1990; Sanes and Lichtman, 1999; Valenzuela et al., 1995). The central feature of the paradigm was supported by the lack of functional NMJ formation observed in the classical knockouts of agrin
−/−
 and MuSK
−/−
 animals (Dechiara et al., 1996; Gautam et al., 1996; Glass et al., 1996). However, these animals died shortly after birth, which prevented further investigation into any later role that agrin and MuSK might have in maintaining stable NMJs. It was also not possible to independently evaluate the influence that nerve has over muscle and vice versa during the induction of NMJ formation.

To genetically eliminate motor neurons, the HB9

cre
 mouse line that expresses Cre recombinase under the promoter control of motor neuron-specific transcription factor HB9 was crossed with the Isl2

DTA
 mouse line that carries the diphtheria toxin (DTA) gene preceded by a transcriptional stop cassette (IRES-loxP-stop-loxP) under the promoter of another motor neuron-specific transcription factor Isl2. In mice carrying both transgenes, the translational stop sequence is excised by Cre recombinase selectively in motor neurons, and the expression of DTA led to the killing of motor neurons and complete absence of the phrenic nerve. The Cre excision of stop cassette is interchangeable with FLP or other DNA site recombinases to activate intersectional gene expression and is also known as the FLP-Out technique (Gu et al., 1994; Lakso et al., 1992; Struhl and Basler, 1993). Analysis of NMJs from these mice showed that despite the absence of motor neurons, AChRs were still clustered in the central region of the diaphragm muscle (Lin et al., 2001; Yang et al., 2001), invalidating the obligatory role of agrin in the induction of muscle prepatterning during NMJ synaptogenesis.

On the contrary, mice mutants with muscle-specific inactivation of MuSK were viable and showed disintegration of the postsynaptic structures, adaptive changes of nerve terminals, and retraction from previously targeted end plates. Conditional knockout of MuSK in the muscle was achieved by microinjecting Cre mRNA directly to the end plates or by crossing the Cre-MCK mice, which utilizes the promoter of the muscle-specific creatine kinase to drive Cre recombinase expression postnatally with the floxed MuSK (Hesser et al., 2006). When transgenic MuSK was ectopically expressed, it stimulated the formation of synapses and muscle prepatterning in the agrin
−/−
 and endogenous MuSK
−/−
 double knockout, thus demonstrating the continuous requirement of MuSK to stimulate presynaptic and postsynaptic differentiation (Kim and Burden, 2008). As Cre transgenic mouse lines under the control of a variety of cell- and tissue-specific promoters have become available for the study of the nervous system (reviewed by Gavériaux-Ruff and Kieffer, 2007) and constructing gene-targeting cassettes is made easier by recombineering (reviewed by Cheng and Bouvier, 2009), the conditional gene-targeting approach based on Cre-loxP shows great promise as an essential tool to dissect the temporal and spatial requirements of genes involved in synaptogenesis, neural circuitry, and behavior.









4.3.4.1.2. FLP/FLP recognition target

Since the initial demonstration that the FLP/FRT system derived from Saccharomyces cerevisiae can be used in Drosophila (Golic and Lindquist, 1989) and mice (Dymecki, 1996), FLP/FRT has been further combined with stochastic activation conferred by the transposon-mediated transgenesis to perform gene targeting and FLP-Out in mice as well as in other genetic model organisms without culturable ES cells (Boniface et al., 2009; Davis et al., 2008; Vázquez-Manrique et al., 2009; Voutev and Hubbard, 2008, reviewed by Luan and White, 2007). Similar to the Cre-loxP system, the FLP SSR catalyzes excision of the genomic fragment flanked by two 34 bp FRT elements as a circular molecule if the 8 bp spacer sequence between the pair of 13 bp inverted repeats in the extremities of FRT has the same 5–3′ directionality in both FRTs. A second yeast rare-cutting enzyme I-SceI endonuclease turns this circle into a recombinogenic donor for targeting by introducing DSB within the homology domain for DNA gap repair during cell division (Groth and Calos, 2004). As an alternative gene-targeting tool, the heat-inducible FLP/FRT system can be introduced into the germ cells or early-stage embryos by a wide range of transgenesis methods and also add to Cre-loxP for combinatorial control of transgene expression (reviewed by Dymecki and Kim, 2007; Wirth et al., 2007).





4.3.4.2. Gal4/ upstream activator sequence system

The legacy genetic tool for combinatorial control of target gene expression in Drosophila is Gal4/UAS transactivation system. The Gal4 activator is a yeast-derived transcription factor that has three discrete functional domains to induce the expression of galactose-sensitive genes: DNA-binding domain (BD) responsible for binding to the defined UAS, dimerization domain, and transcriptional activator (TA) domain (Traven et al., 2006). When an effector gene is placed under the control of UAS, Gal4 binding to the UAS transactivates the expression of target gene scalable to the number of tandem UAS cassettes and in the spatiotemporal profile defined by the regulatory sequence of Gal4 (Brand and Perrimon, 1993). In Drosophila, each functional domain of Gal4 and the respective regulatory mechanism has been exhaustively studied for use as levers to modify the temporal and/or spatial attributes of Gal4-dependent target gene expression (reviewed by Duffy, 2002; Elliott and Brand, 2008; Fischer et al., 1988). In summary, Gal4 variants isolated from screens or artificially engineered so far have the capacity to respond to tetracycline (Tet-on/Tet-off), synthetic hormones (GeneSwitch and ER-Gal4) (McGuire et al., 2004a; Osterwalder et al., 2001), and temperature shift (Gal4ts) (Mondal et al., 2007; Zeidler et al., 2004). The Gal4 transactivation inhibitor Gal80 in vivo (Lee and Luo, 1999) and Gal80ts, which represses Gal4 activity at permissive temperatures in the absence of galactose by blocking the TA domain (McGuire et al., 2003), adds a further dimension to the already versatile Gal4 module. The TARGET system includes Gal80ts for temporal control and has been useful for dissection of temporal requirement of specific gene function in synapse maturation and the formation of the neural circuit, such as the GFS in the jump escape response (Uthaman et al., 2008).

The spatial control of Gal4 is predominantly driven by the upstream regulatory sequence fused with the Gal4 coding region in Drosophila. But unlike the compact upstream promotor and enhancer sequences characteristic of C. elegans, the endogenous regulatory sequence for a Drosophila gene is often not predictable in size or position relative to the start codon for efficient isolation. “Enhancer trapping” utilizes a reporter gene fusion (β-galactosidase, GFP, or Gal4) with a known promoter mobilized by transposase to insert fortuitously into the enhancer region of a nearby gene, thereby revealing its expression pattern in situ (Bellen et al., 1989; Morin et al., 2001; O'Kane and Gehring, 1987; Rorth et al., 1998; Wilson et al., 1989). Thanks to large-scale enhancer trap screens mobilized by a variety of transposons, promoters, and reporters in Drosophila, more than 10,000 cell- or tissue-specific Gal4 and Gal80 driver lines have been generated (FlyBase), and many showed specific expression patterns in the nervous system (Nicholson et al., 2008; Rister et al., 2007; Suster et al., 2004). The wide selection of available Gal4 drivers enabled the Drosophila research community to create straightforward ectopic misexpression of transgenes to study gene functions. By selecting specific Gal4 and repressor Gal80 lines for use with TARGET system and FLP-Out technique to express apoptotic gene reaper, dissection structure and function of neural circuits in a subtractive or intersectional manner were demonstrated (Luan et al., 2006). Janelia Farm, Howard Hughes Medical Institute's research campus, has generated large-scale of intersectional “FlyLight” Gal4 lines with combinations of enhancers that drive distinct spatiotemporal gene expression patterns in the nervous system (Jenett et al., 2012). All FlyLight Gal4 stocks are available since 2014 with manual and machine-learning assisted annotation of their expression patterns and therefore further enhance the spatiotemporal control of conditional gene expression by UAS/GAL4 approach in Drosophila.

However, enhancer trap screens and construction of tissue-specific Gal4 drivers are not practical in mice and zebra fish (Ornitz et al., 1991; Rowitch et al., 1999; Scheer and Campos-Ortega, 1999). The major limitation lies in the slow speed and low efficiency of generating large number of transgenic animals with tagged gene insertion sites for large-scale screens, even with high titers of retrovirus. Thanks to “gene trap” methodology (Stanford et al., 2001) and the 
development of transposon system as a delivery vehicle for mutagenesis (Section 4.3.3.1), Gal4/UAS system for conditional gene expression can be used in zebra fish. “Gene trapping” is performed by the random insertion of a vector cassette consisting of a promoterless reporter gene/selectable marker fusion with an upstream SA site and a downstream transcriptional termination polyadenylation (polyA) sequence into the genome. When inserted into an intron of an expressed gene, the gene trap cassette is transcribed from the endogenous promoter in the form of a fusion transcript in which the exon(s) upstream of the insertion site is spliced in frame to the reporter/selectable marker gene. Thus, gene trapping renders simultaneous inactivation of the inserted gene due to premature termination of transcription and reporter expression in the pattern of the trapped gene, especially effective in vertebrates with large introns.

Large collections of gene trap lines were created by using Tol2 and SB transposons in zebra fish (reviewed by Asakawa and Kawakami, 2009; Korzh, 2007). After GFP was adopted for use as a reporter in zebra fish, it was used in live transparent zebra fish embryos to track mistargeted overexpression of transgenes by the Gal4/UAS system (Köster and Fraser, 2001), but transgene activation by yeast Gal4 transactivation in zebra fish is lower than expected. Different approaches have since been taken to enhance Gal4 activity in zebra fish. Initially, Gal4 variants were made by fusing the DNA-BD of Gal4 with the strong transactivation domain VP16 from herpes simplex virus (Gal4VP16) (Köster and Fraser, 2001), but Gal4VP16 was toxic to embryos even expressed at a low level, so variants were made to minimize toxicity (Ogura et al., 2009). Optimization of the Gal4 activator KalTA4 to enhance transactivation performance was later achieved by screening and selecting a self-sustaining homozygosable strain called Kaloop (Distel et al., 2009).

Numerous genetic tools derived from the Gal4/UAS system have provided access to intact animals with fine temporospatial resolution for investigating the anatomical and functional wiring of neural circuits (Luo et al., 2008). By driving conditional expression of different UAS effectors, a series of Gal4/UAS applications were developed to genetically poison cells, as opposed to laser ablation, and to silence synaptic activity. For example, diphtheria toxin (DTX) was used as a UAS effector to kill specific motor neurons and probe the dependency of pioneering axon tracts for followers to find correct paths toward appropriate muscle targets (Lin et al., 1995). Tetanus toxin (TNT or TeTx) was targeted to disrupt synaptic transmission between photoreceptors and the second-order neurons in the visual center of the fly brain, whereas a small-molecule wheat germ agglutinin (WGA) was cotargeted using the Gal4/UAS-WGA trans-synaptic labeling system to distinguish between active and inactive neural pathways (Tabuchi et al., 2000). Dynamin, an essential component of the synaptic vesicle recycling pathway encoded by the gene shibire, was exploited for its reversible activity in the mutant form that suspends synaptic transmission when the temperature is shifted to 30
 
°C (Salkoff and Kelly, 1978). The Gal4/UAS-Shibirets approach pioneered the silencing of synaptic activity in subsets of neurons at specific developmental stages for the analysis of neural circuits in behaving animals (Kitamoto, 2001) that later gave way to electrically silencing or hyperactivating neuronal activity as a wide variety of ion channel subunits, pumps, and their dominant-negative versions under the binary control of Gal4/UAS—some of which are photoactivatable within milliseconds and reversible such as microbial channel rhodopsins—also produced robust behavioral phenotypes (Hodge, 2009). In zebra fish, Gal4/UAS applications similar to those used in Drosophila have been adapted successfully with additional molecular tools (Baier and Scott, 2009; Elliott and Brand, 2008; Halpern et al., 2008). Bacterial toxin nitroreductase was shown to work as effectively as other tethered toxins under UAS control in targeted cell ablation (Davison et al., 2007). Integration of light-inducible ionotropic glutamate-gated receptor (Szobota et al., 2007) and photoactivatable fluorescent protein Kaede into the Gal4/UAS system (Scott et al., 2007) paved the path to simultaneously manipulate and monitor neuronal activity in functional neural circuits in vivo.

Notably, Gal4/UAS system has also proved effective in delivering RNA interference and mimics and sponges of small noncoding RNAs to explore the functional consequences of posttranscriptional gene regulation in synapse development and neural circuitry in Drosophila. Compared with the extensive progress made toward systematic RNAi screen in cultured cells (Mathey-Prevot and Perrimon, 2006), dsRNA-mediated gene silencing in Drosophila was successful (Carthew, 2001), but the limited throughput was not feasible for a small genetic screen. Transgenic double-stranded hairpin RNA collection, which covers 80% of all 14,000 protein-coding genes in Drosophila as UAS effectors, became publicly available in 2007 (Dietzl et al., 2007; Vienna Drosophila RNAi Center, NIG-Fly). A second transgenic shRNA collection that targets 2043 genes expressed in the nervous system and carries the φC31 attB site to allow for φC31-mediated integration was subsequently released (Ni et al., 2009). For the functional study of small noncoding RNAs, such as microRNAs (miRNAs), one major obstacle has been the lack of reverse genetic tools (reviewed by Coolen and Bally-Cuif, 2009).

miRNAs have been implicated in most aspects of animal development and in pathological processes such as cancer, but we already begin to learn about their roles in neuronal differentiation, synaptogenesis, experience-dependent plasticity, and behavior (reviewed by Bushati and Cohen, 2007; McNeill and Van Vactor, 2012). The proof-of-principle Gal4/UAS-miR sponge approach in Drosophila microRNA (miR-SP) placed “miRNA sponges,” which bind and sequester the mature species of miRNA sharing the same seed sequence (Ebert et al., 2007) under the control of UAS, and demonstrated delivery of tissue-specific miRNA inhibition (Loya et al., 2009). Transgenic miR-SP libraries with spatiotemporal control of 
expression subsequently facilitated genetic screens isolation of miRNA functions in subsets of cells of neural circuits. One beautiful example is a recently published miR-SP screen in combination with functional validation by CRISPR/Cas9 to uncover the neural pathways regulating sleep and circadian rhythm in the Drosophila brain (Goodwin et al., 2018). Whether these posttranscriptional interferences of target genes can bring about novel insights in the hard-wiring and activity-dependent processes regulating synaptic structure and function is beginning to be answered in just a few genetic screens away.




4.3.4.3. Genetic mosaics with conditional knockout

Genetic mosaicism refers to a single organism or tissue that carries more than one genotype in marked clones of cells or tissues instead of harboring transplants from different sources as chimeras. Creating variegated gene expression within an animal has been a key tool to analyze mutations that would be otherwise lethal and answer the question of cell autonomy and cell fate commitment in the grand scheme of development. Technical advances in generating genetic mosaics in recent years enabled the visualization of cell lineage–specific neuronal processes expressing fluorescent protein in anatomically complex structures in the CNS.

Genetic techniques to efficiently generate mosaics depends critically on the rate of chromosomal loss and rearrangements that results in loss of heterozygosity in a subset of cells after mitotic recombination because it dictates the recovery efficiency of homozygous (mutant/mutant) patches of cells in an otherwise heterozygous (mutant/wild-type) individual. Strategies to generate genetic mosaics for each model organism are devised based on the observations that the spontaneous rate of chromosomal loss is high in C. elegans, and the unusual chromosomal pairing and biased segregation of recombinant chromatids into different daughter cells during mitosis makes mosaic recovery rate high in Drosophila, whereas these events are too sporadic to be useful in zebra fish and mice (Carmany-Rampey and Moens, 2006; Rossant and Spence, 1998; Zugates and Lee, 2004). We will only highlight the cell type–specific genetic mosaics generated with induced chromosomal excision and inversion in mouse and zebra fish under the binary control of SSRs (Section 4.3.4.1) and Gal4/UAS system (Section 4.3.4.2) combined with FLP-mediated mitotic recombination in Drosophila but not the spontaneous generation of mutant clones in C. elegans. Genetic mosaic techniques developed with a dedicated goal to create live imaging tools for clonal analysis and reconstruction of synaptic wiring diagram or “connectome” in the vertebrate CNS, such as mosaic analysis in zebrafish (Collins et al., 2010) and the multicolor Brainbow mouse (Livet et al., 2007), are reviewed elsewhere (Lichtman et al., 2008) as well as in other chapters of this book.

Generating genetic mosaics in Drosophila first starts with making cell-autonomously marked clones of mutant cells from phenotypically wild-type but heterozygotic (mutant/wild-type) animals. Instead of using irradiation, the FRT site–specific heat-inducible FLP recombinase–mediated chromosomal excision induces mitotic recombination at the distal end of the FRT insertion site. When homologous chromosomes pair up during the G2 phase of the cell cycle, the two recombinant chromatids—one mostly wild type but that carries the mutation and the FRT on the distal end (mutant), and the other wild type—segregate into two different daughter cells (X segregation) or the same daughter cell (Z segregation). If both recombinant chromatids segregate into the same daughter cell, the genotype remains mutant/wild type for the two daughters and will be phenotypically indistinguishable from the parent. Fortunately for fly geneticists, about two-thirds of segregations result in recombinant chromatids in two different daughters, generating mutant/mutant with no FRT in one and wild type/wild type with double dosage of FRT and marker (“twin-spot”) in the other (Blair, 2003).

Next came the combination of Gal4/UAS and FLP/FRT in cell type–specific genetic mosaics and their applications. For example, eye-specific genetic mosaics were identified by Golgi stains in the olden days (Garen and Kankel, 1983), but since UAS-FLP, eye-specific Gal4 (e.g., eyeless-Gal4), and FLPase-mediated mitotic recombination became available, selection of homozygous mutant clones was also made easier by cotargeting a dominant proapoptotic gene hid (EGUF-hid method) to the eyes to obliterate vision in nonmutant flies (Stowers and Schwarz, 1999) and the first of a series of saturating genetic screens was pioneered for photoreceptor axon guidance (Newsome et al., 2000). The introduction of mosaic analysis with a repressible cell marker (MARCM) was a major advent among the techniques of mutant clone identification in the CNS even for large-scale genetic screens and inspired applications in cell lineage analysis, neural circuit mapping, and single neuron imaging in dense layers of the fly and mouse brain (Lee and Luo, 2001; Luo, 2007). The MARCM system places a repressor of a marker (Gal80) in the homologous chromosome opposite to the chromosome that carries the mutant allele for the gene of interest in combination of UAS marker and Gal4 (Lee and Luo, 1999). After heat shock, hsFLP-FRT-induced mitotic recombination removes the repressor, thus allowing the marker (e.g., fluorescent proteins or β-galactosidase) to be expressed only in cells that are homozygous for the mutant allele at specific tissues and developmental stages.

The precise spatiotemporal induction of genetic mosaics and the single-cell resolution that it provides in the analysis of neural circuit formation in Drosophila are useful in mice as well. Mosaic analysis with double markers (MADM), an approach inspired by MARCM in concept, uses Cre-loxP-mediated interchromosomal recombination in somatic cells to 
create mosaic animals by expressing two fluorescent markers and has the option of performing a conditional gene knockout (Zong et al., 2005). MADM mice are built with homologous chromosomes containing reciprocally chimeric genes knocked in at identical chromosomal loci. The chimeric genes contain split exons of the two fluorescent markers with a loxP site lying within an intron between the two. Because the intron interrupts the coding sequences of the fluorescent proteins in different reading frames, functional proteins are not produced from the original chimeric genes unless MADM mice are crossed with a mouse Cre driver line to introduce Cre recombinase in designated neuron populations undergoing active cell division in embryonic development.






4.4. Perspective

Advances in genetic tools and technology development in optical imaging, correlative light and electron microscopy, high-throughput screening platforms, and database management and integration have contributed greatly to identify components and regulators for synapse formation. The recent explosion of information presents us with the next-level challenge of understanding the organizational principles for molecules that multitask in different biological pathways to build functional synapses between appropriate partners and form working neural circuits in intact animals. Genetic screens and in vivo analysis provide context-specific validation of gene functions but are still a rate-limiting step and await further improvement. We expect the improvement to come from multiple areas. Mechanistic understanding of the differences between synaptogenesis during development and plastic changes following acute or chronic conditions of insult, injury, or sensory stimuli is an important frontier. New classes of photoactivatable “optogenetic” molecules such as microbial opsins (channelrhodopsin-2, halorhodopsin), ion channels and pumps, caged Ca2+ indicator protein (e.g., Kangaroo), and fluorescent proteins (e.g., Kaede, Dendra) will allow us more precise temporal control to study the disruption and restoration of specific synaptic connections in a neural circuit in awake and behaving animals (reviewed by Kim et al., 2017). Successful activation of selective subsets of neurons by applying specific frequency of low-pressure ultrasound in C. elegans (Ibsen et al., 2015) launched the search of other noninvasive tools to probe neural circuits in “sonogenetics.” Transgenic synaptobrevin reporter tagged with pH-sensitive GFP-PHuorin (SynaptoPHuorin) to monitor synaptic vesicle endocytosis (Miesenbock et al., 1998; Poskanzer et al., 2003) and simultaneous tracking of the incorporation of postsynaptic glutamate receptor subunits in live preparations (Rasse et al., 2005; Schmid et al., 2008) have potential to be combined for use in microscopy-based screens. Central synapses have become more accessible for genetic manipulation since conditional gene targeting joined forces with clonal mosaics in genetic model organisms. Isolation of mutants with defects in the activity-dependent recruitment of synaptic assembly will shed light on remodeling of peripheral as well as central synaptic connections following plastic behaviors. Behavior genetics may finally reach its promised land when the field celebrates its 60th anniversary.
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Abstract


The study of synaptogenesis is hampered by the difficulty of visualizing the formation of small subcellular specializations involving the coordinated recruitment and organization of hundreds of proteins. Here, we present recent advances in fluorescence microscopy that improve its resolving power by an order of magnitude. Innovations in electron microscopy that ameliorate the three-dimensional reconstruction of neuronal processes and allow its combination with fluorescence microscopy are also discussed. In addition, we review the development of novel genetically encoded photosensitive tools to visualize neuronal circuitry and synaptic contacts and to modulate and measure the activity of synaptogenic proteins. Finally, new strategies for culturing neurons in a simplified and controlled environment are presented.
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5.1. Introduction

Advances in microscopy have often driven scientific progress. The development of magnifying lenses in the 17th century ushered biology into the microscopic world. Pioneering biologists such as Antonie van Leeuwenhoek (1632–1723) and Robert Hooke (1625–1703) were the first to observe unicellular organisms and single cells within multicellular organisms. These seminal observations paved the way to the formulation of the cell theory of life by Theodor Schwann (1810–82) in 1839, in which cells are the basic structural and functional units of all organisms. The study of the nervous system was also profoundly impacted by the improvement in imaging techniques, such as compound optical microscopes, tissue fixation, sectioning, and staining. At the end of the 19th century, Santiago Ramón y Cajal (1852–1934) refined a method developed by Camillo Golgi (1843–1926), which stains less than 5% of nerve cells (Spacek, 1989). He was able to visualize the morphology of individual neurons within intact tissues and to refute the prevalent view at the time that the nervous system was a continuous network of nerve fibers in which electrical impulses, similar to blood in the vascular system, would propagate freely (i.e., the reticular theory). Instead, he showed that neurons were independent entities and deduced the existence of narrow gaps between abutting neurons (i.e., synapses, term coined by Charles Scott Sherrington (1857–1952) in 1897).

Since their discovery, progress in understanding synapses has often been driven by new technologies. In the 1950s, the emergence of electron microscopy provided the first visualization of synapses and their structural components in the 
cerebral cortex (Gray, 1959). The development around the same time of new electrophysiological technologies that enabled the electrical activity of synapses to be recorded ushered in a period of rapid advancement in the understanding of synapses and their functions. Chemical synapses are specialized junctions composed of a presynaptic terminal containing vesicles filled with neurotransmitters, a synaptic cleft where neurotransmitters are released, and a postsynaptic target harboring receptors for the released neurotransmitters. Synapses not only mediate the transmission of inhibitory and/or excitatory signals between neurons but are also found between the nervous system and effector cells (e.g., muscle or gland cells). Synapses are also remarkably plastic and can undergo changes in their morphology and strength. While a great deal is known about how synapses function, our understanding of the mechanisms that drive the formation of these structures is more limited. Synapses form at sites of contact between two cells; they require a specialized set of proteins and specific structures. However, even the largest synapses are small, and their study presents a substantial challenge. Synapses are not only small but also numerous with single neurons often receiving tens of thousands of inputs.

To address how these tiny structures are generated, neuroscientists need to overcome several experimental and technical limitations. Electrophysiological studies over the past 50 years have provided a detailed understanding of the functional characteristics of synapses, but the development of new imaging techniques offers the promise of new insights into how synapses are formed. Visualization of the formation and refinement of the neuromuscular junction (NMJ) provides much of our understanding of the developmental sequence of synaptogenesis. The relatively large size of the NMJ (∼20
 
μm3) and its well-defined and easily accessible circuitry involving a motor axon and a muscle fiber, as well as the ability to robustly label both pre- and postsynaptic components, have enabled a detailed picture of the process of synapse formation (Wu et al., 2010). These studies have revealed that synaptogenesis is likely to involve a recognition event between an axon and a postsynaptic cell, recruitment of proper pre- and postsynaptic proteins, formation of appropriate pre- and postsynaptic structures, and pruning of inappropriate contacts. In addition, synaptogenesis is a dynamic process involving morphological changes and requires a highly complex molecular organization of pre- and postsynaptic specializations that involve hundreds of different types of proteins. In contrast to NMJ, synapses of the central nervous system (CNS) are less accessible to current imaging techniques because of their small size, on the order of 0.01–1 μm3 and because of their location within a dense and complex network of axons, dendrites, and glial cells. While synapse development likely occurs through a similar series of steps in the CNS, the small size and complexity of synaptic structures makes our understanding of these events still somewhat rudimentary. To understand these complex, dynamic, and small scale events, an ideal imaging technique would need to possess high temporal (from 1 to 100 frames per second, depending on the application) and spatial resolution (<25
 
nm) to resolve the dynamics of molecular and cellular processes in living organisms. At the same time, the ideal technique would have to simultaneously track the behavior of multiple biomolecules, be able to perform time-lapse three-dimensional (3D) imaging, and be suitable for live-cell imaging deep in tissues. Despite the challenges to developing such a tool, efforts are underway that will enable many of these idealized criteria.

Nowadays, researchers have the benefit of a wide array of imaging tools to study synapse formation, but all of them carry their own limitations. In this chapter, the current imaging techniques used in neurosciences, such as fluorescence microscopy and electron microscopy, are briefly introduced, and their limitations are discussed. Advances in microscopy, such as the development of superresolution fluorescence microscopy and correlative light and electron microscopy, are then reviewed. New genetically encoded fluorescent tools that allow the visualization of neuronal circuitry (trans-synaptic viral infection) and synaptic contacts (GRASP) and the photomodulation of proteins involved in synaptogenesis are also examined. Finally, new physical tools for culturing neurons in a simplified and controlled environment (microfluidic platforms) are addressed.





5.2. Conventional fluorescence microscopy and electron microscopy

5.2.1. Fluorescence microscopy: pros and cons




Fluorescence microscopy has become the method of choice for biological molecules in fixed and live specimens. The technique uses fluorophores that absorb light at specific wavelengths and emit photons at longer wavelengths. Fluorescence microscopy also allows researchers to perform multicolor imaging to track several proteins at the same time. In addition, a wide range of fluorescent biosensors have been designed to quantify local changes in the biophysical properties of the cells, such as Ca2+, pH, and membrane potential. For a more comprehensive review of fluorescence proteins and their applications, please refer to Chudakov et al. (2010) and Rodriguez et al. (2017). Biomolecules, such as proteins, can be tagged with fluorescently tagged antibodies to determine their localization in fixed tissues. Alternatively, proteins can be tagged with genetically encoded fluorescent proteins (e.g., green fluorescent protein [GFP]) or chemical tags (e.g., Halo-Tag), and 
quantitative measurements can be performed in living organisms. One important consideration in transfecting tagged proteins into cells is to validate that the tag does not disrupt the localization and function of the targeted proteins. In addition, overexpression of exogenous molecules may cause mislocalizations of expressed proteins and impact normal cellular functions (Rizzo et al., 2009). Therefore, care must be taken to control for changes induced by the addition of tagged proteins. One effective strategy to reduce the effects of overexpression is to knock down or knock out the endogenous protein to be visualized and then to replace it with the tagged protein. More recently, investigators have begun using the genome editing tool CRISPR/Cas9 to knock in the DNA sequences of fluorescent proteins and tags into genes of interest (Ma et al., 2014; Mikuni et al., 2016; Uemura et al., 2016). This method will likely overcome the problems associated with overexpression of proteins.

The use of confocal microscopes and two-photon excitation microscopes is widespread among neuroscientists because they have the ability to reduce out-of-focus background fluorescence and thus to perform optical sectioning. Both techniques are point-scanning microscopes, meaning that a laser beam is focused by the lens objective into a small spot at the focal plane and is scanned across the specimen to reconstitute a 2D image. Both confocal and two-photon excitation microscopies provide a good spatial resolution, and a 3D image can be reconstituted by acquiring multiple optical sections in the z-axis. Confocal microscopes increase the contrast and spatial resolution by restricting the contribution of out-of-focus light thanks to a pinhole placed at a conjugate image plane in front of the detector. The pinhole discards the light emitted from fluorophores located above and below the focal plane (see review from Paddock, 2000). Two-photon microscopy is based on the principle that a fluorophore can be excited if it absorbs two photons at a wavelength about twice that required for single-photon excitation (Denk et al., 1990). Because these events must happen nearly simultaneously, they are very rare and only happen with extremely high photon density, thereby restricting two-photon excitation to the focal point. Because of the longer wavelengths of light used for excitation and lower numerical aperture objectives used to image deeper, two-photon microscopy has a somewhat lower resolution than confocal microscopy. Optimal spatial resolution in confocal microscopy is ∼250 and ∼800
 
nm in the lateral and axial directions, respectively, whereas resolution can be threefold less in two-photon microscopy. However, the ability of longer wavelength light to penetrate deeper into tissues enables deeper imaging performances in the latter (∼2
 
mm compared to ∼200
 
μm in confocal microscopy). A simple presentation of the technique can be found in Ustione and Piston (2011). Two-photon microscopy has allowed in vivo imaging of spines and synaptic structures that were not otherwise possible (Knott et al., 2008; Niell et al., 2004; Trachtenberg et al., 2002). Both confocal microscopy and multiphoton microscopy have taken advantage of the recent emergence of tissue-clearing methods. Brain tissues are particularly prone to light scattering, which hampers how deep one can image. Clearing methods such as CLARITY (Chung et al., 2013), CUBIC (Susaki et al., 2014), iDISCO (Renier et al., 2014), and ACT-PRESTO (Lee et al., 2016) are able to extract the lipids mostly responsible for the light scattering properties of tissues. A description of these methods can be found in Vigouroux et al. (2017).

One limitation of point-scanning microscopes, such as confocal and multiphoton excitation microscopes, is their relative slowness, which makes it challenging to achieve frame rates faster than one frame per second. Line-scanning and spinning disk confocal microscopes have been developed to perform high-speed 2D imaging and can acquire images at rates greater than 50 frames per second. The first approach reduces the time acquisition by scanning the image with a line instead of a point (Masters and Thaer, 1994). Spinning disk microscopes utilize a multipoint scanning approach in which thousands of microlenses and pinholes are used in parallel to scan the entire field of view (Gräf et al., 2005). Although faster, these techniques also have limitations, such as increased photobleaching of fluorophores and poorer resolution in thick specimens, respectively. Another technique, selective plane illumination microscopy, also called light-sheet fluorescence microscopy, has recently emerged to rapidly acquire optical sections in thick specimens (Huisken et al., 2004). In light-sheet microscopy, only a thin slice of the sample is illuminated perpendicularly to the objective that is used to detect the fluorescence emitted from the excited slice. This setup enables to greatly minimize photobleaching of the fluorescent reporters in out-of-focus planes and is much faster than point-scanning microscopes such as confocal microscopes. However, the technique works best in transparent and cleared tissues because the light sheet can be absorbed and scattered as it passes through the specimen, and the emitted fluorescence is also scattered as it makes it way to the objective.

Despite multiple advantages, fluorescence microscopy is limited by its spatial resolution. In any optical imaging systems, the ability of distinguishing two adjacent fluorescent emitters is determined by the wave nature of light. Any point source of light smaller than the diffraction limit (roughly half the wavelength of light used for excitation) is therefore detected as a small blur of the same size representing the 3D diffraction image of the point (i.e., the point spread function). For instance, the spatial resolution limit for green light is ∼250
 
nm, which is large compared to most molecular structures contained in synapses with cross sections smaller than ∼1
 
μm2. Thus, for the study of CNS synapses, the resolution of 
light microscopes is often insufficient because dendritic and axonal processes can have diameters that are substantially below the diffraction limit. An image of a synapse acquired with a confocal microscope can only be represented by a few pixels. Recent developments in light microscopy have overcome the diffraction limit of light. These techniques, called superresolution fluorescence microscopy, are presented in Section 5.3.




5.2.2. Transmission electron microscopy: pros and cons

Compared with fluorescence microscopy, electron microscopy provides much better spatial resolution (2–10
 
nm for biological specimens) and thus has revealed unprecedented views of fine synaptic structures. Instead of light, electron microscopes employ a beam of electrons to illuminate the specimen. It is because electrons have much shorter wavelengths than visible light that a greater resolving power is achieved. In transmission electron microscopy (TEM), regions of the specimen that are thicker or denser absorb or scatter more electrons; thus, only part of the electron beam is transmitted through the specimen. A contrast image is formed in which bright areas represent thinner or electron-transparent regions, whereas darker areas represent thicker or electron-dense regions. To improve contrast, electron-dense salts of heavy metals are used to stain biological structures. Proteins or other cell components can also be labeled by specific antibodies attached to heavy metal particles (e.g., immunogold labeling). The objects of interest appear as tiny black spots in the contrast image.

Despite its great resolving power, the TEM suffers from several important drawbacks that limit its application for the study of synapses. First, the electron beam must propagate in a high-vacuum environment, a condition in which water is evaporated. Second, the transmission of electrons through the sample drops dramatically with its thickness. Thus, only extremely thin sections (<200
 
nm) of biological tissues can be studied. For these reasons, live-cell imaging is not possible in electron microscopy, and the specimen must be carefully prepared before imaging. Typically, neurons are chemically fixed to maintain cellular and subcellular structures. Fixed samples are then dehydrated, embedded into a resin, and eventually sectioned by an ultramicrotome. To improve contrast, staining is performed either before dehydration or after sectioning. All these preparation steps can induce artifacts in the image, such as shrinkage of the specimen and alteration of tissue structures (Kellenberger et al., 1992). A 3D reconstruction image of the specimen can be obtained by sequentially acquiring multiple sections, a technique called serial section TEM (ssTEM), but it can be difficult to interpret these images due to misalignment of the sections. Unlike live-cell fluorescence microscopy, electron microscopy lacks any temporal resolution and only provides a snapshot in time of a fixed specimen. In addition, multicolor imaging of labeled biomolecules is not possible either. To distinguish multiple objects by immunohistochemistry, the antibodies need to be labeled by metal particles of different size. In addition, the use of antibodies introduces a spatial limitation because the metal particle is located ∼15–30
 
nm away from the antigenic site, which is ∼10 times larger than fluorescent proteins (Hermann et al., 1996). Recent developments in electron microscopy and sample preparation are discussed in Section 5.4.





5.3. Recent advances in fluorescence microscopy: toward superresolution microscopy

There is currently no ideal microscopic technique that offers high-speed multicolor 3D imaging of a living organism at nanometer spatial resolution. Fluorescence microscopy is the most suitable technique to perform live-cell imaging, but its optical resolution is limited to ∼250
 
nm, which hampers the precise localization of biomolecules and the study of their interactions. Thus, with conventional fluorescence microscopy, it is not possible to determine if a particular cell adhesion molecule is expressed at the pre- and/or postsynaptic site because of the small size of the synaptic cleft (∼20
 
nm). Recent technological innovations in fluorescence microscopy have reduced the resolving power below 50
 
nm (Fig. 5.1). Superresolution techniques, such as stimulated emission depletion microscopy (STED) and localization-based microscopy, were awarded the 2014 Nobel Prize in Chemistry. By allowing the visualization of individual molecules, superresolution microscopy has impacted our understanding of synaptic structure and molecular organization. Superresolution technologies are still in their infancy, and the field is rapidly expanding, with new strategies to overcome their weaknesses. Here, the main approaches used to achieve subdiffraction resolution are reviewed, their drawbacks are discussed, and some applications for the study of synaptogenesis are provided.



5.3.1. Structured illumination microscopy and image scanning microscopy

Structured illumination microscopy (SIM) has emerged as one of the most commonly used superresolution techniques and has found multiple applications in a wide variety of biological and biomedical research fields. The main advantages 
over other superresolution techniques are that it can readily image up to four different colors and that it utilizes the same fluorophores and sample preparation than conventional fluorescence microscopy. SIM is a wide-field microscopy technique in which the entire field of view is illuminated with a striped pattern of interfering light (Fig. 5.1E; Gustafsson, 2000). A grid shadow is typically projected onto the specimen and only becomes visible in the focal plane. By acquiring multiple images with the striped pattern superimposed in different positions, it is possible to remove the out-
of-focus light and to gain access to higher-resolution information in the specimen through computation. The SIM improves the lateral spatial resolution by a factor of 2 over conventional fluorescence microscopy in 2D. By introducing interferometric patterns in both the lateral and axial directions, 3D SIM can achieve a doubling of the resolving power in all dimensions (i.e., ∼120 and ∼350
 
nm in the lateral and axial directions, respectively; Gustafsson et al., 2008). Thus, 3D SIM allows visualization of objects that are approximately eightfold smaller than in conventional microscopy that offers higher-order structural information not accessible to confocal microscope. For instance, 3D SIM was used to localize distinct components within a single nuclear pore complex (Schermelleh et al., 2008) and to visualize ringlike protein structures in the narrow bridge connecting two dividing cells at the end of cytokinesis (Elia et al., 2011; Guizetti et al., 2011).
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Figure 5.1 Superresolution principles. Comparison between wide-field and superresolution microscopies. (A) Low magnification. Presynaptic protein Bassoon and postsynaptic protein Homer1 in the mouse glomeruli were identified by immunohistochemistry using Cy3-A647- and A405-A647-conjugated antibodies, respectively. The conventional wide-field fluorescence image (left) shows punctate patterns that are partially overlapping, whereas the superresolution image acquired by STORM (right) of the same area clearly resolves distinct synaptic structures. (B) Further zoom-in of a conventional image (left) does not reveal detailed structure of the synapses, whereas the corresponding STORM image (right) distinguishes the presynaptic Bassoon and postsynaptic Homer1 clusters. Spatial resolutions of different imaging techniques commercially available. (C) Comparison of routine levels of 3D resolution obtained using different microscopy techniques for cellular imaging. The ellipsoids indicate the lateral (x, y) and axial (z) resolution levels of the listed methods. Each ellipsoid can be interpreted as an uncertainty range from where detected photons originate. Imaging methods with limited resolution owing to diffraction are shown in red. The conceptually diffraction-unlimited methods (that is, the nanoscopy methods) are shown in green. The indicated resolutions have been repeatedly demonstrated in cell-imaging applications and do not simply represent ultimate or best values provided in the literature. NA, numerical aperture. Principles of superresolution microscopy. (D) Laser scanning confocal microscopy—the left graph shows a synapse with a cross section of 1
 
μm2 containing postsynaptic proteins tagged with a fluorescent label (black crosses). The excitation light is focused into a spot (in blue) that is scanned in a raster pattern (blue lines). The middle graph represents the resulting emission fluorescence image (green spot). The image diameter of the tagged protein is 250
 
nm. The right graph represents the final image obtained once the excitation light has scanned the entire specimen. (E) SIM—the left graph shows a synapse excited by two different striped illumination patterns. Typically, 15 images of the specimen are acquired with the striped pattern superimposed with different phases. Middle graph, rendering of the corresponding emission patterns obtained from the structured illuminations shown in the left graph. Right graph, an image of the synapse is obtained after mathematical reconstruction. Each tagged protein is visualized by a spot with a 100
 
nm diameter. (F) STED: Left, the synapse is raster-scanned with two overlapping laser beams. While the first beam (blue spot) excites the fluorophores, the second (red doughnut shape) forces the fluorophores excited by the first beam to reach their ground state through stimulated emission. As a result, only the fluorescent molecules confined to the doughnut center will be detected, resulting in an excitation spot with a size below the diffraction limit. Middle, rendering of the corresponding emission pattern obtained from the left graph. The excited fluorophore is visualized by a green spot with a diameter of 25
 
nm. Right, representation of the final image obtained once the excitation light has scanned the entire specimen. (G) Localization-based microscopy/PALM: Left, light (blue) is applied at low intensity to the sample so that only a random and sparse subset of photoactivatable proteins becomes activated. Middle, rendering of the corresponding emission patterns obtained from the left graph. The center of each fluorophore is mathematically calculated (black crosses). Fluorophores are deactivated by bleaching or photoswitching before starting another cycle of activation—emission–deactivation. Right, typically, thousands of cycles are necessary to obtain a resolution image with tagged proteins visualized by spots with a diameter of 25
 
nm. 


(A) and (B). Reproduced from Dani et al., 2010. Super-resolution imaging of chemical synapses in the brain. Neuron 68, 843–856. (C). Reproduced and modified from Sahl et al., 2017. Fluorescence nanoscopy in cell biology. Nature Reviews Molecular Cell Biology 18, 685–701.





One limitation of SIM is its reliance on a computationally derived image that can lead to artifacts after reconstruction (Ball et al., 2015). In addition, SIM suffers from a low temporal resolution. In 3D SIM, each single plane within a 3D specimen requires the acquisition of 15–25 images to reconstitute a subdiffraction image. Multicolor imaging with multiple excitation beams would necessitate even longer acquisition times. This temporal limitation hampers the application of the technique to living biological specimens. For this reason, 3D SIM has been mostly applied to the study of fixed tissues. Live-cell 3D SIM imaging has been reported for slowly moving structures such as mitochondria (Hirvonen et al., 2009; Shao et al., 2011) or microtubule dynamics (Shao et al., 2011) with time acquisitions ranging from 5 to 30
 
seconds per vol. For 2D SIM, frequency of acquisition as fast as 10 frames per second enabled the observation of the dynamics of motor proteins such as kinesin (Kner et al., 2009). Because multiple images of the same focal plane are required, the SIM works better with bright and photostable fluorophores. Another drawback of SIM is its limited performance in thick specimens. Its practical imaging depth is limited to ∼30
 
μm, compared with ∼100
 
μm for high-resolution confocal microscopy (Fischer et al., 2009). SIM has not been widely implemented for the study of synapse formation and their structure and function. Still, SIM revealed that acetylcholine receptors within mouse NMJs appear as stripes closely aligned with presynaptic active zones (York and Zheng, 2017). SIM was also used to demonstrate that the cell adhesion molecule, N-cadherin, relocalizes from the periphery to the center of the synapse after transient synaptic stimulation in rat hippocampal neurons (Yam et al., 2013). Due to their greater resolving powers, other techniques, such as STED and localization-based microscopy (e.g., PALM and STORM), are usually preferred when examining synaptic structure and organization.

In the past few years, a new superresolution technique achieving similar resolution to SIM has emerged. This technique, called image scanning microscopy (ISM), is a point-scanning microscope similar to confocal microscopy, but, instead of a single photosensitive detector such as photomultiplier tubes, the light emitted from the diffraction-limited point is collected by a detector made of an array of pixels (Muller and Enderlein, 2010). This strategy enables sampling the diffraction-limited point from different positions. A subdiffraction image is then reconstructed after pixel reassignment by computation. ISM is now manufactured by Carl Zeiss microscopy and can be installed on their point-scanning confocal microscopes. Instead of using a pinhole to reject out-of-focus light, the emitted light is collected by a detector containing 32 photosensitive cells, so called the Airyscan detector. Each detector element functions as a tiny pinhole to increase resolution, whereas the overall detector design improves the signal-to-noise ratio four times over typical GaAsp photomultiplier tubes. SIM is still superior in terms of signal-to-noise ratio for bright and thin samples, but the Airyscan is advantageous for dim specimens and enables imaging deeper and at a greater speed (Sivaguru et al., 2018). By expanding contrast, speed, and resolution over traditional confocal microscopes, the Airyscan is poised to have an impact in many research fields.









5.3.2. Stimulated emission depletion microscopy

Similar to confocal fluorescence microscopy, stimulated emission depletion microscopy (STED) is a point-scanning confocal microscope in which the laser excitation beam is focused by the objective lens into a tiny spot in the specimen (Fig. 5.1F). To achieve subdiffraction resolution, STED microscopy utilizes a second laser beam, or depletion beam, which is focused into a doughnut-like shape surrounding the focal point created by the excitation beam (Hell and Wichmann, 1994; Klar et al., 2000; Willig et al., 2007). This depletion beam is redshifted compared with the excitation beam and forces the fluorophores excited by the first beam to reach their ground state by emitting a redshifted photon that is rejected by a band-pass filter. In this configuration, only the fluorescent molecules confined to the doughnut center will be detected, resulting in an excitation spot with a size below the diffraction limit. The higher the power of the depletion beam, the smaller the doughnut hole, making the resolution of STED limited by the power of the depletion beam. As a result, lateral resolutions ranging from 20 to 80
 
nm have been reported in biological specimens. Although STED functions best in thin samples, STED images have been obtained from brain tissues up to ∼100
 
μm deep using an objective correction collar to reduce spherical aberrations (Urban et al., 2011). It is likely that the combination of STED with two-photon excitation technology (Ding et al., 2009; Moneron and Hell, 2009; Pfeiffer et al., 2018) and adaptive optics (Patton et al., 2016) will allow even greater imaging depth in the near future.

STED microscopy has been applied to fixed samples to investigate the molecular organization at presynaptic sites (Fouquet et al., 2009; Kittel et al., 2006; Wilhelm et al., 2014; Willig et al., 2006) and postsynaptic sites (Broadhead et al., 2016; de Arce et al., 2015; Hruska et al., 2015; Zheng et al., 2011). Live-cell imaging has also been reported to visualize the morphology and dynamics of dendritic spines (
Nagerl et al., 2008; Tonnesen et al., 2011, 2014; Urban et al., 2011
) and to study the dynamics of synaptic vesicles (Hoopmann et al., 2010; Westphal et al., 2008) and synaptic proteins (Hruska et al., 2018; Kamin et al., 2010). Together with the localization-based microscopy techniques discussed in the next section, STED revealed that the cytoskeleton in neurons is periodically organized. It was discovered that short-actin filaments form ringlike structure along axons (D'Este et al., 2016), dendrites (D'Este et al., 2015), and spine necks (Bar et al., 2016). These actin rings are bridged by spectrin and are periodically spaced by ∼200
 
nm. Another contribution of STED is the finding that pre- and postsynaptic proteins can form nanomodules that are coaligned along the synapse and whose number can be modulated by synaptic activity (Hruska et al., 2018). These trans-synaptic nanocolumns are thought to facilitate synaptic communication.

Some early limitations of STED have been partially overcome. One limitation of STED was the difficulty to perform multicolor imaging because each fluorophore must be excited and depleted with two different wavelengths of light. In confocal microscopy, four color imaging can be routinely acquired. With the development of multidepletion laser systems, both two (Hruska et al., 2015; Meyer et al., 2008) and three-color STED is now possible (Hruska et al., 2018; Sidenstein et al., 2016). A key area of need is to develop new fluorophores with long Stokes shift enabling better depletion. Another limitation of STED is that it offers no improvement in the axial direction (∼700
 
nm). This concern has been addressed by creating a doughnut-shaped depletion beam along the z-axis improving the z-resolution to ∼100
 
nm, but it reduces the x-y resolution to ∼60
 
nm (Hein et al., 2008). In addition, photobleaching of the fluorophores can be an issue because STED requires a high-intensity laser to deplete fluorescence in the regions surrounding the central excitation spot (Oracz et al., 2017). In addition to the use of fast resonant scanners that decrease the photobleaching rate of fluorophores, the development of more photostable probes will likely alleviate this drawback (Wurm et al., 2012). Furthermore, a recent strategy coined DyMIN (dynamic intensity minimum) (Heine et al., 2017) drastically reduces photobleaching by adjusting the intensity of the STED depletion beam. In this approach, the STED beam is only turned on when a fluorophore starts emitting, and its intensity is gradually increased till the fluorophore is at the center of the doughnut. DyMIN lowers the dose of the STED light up to 20-fold under common bioimaging conditions. The resulting decrease in photobleaching can lead to a 10-fold increase in signal and a 50% increase in resolution.

Overall, STED microscopy has already deeply impacted our ability to image events at synapses, and recent advances will likely make STED the method of choice to study synaptic structure and molecular organization particularly in living neurons.




5.3.3. Localization-based microscopy

Localization-based microscopy, also called single-molecule localization microscopy, enables superresolution imaging at tenfold the resolution of conventional light microscopes (up to ∼20
 
nm in xy). It is a wide-field microscopy technique in which the entire field of view is illuminated, as opposed to point-scanning microscopy, such as confocal 
or STED. Localization-based microscopy relies on the localization of single fluorescent emitters. If two point sources of light are closer than the diffraction limit (∼250
 
nm), it is not possible to distinguish them using conventional fluorescence microscopy. However, if one can turn on the emitters one at a time, one can precisely pinpoint the location of their center and reconstruct a superresolution image. Localization-based microscopy typically takes advantage of fluorescent dyes and proteins that undergo light-induced photoswitching between a nonemitting (dark) and an emitting (fluorescent) state. By switching molecules on and off, the locations of individual fluorescent molecules can be calculated with a high degree of precision. Assuming ideal conditions, resolution is largely dependent on the number of photons collected from the emitters. For instance, it can be calculated that ∼100 photons per emitter are necessary to achieve a localization precision of 80
 
nm, whereas ∼450 photons would be needed for a 20
 
nm precision (Hess et al., 2006).

In the mid-2000s, the first superresolution technique based on photoactivatable proteins was called PALM (photoactivated localization microscopy) (Betzig et al., 2006; Hess et al., 2006). A similar strategy relying on photoswitchable synthetic dyes that can be reversibly turned on and off was named stochastic optical reconstruction microscopy (STORM) (Rust et al., 2006). Continued development of more variations of these methods include GSDIM (ground state depletion and individual molecule return) (Folling et al., 2008), dSTORM (direct STORM) (Heilemann et al., 2008), sptPALM (single-particle tracking PALM) (Manley et al., 2008), uPAINT (universal point accumulation for imaging in nanoscale topography) (Giannone et al., 2010), and SOFI (superresolution optical fluctuation imaging) (Dertinger et al., 2009). All these localization-based microscopy techniques rely on the principle of temporally modulating the emission of individual fluorophores but differ in the type of probes used or in the modality employed to localize single emitters.

For example, a typical PALM experiment would begin by generating fusion proteins tagged with a photoactivatable protein (e.g., PA-GFP) and then transfect cells with these constructs. For imaging, ultraviolet light (∼400
 
nm) is applied at low intensity to the sample so that only a random and sparse subset of photoactivatable proteins becomes activated (Fig. 5.1G). In this configuration, the probability of having two fluorescent proteins within 250
 
nm (the diffraction limit) is very low. Activated fluorescent proteins are then excited (at 488
 
nm for PA-GFP), and the emitted light is collected at longer wavelengths until it bleaches to an irreversible dark state. The cycle of activation, imaging, and deactivation is then begun again. By collecting hundreds or thousands of these iterative cycles, the image of each individual fluorophore can be computationally fitted to its known diffraction pattern (i.e., the point spread function). A superresolution image can thus be obtained by determining the center of the point spread functions with a precision of ∼10
 
nm. The PALM strategy can also be performed with photoconvertible proteins that are capable of changing their emission wavelength to another by photoactivation. For instance, tandem dimer Eos (tdEos) normally emits around 516
 
nm, but its fluorescence emission can be changed to ∼581
 
nm with activation by ultraviolet light. Using a band-pass filter, the photoconverted fluorophores emitting in the red region (around 581
 
nm) can therefore be easily distinguished from the nonconverted molecules that emit in the green region (around 516
 
nm). Similar to PA-GFP, cycles of activation, emission, and deactivation are repeated to reconstruct a subdiffraction image. Lastly, PALM can also use photoswitchable fluorescent proteins (Chang et al., 2012). For instance, Dronpa, which emits in green, can be switched off by strong blue illumination and be reactivated by weak ultraviolet light.

STORM is similar to PALM, but it uses photoswitchable synthetic dye pairs, typically Cy3-Cy5, attached to an antibody for immunofluorescence or attached to a protein labeling system such as SNAP (Keppler et al., 2003), CLIP (Gautier et al., 2008), or HaloTag (Los et al., 2008). One advantage of protein labeling systems over antibody labeling is their ability to perform STORM imaging in living cells. Using the Cy3–Cy5 pair, Cy5 emission is collected upon red light excitation and then quickly switches to a dark state. Then, the sample is illuminated with green light to excite Cy3, which reverts Cy5 to a fluorescent state, albeit at a much lower density. To reliably photoswitch fluorophores, it is critical to use special imaging buffers containing a reducing agent (e.g., β-mercaptoethanol) and an oxygen scavenging system (e.g., glucose oxidase) (van de Linde and Sauer, 2014). It was later discovered that many synthetic dyes could be photoswitched with ultraviolet light without the need of an activator dye like Cy3, a technique called dSTORM (Dempsey et al., 2011; Heilemann et al., 2008; van de Linde et al., 2011). The ability to use standard fluorophores has arguably turned dSTORM into the most utilized localization-based microscopy approach. However, the downside is that different fluorophores generally have different buffer requirements, which limits its application to multicolor imaging.

Multicolor localization-based microscopy can be performed to study the relative localization of biomolecules. This modality is particularly important for the study of synapses, which contain hundreds different types of proteins. However, multicolor imaging is technically more challenging to implement compared with other superresolution techniques because there are only a limited number of photoswitchable fluorophores that can be spectrally separated. Still, multicolor imaging 
has been conducted even in complex tissues such as brain sections to determine the spatial organization of multiple pre- and postsynaptic proteins (Dani et al., 2010). The authors used a three-color STORM approach to be able to visualize three different types of synaptic proteins. Each color was acquired sequentially using three activation laser wavelengths. However, these experiments were performed in fixed brain sections because the sequential approach dramatically slows down the image acquisition and moving proteins could not be resolved. More recently, three-color dSTORM imaging has been demonstrated thanks the ongoing development of new fluorescent dyes (Lehmann et al., 2016). Two-color PALM experiments have been originally conducted with green (PA-GFP, Dronpa) and orange (Eos variants) fluorescent proteins, but the spectral overlap of these probes has hampered its applicability. The development of red photoactivatable fluorescent proteins, such as PA-mCherry1 and PA-TagRFP, has enabled two-color PALM together with PA-GFP (Subach et al., 2009, 2010).

One limitation of localization-based microscopy is the difficulty to precisely localize fluorophores in thick specimens because of background out-of-focus fluorescence. Localization-based microscopy is thus most often combined with TIRF (total internal reflection microscopy; Axelrod, 1981), a technique allowing the confined excitation of fluorophores within ∼100
 
nm of the coverslip. Unfortunately, this strategy only enables imaging of the bottom parts of specimens. Several strategies have been developed to extend the application of localization-based techniques to 3D imaging. One approach, the astigmatism imaging method, considers altering the shape of the point spread function by introducing a cylindrical lens into the imaging path (Huang et al., 2008; Jones et al., 2011). As a result, images of the fluorophores located in the focal plane appear round, whereas those that are above or below the focal plane appear ellipsoidal. It is thus possible to improve the axial resolution to ∼60
 
nm, but the imaging depth is typically limited to ∼600–800
 
nm. Still, 3D STORM imaging led to the discovery that the actin cytoskeleton in axons was organized as rings periodically separated by ∼200
 
nm (Leterrier et al., 2015; Xu et al., 2013). The same technique was also instrumental in demonstrating that pre- and postsynaptic proteins can form nanocolumns, supposedly to ensure efficient and effective neurotransmission (Tang et al., 2016; York and Zheng, 2017).

Another limitation of localization-based microscopy is its low time resolution, which hampers its use for live-cell imaging. Acquiring tens of thousands of individual frames, which is typical for a localization-based microscopy experiment, takes several minutes, and many biological events occur on a much shorter timescale. In addition, the use of high laser power and ultraviolet light can cause phototoxicity and photodamage (Wäldchen et al., 2015). Nonetheless, live-cell PALM imaging has been reported to study spine dynamics at a spatial resolution of ∼65
 
nm and time resolution of 50s (Izeddin et al., 2011). 3D STORM was also conducted on an epithelial cell line to image clathrin-coated pits labeled via the SNAP-tag technology at spatial resolution of ∼30
 
nm in the lateral direction and ∼50
 
nm in the axial direction at time resolution as fast as 1s (Jones et al., 2011). In addition, the combination of single-particle tracking and PALM, a technique called sptPALM, enables tracking the movement of individual molecules (Manley et al., 2008). The technique was applied to study the dynamics of CaMKII (Lu et al., 2014) and AMPA receptors (Nair et al., 2013) in dendritic spines.

In this section, we have presented the main strategies used to break the diffraction limit of light microscopes. SIM projects a known pattern of interfering light onto the specimen; STED confines the excitation to a subdiffraction spot, whereas localization-based microscopy localizes individual photoswitchable probes and precisely determines their center. Despite the ongoing practical and technical improvements in these methods, none of them are ideal as they do not offer high-speed multicolor 3D imaging of living organisms at nanometer spatial resolution. Before designing an experiment, the user should be aware of the advantages and trade-offs of each technique. Table 5.1 summarizes the main characteristics of the different imaging techniques described in this chapter. Superresolution microscopy is still in its infancy, though it has been dramatically improved in the past few years. SIM, Airyscan, STED, and localization-based microscopy are all commercially available, and further developments are expected, thanks to the ongoing development of fluorescent probes, optical components (lasers, detectors, scanners, etc.), and data processing algorithms. Concomitantly, new techniques are being developed. For instance, MINFLUX (minimal photon fluxes) combines the use of photoswitchable probes, as in localization-based microscopy, with a doughnut-shaped laser, as used in STED (Balzarotti et al., 2017; Eilers et al., 2018). Similar to localization-based microscopy, photoactivation of the fluorophore is performed to infer the positions of emitters, but it is the doughnut-shaped laser that is scanned over the localized emitters that precisely determines their locations. Using DNA origami structures, it was demonstrated that MINFLUX can resolve fluorophores separated by 6
 
nm from each other with a 1
 
nm localization precision. Another novel technique coined COLD (cryogenic optical localization) can now visualize structures with a resolution of only half a nanometer (Weisenburger et al., 2017). COLD is a localization-based technique using photoswitchable probes, but it is performed on samples cooled at extremely low temperature (around −270°C). At this temperature, photobleaching is dramatically slowed down, and each fluorophore can be imaged for a longer time, which increases the localization precision of their center. It remains to be determined how MINFLUX 
and COLD perform on biological tissues, but it is clear that superresolution techniques will continue to deeply impact our understanding of synaptic macromolecular organization.
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Comparison of microscopy methods.


	
	Airyscan
	3D SIM
	STED
	Localization





	3D Resolution
	

[image: icon]


	

[image: icon]


	

[image: icon]


	

[image: icon]





	Depth
	

[image: icon]


	

[image: icon]


	

[image: icon]


	

[image: icon]





	Speed
	

[image: icon]


	

[image: icon]


	

[image: icon]


	

[image: icon]
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Green circles, excellent; orange circles, good; red circles, poor.








5.4. Recent advances in electron microscopy: 3D sectioning techniques and correlative microscopy

Since its invention in the 1930s, TEM has enabled the visualization of subcellular structures of fixed biological specimens, such as synapses, with x-y resolution as low as 2
 
nm. However, it has been a challenge to resolve 3D architectures and to locate multiple labeled biomolecules in the same specimen. In this section, recent EM methods that have improved the sectioning performance of the technique and have allowed 3D reconstitution of fixed tissues are first discussed. Then, the main advances in correlative light and electron microscopy (CLEM), a method that merges fluorescence and electron microscopy to visualize tagged biomolecules in their ultrastructural cellular context are reviewed.



5.4.1. 3D reconstruction

In TEM, a beam of electrons illuminates a section of a specimen, and a contrast image is generated as the beam passes through the sample (Fig. 5.2). Darker regions of the contrast image correspond to regions in the specimen where electrons are absorbed or scattered. Imaging of live samples is not possible with EM because imaging takes place in a vacuum chamber. The technique offers an excellent lateral resolution (<10
 
nm) but provides no resolving information in the direction perpendicular to the sectioning plane. The axial resolution is thus determined by the thickness of the sample. Sequential imaging of multiple ultrathin sections (i.e., 40–80
 
nm) of the specimen is necessary to reconstruct a 3D image. This technique, called ssTEM (serial section TEM), has long been applied to the study of synaptic structures (Fiala et al., 1998; Sjostrand, 1958, Wilhelm et al., 2014) or to map neuronal circuitry within dense neuropil (White et al., 1986). In a typical ssTEM experiment, images from serial sections are first aligned along the xy-axis, and cellular structures are identified and labeled in a process known as segmentation. The segmented images are then compiled across the z-axis for 3D reconstruction. However, the method is laborious and time-consuming because hundreds or thousands of ribbons of fragile sections need to be mounted separately, and multiple images of sections need to be aligned. In addition, the handling process can lead to potential artifacts such as physical distortion of the sections, stain contamination, or even loss of sections.

Some of these limitations have been overcome, thanks to the introduction of the serial block-face scanning EM (SBF-SEM) (Denk and Horstmann, 2004). Unlike transmitted EM, scanning EM generates a contrast image by raster-scanning the specimen with a focused beam of electrons (Fig. 5.2). Electrons that are scattered off the surface of the specimen are then detected. In SBF-SEM, a block of fixed, stained, and embedded specimen up to 500
 
μm thick is prepared, and the surface facing the electron beam is imaged. A thin section (i.e., 30–50
 
nm) is then cut off from the surface of the block by a diamond-knife microtome built into the high-vacuum imaging chamber, and a new image is acquired. This procedure is automatically repeated multiple times by the system to reconstruct a 3D image of the block. Because images are acquired sequentially as sectioning proceeds, there is no problem with aligning multiple sections. Compared with 
ssTEM, SBF-SEM is much faster and limits potential artifacts resulting from manual handling of the sections. Initially, the quality of the ultrastructure obtained was significantly lower than with traditional TEM because of the difficulty to fix and embed contrast agents in tissue blocks. In addition, it is difficult to conduct immunostaining in tissue blocks, particularly in the fixation conditions required by SEM. New advances in genetically encoded protein tags, such as MiniSOG discussed in Section 5.4.3, may help to alleviate these issues (Shu et al., 2011). In addition to developing better fixation, embedding, and tagging tools, new developments have begun to improve the SBF-SEM approach allowing for faster imaging and better reconstruction. For instance, instead of a diamond knife, the use of a focused ion beam that removes layers as thin as 5
 
nm has been reported (Knott et al., 2008; Lehmann et al., 2014), which increases the axial resolution. However, only a very small field of view is practical because it takes a longer time to ablate the surface, and the technique is prone to curtaining artifacts that induce uneven section thickness. Alternatively, automated tape-collecting ultramicrotome SEM (ATUM-SEM) automates the process of collecting the serial sections created with an ultramicrotome located outside the imaging chamber. Thanks to a conveyor belt–like support tape, ATUM-SEM retrieves brain sections from the water boat of a diamond knife immediately as they are cut 
(Kasthuri et al., 2015; Schalek et al., 2011). This technique is not compatible with TEM because the tape is opaque to electrons, and thus, SEM is preferred. This process is faster and greatly reduces errors generated by manually handling of sections. For instance, ATUM-SEM revealed that dendritic spines in the mouse neocortex make contact to nine different axons on average but only form a synapse with one of them (Kasthuri et al., 2015).
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Figure 5.2 New methods in electron microscopy. Methods for 3D reconstruction (top panel): a schematic diagram of the steps involved in the acquisition of tissue volumes using SSTEM, SBFSEM, and SSET. The main differences between these techniques are how sections are cut from embedded tissue blocks, the process of image acquisition, and the subsequent alignment of images. Sections are cut before imaging in SSTEM and SSET, but after imaging in SBFSEM. Transmission electron microscopy (TEM) and high-voltage transmission electron microscopy (HVTEM) are imaging techniques that require “transparent” samples; scanning electron microscopy (SEM), however, is a surface imaging technique. Image stacks collected in the SBFSEM need no further alignment before reconstruction. Cryo-electron tomography (bottom images): Left, presynaptic morphology visualized in tomograms of frozen-hydrated synapses. SV, synaptic vesicle; mit, mitochondrion; SC, synaptic cleft; PSD, postsynaptic density. A high-magnification visualization of the region in the white rectangle shows a tether linking a vesicle to the active zone (white arrowhead). Scale bar in main panel: 100
 
nm. Right, 3D rendering of a synaptosome and corresponding tomographic orthoslices. Synaptic vesicles (yellow), connectors (red), tethers (blue), mitochondria (light blue), microtubule (dark green), plasma membrane (purple), cleft complexes (green), and PSD (orange). Array tomography: (A) Schematic representation of the array tomography method. A tissue specimen is embedded in acrylic resin and cut into ribbons of serial ultrathin (50–200
 
nm) sections, which are then bonded to glass slides. The resulting array is labeled with fluorescent antibodies or other fluorescent stains and imaged to generate ultrahigh-resolution volumetric images. The array can be repeatedly eluted, restained, and fluorescently imaged, and finally, it can also be stained with heavy metals and imaged under a scanning electron microscope. (B) Ultrastructurally identified synapses in the mouse cerebral cortex by SEM. Synapses are labeled with antibodies for the presynaptic protein synapsin (magenta) and visualized by immunofluorescence. The majority of presynaptic boutons are consistently labeled from section to section (arrows), but some are labeled only on a few sections with a weak signal (asterisk). Scale bar: 0.5
 
μm. (C) Top panels, visualization of pre- and postsynaptic proteins in dendritic spines of mouse cerebral cortex. Volume rendering of 45 sections. To better visualize the synaptic markers associated with dendritic spines, only immunofluorescence within 0.5
 
μm of the YFP dendrite was displayed. In the left panel, a 20-μm-long segment from a spiny dendrite of a layer 5 pyramidal cell (green) is shown as it traverses layer 4. In each subsequent panel, the labeling of a synaptic protein is added. Blue, PSD95; Yellow, Bassoon; magenta, synapsin. The postsynaptic protein PSD95 is found within spine heads and closely apposed to the presynaptic proteins Bassoon and synapsin (arrow). Scale bar: 2
 
μm. Bottom panels, the opposite side of the spine marked with an arrowhead in top panels at higher magnification. Scale bar: 0.5
 
μm. 

Reproduced from Briggman and Denk, 2006. Toward neural circuit reconstruction with volume electron microscopy techniques. Current Opinion in Neurobiology 16, 562–570; Reproduced from Fernandez-Busnadiego et al., 2011. Insights into the molecular organization of the neuron by cryo-electron tomography. Journal of Electron Microscopy (Tokyo) 60 (supplement 1), S137–148; (A) Reproduced from Micheva and Smith, 2007. Array tomography: A new tool for imaging the molecular architecture and ultrastructure of neural circuits. Neuron 55, 25–36; (B) Reproduced from Micheva et al., 2010. Single-synapse analysis of a diverse synapse population: Proteomic imaging methods and markers. Neuron 68, 639–653.





A third EM method allowing 3D views of synaptic development is called serial section electron tomography (ssET). ssET was developed in the late 1960s (DeRosier and Klug, 1968), but it was not until the 1990s and the development in instrumentation and computation that the technique became applicable for biomedical research (Koster et al., 1992; Soto et al., 1994). ssET is a transmitted electron microscope that computationally reconstitutes a 3D volume of a relatively thick section of specimen (0.5–3
 
μm) by acquiring multiple images of the same section at different angles (Fig. 5.2). Typically, the sample is tilted at different orientations around an axis perpendicular to the electron beam. One advantage of the technique is that it needs 10–20 times fewer sections than in ssTEM for an equivalent volume, which reduces the limitations introduced by handling multiple sections. ssET also considerably improves the axial resolution (<10
 
nm) below the thinnest sections that can be obtained by an ultramicrotome. Electron tomography has been applied to study the morphology and molecular organization of synaptic structures (Perkins et al., 2015) such as dendritic spines (Shoop et al., 2002), presynaptic vesicles (Zampighi et al., 2006, 2011), presynaptic active zone (Fernández-Busnadiego et al., 2010, 2013; Harlow et al., 2001), synaptic cleft (Lucic et al., 2005b), and postsynaptic density (Chen et al., 2008, 2011). One limitation of electron tomography is the need of multiple acquisitions of the same section to acquire a 3D image. Repetitive excitation of the sample by the high-voltage electron beam can induce distortion of the tissue.




5.4.2. Cryofixation

As previously mentioned, the traditional method to prepare biological samples suitable for EM involves several steps: chemical cross-linking (e.g., glutaraldehyde), dehydration with organic solvents (e.g., acetone), embedding in a plastic resin, ultrathin sectioning, and staining with heavy metals or immunolabels. However, this procedure can introduce artifacts that can blur the interpretation of the EM images. One concern with the fixation and dehydration steps is that they can induce molecular rearrangements such as the alteration of membranes (Dubochet et al., 1983) or the aggregation of proteins (Kellenberger et al., 1987), and physiological artifacts such as the changes in the rate of the release of neurotransmitters (Smith and Reese, 1980). In addition, fixative chemicals slowly diffuse into the cells, and physiological perturbations are inevitable during that period.

Instead of chemically cross-linking the tissue to maintain its structure, a true “snapshot” can be obtained by rapidly freezing the biological specimen within milliseconds. Cryofixation of thin specimens (<10
 
μm) is achieved by plunge freezing (e.g., in liquid ethane), whereas thicker specimens (<200
 
μm) require high-pressure freezing to avoid the formation of deleterious ice crystals (Galway et al., 1995). The unstained frozen samples can then be sectioned and mounted on a low-temperature stage (<170°C) to be analyzed by electron microscopy (Al-Amoudi et al., 2004). This technique called cryo-EM (or cryo-ET for tomography) was awarded the Nobel Prize in Chemistry in 2017. It has the advantage of studying biological specimens in a near-to-physiological state without the need of chemical cross-linkers, dehydrating organic solvents, or stains (Fig. 5.2). Cryo-EM has been applied to study several subcellular structures such as the short tethers interlinking synaptic vesicles (Fernández-Busnadiego et al., 2010, 2013), the molecular complex spanning the synaptic cleft (Lucic et al., 2005a,b; Zuber et al., 2005), the arrangement of cell adhesion molecules (i.e., cadherins) (Al-Amoudi et al., 2007), and the activity-dependent control of the number of dense-core synaptic vesicles (Tao et al., 2018).

One limitation of cryo-EM is that to examine vitreous sections, the electron microscope must be defocused to provide sufficient contrast, which limits the resolution and the sharpness of the image. Freeze substitution is a modified version of the cryofixation method in which the frozen specimen is further processed to be dehydrated and cross-linked at low temperature to avoid ice crystal formation and then embedded in a resin and gradually warmed-up. The technique enables higher-contrast EM images to be generated from rapidly frozen samples. The sample is then thin-sectioned and chemically and/or immunologically stained and imaged by the electron microscope (Rostaing et al., 2004). New technologies have enabled freeze substitution to be less technically challenging and have been valuable for resolving the structure of the active zone in presynaptic terminals (Siksou et al., 2007; Stigloher et al., 2011) and postsynaptic density (Chen et al., 2008, 2011).

An early version of this approach is an elegant example of how technology can be used to reveal important processes in neuroscience. In the late 1970s, Dr. Heuser and Reese used cryofixation to define basic morphological elements of the synaptic vesicle trafficking and release pathways. By building an instrument that enabled the rapid freezing of a live sample of frog muscle following electrical simulation, synaptic vesicles were captured in the act of fusion at the NMJs (Heuser et al., 1979). In this seminal study, tissues were quickly frozen and freeze-fractured. Replica of fractured planes were 
coated by a thin layer of platinum to be examined by TEM. More recently, optogenetic stimulation of neurons (described in Section 5.5) followed by high-pressure freezing at define time points, a technique called “flash-and-freeze” fixation, enables to capture events at synapses milliseconds after stimulation (Watanabe et al., 2013). This technique revealed an unsuspected ultrafast clathrin-independent endocytosis of synaptic vesicles (Watanabe and Boucrot, 2017).




5.4.3. Correlative light and electron microscopy

Correlative light and electron microscopy (CLEM) aims at combining the strengths of fluorescence microscopy with those of electron microscopy. The emergence of genetically encoded fluorophores in the 1990s to specifically label proteins of interest has greatly facilitated the study of their dynamics and function in living cells. However, conventional fluorescence microscopy is limited by its spatial resolution and its lack of cellular context. For instance, it is not possible to determine if a particular membrane protein is located in the pre- or postsynaptic site or if it is inserted in the plasma membrane or internalized in vesicles below the membrane. On the other hand, EM offers the highest spatial resolution and allows for the precise localization of molecules within a “reference space” in which subcellular structures, such as membranes and organelles, can be visualized. However, EM suffers from low immunogold labeling efficiency (i.e., 10%–15% or less), and it is difficult to label several types of proteins at the same time.

An innovative imaging method, called array tomography, offers the advantage of imaging multiple biomolecules in fixed sections by immunofluorescence and then provides structural information on the cellular context by electron microscopy (Collman et al., 2015; Micheva and Smith, 2007; Micheva et al., 2016). In array tomography, each serial ultrathin section of tissues can be fluorescently immunostained several times by washing off the antibodies (Fig. 5.2). The technique was applied to investigate the protein compositions of individual synapses. For instance, it was found that the presynaptic protein synapsin I is present in all synapses of the somatosensory cortex. However, the distribution of 16 other synaptic proteins enabled the discrimination of four subtypes of glutamatergic synapses and four subtypes of GABAergic synapses (Micheva et al., 2010). The use of ultrathin sections (i.e., 50–200
 
nm) for immunofluorescence imaging physically improves the limited axial resolution typically achieved with confocal microscopy (∼700
 
nm). A high-resolution 3D image can then be reconstructed from the serial sections, in which protein localization can be correlated with ultrastructural features. Array tomography opens the door to a more comprehensive understanding of the molecular composition of particular types and subtypes of synapses. A catalog of synaptic families based on their function, morphology, molecular composition, and localization will be beneficial in exploring the synaptic basis of specific behaviors, memories, or neurological diseases (Grant, 2007).

One limitation to array tomography is that the technique is restricted to fixed tissues. Ideally, CLEM would enable the study of fluorescently labeled molecules in living specimens, and after rapid fixation (i.e., by high-pressure freezing followed by freeze substitution and histochemical staining), electron microscopy would provide ultrastructural information. However, one technical challenge has been to preserve the fluorescence of tagged molecules during the fixation process. A procedure has been developed to optimize the fixation and embedding conditions so that endogenous fluorescent markers can be visualized in fixed tissues (Watanabe et al., 2011). For instance, the authors observed a protein (α-liprin) fused with a fluorescent protein by superresolution microscopy, and then performed electron microscopy. The superimposed image obtained by combining both microscopy techniques revealed the localization of α-liprin within presynaptic dense projections. Although fluorescence microscopy was performed after cryofixation in their experiments, their results suggest that living cells could be studied by light microscopy before high-pressure freezing.

CLEM is a fast extending field in which multiple strategies have been used to design probes that are suitable for both fluorescence and electron microscopy (Sosinsky et al., 2007). For instance, recombinant proteins have been genetically engineered to carry a short tetracysteine motif (Gaietta et al., 2002, 2006). The cells expressing the recombinant proteins are then perfused with ReAsH, a membrane-permeant, nonfluorescent molecule that becomes strongly red fluorescent when it binds to the tetracysteine motifs. With intense light illumination, ReAsH has the property of generating singlet oxygen, which polymerizes diaminobenzidine (DAB), a reagent that is added to the cells after fixation. When the cells are stained with osmium fixatives, oxidized DAB forms a highly localized electron-dense precipitate detectable by EM. However, nonspecific labeling and the difficulty of delivering ReAsH into thick tissues have limited its use.

More recently, a novel genetically encoded tag compatible for CLEM has been developed (Shu et al., 2011). MiniSOG (for mini singlet oxygen generator) is a small, green fluorescent flavoprotein (half the size of GFPs) that releases singlet oxygen when excited by blue light. The tagged proteins are then localized in fixed tissues by EM, thanks to DAB polymerization. MiniSOG has been instructive in determining the precise localization of isoforms of synaptogenetic cell adhesion molecules (i.e., SynCAM1 and SynCAM2) in mouse brain tissues. However, it is challenging to apply this technique in thick samples because of the requirement for light to induce DAB polymerization.






An even newer genetically encodable tag that can be used in EM is called APEX (Martell et al., 2012) and its improved version APEX2 (Lam et al., 2015). APEX is a nonfluorescent peroxidase that withstands strong EM fixation and polymerizes DAB. The main difference with miniSOG is that APEX does not require light to polymerize DAB. The technique offers a promising alternative to immunogold labeling, which has a limited labeling efficiency, particularly in thick sections used in SBF-SEM and Cryo-EM (Shi et al., 2017). Importantly, proteins can be tagged with both APEX and a fluorescent protein to perform correlative light electron microscopy (Ariotti et al., 2017). It is likely that its application to neuroscience will be widespread in the coming years.

Electron microscopy has developed considerably over the recent years. Innovations such as electron tomography, cryofixation, and cryo-ET have greatly improved the structural preservation of the specimens and the 3D capability of electron microscopy. These advances conjugated with the emergence of superresolution fluorescence microscopy will likely offer an important tool to visualize individual synaptogenic proteins and to place them in their ultrastructural synaptic context.






5.5. New developments in genetically encoded photosensitive tools

5.5.1. A brief introduction to photosensitive proteins




In 1994, the DNA sequence of a GFP isolated from Aequorea victoria jellyfish was successfully expressed into a functional fluorescent protein in the worm Caenorhabditis elegans (Chalfie et al., 1994). For the next 25 years, the expression of genetically encoded fluorescent markers in cells has had a profound impact on biomedical research. The Nobel Prize in Chemistry rewarded this technological breakthrough in 2008. The fluorescent protein technology is very versatile and has been utilized to address multiple biological questions in many different types of cells and organisms (Chudakov et al., 2010).

Fluorescent proteins have been widely used to label specific cells or proteins. Compared with protein labeling with antibodies, the main advantage of endogenously expressing fluorescent protein tags is the ability to perform live-cell imaging. Fluorescent proteins were originally green, but a wide range of hues from violet to far-red is now available to perform multicolor imaging (Chudakov et al., 2010; Rodriguez et al., 2017). Remarkably, many of these proteins can be expressed in neurons or fused onto proteins with few detectable detrimental effects on cell or protein functions. The largely benign effects and easy visualization of these molecules have led to their wide use. For instance, the expression of diffusible fluorescent proteins to visualize the cytosol of neurons under the microscope has been instrumental for studying the motility of dendritic filopodia that are thought to be precursors of synaptic contacts during synaptogenesis (Dunaevsky et al., 1999; Kayser et al., 2008). Similarly, the expression of fluorescent proteins fused to presynaptic proteins has revealed that preassembled transport packets of synaptic vesicle components were recruited to nascent synapses (Ahmari et al., 2000).

Besides their use as labels, fluorescent proteins have been genetically engineered as biosensors to report a variety of physiological responses with high spatiotemporal resolution. For instance, fluorescent biosensors enable quantitative measurements of dynamic changes in intracellular calcium concentration (e.g., Fast-GCaMP; Badura et al., 2014), in cyclic GMP levels (Thunemann et al., 2013), in cyclic AMP levels (Mukherjee et al., 2016; Paramonov et al., 2015), in PKA activity (Zhang et al., 2001), in membrane potential (St-Pierre et al., 2015), or in synaptic vesicle release and recycling (Granseth et al., 2006; Miesenbock et al., 1998). More biosensors with improved characteristics are being developed and reported. Improvements in fluorophore brightness, specificity of the sensor, and ability to target these probes to specific regions of neurons or synapses are areas that have undergone rapid development over the past few years. Most fluorescent biosensors rely on the conformational change of a protein domain in response to a stimulus of interest. This structural rearrangement induces a change in fluorescence intensity that can be quantified. For a more comprehensive review of fluorescent biosensors and their design, we refer the reader to the following reports (
Chudakov et al., 2010; Frommer et al., 2009; Jin and Schnitzer, 2016; Rodriguez et al., 2017
).

Most of our understanding of cell function comes from deductive studies in which investigators assess a cellular response to a specific perturbation in a signaling pathway. Classical strategies consist of knocking out a protein, down regulating its expression, or controlling its activity by pharmacological agents. All these approaches lack precise temporal and spatial specificity. It is particularly true in neurons where signaling cascades are regulated in a timely manner and are often confined in small subcellular regions such as filopodia or synapses. Light-inducible systems provide a higher spatiotemporal resolution by relying on the use of molecules whose activity can be controlled by illumination. The first photoactivatable systems to be developed were photolabile caged compounds in which the release of molecules such as neurotransmitters or calcium ions can be precisely manipulated by light 
(Callaway and Katz, 1993; Katz and Dalva, 1994; Tsien and Zucker, 1986). The discovery of light-sensitive ion channels such as channel rhodopsin-2 and halorhodopsin ushers the neurosciences into a new era. A novel generation of genetically encoded light-sensitive tools, termed optogenetics, has been developed. This technology employs light to control the activity of photosensitive proteins. In 2005, channel rhodopsin-2, a light-gated ion channel isolated from the unicellular alga Chlamydomonas reinhardtii, was introduced for the first time in neurons (Boyden et al., 2005). With blue light excitation, channel rhodopsins exhibit a conformational change, which induces an inward depolarizing current that can potentiate neuronal spiking. Similarly, halorhodopsins are yellow-light-gated chloride channels isolated from the archaeon Natronomonas pharaonis. Upon photoactivation, halorhodopsins hyperpolarize the targeted neuron (Zhang et al., 2007). Thanks to these genetically encoded tools, researchers can now photocontrol the excitability of neurons by depolarizing or hyperpolarizing their plasma membrane within milliseconds in precise subcellular regions, if needed. Many versions of light-sensitive ion channels, as well as other optogenetic tools, are now being developed to modulate the physiology of neurons (Fenno et al., 2011; Rost et al., 2017). For instance, it is possible to manipulate the production of cyclic AMP (Ryu et al., 2010; Schroder-Lang et al., 2007) and cyclic GMP (Ryu et al., 2010) and the activation of G protein–coupled receptors (Airan et al., 2009; Melyan et al., 2005) and small GTPases (Leung et al., 2008; Levskaya et al., 2009; Wu et al., 2009; Yazawa et al., 2009).

Here, a few examples of recent imaging strategies based on photosensitive tools to study synaptogenesis are presented. First, multicolor expression of fluorescent proteins has been used as cell markers to map neuronal connectivity. A better understanding of the neuronal circuitry in the brain is necessary for investigating the cell specificity of synaptogenic proteins. Second, we present a synaptic biomarker called GRASP that enables the visualization of synapse formation in living tissues. We will then discuss the introduction of a new tyrosine kinase biosensor (GPhosEphB) and optogenetic tool (EphB2-CRY2) that have been developed to study the activity and function of synaptogenic cell adhesion molecules.




5.5.2. Markers of neuronal connectivity

To understand how synapses are made, it is important to establish a map of neuronal circuits in the brain. Such a map, called a connectome, would provide a complete description of the structure and function of synaptic interconnections within a neuronal network (Helmstaedter et al., 2008) and could provide a framework to explore how specific circuits are linked to activities or behaviors. At the cellular level, it would be instructive to resolve the first-order connectivity of individual neurons. For instance, understanding the specific connections lost in animals with defects in synapse formation will be an important tool to define whether specific mechanisms control the formation of certain synapses or whether synaptogenic factors act more broadly. In particular, it remains to be elucidated how the cortical circuitry is affected when synaptogenic factors are absent and what types of connections are missing.

In addition to the EM 3D reconstruction approaches discussed in Section 5.4, genetic fluorescent tools are being developed to visualize neuronal connectivity within the brain. While having lower resolution than EM-based approaches, these tools can be used in live animals and also enable manipulation of circuit function. In the past 10 years, methods making use of trans-synaptic viral infection have been developed and could potentially address these questions regarding the specificity of synaptogenic proteins (Luo et al., 2018; Nassi et al., 2015). One technique relies on genetically modified rabies viruses that have the particularity of spreading trans-synaptically from one infected neuron to its presynaptic neuronal partners (Callaway, 2008; Callaway and Luo, 2015; Kim et al., 2016). The strategy consists of cotransfecting a neuron with DNA plasmids that drive the expression of the receptor for rabies virus, as well as the glycoprotein required for trans-synaptic transport and a fluorescent protein (e.g., red) to label the transfected neuron (Fig. 5.3). The viral particles are then applied to the neurons, but only the ones expressing the viral receptor will be specifically infected. Rabies viruses are genetically modified so that the glycoprotein coding region is replaced by a fluorescent protein coding sequence (e.g., green). Once a neuron is infected, it will express the GFP and assemble new viral particles that will spread retrogradely to presynaptic neurons, thanks to the expression of the viral glycoprotein. These presynaptic neurons are therefore labeled in green, but their viral particles will not be able to infect any other neurons because of the missing viral glycoprotein. As a result, the first neuron infected will be easily distinguished by its red color, whereas its presynaptic partners will only be labeled in green. One potential application of this method for studies in synaptogenesis would be to compare neuronal connectivity in specific brain regions between wild-type neurons and neurons lacking the synaptogenic protein under study. Rabies viruses have also been implemented to drive the expression of a variety of biosensors and optogenetic tools (Osakada et al., 2011; Tian et al., 2016; Wertz et al., 2015). These new advances will likely facilitate functional studies within well-defined neuronal circuits.
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Figure 5.3 Genetically encoded photosensitive tools. Rabies virus trans-synaptic infection: (A) A neuron has been transfected to express the receptor for rabies virus (TVA), as well as the glycoprotein (G) required for trans-synaptic transport and a fluorescent protein to label the neuron in red. The viral particles are then applied to the neurons, but only the ones expressing the viral receptor will be specifically infected. Rabies viruses are genetically modified so that the glycoprotein coding region is replaced by a green fluorescent protein (GFP) coding sequence (Δg). (B) An infected neuron assembles new viral particles that will spread retrogradely to presynaptic neurons, thanks to the expression of the viral glycoprotein. (C) Presynaptic neurons are labeled in green, but their viral particles will not be able to infect any other neurons because of the missing viral glycoprotein. (D) A transfected neuron, marked with a dotted line, expresses a red fluorescence protein (left) at the center of a cluster of monosynaptically connected neurons (right).: (E) Putative connected cells express complementary fragments of split GFP targeted to pre- or postsynaptic extracellular spaces. (F) The two fragments reconstitute GFP only at synapses between the two cells. (G) GFP indicates the size, number, and subcellular positions of synapses. (H) High-magnification images of the dendritic region of a neuron expressing dTomato (left). GRASP is reconstituted in spine heads (right). Design of photosensitive tools to study the synaptogenic proteins EphB, (I) Design of GPhosEphB. A circularly permutated EGFP (cpEGFP) is fused with a peptide containing two consensus phosphorylation sites from the juxtamembrane tyrosine phosphorylation domain of EphB2 and with an SH2 domain that binds to phosphorylated tyrosine residues. When EphB2 is activated, the consensus phosphorylation sites of GPhosEphB become phosphorylated, and the binding of the SH2 domain to the phosphorylated residues induces a conformational change in the cpEGFP that increases its intensity. GPhosEphB reports both increases and decreases in EphB2 activity. (J) An example of a retracting filopodium. Axons are labeled with mTurquoise2 and indicated by dashed lines. GPhosEphB signal shows high and transient EphB2 activity at the tip of the filopodium, as indicated by arrowhead (middle panel). (K) An example of a connecting filopodium. EphB2 activity, as reported by GPhosEphB, is high and stable at the tip of the filopodium. Scale bars in (J) and (K) represent 2
 
μm. (L) Design of EphB2–CRY2, a photoactivatable EphB2. Photoactivation with blue light (∼450
 
nm) induces CRY2–CRY2 interaction. The resulting dimerization of EphB2 receptors result in EphB2 kinase activation and autophosphorylation of the receptor. (M) Example of a filipodium retraction following EphB2 photoactivation. Scale bar represents 2
 
μm. 

(A-C) and (E-G) Reproduced from Wickersham, I.R., Feinberg, E.H., 2012. New technologies for imaging synaptic partners. Current Opinion in Neurobiology 22, 121–127; (D) Reproduced from Wickersham et al., 2007. Monosynaptic restriction of transsynaptic tracing from single, genetically targeted neurons. Neuron 53(5): 639–47; (H). Reproduced from Kim et al., 2011. mGRASP enables mapping mammalian synaptic connectivity with light microscopy. Nature Methods 9, 96–102.; (J–M) are reproduced and modified from Mao et al., 2018. Filopodia conduct target selection in cortical neurons using differences in signal kinetics of a single kinase. Neuron 98, 767–782.






One disadvantage of the viral-based methods lies in the use of rabies virus, which can have toxic effects on cells. Alternative strategies are under development to reduce or delay toxicity (Chatterjee et al., 2018; Ciabatti et al., 2017; Reardon et al., 2016). Another important limitation is the low efficiency of transsynaptic spread. It was estimated that only 10%–50% of presynaptic neurons can be labeled (Callaway and Luo, 2015), which precludes any direct comparison between the functional strengths of the circuits under study.

A novel anterograde trans-synaptic tracing strategy has been recently implemented in Drosophila. Trans-Tango and TRACT are two methods that rely on a ligand–receptor system in which the ligand is specifically expressed in the presynaptic terminals of selected neurons and the receptor expressed in all postsynaptic sites. Upon binding, receptor activation in the postsynaptic neurons triggers the cleavage and release of a transcription factor that drives the expression of a fluorescent protein to label the neuron (Huang et al., 2017; Talay et al., 2017). Further developments are expected to make these methods applicable to mammalian neurons, but these systems are likely to generate less toxicity compared with viral approaches and could potentially be adapted to retrograde tracing. In addition, further studies will be necessary to assess the labeling efficiency of these methods.

Lastly, other fluorescence-based strategies have been reported to trace neuronal connections. For instance, the MADM and the Brainbow transgenic mice were engineered to label multiple neurons with different colors (Livet et al., 2007; Zong et al., 2005; Beattie et al., 2017). These genetic techniques use a mosaic expression of fluorescent proteins to distinguish each individual neurite within the neuropil.




5.5.3. GRASP: a synaptogenic biosensor

A synapse is a small intercellular junction made of a pre- and a postsynaptic site. Traditionally, synapses can be visualized in fluorescence microscopy by double-labeling with antibodies to pre- and postsynaptic proteins (e.g., vGluT1 and PSD-95, respectively). Colocalization of fluorescent puncta indicates where a synapse is located. However, immunofluorescence can only be achieved on fixed tissues, and new methods are therefore needed to visualize synapses in living neurons. GRASP (GFP reconstitution across synaptic partners) is a biosensor technique that relies on the use of split GFP (Feinberg et al., 2008). As indicated by its name, split GFP is composed of two nonfluorescent complementary fragments (called GFP1-10 and GFP11) that become fluorescent when reassembled (Fig. 5.3). In GRASP, each fragment is fused to the extracellular domains of pre- and postsynaptic transmembrane proteins. When an axon and a dendrite come into close apposition to form a synapse, split GFP is reconstituted, and its fluorescence indicates the location of the synapse. The first demonstration of GRASP in a living organism came from the worm C. elegans in which GRASP labeling was able to corroborate previous EM description of synaptic connectivity within well-defined neuronal circuits (Feinberg et al., 2008). Importantly, GRASP could also identify synaptic defects in mutant animals. Besides C. elegans (Feinberg et al., 2008; Park et al., 2011), GRASP has been successfully applied in Drosophila (Gong et al., 2010; Gordon and Scott, 2009; Hasegawa et al., 2016) and in mouse (Kim et al., 2011; Yamagata and Sanes, 2012). To study specific neuronal circuits, the expression of GRASP components can be cell-specifically targeted, thanks to the Cre recombinase system (Kim et al., 2011; Yamagata and Sanes, 2012).






One disadvantage of this approach is that once the two parts of split-GFP assemble, they remain assembled and therefore could influence cell–cell interactions. Also, GRASP signals are weak, and specific antibodies for the reconstituted split GFP have been designed to amplify the signal (Gordon and Scott, 2009; Yamagata and Sanes, 2012). GRASP has been recently modified to only label active synapses (Macpherson et al., 2015). This approach relies on the fusion of one of the split GFP fragments with the extracellular domain of N-synaptobrevin, which is exposed to the synaptic cleft only after neurotransmitter release. In addition, a cyan (CRASP) and a yellow (YRASP) version of GRASP are now available (Li et al., 2016; Macpherson et al., 2015). It is likely that future improvements of the method will enable labeling of different types of synapses. For instance, similar to the GRASP approach, SynView makes use of the synaptogenic neurexin-1β and neuroligin-1 fusion proteins with complementary split GFP fragments positioned in such a way that GFP reconstitution does not compromise their binding affinities and only occurs upon trans-synaptically binding of neurexin/neuroligin (Tsetsenis et al., 2014). It was shown, however, that the use of neuroligin-2 fusion proteins, instead of neuroligin-1, preferentially labeled inhibitory synapses but was not specific to inhibitory synapses, contrarily to its known exclusive expression to inhibitory synapses.




5.5.4. Design of photosensitive tools to study the synaptogenic protein EphB

Filopodia are thin and motile cytoplasmic protrusions thought to be the precursors of synapse formation. In this model, dendritic filopodia explore their environment by making contacts with neighboring axons. Some contacts will later mature into the formation of a synapse, and the filopodium will enlarge into a dendritic spine. It is not known why some contacts successfully evolved into stable synaptic connections, whereas other contacts lead to the retraction of filopodia. One hypothesis is that trans-synaptic cell adhesion molecules might control target selection. Among various synaptic cell adhesion molecules (Dalva et al., 2007; Jang et al., 2017), the receptor tyrosine kinase EphBs and their ligands ephrinBs are attractive candidates. EphB and ephrinB are expressed early in development when filopodia are the most abundant and their interaction is known to regulate filopodial motility (Kayser et al., 2008). Remarkably, ephrin–Eph interaction has been reported to induce both repulsion and attraction (Flanagan and Vanderhaeghen, 1998; McLaughlin et al., 2003). A recent study on the synaptogenic role of ephrin–EphB reports the design of a biosensor to monitor EphB2 activity in filopodia and an optogenetic tool to modulate its activity (Mao et al., 2018; Fig. 5.3).

After confirming by STED microscopy that EphB2 is clustered at the tip of both stable and retracted filopodia, the authors hypothesized that differences in kinetics or magnitude of EphB2 kinase signaling might determine whether a filopodium is repulsed or stabilized after contacting an axon. To measure EphB2 tyrosine kinase activity, they designed a genetically encoded biosensor called GPhosEphB. The indicator is composed by a circularly permutated EGFP (cpEGFP) flanked by two consensus phosphorylation sites on the N terminus and an SH2 domain on the C terminus that binds to phosphorylated tyrosine residues. When filopodial EphB2 interacts with axonal ephrinB1, EphB2 tyrosine kinase is activated in filopodia and phosphorylates the consensus phosphorylation sites of the biosensor. As a result, the SH2 domain binds to the consensus sites and induces a conformational change in cpEGFP, which leads to an increase in fluorescence intensity. GPhosEphB2 reports both increases and decreases in tyrosine kinase activity.

Using GPhosEphB, live-cell imaging of cortical neurons showed that EphB2 kinase activity was elevated in both retracting and connecting filopodia. Remarkably, the kinetic of EphB2 activation differed in a way that EphB2 kinase activity rapidly (<1
 
min) reached a maximum in filopodia before they retract. In contrast, EphB activity reached a maximum after ∼3
 
min in filopodia that make stable connections with axons. Interestingly, the magnitude of EphB signaling was the same for both filopodia retraction and stabilization. In addition, bath application of exogenous ligands, ephrinB, slowly increased GPhosEphB2 signal and decreased filopodial motility. It was further showed that the axonal ligand, ephrinB1, was stable in connecting filopodia, whereas it moved away from the sites of contact with retracting filopodia.

To test directly whether rapid EphB2 activation is sufficient to induce filopodia retraction, the authors engineered a photoactivatable EphB2 by fusing the cryptochrome 2 (CRY2) domain of Arabidopsis thaliana, attached to a fluorescent protein for visualization, to full-length EphB2. Photoactivation rapidly induces intermolecular CRY2–CRY2 interactions (Duan et al., 2017), which in turn bring EphB2 subcellular domains into close proximity. As a result, the EphB2 receptors autophosphorylate, and its catalytic kinase function becomes activated (Henderson and Dalva, 2018). Using the EphB2–CRY2 optogenetic tool, the authors were able to confirm that rapid photoactivation of EphB2 drives the retraction of dendritic filopodia. Further research will be needed to determine how the kinetic of EphB activity is regulated in filopodia. For instance, EphB signaling could be controlled by phosphatase activity, or other mechanisms such as receptor cleavage, endocytosis, or cis-binding to ephrin ligands (Kania and Klein, 2016). As illustrated by the use of biosensors and optogenetic tools in this study, it is clear that the development of photosensitive tools will continue to profoundly impact our understanding of synaptogenesis.










5.6. New compartmentalized microfluidic platforms to culture and image neurons

Owing to the extreme complexity of the brain, neuroscientists have often adopted a reductionist approach, in which molecular mechanisms are first investigated in vitro in a subset of isolated neurons. If possible, results obtained from in vitro models should be confirmed in higher-order models such as ex vivo organotypic brain slices or in vivo in whole animal models. Dissociated neuronal culture techniques introduced in the 1960s consist of extracting a particular region of the brain, dissociating the tissue by enzyme digestion, and culturing the dispersed cells in a dish. The use of a simplified and controlled environment is often more convenient to investigate the molecular basis of neuronal function by fluorescence microscopy. However, even the dissociated neuron system is sometimes too complicated to address specific questions on synaptogenesis. For instance, synaptogenic cell adhesion molecules involve a bidirectional signaling across the synapse that complicates the determination of its pre- or postsynaptic function. In addition, dissociated cultured neurons lose their spatial organization, resulting in a disordered connectivity of neurons where axons and dendrites are intertwined, which makes it technically difficult to distinguish specific connections between two neurons. In the past decade, the development of microfluidic technology has enabled the miniaturization of cell culture platforms to observe neurons in a controlled and compartmentalized microenvironment. Two examples are provided in the following.



5.6.1. A microfluidic platform to study synaptogenic cell adhesion molecules in mixed-culture assays

Cell adhesion molecules are thought to play a key role in the initiation of synaptic contacts and in the molecular organization of synaptic assembly (Dalva et al., 2007). The study of cell adhesion molecules is complicated by their bidirectional signaling between pre- and postsynaptic neurons and by the presence of multiple transsynaptic proteins acting in parallel. In 2000, a mixed-culture assay was developed, where neurons are cocultured with nonneuronal cells (e.g., HEK 293 cells) expressing the cell adhesion molecules under study (Biederer and Scheiffele, 2007; Scheiffele et al., 2000). The basis of the assay is to split the bidirectional signaling across a synapse into separate one-directional signals through a hemisynapse. Mixed-culture assays have become an important tool to identify new synaptogenic proteins. For instance, expression of the postsynaptic protein neuroligin in nonneuronal cells was sufficient to induce morphological and functional presynaptic differentiation in contacting axons (Scheiffele et al., 2000). Similarly, SynCAM (Biederer et al., 2002), netrin-G ligand (Kim et al., 2006), EphB2 (Kayser et al., 2006), ephrinBs (McClelland et al., 2010), and LRRTM (Linhoff et al., 2009) were also found to promote presynaptic differentiation. Conversely, nonneuronal cells expressing neurexin-1, a presynaptic receptor for neuroligin-1, can induce postsynaptic differentiation in contacting dendrites (Graf et al., 2004).

More recently, the mixed-culture assay has been implemented to enable high-throughput and quantitative screening of molecules promoting presynaptic differentiation (Shi et al., 2011). The synapse microarray is a microfluidic platform composed of two main compartments connected by parallel microgrooves (Fig. 5.4). Dissociated neurons are cultured in one compartment, whereas the other compartment contains microwells in which nonneuronal cells expressing synaptogenetic transmembrane proteins are cultured. After a few days, axons emanating from the first compartment expand into the microgrooves and make contact with the nonneuronal cells of the second compartment. Importantly, the microgrooves are too long (∼300
 
μm) for dendrites to reach the nonneuronal cells. Axons are therefore physically isolated from dendrites and somata. Axons can then be immunostained for a presynaptic marker (e.g., synapsin), and presynaptic specialization is quantified by measuring the total fluorescence intensity of synapsin puncta in each microwell. Up to 32 microfluidic platforms can be incorporated into a standard 96-well plate, and image acquisition and analysis can be fully automated. This approach is suitable for high-throughput screening of expression libraries or chemical libraries to identify new synaptogenic proteins and drugs modulating the activity of known synaptogenic proteins. For instance, it was found that histone deacetylase inhibitors could improve neuroligin-1-induced presynaptic specialization (Shi et al., 2011).




5.6.2. Neuronal microfluidic platforms to study synapses

The brain is composed of a highly complex and dense network of neurons of different classes exhibiting different morphologies and functions. Dissociated neuron cultures constitute a simplified model in which genetic manipulation and microscopic imaging techniques are more easily achieved. However, even neurons grown in a dish display a complex network of neurites, and thus, a more structured organization would be beneficial to investigate localized events. A multicompartment culturing system was introduced in the late 1970s in which a culture dish is divided into three chambers by a Teflon piece sealed to the floor with silicone grease (Campenot, 1977). Neurons are plated in the central chamber, and parallel scratches guide the growing neurites into the side chambers. This system physically separates somata from 
neurites, and therefore, it enables, for instance, the study of the effects of different experimental conditions (e.g., growth factors, drugs) in each chamber. However, the so-called Campenot chambers suffer from technical limitations such as leakage between chambers.



[image: image]



Figure 5.4 New microfluidic devices to study synaptogenesis. Synapse microarray: (A) Schematic of the synapse microarray technology in which neurons are loaded and cultured in compartment (cmpt) 1. (B) Neurite extends through the microchannels (325
 
μm long and 10
 
μm wide) and forms a dense network in cmpt 2. Cmpt 2 is covered by a layer of 80-μm-thick silicon membrane containing 30-μm-diameter through-holes (see inset in left panel). The membrane is held 3
 
μm above the substrate via dispersed 10-μm-diameter posts (see inset in left panel). (C) HEK293 cells (red spots) expressing neuroligin-1 (NLG1) are then seeded into the through-holes and cocultured with neurons for 1–2 days in the presence of screening factors before immunostaining for synaptic markers. In inset, NRX represents neurexin. (D) HEK293 cells grown in microwells (white circles) are immunostained for synapsin (a presynaptic marker), in green. Scale bar: 100
 
μm. (E) View of the boxed region in the left panel (NLG1 immunostaining in red). Scale bar: 30
 
μm. Compartmentalized cultures: (F) Left, schematic representation of a microfluidic chamber. For clarity, the silicon mold is not shown. The fluid is shown in black. The four circular wells provide access for the introduced neurons and are filled with media to support neuronal growth. Microgrooves connect the two rectangular compartments that house two independent populations of neurons. Right, neuronal processes, extending from compartmentalized neuronal cell bodies, establish contact within the microgrooves. Two sets of neurons were introduced into the left and right compartments. Neurons on the left expressed GFP, whereas neurons on the right expressed RFP. Red- and green-labeled processes are evident within the microgrooves. Scale bar: 150
 
μm. (G) Left, schematic representation of a local perfusion chamber showing the perfusion inlet well and channel in yellow. Fluid is withdrawn from the perfusion channel by a syringe pump connected to a tubing outlet (gray peg on right). The silicon mold is not shown. Right, fluorescence image of a neuron loaded with the calcium indicator Fluo-4 NW. Two minutes after local dendritic perfusion of glutamate, Fluo-4 NW signal increased rapidly in perfused dendrite, followed by a slower rise in soma. Scale bar: 25
 
μm. 

(A-E). Reproduced from Shi et al., 2011. Synapse microarray identification of small molecules that enhance synaptogenesis. Nature Communications 2, 510. (F-G). Reproduced from Taylor et al., 2010. Microfluidic local perfusion chambers for the visualization and manipulation of synapses. Neuron 66, 57–68.





As illustrated earlier with the synapse microarray, microfluidic devices offer the advantages of manipulating microenvironments with high spatiotemporal control. Campenot-like chambers have therefore been adapted to the microscale level (Taylor et al., 2003, 2005). Compartmentalized microfluidic neuronal culture platforms are typically composed of two opposite chambers connected by parallel microgrooves (Fig. 5.4). Neurons are cultured in the two chambers, and their neurites can grow out within the microgrooves where they make synaptic contacts. Because axons grow longer than dendrites, the central part of the microgrooves only contains axonal processes, whereas the sides proximal to the chambers contain both axonal and dendritic processes. The regions where dendrites from one chamber connect with axons from the opposite chamber can be particularly valuable for the study of synapse formation. For instance, the two neuronal populations can be genetically or pharmacologically manipulated separately, and the effect on synapse formation can be assessed. More recently, this microfluidic device has been implemented to include a 50-μm-wide perfusion channel running perpendicular to the microgrooves (Taylor et al., 2010). This channel has been designed in such a way that only the synaptic regions of the microgrooves are perfused (Fig. 5.4). As a proof of principle, synapse-to-nucleus signaling was studied by locally perfusing glutamate to the synaptic regions. Glutamate perfusion led to a rapid increase in intracellular calcium levels in dendritic regions, whereas a slower rise was observed in the distal somata, as measured by live-cell fluorescence microscopy. In addition, pulsatile glutamate perfusion in the dendritic regions increased CREB phosphorylation, an indicator of gene expression, to a greater extent than continuous delivery of glutamate, as measured by immunofluorescence. This high spatiotemporal control of perfusion will enable unprecedented pharmacological perturbations of synapse formation.

Over the past decade, the development of compartmentalized microfluidic platforms has impacted multiple research fields in neurosciences. For instance, they were utilized to investigate the interaction between different neuronal cell types (Li et al., 2012; Park et al., 2012) and between neurons and nonneuronal cell types (Lei et al., 2016; Pagella et al., 2014; Southam et al., 2013), to study growth cone and axon guidance (Deglincerti et al., 2015; Menon et al., 2015), synaptic competition (Coquinco et al., 2014), axonal regeneration (Park et al., 2014), and axonal transport (Cox et al., 2008; Lu et al., 2012). More detailed reports of this emerging field have been recently reviewed (Jadhav et al., 2016; Jorfi et al., 2018; Neto et al., 2016).





5.7. Conclusion

New technological breakthroughs usually pave the way to new scientific discoveries. The emergence of microscopic techniques, such as electron microscopy in the 1950s and fluorescence microscopy coupled with FP technology in the 1990s, has deeply impacted our understanding of neuron morphology and function. However, these techniques have limitations that hampered the study of synapse formation. For instance, fluorescence microscopy lacks the spatial resolution required for visualizing individual proteins within a synapse. Electron microscopy, on the other hand, can achieve unicolor imaging only in nonliving tissues and has a poor 3D sectioning capability. The principles of superresolution fluorescence microscopy, which improves the spatial resolution up to 20 times compared with conventional fluorescence microscopy, have been introduced (Section 5.3). Recent advances in electron microscopy that ameliorate its rendering of 3D cytoarchitecture, as well as correlative imaging techniques that combine the strengths of fluorescence and electron microscopy, have also been discussed (Section 5.4). All these innovations address one fundamental 
limitation to the study of synapse formation: their small size. Thus, these new technologies will facilitate the localization of synaptogenetic proteins, their arrangement within macromolecular complexes, and the timing of their recruitment to nascent synapses.

Besides the small size of synapses, the density of neuronal networks and the complexity of neuronal interconnectivity (one pyramidal neuron is connected to ∼1000 other neurons) are two other hurdles that complicate the study of synapse formation. The development of viral trans-synaptic infection techniques enables the labeling of all presynaptic partners of a neuron under study (Section 5.5.2). In addition, the novel fluorescent biosensor, GRASP, allows the visualization of nascent synapses between two neurons (Section 5.5.3). Finally, mixed-culture assays and microfluidic devices simplify and structure the neuronal circuitry in such a way that well-defined synaptic regions can be studied (Section 5.6).

Considering the rapid advancement of microscopic imaging techniques, the future holds great promise for the synaptogenesis research field. For instance, the development of photosensitive tools that can report or modulate the activity of synaptic proteins will facilitate the study of the mechanisms involved during synaptogenesis Section 5.5.4. All the innovations presented in this chapter will help neuroscientists to observe synapse formation at the subcellular level, to discover new synaptogenetic factors, and to determine their specificity in the formation of connections between neurons of different types within different subregions of a neuron. In addition, the new techniques will help to unveil the signaling pathways involved in synaptogenesis and to reconstitute the spatiotemporal structural organization of molecular complexes in nascent synapses.
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Abstract


Wnt proteins play a critical role in the formation of neuronal connections by regulating diverse processes from axon guidance to synaptic assembly. Through the activation of several signaling pathways across the synaptic cleft, Wnts stimulate the assembly of the pre- and postsynaptic terminals. However, Wnts can also inhibit the formation or restrict the localization of synapses. Neuronal activity, which regulates the shape and function of synaptic connections, modulates the release of Wnt proteins and the localization of their receptors to synaptic sites. Recent studies suggest that Wnts regulate activity-mediated changes in synaptic morphology during development and in the adult brain.
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6.1. Introduction

Wnt factors, a large family of secreted proteins, play central roles in many aspects of development. Importantly, mutations in these factors or in components of the signaling pathway have been implicated in a range of pathological conditions including cancer, bone density defects, type II diabetes, familial exudative vitreoretinopathy, neural tube defects, and late-onset Alzheimer disease (Reya and Clevers, 2005; Clevers, 2006; De Ferrari et al., 2007; Milat and Ng, 2009; Nikopoulos et al., 2010; Welters and Kulkarni, 2008).

In the nervous system, Wnts are well established as important regulators of early patterning of the neural tube, neuronal differentiation, cell migration, axon guidance, dendritic development, target specificity, and synapse formation (Fradkin et al., 2010; Inestrosa and Arenas, 2009; Korkut and Budnik, 2009; Salinas and Zou, 2008; Wu et al., 2010). Moreover, the presence of Wnts and their receptors in the adult nervous system (http://www.brain-map.org) indicate that they also play a role later in life. Indeed, Wnts can regulate adult neurogenesis and survival of neuronal progenitors (Kuwabara et al., 2009; Lie et al., 2005), as well as synaptic remodeling (Gogolla et al., 2009).

This chapter focuses on the role of Wnts in the formation of central and peripheral synapses and their emerging role in synaptic modulation in the mature nervous system.





6.2. Wnts and their signaling pathways

6.2.1. Wnt secretion




Studies on Wnts have been challenging due to the large number of Wnt genes, the range of receptors, and the several signaling pathways they activate. In the mouse genome, 19 Wnts and 13 Wnt receptors have been identified. Initial studies 
on Wnt proteins were slow due to the difficulty in isolating these proteins. After more than a decade of studies on Wnts, the nature of their posttranslational modifications revealed why these secreted proteins are difficult to purify. Wnts are glycoproteins that are further modified by the addition of a fatty acid, a palmitate group. Importantly, enzymatic removal of the palmitate moiety or mutations that impair palmitoylation renders the protein inactive (Willert et al., 2003). Palmitoylation increases the hydrophobicity of Wnts and, therefore, influences subcellular trafficking and association with the plasma membrane and other proteins once in the extracellular space. Given these properties, how are Wnt proteins released into the extracellular space? How far do they diffuse?

Due to their hydrophobic nature, Wnts do not diffuse far in the extracellular space without assistance. Although it was initially thought that Wnt proteins were released from expressing cells as free molecules, recent studies at the Drosophila neuromuscular junction (NMJ) revealed that Wingless (Wg), the fly Wnt protein, is released within exosome-like vesicles (Korkut et al., 2009). Genetic analyses led to the identification of Wntless (Wls/Evi), a conserved multipass membrane protein that promotes the secretion of Wnt proteins (Banziger et al., 2006; Bartscherer et al., 2006; Franch-Marro et al., 2008). Wntless deficiency leads to the retention of Wg in the producing cells, resulting in profound developmental defects (Bartscherer et al., 2006). Moreover, Wls is involved not only in the transport of Wg from the endoplasmic reticulum to the plasma membrane but also across the synaptic cleft at the Drosophila NMJ (Korkut et al., 2009) (Fig. 6.1). The finding that Wnt proteins can be transported in vesicles between cells raises many questions. For example, what is the transport rate of these vesicles? Do the vesicles contain other molecules resulting in the coordinated action of several signaling molecules?




6.2.2. Wnt signaling pathways

The ability of Wnts to bind four structurally different classes of receptors results in the activation of distinct signaling cascades (Angers and Moon, 2009; van Amerongen and Nusse, 2009). The most studied and characterized receptors are the seven transmembrane receptors, Frizzled (Fz), which can activate several pathways. Although Fzs can signal on their own, they can also form a complex with the single pass transmembrane coreceptor lipoprotein receptor–related protein (LRP) 5/6 (Semenov et al., 2001; Tamai et al., 2000) or with the FRL1/Crypto coreceptor (Tao et al., 2005). Finally, two other tyrosine kinase receptors, the RYK/Derailed (Drl) and ROR, have been identified as Wnt receptors (for review, see Fradkin et al., 2010; Green et al., 2008).
 Given the large number of Wnt ligands, Fz isoforms, and additional receptors and coreceptors, it is not surprising that Wnts can activate a large range of signaling cascades with distinct cellular outcomes.
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Figure 6.1 Proposed model for the secretion of Wg. The multipass membrane protein Evi/Wntless functions in both sides of the synapse. Wg expressed by motoneurons is transported across the synapse in Evi-containing vesicles. On the postsynaptic membrane, Wg binds to DFz2, resulting in its internalization within a complex-containing Evi and dGRIP. 

Reproduced from Korkut, C., Ataman, B., Ramachandran, P., et al., 2009. Trans-synaptic transmission of vesicular Wnt signals through Evi/Wntless. Cell 139, 393–404.




Three main Wnt signaling cascades have been studied in detail (Fig. 6.2). The best characterized signaling cascade is the canonical or β-catenin pathway. Binding of Wnts to the Fz and coreceptor LRP5 or LRP6 activates dishevelled (Dvl) by a yet unclear mechanism. Dvl is a cytoplasmic scaffold protein that functions as a hub that brings components of the pathway together for an efficient signaling (Gao and Chen, 2009). In addition, Dvl could activate specifically the pathway within confined subcellular compartments (Salinas, 2007). Dvl is phosphorylated when cells are exposed to Wnts; this posttranslational modification may be important for its functions (Chen et al., 2003; Spiegel, 2003). Once activated, Dvl induces the disassembly of the “destruction complex” consisting of the serine/threonine kinase glycogen synthase-3 (Gsk3), the scaffold proteins axin, and adenomatous polyposis coli (APC) protein. The main function of this complex, as its name implies, is to induce the degradation of the cytoplasmic protein β-catenin. Sequential phosphorylation of β-catenin by casein kinase-1 and Gsk3 earmarks β-catenin for ubiquitination and degradation. In the presence of Wnts, the destruction complex disassembles, resulting in the recruitment of axin to the plasma membrane where it binds to the intracellular domain of the coreceptor LRP5/6, resulting in the inability of Gsk3 to phosphorylate β-catenin (Mao et al., 2001; Tamai et al., 2004; Zeng et al., 2005). Nonphosphorylated β-catenin accumulates in the cytoplasm and translocates to the nucleus where, in association with the transcription factors T cell factor (TCF) or lymphocyte enhancer factor (LEF) and other molecules, it activates the transcription of Wnt target genes. Thus, the final outcome of the canonical signaling is the transcriptional regulation of specific genes. However, activation of this pathway does not always result in transcriptional changes. A pathway that diverges downstream of Gsk3 or β-catenin directly regulates the cytoskeleton (Cabello et al., 2010; Ciani et al., 2004; Miech et al., 2008; Purro et al., 2008).

Although several β-catenin-independent or noncanonical pathways have been identified, two specific cascades have been particularly studied. The so-called planar cell polarity (PCP) pathway is activated when Wnts bind to their Fz receptors, but the LRP5/6 receptors seem to be dispensable (Gordon and Nusse, 2006). As in the canonical signaling pathway, Dvl is required downstream of the receptors. Here, Dvl activates one or both of the small GTPases Rac1 and Rho, resulting in the subsequent activation of c-Jun-N-terminal kinase (JNK) and Rock, respectively (Habas et al., 2001, 2003). The modulation of the activity and/or localization of these key molecules result in changes in the cytoskeleton with profound effects on cell division, tissue polarity, and cell shape (Carmona-Fontaine et al., 2008; Gros et al., 2009; Segalen and Bellaiche, 2009).
 In the nervous system, the PCP pathway plays a key role in cell differentiation (Andersson et al., 2008; De Calisto et al., 2005), neuronal migration (Mapp et al., 2010; Vivancos et al., 2009), and dendritic growth and branching (Rosso et al., 2005).
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Figure 6.2 Wnt proteins signal through three main pathways. In the canonical or β-catenin pathway, Wnts act through LRP5/6 and Fz receptors to activate a signaling cascade, resulting in the inhibition of Gsk3 and elevation of β-catenin. Entry of β-catenin to the nucleus increases the transcription of target genes. This pathway can diverge downstream of Gsk3 to regulate axon remodeling and presynaptic differentiation. In the planar cell polarity pathway, Wnts signal through Fz and Dvl to activate Rho GTPases, resulting in changes in the cytoskeleton. This pathway regulates cell polarity, dendrite morphogenesis, and postsynaptic assembly. In the calcium pathway, Wnts, through Fz and Dvl, activate protein kinase C and calcium–calmodulin-dependent protein kinase II, resulting in changes in cell fate determination and cell movement.



The second most-studied, noncanonical pathway is the calcium/calmodulin cascade. As in the other signaling pathways, both Fz and Dvl are required. Here, Wnt–Fz–Dvl signaling activates phospholipase C with the subsequent increase of inositol 1,4,5-triphosphate and the activation of calcium channels, which result in the rise of intracellular calcium. Increased calcium levels can trigger several cascades including the activation of protein kinase C, calcium–calmodulin-dependent protein kinase II (CaMKII), and calmodulin (Kohn and Moon, 2005). However, the sequential steps in this cascade have not been fully characterized. The calcium pathway has been implicated in the control of cell fate and cell migration during early development (Kuhl et al., 2000). In neurons, Wnt5a has been reported to activate this pathway, resulting in profound changes in axon outgrowth (Li et al., 2009).






6.3. Regulation of presynaptic differentiation

6.3.1. Axon remodeling and synaptic bouton formation




The formation of synapses requires the coordinated assembly of the machinery required for neurotransmitter release, on the presynaptic side, and the recruitment of ion channels, neurotransmitter receptors, and signaling complexes, on the postsynaptic side. This assembly is achieved through a dialogue between the presynaptic axon and the postsynaptic cell. A combination of anterograde or retrograde signals and transmembrane proteins contribute to the assembly of pre- and postsynaptic components in perfect apposition. During the initial stages of synaptic assembly, presynaptic axons are remodeled to form synaptic boutons along the axon shaft or at the growth cones (see Chapter 27).

The first study that demonstrated that Wnts influence axon behavior came from gain-of-function experiments in Drosophila. Overexpression of DWnt3, now renamed DWnt5, resulted in increased axon fasciculation (Fradkin et al., 1995). Subsequent studies in rodent neurons demonstrated that Wnt7a induces axon remodeling, a process characterized by increased growth of cone size and complexity, and increased branching, while at the same time, axon outgrowth is decreased (Lucas and Salinas, 1997). The behavior of the axons was distinct from what would have been expected for an attractive or repulsive axon guidance molecule. Instead, the remodeling induced by Wnt is reminiscent of when a growth cone encounters its synaptic target and is converted into a synaptic bouton.

In the cerebellum, granule cells secrete Wnt7a at the time when these neurons make synaptic contacts with their presynaptic targets, the mossy fiber axons that come from outside the cerebellum (Hall et al., 2000). These axons, as their name implies, acquire a mossy appearance upon contact with their postsynaptic granule cells (Hamori and Somogyi, 1983). Consistent with the view that granule cells contribute to the characteristic morphology of mossy fibers, conditioned medium from granule cells induces remodeling of mossy axons in culture. Importantly, the secreted Wnt antagonist, Sfrp1, blocks this axon remodeling. These data suggest that Wnts secreted by granule cells contribute to the remodeling of mossy axons. Indeed, Wnt7a is required in vivo as the Wnt7a null-mutant mice exhibit defects in mossy fiber remodeling, manifested by less complex glomerular rosettes, multisynaptic structures formed between a mossy fiber terminal, and several granule cell dendrites (Hall et al., 2000, Fig. 6.3). Thus, Wnt7a from granule cells acts retrogradely on mossy fibers to induce axon remodeling, a process that contributes to the formation of complex synaptic structures.

At the Drosophila NMJ, Wg regulates the morphology and size of synaptic boutons. In contrast to Wnt7a in the cerebellum, however, Wg is secreted by presynaptic motoneuron axons and acts on both sides of the synapse (Packard et al., 2002; see Chapter 28). Temperature-sensitive allele of wg leads to a reduction in the total number of boutons and those containing active zones and postsynaptic specializations. At the ultrastructural level, boutons have disorganized active zones; some boutons lack T bars (presynaptic structures where synaptic vesicles are present), or the T bars have an amorphous appearance (Fig. 6.4). Thus, loss of Wg function results in changes in bouton number and morphology as well as in the ultrastructure of the synapse.




6.3.2. Cytoskeleton reorganization at the presynaptic terminal

Studies in both vertebrates and in Drosophila have demonstrated that Wnts induce axon remodeling and change synaptic bouton morphology by inducing profound changes in the cytoskeleton. Gain of function of Wnt7a increases the amount of stable microtubules along the axon shaft and in the growth cone, suggesting an increase in microtubule stability (Hall et al., 2000). Indeed, axonal microtubules are more stable in the presence of Wnts. In contrast, loss of Dvl1 function renders axonal microtubules more unstable (Purro et al., 2008). Further studies demonstrated that activation of a divergent 
canonical pathway that requires inhibition of Gsk3, but not transcriptional activity, regulates microtubule stability (Ciani et al., 2004). Although it remains to be determined whether β-catenin is required in this process, these studies suggest that Wnt signaling directly affects the cytoskeleton through changes in Gsk3 activity in axons.
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Figure 6.3 Wnt7a regulates axon terminal remodeling and presynaptic assembly. Cerebellar granule cells secrete Wnt7a when these neurons make contact with mossy fibers (depicted in red). Wnt7a induces the remodeling of mossy fiber axons, resulting in the formation of complex synaptic terminals. Wnt7a also regulates the accumulation of presynaptic proteins in these axons.



Several Gsk3 targets that modulate microtubules have been identified including microtubule-associated proteins Tau, MAP2, and microtubule-associated protein 1B (MAP1B) (Lucas et al., 1998; Sanchez et al., 2000; Sperber et al., 1995). Critically, Wnt decreases the phosphorylation of MAP1B by Gsk3 in axons (Lucas et al., 1998). Biochemical characterization indicates that Gsk3-mediated phosphorylation of MAP1B increases the amount of dynamic microtubules (Goold et al., 1999). Thus, Wnt signaling increases microtubule stability through inhibition of Gsk3 and the subsequent decrease in MAP1B phosphorylation. Do changes in Gsk3-mediated phosphorylation affect bouton structure and morphology? The answer to this question came from studies in the Drosophila peripheral synapse.

At the Drosophila NMJ, a clear role for the Wg–Gsk3 pathway and MAP1B on synaptic microtubule organization has been demonstrated. In wg mutant embryos, boutons exhibit defects in the organization of microtubules with the presence of fewer looped microtubules that contain decreased MAP1B/futsch levels (Packard et al., 2002). Accordantly, futsch mutants 
exhibit defects in the morphology of synaptic boutons and in the organization of synaptic microtubules (Roos et al., 2000), as observed in wg mutants. Similar to the situation in cultured mouse neurons, the Drosophila Shaggy (sgg), the Gsk3 ortholog, regulates synaptic bouton morphology (Miech et al., 2008) and phosphorylates futsch/MAP1B to regulate microtubule organization and stability at the fly NMJ (Franco et al., 2004). Together, these findings strongly support a model where Wnt signaling, through inhibition of Gsk3, regulates the phosphorylation of MAP1B/futsch, resulting in changes in the organization of axonal or synaptic microtubules. These events, in turn, modify the morphology of axons and synaptic boutons (Fig. 6.4).
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Figure 6.4 Role of Wg and DWnt5 at the Drosophila neuromuscular junction (NMJ). Wg is released from the motoneurons as vesicles and acts on the pre- and postsynaptic sides of the synapses. Presynaptically, Wg activates DFz2 and Arrow/LRP6 to regulate the assembly of presynaptic structures such as the T bars and the reorganization of bouton microtubules through the inhibition of Shaggy (Sgg)/Gsk3. Postsynaptically, Wg stimulates the internalization and cleavage of DFz2. The truncated receptor is then transported to the nucleus to regulate postsynaptic assembly. Another Wnt, DWnt5 also regulates synapse assembly by acting through the Drl receptor.



In addition to MAP1B, Wnt signaling through Gsk3 also affects other microtubule-associated proteins, resulting in profound changes in microtubule growth direction. Close examination of the effects of Wnts on axons of dorsal root ganglia (DRG) neurons revealed that the formation of looped microtubules correlates with the slow rate of axonal extension (Purro et al., 2008). To examine the behavior of microtubules in real time, the end of microtubules was labeled with the plus-end microtubule-binding protein EB3 fused to green fluorescent protein (GFP). Time-lapse recordings of neurons expressing EB3–GFP showed that when axons encounter Wnt3a, microtubules lose their directional growth within the growth cone. Rather than splaying toward the leading edge of the growth cone, many microtubules move across the growth cones and in a retrograde direction. Moreover, a large number of microtubules do not have a persistent trajectory. Thus, loss of directional growth of polymerizing microtubules seems to contribute to the formation of microtubule loops, to a decreased rate of growth cone translocation, and to the increase in growth cone size. Analyses of the proteins present at the plus end of microtubules showed that Wnt3a not only induces the loss of APC, which is a component of the canonical Wnt pathway but also functions as a microtubule plus-end-binding protein (for review, see Etienne-Manneville, 2009; McCartney and Nathke, 2008). Knockdown of APC with short hairpin RNA (ShRNA) in neurons fully mimics the phenotype induced by Wnts (Purro et al., 2008). Although it is unclear how Wnt3a induces the loss of APC from the plus ends of microtubules, these studies demonstrate that Wnt signaling can directly modulate the directionality of microtubule growth through the loss of APC.

The findings discussed earlier provide strong evidence that Wnt signaling modulates the phosphorylation and localization of cytoskeletal proteins through the inhibition of Gsk3. Moreover, several components of the canonical pathway are associated to the cytoskeleton. For example, Dvl, Axin, Gsk3, APC, and β-catenin bind to microtubules (Salinas, 2007), and some of them also bind to the actin cytoskeleton. The ability of these molecules to bind to the cytoskeleton suggests that activation of the Wnt pathway within a cellular compartment could ensure that changes occur locally rather than globally within the cell.




6.3.3. Recruitment of presynaptic components

The first evidence that Wnt signaling modulates synapse formation came from studies showing that, in cultured cerebellar neurons, Wnt7a increases the clustering of the presynaptic protein synapsin I (Lucas and Salinas, 1997), a hallmark of presynaptic assembly. A later study provided clear evidence for a role of Wnt in vivo. In the mouse cerebellum, Wnt7a is highly expressed in granule cells when these neurons make synaptic contacts with mossy fiber axons. Granule cells secrete factors with a strong synaptogenic activity for mossy fiber axons, and this activity is severely blocked by the secreted Wnt antagonists. Importantly, Wnt7a increases the clustering of several presynaptic proteins in mossy fibers. Conversely, the Wnt7a-mutant mice exhibit defects in the accumulation of presynaptic proteins in mossy fibers in vivo (Hall et al., 2000). These findings, together with those of axon remodeling, demonstrate that Wnt7a from granule cells acts retrogradely on the presynaptic mossy axons to regulate both the terminal remodeling of axons and the clustering of presynaptic components (Fig. 6.3). The effect of Wnts is not restricted to the cerebellum, as Wnts can stimulate presynaptic differentiation in DRG (Krylova et al., 2002) and hippocampal neurons (Davis et al., 2008; Sahores et al., 2010; Varela-Nallar et al., 2009).

Which signaling pathway regulates presynaptic differentiation? The Dvl1 mutant mice have similar presynaptic defects in the cerebellum to the Wnt7a mutant (Ahmad-Annuar et al., 2006). Moreover, double-mutant Wnt7a/Dvl1 mice exhibit a stronger defect than single mutants, indicating a genetic interaction between Wnt7a and Dvl1 (Ahmad-Annuar et al., 2006). Further studies demonstrated that as in axon remodeling, Wnt signals through Gsk3 to stimulate the clustering of presynaptic proteins (Davis et al., 2008; Hall et al., 2000). The mechanism by which inhibition of Gsk3 induces presynaptic clustering remains poorly understood. Wnts could signal to the nucleus and thereby influence synaptic clustering, or they could more directly induce the recruitment or transport of synaptic components to future synaptic sites.

One central question in the quest to understand the mechanisms that control synaptic assembly is “what determines the site where synaptic assembly is initiated?” Studies in vertebrate cells and in the fly demonstrate that Fz receptors are crucial in this process. At the Drosophila NMJ, DFz2 is localized to, and required at, both sides of the synapse (Ataman et al., 2006). Interestingly, different signaling pathways are activated at the pre- and postsynaptic sides. On the presynaptic 
terminal, Wg binding to Dfz2 and Arrow/LRP6 receptors leads to the activation of the canonical Wnt pathway, resulting in the inhibition of Sgg/Gsk3 and changes in the cytoskeleton (Miech et al., 2008; Packard et al., 2002). However, it is still unclear how presynaptic components are recruited to the presynaptic site.

At vertebrate central synapses, the role of Fz receptors in presynaptic differentiation has also been demonstrated. In hippocampal neurons, several Fz receptors are expressed (Davis et al., 2008; Sahores et al., 2010; Varela-Nallar et al., 2009). Axonal expression of Fz1, which localizes to synapses, increases the number of clusters for the active zone protein Bassoon and the number of vesicle recycling sites. Importantly, blockade of Fz1 function by expression of the cystein-rich domain (CRD) of Fz1 results in a decreased number of presynaptic sites (Varela-Nallar et al., 2009). These results demonstrate that Fz1 contributes to presynaptic assembly in hippocampal neurons. Another study also showed that Fz5 regulates synaptic assembly in hippocampal neurons. Fz5 is expressed in the hippocampus during the peak of synaptogenesis and is present in axons and dendrites (Sahores et al., 2010). As neurons mature, a pool of this receptor localizes to both sides of the synapse with preference to the presynaptic membrane. Expression of Fz5 on axons stimulates the formation of presynaptic sites. Conversely, exposure to the CRD domain or shRNA knockdown of Fz5 significantly decreases the number of presynaptic sites. Binding assays demonstrated that Wnt7a, which is also expressed in the hippocampus, binds to the CRD domain of Fz5 (Carmon and Loose, 2008; Sahores et al., 2010). Importantly, shRNA knockdown of Fz5 suppresses the synaptogenic activity of Wnt7a (Sahores et al., 2010). Thus, Fz5 is a key receptor for the synaptic organizer Wnt7a. In summary, both Fz1 and Fz5 play a role in synaptogenesis in hippocampal neurons. Further studies are needed to elucidate the in vivo role of these receptors at central synapses.

In addition to Fz receptors, Wnts stimulate presynaptic differentiation in hippocampal neurons through Ror1 and Ror2 receptors. RNA knockdown of these receptors by RNAi or by antisense oligonucleotides decreases the number of synaptophysin puncta in cultured hippocampal neurons. Biochemical analyses revealed that Wnt5a binds to Ror receptors, and suppression of Ror1 or Ror2 expression blocks the ability of Wnt5a to stimulate presynaptic differentiation in cultured neurons (Paganoni et al., 2010). Thus, signaling through two different Wnt ligands and different receptors contributes to the assembly of presynaptic sites in hippocampal neurons. Why are two Wnts involved in synapse formation? Do these signals have a cooperative effect? Future studies will address these questions.






6.4. Regulation of postsynaptic organization

6.4.1. Postsynaptic assembly of invertebrate peripheral synapses




Wnts also signal to the postsynaptic side of the synapse. The first evidence came from studies at the Drosophila NMJ. Dfz2 is present at the pre- and postsynaptic membranes, but, on the postsynaptic muscle cell, Dfz2 is endocytosed, transported to the perinuclear area, and subsequently cleaved. The truncated C-terminus domain is subsequently imported to the nucleus to regulate postsynaptic assembly (Mathew et al., 2005, Fig. 6.1). The transport of the receptor to the nucleus is regulated by dGRIP, an anchoring protein that directly interacts with DFz2 through two of its PDZ (a domain found in the PSD-96, Disc Large, and ZO1 proteins) domains. A combination of genetic and tissue-specific RNA interference experiments demonstrated that loss of dgrip function results in the formation of fewer synaptic boutons with abnormal morphology (Ataman et al., 2006). These defects are similar to those observed in wg mutants and when expression of dfz2 is reduced at the postsynaptic side (Packard et al., 2002). Importantly, selective knockdown of dgrip in the postsynaptic cell results in defects in the accumulation of postsynaptic markers and in the formation of postsynaptic specializations such as the subsynaptic reticulum. However, postsynaptic loss of dgrip also results in defects on the presynaptic side. In summary, these results demonstrate that dGRIP is crucial for the transport of DFz2 from the postsynaptic membrane to the nucleus and for synaptic assembly (Ataman et al., 2006). The exact mechanism by which the truncated DFz2 regulates postsynaptic assembly remains to be determined. Whether a similar mechanism operates in vertebrates is currently unknown.

In Drosophila, Wnt5 also regulates NMJ formation. In contrast to Wg, Wnt5 signals through Drl, an atypical tyrosine kinase receptor (Liebl et al., 2008), and the fly ortholog of the RYK receptor (Hovens et al., 1992). The wnt5 mutant exhibits a reduction in the frequency of excitatory junctional currents and in the amplitude of the evoked junctional currents. Consistent with these electrophysiological defects, the density of the active zones and the number of boutons is reduced. Mutations in drl also result in a reduced number of synaptic boutons and suppress the effect of synaptic overgrowth induced by overexpression of Wnt5. Several experiments support the model where Wnt5 from motoneurons signals across the synaptic cleft on Drl, expressing muscle cells to regulate NMJ formation (Liebl et al., 2008). Thus, two Wnt signaling pathways, one through the DFz2 receptor and another through the Drl, regulate NMJ formation in Drosophila (Fig. 6.4). This conclusion raises a number of questions. Why are two pathways required for NMJ formation? Do both pathways function in parallel or do they influence each other?









6.4.2. Vertebrate neuromuscular synapse

At the vertebrate NMJ, Wnts also regulate postsynaptic organization. In contrast to the Drosophila glutamatergic synapse, the vertebrate NMJ is cholinergic. Here, acetylcholine receptors (AChRs) cluster in perfect apposition to the presynaptic axon terminal. However, early in development and before the arrival of motoneuron axons, AChRs form aneural clusters in the central domain of muscles, a process called prepatterning (for review, see Wu et al. (2010)). Later, with the arrival of motoneurons to the muscle field, bidirectional signaling between the presynaptic motor axon and the postsynaptic muscle cell regulates the assembly of NMJ. It is well established that the heparan sulfate proteoglycan agrin is released from the motoneurons and stimulates the clustering of AChRs on the muscle (McMahan, 1990) through muscle-specific kinase (MuSK), a tyrosine kinase receptor and the scaffold protein rapsyn (for review, see Wu et al., 2010). However, agrin plays a role not only in the formation but in the maintenance of the NMJ (for review, see Kummer et al., 2006; Wu et al., 2010; see Chapter 29). Recent studies demonstrate that Wnts regulate both early prepatterning of AChRs and the formation of the NMJ proper.




6.4.3. Prepatterning of acetylcholine receptors in muscle cells

Before the arrival of motor axons, aneural AChRs cluster in the central domain of the muscle, and this process is under the regulation of MuSK (Lin et al., 2001). Although MuSK functions as the receptor for agrin, during prepatterning, MuSK can induce AChR clusters independent of agrin and of the presence of motor axons (Lin et al., 2001). These findings suggest that MuSK is likely to be activated by a ligand coming from the muscle or surrounding tissues to regulate prepatterning (see Chapter 29).

Using zebrafish embryos, Granato and colleagues demonstrated that Wnt acts through MuSK to regulate prepatterning. Morpholino knockdown of Wnt11r results in severe defects in the clustering of aneural AChRs (Jing et al., 2009). Wnt11r binds to unplugged/MuSK receptors and requires unplugged for its function. Deletion analyses showed that Dvl, through a noncanonical pathway, regulates this process (Jing et al., 2009). Thus, Wnt11r by binding to unplugged activates a signaling cascade that stimulates the clustering of aneural AChRs in the central region of the muscle before the arrival of the motoneuron axons (Fig. 6.5).
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Figure 6.5 Wnt signaling at the vertebrate neuromuscular junction. (A) Before the arrival of the nerve, Wnt11r binds to MuSK to regulate the formation of aneural clusters, and Dvl is required for this process. It remains to be determined whether Wnt11r also signals through LRP4 or Fz (depicted in yellow). (B) During formation of the NMJ, agrin and Wnt collaborate to regulate the formation of AChR clusters. Wnt through the activation of Rac1 stimulates the formation of unstable microclusters, which are then converted to larger and stable clusters in the presence of agrin and activation of Rho.











6.4.4. Assembly of the neuromuscular synapse

Although prepatterning of AChRs in the central muscle region is crucial for the appropriate targeting of motor axons, it is not required for the formation of neuromuscular synapses later in development (Jing et al., 2009; Lomo, 2003). These findings raise the question: what controls the latter formation of proper synapses? It is well established that the motoneuron-derived, secreted protein agrin plays a crucial role in NMJ formation and maintenance (for review see Kummer et al., 2006; Wu et al., 2010). Through a combination of genetic and cell culture studies, a model has emerged in which agrin-MuSK signaling triggers the clustering of AChRs through the scaffold protein rapsyn (Apel et al., 1997; Gautam et al., 1995) and activation of Rho GTPases (Weston et al., 2000, 2003). However, other signals could influence agrin function.

A recent study revealed that Wnts collaborate with agrin to regulate clustering of AChRs during the formation of the NMJ. Ectopic expression of Wnt3, which is normally expressed by motoneurons, stimulates the formation of AChR clusters in the chick limb. Conversely, blockade of endogenous Wnts with the secreted Wnt antagonist Sfrp1 substantially decreases the formation of AChR clusters in the limb (Henriquez et al., 2008). Experiments using cultured myotubes showed that Wnt3 increases the formation of small and unstable clusters of AChRs. In the presence of agrin, in contrast, these microclusters get converted to large stable clusters. Thus, Wnt3 increases the clustering activity of agrin by increasing the number of microclusters.

How does Wnt signaling regulate AChR clustering? Dvl has been shown to bind to MuSK and is required for agrin-mediated clustering of AChRs in culture myotubes (Luo et al., 2002). Moreover, Dvl1 knockout mutant mice exhibit defects similar to those caused by loss of agrin, albeit mild, in the clustering of AChRs in the diaphragm (Henriquez et al., 2008). Moreover, Dvl seems to signal through a noncanonical pathway to regulate AChR clustering (Luo et al., 2002).

Earlier studies had demonstrated that agrin induces clustering through the activation of both Rac and Rho (Weston et al., 2000, 2003). Interestingly, Wnt3 alone activates Rac1, whereas agrin activates both Rac and Rho. Moreover, blockade of Rac activity suppresses the ability of Wnt3 to induce the formation of microclusters in myotubes (Henriquez et al., 2008). The combined results in the chick and mouse systems strongly support a role for Wnts in collaborating with agrin to regulate the clustering of AChRs, a prerequisite for postsynaptic assembly (Fig. 6.5). However, it remains to be determined whether Wnt3 or other Wnts from motoneurons play a role in agrin-mediated synaptic assembly. Although the data strongly suggest that Wnt3 collaborates with agrin by further increasing Rac activity, the question as to how Wnts enhance agrin activity remains open.

Although the receptors that mediate Wnt function during NMJ formation remain poorly characterized, some studies point to the agrin receptor MuSK and its coreceptor LRP4. The finding that Wnt11r binds to MuSK raises the possibility that, in higher vertebrates, Wnts might bind to MuSK to stimulate agrin function. However, other models are also possible. For example, agrin does not bind directly to MuSK but binds to LRP4, a single-pass membrane receptor (Kim et al., 2008; Zhang et al., 2008). LRP4 is expressed in muscle cells and required for agrin function and NMJ formation (Kim et al., 2008; Weatherbee et al., 2006; Zhang et al., 2008). Both receptors, MuSK and LRP4, share homology with the extracellular domains of Fz (Masiakowski and Yancopoulos, 1998; Saldanha et al., 1998; Stiegler et al., 2009) and LRP5/6 receptors, respectively (Schneider and Nimpf, 2003). As Wnts stimulate the formation of a complex between Fzs and LRP5/6, Wnt could collaborate with agrin by increasing the binding of agrin to its receptors, LRP4 and MuSK, resulting in the formation of a functional ligand–receptor complex. Further studies are needed to establish the mechanism by which Wnts collaborate with agrin at the NMJ.




6.4.5. Postsynaptic assembly at central synapses

At the vertebrate central nervous system (CNS), much less is known about the role of Wnt signaling in postsynaptic organization. Studies using cultured hippocampal neurons have demonstrated that short-term (1
 
h) exposure to Wnt5a increases the number of puncta of PSD-95 (Farias et al., 2009), a protein crucial for the synaptic localization of glutamate receptors and a hallmark of postsynaptic differentiation (Kim and Sheng, 2004; Sheng and Hoogenraad, 2007). Interestingly, Wnt5a does not affect the clustering of synaptophysin during this short exposure, suggesting that this Wnt factor directly affects the organization of the postsynaptic side without affecting the presynaptic terminal. Rather than affecting the total level of PSD-95, clustering occurs through the recruitment from an existing pool. Consistent with an effect on postsynaptic organization, Wnt5a increases the amplitude of fEPSPs when Schaeffer collaterals are stimulated. Wnt5a regulates PSD-95 clustering through the activation of a noncanonical pathway. Wnt5a increases JNK activation, whereas blockade of JNK abolishes the effect of Wnt5a (Farias et al., 2009). Interestingly, previous studies have shown that JNK1 phosphorylates PSD-95 at serine 295 and that this posttranslational modification regulates PSD-95 localization to synapses 
(Kim et al., 2007). Although the in vivo role of Wnt5a in hippocampal synaptogenesis needs to be examined, these studies strongly suggest that Wnt5a–JNK signaling regulates PSD-95 localization through changes in PSD-95 phosphorylation.






6.5. Wnt proteins as antisynaptogenic factors

6.5.1. Regulation of synaptic distribution




Wnt proteins can also inhibit the formation of synapses. In Caenorhabditis elegans, Lin-44, a Wnt protein expressed in the posterior region of the worm, negatively regulates the formation of synaptic boutons between presynaptic dorsal A (DA) motoneurons and their postsynaptic muscle cells (Klassen and Shen, 2007). In this system, the cell body of the DA neuron is located ventrally, and its axon extends posteriorly and then moves dorsally to continue in a caudal to rostral direction. Synapses are primarily formed on the most dorsoanterior part of the DA axons but not in the most posterior region (Fig. 6.6). In the lin-44 mutant, however, synapses appear on the posterior region though, interestingly, the total number of synapses is the same in both wild-type and lin-44 mutant. These results suggest that Lin-44 locally inhibits synapse formation within a section of the axon, resulting in the redistribution of synaptic boutons. Further studies demonstrated that Fz is required for Lin-44 function as mutants, as lin-17/Fz exhibits a similar phenotype to the lin-44 mutant. Lin-44 positively regulates the localization of Lin-17 receptor along the DA axon (Klassen and Shen, 2007). Thus, a Wnt ligand through the regulation of Fz receptor localization determines the distribution of synapses.

Studies in Drosophila have provided evidence that Wnts, with antisynaptogenic activity, regulate the formation of synapses between specific motoneuron axons with their appropriate target muscles. Two muscles, M12 and M13, are innervated by distinct sets of motoneurons, MN12s and RP1, respectively (Chiba, 1999; Keshishian et al., 1996). Their motor axons run in parallel but then branch out to innervate different muscles. For example, axons from MN12s pass through M13 muscle to then synapse with M12 muscle. How is this specificity achieved? A single-cell expression profiling of the different muscles revealed that Wnt4 is highly expressed in M13 (Inaki et al., 2007). Functional studies revealed that inhibition of Wnt4 function results in the ectopic formation of synapses between MN12 axons and M13 and the concomitant decrease of nerve endings into M12. This aberrant innervation is due to the loss of specificity by MN12 motoneurons. Further studies into the signaling pathway showed that Wnt4, through Fz2 and Drl together with Dvl, regulates synaptic inhibition at the M13 muscle. However, the downstream signaling pathway remains to be fully characterized. These findings, together with those in C. elegans, demonstrate that Wnts can shape the formation of neuronal circuits by promoting or inhibiting the formation of synapses at specific sites.
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Figure 6.6 Wnt restricts the localization of synapses. (A) In wild-type Caenorhabditis elegans, cholinergic DA9 motoneurons do not assemble synapses at the most posterior domain (asynaptic area) of the axon due to the presence of Wnt/Lin-44, which is expressed in the posterior hypodermis. In the lin-44 mutant, synaptic boutons now form in most posterior regions. However, the number of synapses remains the same as wild-type animals. (B) Model illustrating the effect of Lin-44 on the distribution of Lin-17. The receptor Lin-17 is not present in part of the axon away from the source of Lin-44, resulting in the assembly of synaptic boutons.











6.5.2. Wnt/β-catenin signaling at the vertebrate neuromuscular junction

Wnts might also play a negative role at the vertebrate NMJ. Wnt3a, a protein that shares a high level of homology with Wnt3, is expressed during the peak of synaptogenesis in skeletal muscles. In contrast to Wnt3, Wnt3a decreases the ability of agrin to induce AChR clustering in cultured myotubes. When myotubes are exposed to agrin, and then subsequently to Wnt3a, AChRs become dispersed (Wang et al., 2008). Wnt3a usually activates the canonical Wnt signaling in a number of cell types and tissues including muscle cells. Consistent with this, activation of the canonical pathway by inhibition of Gsk3 or by expression of β-catenin in muscle cells results in the dispersal of AChRs. Conversely, inhibition of canonical Wnt signaling with the secreted Wnt antagonist Dkk1 increases AChR clustering (Wang et al., 2008). A possible mechanism by which Wnt3a induces AchR dispersal is by negatively regulating the transcription of rapsyn, a critical scaffold protein required for AChR clustering. Interestingly, regulation of rapsyn expression is dependent on β-catenin but not TCF. In vivo experiments showed that overexpression of Wnt3a or β-catenin decreases the size of AChR clusters in adult muscles when the NMJ has already formed (Wang et al., 2008). The in vivo role of β-catenin was further examined by specifically deleting β-catenin in muscle or in motoneurons using a conditional knockout mutant. Loss of muscle β-catenin results in a wide end-plate band containing larger AChR clusters (Li et al., 2008). These findings are consistent with the view that canonical Wnt signaling negatively regulates the assembly and/or maintenance of the vertebrate NMJ.

Another study suggested that β-catenin has a different role at the NMJ. First, β-catenin directly interacts with rapsyn to form a complex with AChRs. Second, agrin increases the interaction of β-catenin with AChR receptors. Third, shRNA knockdown of β-catenin in cultured myotubes significantly reduces the number of AChR clusters induced by agrin. As shown in another study (Wang et al., 2008), TCF function is not required for the effect of β-catenin (Zhang et al., 2007). How can one explain the apparent discrepancy on the role of β-catenin on AChR clustering? Although β-catenin is crucial for canonical Wnt signaling, it also plays a central role in cell adhesion, a process independent of Wnt signaling (Nelson and Nusse, 2004). Indeed, the positive effect of β-catenin on agrin function is dependent on α-catenin, a key molecule that regulates cell adhesion (Zhang et al., 2007). Further studies are needed to resolve the function of β-catenin at the NMJ. However, the studies on Wnt3 and Wnt3a strongly support a model where noncanonical Wnt signaling promotes AChR clustering, whereas canonical signaling disperses clustering by affecting agrin function.




6.5.3. Inhibition of synapse formation at central synapses

Further evidence that Wnts can inhibit synapse formation comes from studies in cultured hippocampal neurons. Unexpectedly, Wnt5a inhibits the clustering of presynaptic marker vGlut1 (Davis et al., 2008). These results differ from a more recent study, which showed that Wnt5a does not affect presynaptic differentiation (Farias et al., 2009). Possible difference in the maturity of the cultured neurons or in the timing of exposure to Wnts could explain these apparently conflicting results. Further studies are needed to elucidate the role of Wnt5a. However, the finding that Wnt5a can inhibit presynaptic differentiation under certain conditions raises the interesting possibility that Wnts act as both anti- and prosynaptogenic factors in the vertebrate system. The balance of molecules with opposite effects on synapse formation could play a crucial role in determining the number and location of synapses within the neuron, resulting in profound changes in the circuit.






6.6. Wnt signaling and activity-mediated synaptic remodeling

6.6.1. Neuronal activity, Wnts, and their receptors




Many of the processes regulated by Wnts, such as terminal remodeling of axons and dendritic development, are also modulated by neuronal activity. These findings raise the possibility that activity could regulate the expression and/or release of Wnt proteins or the localization of their signaling components.

The first evidence that neuronal activity regulates Wnts came from studies looking at factors released upon depolarization of cultured hippocampal neurons. KCl depolarization results in an increased level of Wnt activity in the culture medium (Yu and Malenka, 2003). In addition, Wnt3a protein levels increase upon tetanic stimulation (Chen et al., 2006). Further studies into the function of Wnts and neuronal activity led to the discovery that N-methyl-D-aspartic acid (NMDA) receptor activation increases the expression of Wnt2 in the hippocampus (Wayman et al., 2006). Indeed, blockade of excitatory transmission or CaMKI activity suppresses the effect of neuronal activity on dendrite growth. Importantly, activation of NMDA receptors triggers a signaling cascade through the CaMKK pathway, resulting in the subsequent activation of Ras/MEK/ERK and cAMP response element–binding protein (CREB). Knockdown of CREB with siRNA blocks the dendritic arborization induced by neuronal activity. To identify the targets of CREB, serial analyses of chromatin occupancy (SACO) were performed. SACO revealed that Wnt2 is a key target. Consistent with this result, 
depolarization of cultured neurons with KCl results in a significant increase in the level of Wnt2 mRNA. Importantly, the secreted Wnt antagonist Wif blocks activity-mediated dendritic outgrowth, whereas Wnt2 stimulates dendritic development (Wayman et al., 2006). Combined, these results demonstrate that neuronal activity stimulates the expression of Wnts in the hippocampus, which in turn induces profound changes in neuronal connectivity. It remains to be determined if Wnt2 plays a role in synapse formation or function.

Neuronal activity plays a critical role in the formation and function of neuronal circuits as the number, morphology, and efficacy of synapses are dramatically modified by the pattern of activity. Studies at the Drosophila larval NMJ have demonstrated that activity through Wg induces structural changes at synapses. Time-lapse recordings of GFP-labeled motor axons demonstrated that depolarization induces structural changes manifested by increased number of synaptic boutons and filopodia (Ataman et al., 2008). The initial boutons do not contain many of the typical synaptic markers, and, therefore, they represent “ghost” boutons. With time, however, these ghost boutons develop into mature boutons containing the characteristic pre- and postsynaptic markers. Consistent with increased synapse number, potentiation of miniature excitatory junctional potentials was also observed. As neuronal activity increases the level of endogenous Wg protein at the NMJ synapse, its role was further examined. Importantly, the formation of ghost boutons induced by patterned activity is suppressed in a temperature-sensitive mutant of Wg. Thus, Wg protein is required for the structural changes induced by activity.

How does Wg regulate activity-mediated synaptic changes? Wg signals bidirectionally to activate a divergent canonical Wnt pathway, on the presynaptic side, and a noncanonical pathway, on the postsynaptic muscle cell in which the DFz2 receptor is cleaved and subsequently translocated to the nucleus (Mathew et al., 2005; Miech et al., 2008; Packard et al., 2002). Careful analyses by overexpressing Sgg/Gsk3 on motoneurons or by interfering with the nuclear import of DFz2 revealed that Wg signals to both sides of the synapse to induce structural changes (Ataman et al., 2008). Thus, patterned activity induces the release of Wg, which then signals to both sides of the synapse to regulate structural changes at stimulated synapses.

Wg expression or release is also regulated by activity in the Drosophila adult olfactory system. Rodrigues and colleagues have demonstrated that Wg regulates the maintenance of adult olfactory sensory neurons (OSNs). These neurons are located in the antennae and maxillary palps and project to glomeruli in the antennal lobe where they make synaptic contacts (Laissue and Vosshall, 2008). The maintenance of these OSN in the adult is regulated by cell-autonomous neuronal activity. Although activity is not required for formation of the neuronal circuit during development, blockade of neuronal activity in the adult results in axon and synaptic elimination (Chiang et al., 2009). Spaced depolarization with KCl increases the levels of endogenous Wg protein in the antennal lobes, suggesting that neuronal activity regulates the maintenance of neuronal circuits through Wg.

In the vertebrate, neuronal activity also regulates the localization of Fz receptors. In hippocampal neurons, activity increases the level of surface Fz5, a receptor for Wnt7a, which mediates its presynaptic assembly activity. A fraction of the receptor pool is localized to excitatory synapses as determined by its colocalization with the pre- and postsynaptic markers, vGlut1 and NR1, respectively. Neuronal activity also increases the surface level of Fz5 localized to synapses without affecting the total level of the protein (Sahores et al., 2010). These results demonstrate that activity increases the trafficking of Fz5 to the surface and particularly to synapses. Interestingly, different type of neuronal activity has different effects. While high-frequency stimulation (HFS) increases surface Fz5 receptor to synapses, low-frequency stimulation decreases the level of surface receptors. What is the mechanism by which neuronal activity regulates Fz5 mobilization? As neuronal activity regulates the expression of Wnts (Ataman et al., 2008) and Wnt ligands regulate the distribution of Fz receptors (Klassen and Shen, 2007; Wu and Herman, 2007), the effect of endogenous Wnts on Fz5 was examined. Blockade of endogenous Wnts with the secreted Wnt antagonist Sfrp1 suppresses the recruitment of Fz5 to synapses induced by HFS. Similarly, the soluble form of the extracellular domain of the Fz5 receptor blocks HFS-mediated mobilization of Fz5. These findings strongly suggest that activity regulates the level of endogenous Wnts and that these Wnts induce the mobilization of surface Fz5 receptor to synapses (Fig. 6.7). As Fz5 mediates the synaptogenic activity of Wnt7a, the increased mobilization of Fz5 will lead to positive feedback loop, resulting in a further sensitization of the cells to endogenous Wnts. An important finding that emerged from these studies was that blockade of Wnt signaling suppresses the ability of HFS to increase the number of synapses.




6.6.2. Synaptic remodeling in the adult hippocampus

It is well documented that the environment induces morphological and functional changes to synaptic connections (for review, see Feldman, 2009; Holtmaat and Svoboda, 2009; Lomo, 2003; Sanes and Bao, 2009; see Chapter 37). In the CNS, for example, sensory stimulation regulates the formation and stability of dendritic spines (Alvarez and Sabatini, 2007; Trachtenberg et al., 2002).
 However, the mechanisms that control the structural changes induced by neuronal activity remain poorly understood.



[image: image]



Figure 6.7 Neuronal activity regulates the mobilization of surface and synaptic Fz5. In control conditions, surface Fz5 (sFz5) is present in the pre- and postsynaptic membranes. High-frequency stimulation (HFS) increases the levels of surface Fz5 and the amount of sFz5 at synapses. This is correlated with an increase in the number of synapses. Blockade of endogenous Wnts with the secreted cystein-rich domain (CRD) domain of Fz5 suppresses the increase of sFz5 and the synaptogenic effect of HFS. The proposed model suggests that neuronal activity increases the level of endogenous Wnts, which in turn increase the accumulation of surface Fz5 at the synapse. Signaling through Fz5 contributes to activity-mediated synapse formation.



In the hippocampus, mossy fiber axons from the dentate gyrus granule cells form complex synapses with the dendrites of pyramidal neurons in the CA3 region (Claiborne et al., 1986; Henze et al., 2000). Exposure to an enriched environment (EE) induces the remodeling of the large mossy fiber terminals (LMTs) in the CA3 region by increasing the complexity of these terminals and the number of satellite LMTs (Gogolla et al., 2009). There are striking similarities between the terminal remodeling of the hippocampal mossy fibers and pontine mossy fiber terminals in the cerebellum (Hamori and Somogyi, 1983). As mentioned earlier, Wnt7a regulates terminal remodeling of mossy axons during synapse formation in the cerebellum (Hall et al., 2000). These findings led to the suggestion that Wnts might also regulate the activity-mediated changes in the LMTs. Indeed, the level of endogenous Wnt7a/7b proteins significantly increases in the hippocampus when animals are exposed to an EE. Importantly, local blockade with the secreted Wnt antagonist Sfrp1 during the exposure to EE suppresses the terminal remodeling induced by EE (Gogolla et al., 2009). Thus, behavioral experience regulates synapse remodeling in the hippocampus through Wnt signaling.




6.6.3. Emerging roles for Wnts

Several studies suggest that Wnt signaling may also play a role in synaptic function. Electrophysiological recordings at the mossy fiber–granule cell synapse of the double Wnt7a;Dvl1 mutant have suggested that Wnt signaling might regulate neurotransmitter release (Ahmad-Annuar et al., 2006). In addition, recordings of hippocampal brain slices exposed to Wnt7a or to the pharmacological Wnt agonist WASP revealed a decrease in paired-pulse facilitation, suggesting an increase in neurotransmitter release (Cerpa et al., 2008) and an increase in excitatory transmission, respectively (Beaumont et al., 2007). Moreover, blockade of Wnt signaling impairs, whereas Wnts increase long-term potentiation in brain slices (Chen et al., 2006). These findings support the notion that Wnt signaling modulates synaptic function. However, further studies using loss of functional approaches are needed to determine the precise function of Wnt signaling in synaptic transmission and plasticity. Future studies will also reveal whether the interplay between Wnts with synaptic promoting and inhibiting activities collaborates with other synaptic organizers to regulate the formation of functional and complex neuronal circuits.





List of abbreviations





AChR

   acetylcholine receptor




APC

   Adenomatous polyposis coli






CaMK

   calcium–calmodulin-dependent protein kinase




CNS

   central nervous system




CRD

   cystein-rich domain




CREB

   cAMP response element-binding protein




Dvl

   dishevelled




Fz

   frizzled receptor




GFP

   green fluorescent protein




Gsk3

   glycogen synthase kinase-3




IP3

   inositol 1,4,5-triphosphate




JNK

   Jun-N-terminal kinase




LRP

   lipoprotein receptor–related protein




MAP1B

   microtubule-associated protein 1B




MuSK

   muscle-specific kinase




NMDA

   N-methyl-D-aspartic acid




NMJ

   neuromuscular junction




PCP

   planar cell polarity




Sgg

   Shaggy (Drosophila Gsk3)




TCF

   T cell factor




Wg

   Wingless protein




Wls

   Wntless protein








Glossary





Active zone

   Area close to the plasma membrane on the presynaptic terminal where neurotransmitter-containing synaptic vesicles are localized and where neurotransmitters are released.




Allele

   A specific form of a gene. Individual alleles of the gene can result in the complete loss of function (null allele), a partial loss of function (hypomorphic allele) or a gain of function of the gene.




Antagonist

   A molecule that blocks or prevents the action of another molecule.




Anterograde signal

   A signal released by the presynaptic terminal that acts on the postsynaptic side.




Axon

   A long process that emanates from the cell body of a neuron and has the ability to propagate action potentials resulting in the release of neurotransmitters.




Axon guidance

   The process by which axons are guided to their appropriate synaptic targets. During guidance, axons extend, branch and retract along their trajectory.




Bouton

   A specialized area in the axon that contains the machinery for the release of neurotransmitters. Boutons are present in both central and peripheral nervous system.




Calcium–calmodulin-dependent kinase (CaMK)

   A serine/threonine kinase that is activated by rise in intracellular calcium.




Coreceptor

   A transmembrane or a membrane-associated protein that facilitates the function of a receptor by forming a complex with the main receptor.




Dendrite

   Branched projections that emanate from the cell body of a neuron with the ability to receive and conduct electrical stimuli from the end of the process to the cell body of the neuron.




Dendritogenesis

   A process that involves the formation, growth and branching of dendrites.




Glycogen synthase kinase-3 (Gsk3)

   A serine/threonine kinase that is inhibited by either insulin or Wnt proteins.




Long-term potentiation (LTP)

   A long lasting enhancement in synaptic transmission between neurons, which is generated by coincident activity in pre- and postsynaptic neurons. LTP is believed to mediate the storage of information in the brain.




Microtubule organization

   Distribution of microtubules within the cell. Some microtubules are organized as straight parallel bundles whereas others bend and form complex loops.




Microtubule stability

   Microtubules are dynamic polymers that are constantly polymerizing and depolymerizing. Stable microtubules are less susceptible to microtubule depolymerising drugs.




Microtubules

   Large polymers of tubulin that regulate the movement and segregation of chromosomes, the transport of vesicle and molecules in the cell and that determine cell shape.




Miniature excitatory postsynaptic currents (mEPSCs)

   Postsynaptic currents at excitatory synapses elicited by the spontaneous fusion of synaptic vesicles on the presynaptic terminal.




Muscle-specific kinase (MuSK)

   A tyrosine kinase receptor present in the surface of muscle cells and regulates the assembly of the postsynaptic terminal.




Neuromuscular junction (NMJ)

   The peripheral synapse formed between a motor axon and a muscle fiber.




Neurotransmitter

   A chemical released from a nerve terminal that carries signals from a neuron to another neuron or muscle cell. Neurotransmitters are packed within synaptic vesicles in the presynaptic cell; these vesicles fused to the plasma membrane and release the neurotransmitters within the synaptic cleft.






Postsynaptic density

   A multiprotein complex containing scaffold proteins, signaling molecules and cytoskeleton proteins located in very close proximity to the plasma membrane of the postsynaptic cell. Under the electron microscope is visible for its electron dense material.




Receptor

   Receptor is a protein embedded within the plasma membrane that has the ability to bind an extracellular molecule resulting in structural changes, which trigger a cellular response.




Retrograde signal

   A signal released by the postsynaptic side that acts on the presynaptic terminal.




Short hairpin RNA (ShRNA)

   A ShRNA that has the ability to silence the expression of a specific gene.




Synapse

   A specialized cellular junction that connects neurons with one another or neurons with their peripheral targets. At synapses, an electrical stimulus is converted into a chemical signal released by the presynaptic cell. This chemical signal is then converted back into an electrical impulse on the postsynaptic cell. Central and peripheral synapses are located within the central nervous system or in the periphery (muscles or glands).




Synaptic vesicle

   A vesicle where neurotransmitters are stored. Synaptic vesicles fuse to the plasma membrane to release their contents into the synaptic space.




Synaptogenesis

   A process that involves the formation of new synapses. Pre- and postsynaptic differentiation is defined as the specific assembly of the pre- and postsynaptic sides of the synapse.




Temperature-sensitive allele

   Mutant allele that encodes for a protein that is functional only under low or high temperatures.




Wnts

   A family of lipid-modified secreted glycoproteins that play a crucial role in cell–cell communication in embryonic patterning, cell migration and neuronal connectivity.




Zebrafish

   Danio rerio, a tropical freshwater fish with characteristic stripes along the anterior to posterior axis. It is the prominent model organism for the study of early developmental processes due to its transparency and fast development.
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Abstract


Synaptogenesis is encoded by multiple genes that program the assembly of neural networks in the immature brain during development and later in life, in the experienced brain that must respond to changes of the external world and of proprioception. Processing of neural network activity cannot solely rely on the activity of established synapses as their plasticity can saturate. For this reason, synaptogenesis is reversible. Assembly and disassembly of synapses depend on the exchange of signals between the pre- and postsynaptic terminals. Synaptic trophic factors are paramount for neural network remodeling, homeostasis, and survival because they are present in limited supply. Neurotrophins present the necessary attributes to operate as synaptic trophin. It is speculated that many diverse and pleiotropic actions of neurotrophins on the synapse depend on the sources of neurotrophin ligands, its modes of secretion, and signaling, all influenced by their locations at the synapse. What information is encoded when synaptic neurotrophin signaling is retrograde or anterograde, paracrine or autocrine? Answers emerged from the characterization of the cells that secrete neurotrophins, the cells that respond to neurotrophins, the various modes of secretion, receptor–signaling pathways, and the temporal constraints imposed by synaptic transmission. Failure to communicate the appropriate synaptic trophic signals impairs neuronal networks maintenance and updated wiring.
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7.1. Introduction

Exchanges of anterograde and retrograde signals between synaptic connections serve to adjust input-to-output. In the absence of bidirectional trans-synaptic signaling, the changes of synaptic strength would decay and information lost (Harris, 2008). As a result, the anterograde signaling in target postsynaptic cells should be consolidated by backpropagating signals in the target presynaptic cells. To be efficient, trans-synaptic signals shall present specific features: (1) it shall be produced in a limited amount; (2) it shall be dependent on synaptic activity; (3) it shall be poorly diffusible; (4) it shall be emitted when pre- and postsynaptic activities are correlated; (5) receptors shall emit specific signaling on every sides of the synapse via anterograde and retrograde pathways.

For decades, evidence was collected to demonstrate that neurotrophins operate in a trans-synaptic and bidirectional fashion for regulating synaptic plasticity and strength within active but not resting neuronal networks (Autry and Monteggia, 2012; Bennett and Lagopoulos, 2014; Castren and Antila, 2017; Choi, 2018; Cohen-Cory et al., 2010; Hao et al., 2018; Lessmann, 1998; Lu and Chow, 1999; Panja and Bramham, 2014; Park and Poo, 2013; Poo, 2001; Tyler et al., 2002). Two examples: (1) anterograde spread of the trans-synaptic neurotrophin rescued the lack of input activity on postsynaptic cells (Chen et al., 2016; Du et al., 2009), and (2) retrograde transport of target-derived neurotrophin via signaling endosomes can extend from axon terminals to dendrites where it instructs molecular composition of postsynaptic densities (Sharma et al., 2010). Of all the neurotrophins, brain-derived neurotrophic factor (BDNF) is best characterized. BDNF is available in limited supply at the synapse (Park and Poo, 2013). Bulk BDNF is extrasynaptic (Swanwick et al., 2004), secreted upon synaptic activity (Nagappan and Lu, 2005), and captured by receptors lacking the tyrosine kinase 
domain on astrocytes upmost and neurons (
Bergami et al., 2008; Biffo et al., 1995; Stahlberg et al., 2020). Yet, the synapse is its primary site of actions on neurons (Song et al., 2017). BDNF packed in dense-core vesicles of the presynapse ensures anterograde signaling (Dieni et al., 2012), whereas dendritic BDNF in the postsynapse and in microglia contributes to the anterograde signaling (Hedrick et al., 2016; Parkhurst et al., 2013).

The paucity of neurotrophins results from an active process with temporal and spatial resolution that permits synaptogenesis and competition between synapses of different projecting axons (Cohen-Cory et al., 2010; Snider and Lichtman, 1996). This is essential not only for synaptic scaling of both excitatory and inhibitory neurons to maintain homeostasis (Gottmann et al., 2009) but also for synaptic potentiation, including the induction, maintenance, and consolidation phases (Poo, 2001). Therefore, it is interesting that synaptic priming with BDNF can convert weak synaptic activity into robust potentiation by postsynaptic mechanisms (Figurov et al., 1996; Kovalchuk et al., 2002; Wierenga et al., 2005).

One way to restrict neurotrophin responsiveness to active synapses is to pair neurotrophin signaling with neuronal activity (Boulanger and Poo, 1999; Tanaka et al., 2008). Neuronal activity originating from both pre- and postsynaptic sides can stimulate the secretion of neurotrophins, which may result in strengthening and maintenance of active synapses (Castren and Antila, 2017; Jakawich et al., 2010). In contrast, synapses with unsynchronized activity between the pre-and postsynaptic terminals do not receive neurotrophin support and are weakened (Jakawich et al., 2010; Poo, 2001; Snider and Lichtman, 1996).

This chapter will enumerate the attributes that permit BDNF to instruct circuit-specific responses devised to enforce circuit adaptation to changing environment (e.g., behavior, perception–anticipation, drugs, diseases). Neurotrophin responses rely on a trans-synaptic molecular system consisting of multiple ligands and receptors, which specificity, sensitivity, and location matter (Song et al., 2017).




7.2. One neurotrophin, three ligands at the synapse

Neurotrophins are synthetized as precursors (proneurotrophins) with an N-terminal prodomain and a C-terminal mature domain. Classically, neurotrophins must be cleaved off their prodomains to be operational. That is to promote synaptic and nonsynaptic growth and differentiation via rapid signaling routes and long-lasting changes in gene transcription (see other reviews, Gonzalez et al., 2016; Hempstead, 2006; Woo et al., 2005). This view came with the assumption that the proforms of all neurotrophins are inactive. But proforms are signaling molecules as well (Hempstead, 2015; Mizui et al., 2017).



7.2.1. Pro–brain-derived neurotrophic factor

Like all neurotrophins, BDNF is synthetized as a large precursor called proBDNF. This precursor is approximately a 32-kDa peptide that is glycosylated in the N-terminal prodomain region (Mowla et al., 1999, 2001). Following synthesis in the endoplasmic reticulum (ER), proBDNF is directed to the secretory pathway. ProBDNF can be cleaved to prodomain and mature BDNF in the Golgi apparatus or in secretion vesicles but, during early development, substantial amounts of proBDNF can escape processing. Trafficking occurs in the trans-Golgi network (TGN) where proBDNF interacts with the type 1 receptor sortilin (Chen et al., 2005b). Sortilin is a member of a group of receptors containing a vacuolar sorting protein 10 (VPS10) domain that acts like chaperones to target their cargo protein to different cellular compartments (Nykjaer and Willnow, 2012). By interacting with the prodomain, sortilin acts as a chaperone for intracellular trafficking and directs proBDNF into dense-core vesicles destined to the activity-dependent secretory pathway (Dieni et al., 2012; Mowla et al., 1999).

Yet, an interaction with sortilin is also necessary to engage BDNF toward the lysosomal pathway (Evans et al., 2011). Two mechanistic frameworks explain how proBDNF is sorted toward secretory or degradation routes. First, targeting of sortilin and its proBDNF cargo to the lysosomal pathway relies on the cleavage of sortilin by ADAM 10 (Evans et al., 2011). Second, targeting of sortilin and its proBDNF cargo to the secretory pathway required physical interaction with the huntingtin interacting protein 1 (HAP1) (Yang et al., 2011).

A separate mechanism involves a common human single nucleotide polymorphism (SNP) on the prodomain of BDNF. The Val66Met polymorphism is the result of a nucleotide change from a guanine to an adenine at position 196 (G196A) substituting a valine (Val) to methionine (Met) at codon 66. The SNP was reported to alter the transport of BDNF mRNA transcripts to dendrites for local synthesis of BDNF (Chiaruttini et al., 2009). The Val66Met substitution also disrupts the interaction between the proBDNF and sortilin, resulting in defects of transport, maturation, and subcellular sorting (Chen et al., 2005b; Egan et al., 2003; Sasi et al., 2017).









7.2.2. Cleavage of pro–brain-derived neurotrophic factor

Mature BDNF is a 14-kDa peptide with well-characterized trophic and plasticity abilities that have been extensively reviewed elsewhere (Binder and Scharfman, 2004; McAllister et al., 1999). Mature BDNF results from proteolytic cleavage of proBDNF.

Following synthesis in the ER, proBDNF can undergo processing directly in the Golgi apparatus by furin or within secretory vesicles of the regulated pathway by other proconvertases (Mowla et al., 1999). The cleavage of proneurotrophins by furin occurs at the consensus sequence R–X–K/R–R (RVRR in proBDNF) to produce mature neurotrophins and prodomains. Furin cleaves proBDNF at Arg 128 of the consensus site. The mutation of this consensus site from RVRR to RVAA (Yang et al., 2014) or MVLR (Koshimizu et al., 2009) has been instrumental to produce a cleavage-resistant proBDNF insensitive to furin and plasmin and has been exploited to produce recombinant uncleavable proBDNF to demonstrate its biological activity in vitro and in vivo (Koshimizu et al., 2009; Pang et al., 2004; Teng et al., 2005; Yang et al., 2014). Other proconvertases, such as PACE4, PC5, and PC7, have been shown to process proBDNF in mature BDNF and prodomain utilizing the same RVRR site (Marcinkiewicz et al., 1998; Seidah et al., 1996; Wetsel et al., 2013).

When proBDNF escapes intracellular cleavage by furin or other proconvertases, it can be found in the dense-core vesicles destined to the secretory pathway. The existence of secreted proBDNF was the subject of an intense debate that we will discuss later in this chapter, but if secreted, proBDNF can be converted into mature BDNF and prodomain by extracellular proteases. The most prominent of these proteases is plasmin, which is the product of the activation of the inactive plasminogen by tissue-type plasminogen activator (tPA). The specific plasmin cleavage site of proBDNF was identified and found it to be located within the consensus furin-cleavage sequence of BDNF but occurring after Arg125 rather than Arg128 of the RVRR sequence (Gray and Ellis, 2008). Interestingly, a SNP has been identified at position 125, which induces an arginine substitution for a methionine that would potentially prevent plasmin processing of proBDNF (Koshimizu et al., 2009). Multiple regulatory steps are implicated in this reaction as conversion of plasminogen to plasmin is antagonized by plasminogen activator inhibitor (PAI1), and PAI1 depends on vitronectin to remain active (Mou et al., 2009). Furthermore, tPA is an extracellular serine protease which secretion is stimulated by neuronal activity (Shin et al., 2004). The fact that both proBDNF/BDNF/prodomain containing vesicles and tPA are secreted in an activity-dependent fashion raises questions about regulation of bioavailable tPA. For instance, a reduction of tPA secretion may be enough to favor proBDNF signaling and vice versa. ProBDNF can be processed by selected matrix metalloproteinases (MMPs) such as MMP-3 and MMP-7 (Lee et al., 2001). Moreover, it has been shown that MMP-9 converts proBDNF into mature BDNF after kindled seizures in the hippocampus (Mizoguchi et al., 2011).

All these intra- and extracellular enzymes cleave proBDNF at distinct but interdependent sites, all generating biochemically undistinguishable mature BDNF and prodomain species.




7.2.3. The prodomain

The prodomain is a 15.5-kDa protein recently found to be very abundant in the hippocampus and results from the proteolytic cleavage of proBDNF at the site that also produces mature BDNF (Anastasia et al., 2013; Dieni et al., 2012). The BDNF prodomain is detected in dense-core vesicles in vivo and found to be secreted as ligand (Anastasia et al., 2013; Mizui et al., 2015) independent of mature BDNF and proBDNF. BDNF prodomain facilitates hippocampal long-term depression (LTD) by a mechanism involving the internalization of AMPA receptors from the synapse (Mizui et al., 2015). Interestingly, the Val66met polymorphism of BDNF positioned in the prodomain alters the reported structural conformation (Anastasia et al., 2013; Wang et al., 2018), subcellular sorting, and transport (Arango-Lievano et al., 2015a; Zanin et al., 2017), as well as activities of the prodomain: (i) Met66 carriers impaired the expression of LTD (Mizui et al., 2015), (2) Met66 carriers elicited growth cone collapse (Anastasia et al., 2013), and (3) Met66 carriers promoted dendritic spine elimination (Giza et al., 2018) as opposed to its counterpart the val66 carriers that facilitated LTD with no effects on axonal growth cones or dendritic spine turnover.





7.3. Which side of the synapse produces neurotrophins?

Neurotrophin ligands are expressed by a multitude of neuronal cells, for the most part excitatory (e.g., glutamatergic) and neuromodulatory (e.g., dopaminergic, serotoninergic, adrenergic, etc. ), and nonneuronal cells supporting synaptic functions (e.g., glia, vascular cells, etc.). Most neuronal cell types in brain are able to produce some neurotrophin isoforms with the exception of cortical interneurons and striatal medium spiny neurons among others that rely upon paracrine secretion (Kohara et al., 2003). See Table 7.1 for an inventory of single cell types expressing and cells not 
expressing BDNF mRNA transcripts based on the mouse brain atlas of single-cell RNA sequencing (http://mousebrain.org/(Zeisel et al., 2020)).


Table 7.1



BDNF-producing cells (mRNA) in brain are putative sources of proBDNF, mature BDNF, and propeptide ligand.


	Cell types expressing BDNF
	Cell types not expressing BDNF





	Excitatory neuron, cerebral cortex
	Medium spiny neurons, striatum



	Excitatory neuron, hippocampus CA1, CA2, CA3
	Neuroblast-like, habenula



	Granule neurons, dentate gyrus
	Inhibitory neurons, thalamus



	Basket cells (parvalbumin), cerebral cortex/hippocampus
	Inhibitory interneurons, hippocampus



	Adrenergic neurons, medulla
	Cholinergic interneuron, telencephalon



	Dopaminergic neurons, VTA, SN, periaductal gray
	Cck interneuron, cerebral cortex/hippocampus



	Orexin neurons, hypothalamus
	Inhibitory neurons, telencephalon



	Serotoninergic neurons, hindbrain
	Vasopressinergic neurons, hypothalamus



	Peptidergic neurons, hypothalamus
	Oxytocinergic neurons, hypothalamus



	Inhibitory neurons, hypothalamus
	Epithelial cells, choroid plexus



	Excitatory neuron, hindbrain
	Radial glia



	Excitatory neuron, midbrain
	Schwann cells



	Excitatory neuron, hypothalamus
	Oligodendrocytes



	Excitatory neuron, thalamus
	Pericytes



	Excitatory neuron, amygdala
	



	Excitatory neuron, habenula
	



	Inhibitory neurons, midbrain
	



	Neuroblast, septum
	



	Granular layer interneuron, cerebellum
	



	Molecular layer interneurons, cerebellum
	



	Purkinje cells, cerebellum
	



	Granule neurons, cerebellum
	



	Microglia
	



	Astrocytes
	



	Vascular endothelial cells
	






BDNF, brain-derived neurotrophic factor; VTA, ventral tegmental area; SN, substantia nigra.




One issue is that BDNF expression is variable, depending on cues from the internal and external world (Jeanneteau and Chao, 2013). Multiple promoters drive its transcription in specific cell types and upon various stimuli (Aid et al., 2007; Cattaneo et al., 2016). Transcription of BDNF is also susceptible to epigenetic marks that are specific to individuals, possibly transmitted to progeny associated with transgenerational impact on individuals' health (Cattaneo et al., 2016; Kundakovic et al., 2015; Roth et al., 2009; Roth and Sweatt, 2011). One consequence is that BDNF expression pattern may be unique to each individual as it reflects gender, history of living conditions, and experiences (Bath et al., 2013).

Expression of the BDNF gene is a reflection of synaptic activity in selective networks of neurons and circuits. That is, BDNF expression is very responsive to neuronal activity from sensory inputs and behavioral conditioning. Therefore, it is specific for neural circuits engaged in excitation and inhibition (Hill and Martinowich, 2016). For example, stimulation of a single whisker increases Bdnf genomic expression in the cortical barrel corresponding to that whisker (Genoud et al., 2004). Other stimuli such as physical exercise, experimental seizure, olfaction, fear conditioning, food restriction, and auditory and visual cues affect BDNF expression (reviewed by Hill and Martinowich, 2016; Lu, 2003). Mechanistically, 
activity-dependent expression of BDNF is mediated by promoters I and IV, which conditions the amount of BDNF available for vesicular release (Rattiner et al., 2004; Tao et al., 2002). BDNF transcripts containing the exon I or IV are abundant in soma, whereas BDNF transcripts harboring the exon II or VI are found in distal dendrites (Baj et al., 2011; Chiaruttini et al., 2008). The 3′-UTR of bdnf gene carries information regarding polarized localization for dendritic translation, which is lacking in the somatic shorter isoform (An et al., 2008). As a result, the many splice isoforms of BDNF, which encode the same protein, possess alternative regulatory elements necessary for the precise control of its expression in space and time (Tongiorgi et al., 2006). Yet, the vast majority of BDNF mRNA is located in the soma, barely detected in dendrites that advocates for a clear dominance for the anterograde mode of secretion over the retrograde (Will et al., 2013). The source of neurotrophins is important to determine the local effects since neurotrophins diffuse poorly (Wang et al., 1998).



7.3.1. Presynaptic source of brain-derived neurotrophic factor

Most synaptic BDNF proteins are detected in presynaptic dense-core vesicles using immunoelectron microscopy with epitope-tagged BDNF expressed with its endogenous promoter in knock-in mouse lines (Dieni et al., 2012). In dense-core vesicles, all three ligands can be packed with other peptides like cholecystokinin and met-enkephalin (Dieni et al., 2012). This is particularly evident in the mossy fibers projecting from the dentate gyrus to CA3 region of the hippocampus. Elsewhere, BDNF levels are scarce, and its protein is detectable mostly in the soma of neurons in the amygdala, cortex, hippocampus, and hypothalamus (Lambert et al., 2013; Lessmann and Brigadski, 2009; Salio et al., 2007; Sasi et al., 2017). It is interesting that BDNF is poorly detectable in the striatum, evidently not expressed in striatal cells, and yet BDNF signaling is essential to the synaptic function and plasticity of medium spiny neurons (Humbert and Saudou, 2005). Reduced BDNF levels in the striatum produce motor defects in Huntington disease due to a lack of anterograde transport from the cortex (Gauthier et al., 2004; Samadi et al., 2013). Presynaptic storage of BDNF ligands results from anterograde vesicular transport (Gauthier et al., 2004) as well as from local production (Lessmann and Brigadski, 2009) using axonal BDNF mRNA, as template given some BDNF isoforms can be transported to the axon terminals (Jung et al., 2012). Remarkably, the highest stocks of BDNF are located at the presynapses of glutamatergic hippocampal neurons (Andreska et al., 2014). This argues strongly for presynaptic BDNF coming from excitatory synapses as a major source. However, the BDNF content is very variable between individual presynaptic varicosities (Andreska et al., 2014), as it is perhaps recruited to some specific synaptic networks.

Whether presynaptic BDNF is produced in soma and transported or locally at the presynapse could explain how proBDNF can escape cleavage (Yang et al., 2009). The source of BDNF stocks could determine the combinations of ligands released in the synaptic cleft.




7.3.2. Postsynaptic source of brain-derived neurotrophic factor

BDNF is also synthetized in dendrites from which it can be secreted to impact synaptic plasticity (Lessmann and Brigadski, 2009). The source of BDNF necessary to promote presynaptic terminal maturation and innervation was investigated using knockdown rescue experiments. Complete knockdown of BDNF during embryonic development impaired innervation of trigeminal axons, which was rescued when target postsynaptic tissue was replaced with ectopic grafts expressing BDNF (Huang et al., 2007). Therefore, both retro- and postsynaptic BDNF signaling from a postsynaptic source of BDNF are central contributors of presynaptic differentiation of both excitatory and inhibitory neurons consistently with the classical hypothesis of target-derived neurotrophic support (Oppenheim, 1989). In dendrites, exogenous BDNF can be recycled and stored in endosome-like vesicles. Recycling of BDNF in postsynaptic compartment involved synaptotagmin 6, which is distinct from that involved in secretion from dense-core vesicles (Wong et al., 2015). Studies in cultured neurons indicate that secretory granules in dendrites and postsynaptic spines are the prime vesicular routes for retrograde secretion of BDNF (Lessmann and Brigadski, 2009). However, postsynaptic release of BDNF may only occur under overexpression or extraphysiological conditions. There is an active debate about whether postsynaptic release of BDNF occurs normally.

A quantitative estimate of BDNF content in the synapse using high-resolution microscopy dSTORM revealed that 90% of all BDNF synaptic immunoreactivity located in the presynapse (Andreska et al., 2014). Solely, 10% overlapped in the postsynapse, again arguing that the retrograde route is not the principal source for synaptic release of BDNF. Bulk post-synaptic BDNF could thus originate from the reuptake of the pre-synaptic quantal release (Santi et al., 2006). However, it is striking that dendritic trafficking of BDNF mRNA is blocked by the Val66Met mutation (Chiaruttini et al., 2009). Therefore, whether produced locally or taken from elsewhere, postsynaptic-derived BDNF content is likely important for 
synaptic physiology related to the Val66Met polymorphism. Electrophysiological studies indicated that postsynaptic BDNF release is required for the enhancement of presynaptic glutamate release and synaptic plasticity (Harward et al., 2016; Jakawich et al., 2010; Magby et al., 2006). BDNF released optically from one postsynaptic spine can prime the neighboring spines for subsequent structural remodeling (Hedrick et al., 2016). This spreading effect of postsynaptic BDNF is different from that of the presynaptic BDNF and suggests that BDNF can have different impact depending on its source.




7.3.3. Nonneuronal source of synaptic brain-derived neurotrophic factor

Other source of BDNF synaptic quantum originates from the astrocytes and microglia (Chung et al., 2015). Microglia produce and secrete low levels of BDNF (Gomes et al., 2013; Trang et al., 2009). This source of BDNF is essential for the maintenance of learning-associated new dendritic spines (Parkhurst et al., 2013). The proportion of glial-derived BDNF with respect to the presynaptic source is considered small, but its conditional genetic deletion leads to severe deficits in behavioral performance. This argues that nonneuronal source of BDNF regulates synaptic functions.

One postsynaptic source of BDNF release from nonneuronal cells could come from the recycling of synaptic BDNF by astrocytes. For example, perisynaptic glia recycle BDNF for LTP stabilization (Vignoli et al., 2016). Engagement of BDNF recycling by astrocytes corresponded with TrkB phosphorylation localized on adjacent neurons, a process required to sustain LTP. Additionally, astrocytes can uptake proBDNF via an endocytic compartment competent for proBDNF recycling (Bergami et al., 2008). This astrocytic-derived BDNF is important for transmitter-induced secretion and suggests a specialized form of bidirectional communication between neurons and glia.





7.4. What are the modes of neurotrophin synaptic release?

Contrary to the neurotrophins NGF (nerve growth factor), NT3 (neurotrophin 3), and NT4 (neurotrophin 4) that are secreted in a constitutive manner, BDNF employs both regulated and constitutive pathways (Mowla et al., 1999). Electron microscopy indicated that BDNF is not located in the active zone of the presynapse, raising the possibility that it might be secreted from the sides of the synapse (Lessmann and Brigadski, 2009). Secretion of neurotrophins from both pre- and postsynaptic terminals (referred to as bidirectional release) has been reported upon neuronal activation and backpropagating action potentials (Kuczewski et al., 2008; Magby et al., 2006). Presynaptic release of BDNF and NT3 depends on intracellular Ca2+ sensor proteins such as CASP2 (Sadakata et al., 2007). Vesicular release of BDNF dense-core vesicles depends on SNARE complex at least in callosal presynaptic terminals (Shimojo et al., 2015). Postsynaptic release of BDNF and NT3 depends on glutamate neurotransmission via NMDA receptor signaling but is independent of presynaptic neurotrophins (Kolarow et al., 2007). Additional mechanisms controlling the secretion of BDNF have been identified. Synaptotagmin-4 and synaptotagmin-6 function as retention factors for BDNF-containing vesicles to ensure appropriate quantal release. Indeed, lack of presynaptic synaptotagmin-4 increases spontaneous exocytosis of BDNF, whereas loss of postsynaptic synaptotagmin-4 increases neurotransmitter amplitude due in part to trans-synaptic trigger of neurotransmitter release by BDNF (Dean et al., 2009). Similarly, lack of synaptotagmin-6 in postsynaptic neurons impaired activity-dependent release of endosomal BDNF from postsynaptic dendrites, which can contribute for activity-dependent synaptic modulation (Wong et al., 2015).

Trans-synaptic quantal scaling, local translation, and reuptake of BDNF are consensus mechanisms for explaining the retrograde actions of BDNF (Cohen-Cory et al., 2010). The anterograde actions of BDNF in brain can be autocrine and paracrine (Harward et al., 2016; Hedrick et al., 2016). Remarkably, the Val66met polymorphism of BDNF impairs the regulated secretion by interfering with the binding of sortilin, a trans-Golgi trafficking protein (Chen et al., 2005b, 2006b). This would alter both the autocrine and paracrine effects of BDNF release. Consequently, homozygous carriers of the Met allele have 20% less total BDNF and poorer synaptic functions and hippocampal-dependent memory than Val carriers (Dincheva et al., 2012; Egan et al., 2003; Ninan et al., 2010).



7.4.1. Secretion of pro–brain-derived neurotrophic factor

Whether proBDNF can be secreted as a signaling molecule has been the subject of a very intense debate. Observing proBDNF directly in the extracellular milieu of mice is difficult due to the nanomolar concentrations of BDNF and the lack of antibodies that are specific and sensitive enough to identify proBDNF in such quantities. The first evidence of proBDNF secretion was obtained from a pituitary-derived cell line (ATt20) infected with a rabies virus expressing recombinant human BDNF. In these conditions, proBDNF and mature BDNF were found on the culture media of cells (Mowla et al., 1999).
 These conditions were useful to demonstrate that it is possible for cells to secrete proBDNF, but were very far from physiological as they rely on overexpression, and did not answer whether endogenous proBDNF could be secreted by neurons. Other cell lines including HEK293 and endothelial cell lines infected with adenovirus encoding for BDNF were used to demonstrate that proBDNF is released in the culture media and readily cleavable extracellularly when exposed to recombinant plasmin. On the contrary, the quantities of extracellular proBDNF increased after treatment of cells with the protease inhibitor aprotinin (Lee et al., 2001). Interestingly, high-frequency neuronal activity was capable of inducing the secretion of proBDNF alongside with the mature BDNF on hippocampal neurons transduced with a lentivirus for the overexpression of BDNF (Nagappan et al., 2009).

Despite the demonstration of activity-dependent secretion, the yield of extracellular proBDNF remained low compared with the mature BDNF. The results suggested that (1) extracellular proBDNF is unstable, readily cleavable by activity-dependent extracellular proteases (Nagappan et al., 2009) and that (2) extracellular proBDNF could have escaped intracellular cleavage due to the overexpression of experimental approach. This controversy was supported by evidence arguing against the neuronal secretion of endogenous proBDNF (Matsumoto et al., 2008). To avoid overexpression, neuronal cultures were obtained from a knock-in mouse featuring a BDNF gene fused to a Myc tag at the N terminus. This allowed the expression of the BDNF gene under the endogenous promoters and detection of proBDNF and BDNF by very sensitive reagents against the Myc tag.

Although endogenous levels of mature BDNF and proBDNF were detectable in neuronal cell lysates, only the mature BDNF was observed in the extracellular space after neuronal activation via NMDA receptors (Matsumoto et al., 2008). In this study, inhibitors against plasmin or matrix metalloproteinases to preserve secreted proBDNF were not included in the culture media. Also, mitotic inhibitors were not utilized to avoid glial cell growth, which could have been a source of extracellular proteases. A subsequent study addressed this issue combining a different knock-in mouse to label mature BDNF and proBDNF with a C-terminal HA tag and an antibody raised specifically against proBDNF. Endogenous levels of proBDNF were detected in the conditioned media of hippocampal neuronal cultures in the absence of glial cells and treated with a plasmin inhibitor (Yang et al., 2009). In cultures, at least part of proBDNF secretion was activity dependent (Yang et al., 2009).

Secretion of proneurotrophins in vivo suggests that there is a mode of escape from intracellular vesicular cleavage by proteases. ProBDNF is a proteolytic substrate of the protease tPA (tissue plasminogen activator), which activity-dependent synaptic release (Pang et al., 2004) offers two functional outcomes: (1) under high-frequency stimulation of nerve terminals, proBDNF detected at active synapses should be cleaved into mature BDNF, (2) when low-frequency stimulation is applied, proBDNF released into the synaptic cleft is not cleaved, thus producing LTD and synaptic destabilization (Woo et al., 2005).

Finally, cortical astrocytes can uptake and recycle proBDNF for subsequent synaptic release in an activity-dependent fashion (Bergami et al., 2008). The release from astrocytes of neuron-derived synaptically uptaken proBDNF can be rapidly rereleased (Bergami et al., 2008).




7.4.2. Secretion of the mature brain-derived neurotrophic factor

Several proteases have been shown to cleave proBDNF both in the intracellular and in the extracellular milieu. In some culture conditions, the latter seems to be less prominent than the intracellular cleavage. Indeed, inhibition of the main extracellular proteolytic enzymes did not affect the levels of the secreted prodomain, suggesting that most of the processing occurs within the cells (Anastasia et al., 2013). On the other hand, it has been shown that neuronal activity controls the ratio of extracellular proBDNF/mature BDNF by regulating the secretion of extracellular proteases, like tPA (Woo et al., 2005).

It is postulated that mature BDNF is secreted only at active synapses (Tanaka et al., 2008). Indeed, presynaptic stimulation alone by 1-Hz spike train cannot trigger BDNF release, even though it induces a robust elevation of postsynaptic [Ca2+]i (>10
 
mM) via NMDA receptors. The secretion of mature BDNF in ex vivo preparations is possible only when pre- and postsynaptic activities are synchronized (Tanaka et al., 2008). Given that such synchronous spiking activity results in short-lasting Ca2+ influx (<2
 
mM) in spines, mature BDNF secretion is possible within a select [Ca2+]i range that is afforded by synchronous activity of the pre- and postsynaptic terminals.

The combination of its poor diffusion with its activity-dependent secretion suggests BDNF synaptic release follows a model of coincidence detection of presynaptic input activity and a postsynaptic spike. For example, dendritic spine enlargement by photolysis of caged glutamate is more efficient when paired with postsynaptic spike activity because it promotes local protein synthesis and synaptic release of mature BDNF (Tanaka et al., 2008). In this experiment, it is assumed that spike timing plasticity induced BDNF synaptic release. Remarkably, fusion of BDNF with 
the pH-sensitive GFP, the pHluorin combined with ultrafast microscopy, revealed secretion of BDNF postsynaptic stocks within the range of milliseconds to seconds in correlation with local photostimulated uncaging of glutamate (Harward et al., 2016; Hedrick et al., 2016).




7.4.3. Secretion of the prodomain

According to the sorting and cleavage events of BDNF described before, the prodomain of BDNF is predicted to be released from neurons. A careful electron microscopy study of the adult hippocampus revealed that the prodomain is indeed present in presynaptic secretory dense-core vesicles along with the mature form of BDNF (Dieni et al., 2012). This finding suggests that the prodomain is likely to be released in the synaptic cleft, cosecreted with mature BDNF and unprocessed proBDNF. A recent report confirmed that the prodomain in isolation is detected extracellularly (Anastasia et al., 2013). The experimental approach of this report utilized cultured hippocampal neurons in conditions to reduce glia contamination, collected the conditioned media, and detected the endogenous prodomain secreted utilizing specific monoclonal antibodies. In this study, the prodomain was secreted in an activity-dependent manner after depolarization of the cultured neurons. Incubation of the hippocampal neuron cultures with a plasmin inhibitor and/or MMP inhibitor II (which inhibits MMP1, 3, 7, and 9) to prevent extracellular cleavage of secreted proBDNF did not alter significantly the levels of the secreted prodomain in the media, in basal conditions or after depolarization (Anastasia et al., 2013).

Interestingly, both the Val66 and Met66 prodomains can be secreted after depolarization with potassium chloride; however, the levels of secreted Met66 prodomain are significantly lower as compared with the Val66 prodomain. This finding is in agreement with previous studies, which showed that the Val66Met polymorphism leads to a decrease in the trafficking of BDNF to secretory vesicles and the subsequent impairment of activity-dependent release of mature BDNF (Chen et al., 2005b, 2006b; Egan et al., 2003).





7.5. Receptors for neurotrophin ligands

Neurotrophins utilize the tropomyosin-related kinase (Trk) and p75NTR as their main receptors. Other receptor systems such as sortilin family members (SorCS1, SorCS2, SorCS3) also cooperate to propagate responses. Receptors for NGF were originally defined by the binding characteristics of high- and low-affinity binding sites (Sutter et al., 1979). When the p75 neurotrophin receptor (p75NTR) and TrkA receptors were identified by molecular cloning, it was assumed that the p75NTR receptor encoded the low-affinity site and that TrkA (tropomyosin receptor kinase) receptor represented high-affinity sites. However, this model was incorrect, since Trk receptors bind with an equilibrium binding constant of 10
−9 to 10
−10

 
M (Dechant et al., 1993; Hempstead et al., 1991; Schropel et al., 1995), which is lower in affinity than the high-affinity site Kd of 10
−11

 
M detected on sensory and sympathetic neurons. Moreover, sympathetic neurons with little expression of TrkC mRNA still possess high-affinity NT3 binding sites with a Kd of 10
−11

 
M, which were blocked by neutralizing antibodies against p75NTR (Dechant et al., 1997). Hence, p75NTR displays multiple affinities with different neurotrophin ligands.

Surface plasmon resonance measurements confirmed that NGF bound TrkA with nM affinity, not pM affinity (Chao and Hempstead, 1995; Nykjaer et al., 2004). The use of the high- versus low-affinity nomenclature is not accurate for neurotrophins since the proneurotrophins can bind to p75NTR with a relatively higher affinity than mature neurotrophins (Lee et al., 2001). Contrary to p75NTR, which equally binds to all neurotrophins, the Trk receptor is more selective. When combined as coreceptor, Trk–p75NTR complexes display a higher affinity toward neurotrophins. This change in affinity is due to a relatively fast on-rate and a slow off-rate of NGF binding (Mahadeo et al., 1994).

The different affinity constants of pro- and mature neurotrophins for their receptors strongly suggest that mature neurotrophin prefers Trk, whereas proneurotrophins prefer p75NTR (Lee et al., 2001). Therefore, the neurotrophin ligands in its proform, mature form and/or the prodomain should elicit a multitude of responses depending on the combination of cognate receptors expression in target cells. For example, striatal medium spiny neurons are much more sensitive than neocortical neurons to the knockout of BDNF for maintaining synapse number because they express different levels of Trk receptors (Baquet et al., 2004; Rauskolb et al., 2010). Cortical interneurons, which do not synthesize neurotrophins (Gorba and Wahle, 1999), rely on paracrine sources to regulate inhibitory synapse density and functional inhibition using the anterograde signaling pathway that requires TrkB (Kohara et al., 2007; Liu et al., 2007). See Table 7.2 for TrkB and p75NTR expression in single cell types based on the mouse brain atlas of single-cell RNA sequencing (http://mousebrain.org/(Zeisel et al., 2020)).









Table 7.2



BDNF-responding cells (with mRNA for receptors) in brain are putative effectors of the pleiotropic actions. Based on the single-cell RNA sequencing atlas of the mouse nervous system.


	Cell types expressing TrkB
	Cell types expressing P75NTR






	Excitatory neuron, cerebral cortex
	Excitatory neuron, cerebral cortex



	Excitatory neuron, hippocampus CA1, CA2, CA3
	Excitatory neuron, hippocampus CA3



	Granule neurons, dentate gyrus
	Inhibitory neurons, thalamus



	Basket cells (parvalbumin), cerebral cortex/hippocampus
	Cck interneurons, cerebral cortex/hippocampus



	Adrenergic neurons, medulla
	Cholinergic interneurons, telencephalon



	Dopaminergic neurons, VTA, SN, periaductal gray
	Cholinergic neurons, meissnert nucleus, septum



	Orexin neurons, hypothalamus
	Adrenergic cells, medulla



	Serotoninergic neurons, hindbrain
	Dopaminergic neurons, VTA, SNC



	Peptidergic neurons, hypothalamus
	Serotoninergic neurons, hindbrain



	Inhibitory neurons, hypothalamus
	Peptidergic neurons, hypothalamus



	Excitatory neuron, hindbrain
	Inhibitory neurons, hypothalamus



	Excitatory neuron, midbrain
	Vasopressinergic neurons, hypothalamus



	Excitatory neuron, hypothalamus
	Oxytocinergic neurons, hypothalamus



	Excitatory neuron, thalamus
	Inhibitory neurons, hindbrain



	Excitatory neuron, amygdala
	Cholinergic neurons, midbrain



	Excitatory neuron, habenula
	Inhibitory neurons, midbrain



	Inhibitory neurons, midbrain
	Purkinje cells, cerebellum



	Inhibitory neurons, septum
	Excitatory neuron, midbrain



	Neuroblast, septum
	Noradrenergic neurons, sympathetic



	Granular layer interneuron, cerebellum
	Cholinergic neurons, sympathetic



	Molecular layer interneurons, cerebellum
	Astrocytes



	Purkinje cells, cerebellum
	Vascular leptomeningeal cells



	Granule neurons, cerebellum
	Pericytes



	Microglia
	Vascular endothelial cells



	Astrocytes
	Schwann cells



	Vascular endothelial cells
	Oligodendrocytes



	Oligodendrocytes
	Microglia



	Medium spiny neurons, striatum
	



	Pericytes
	



	Vascular endothelial cells
	







BDNF, brain-derived neurotrophic factor; SN, substantia nigra; VTA, ventral tegmental area.







7.5.1. Receptors for proneurotrophins

ProNGF binds to p75NTR with an equilibrium binding constant Kd of 1
 
nM. Mature NGF has similar equilibrium dissociation constant for both TrkA (Kd 1
 
nM) and p75NTR (Kd 2
 
nM). On the other hand, proNGF has a weaker affinity for TrkA but binds to p75NTR (Kd of 0.2
 
nM), suggesting that proNGF could have an independent signaling mechanisms through p75NTR (Lee et al., 2001).

Sortilin was found to be essential for proNGF/p75NTR activation making this sortilin, a third receptor to be identified for proneurotrophins (Nykjaer et al., 2004). Sortilin binds specifically to the prodomain region of proNGF with an equilibrium 
binding constant of Kd
 
=
 
5
 
nM. When sortilin and p75NTR are coexpressed, they exhibit a synergetic effect on proNGF internalization rather than a simple additive effect (Nykjaer et al., 2004). Complexes of sortilin, p75NTR, and proNGF were detected after cross-linking, suggesting the possibility that proNGF could bind to sortilin and p75NTR at the same time (Nykjaer et al., 2004). Such a dual receptor system was later replicated for proBDNF, which can bind to p75NTR utilizing its mature moiety and to sortilin by its prodomain region (Teng et al., 2010). The affinities of proBDNF for its receptors were determined using purified recombinant proBDNF and immobilized sortilin. Sortilin binds with high affinity (Kd of 0.4
 
nM) to the prodomain region of proBDNF, whereas p75NTR affinity for proBDNF showed a Kd of 20
 
nM. Interestingly, proBDNF does not bind to the TrkB receptor (Teng et al., 2005). The sortilin–p75NTR coreceptor system appears to be functionally relevant as binding of proBDNF to sortilin was necessary for p75NTR-mediated cell death induced by this ligand. Abundant in the nervous system (Petersen et al., 1997), sortilin is predominantly present on intracellular membranes (Nielsen et al., 2001), which limits its capacity to transduce proBDNF signal with p75NTR. Therefore, it is important to understand how sortilin localization to the plasma membrane is regulated.

The mammalian homolog of p75NTR, NRH2 (PLAIDD or NRADD), also interacts with sortilin. This interaction reduces its lysosomal degradation, thus favoring the proportion of surface to intracellular sortilin and its association with p75NTR and proBDNF (Kim and Hempstead, 2009). It is important to note that while the first coreceptor to be identified for proneurotrophin signaling through p75NTR was sortilin, other members of the VSP10 family such as SorCS2 can also act as coreceptors (Deinhardt et al., 2011). An independent report confirmed these findings demonstrating that SorCS2 binds to the prodomain region of NGF, BDNF, and NT3, as well as to p75NTR (Glerup et al., 2014). Loss-of-function of p75NTR increases the number of postsynaptic filopodia when compared with wild-type littermates, whereas overexpression of p75NTR reduced the density of spines in CA1 hippocampal neurons (Zagrebelsky et al., 2005).

Importantly, the expression of p75NTR receptor is abundant during early development but is significantly reduced after birth. It is found in both the pre- and postsynaptic terminals. It is expressed in selective neuronal and many nonneuronal cells (see Table 7.2).




7.5.2. Receptors for mature neurotrophins

Mature BDNF binds with an equilibrium binding dissociation constant 10
−11

 
M to the TrkB receptor (Rodriguez-Tebar and Barde, 1988). The binding of BDNF to TrkB is essential for synaptic strength and plasticity (Aicardi et al., 2004; Figurov et al., 1996; Gartner et al., 2006; Harward et al., 2016; Korte et al., 1995; Minichiello et al., 2002; Patterson et al., 1996). Part of this effect of BDNF is due to anterograde signaling (Zakharenko et al., 2003). But pre- and postsynaptic localization of Trk receptors indicate that neurotrophins can convey both retro- and anterograde signaling. Complete deletion of TrkB revealed a stronger synaptic phenotype than ablation of BDNF. TrkB
−/−
 mice harbor reduced spines number (Luikart et al., 2005). Despite the fact that reserve pool of neurotransmitter vesicles is intact, the density of neurotransmitter vesicles near the active zone and docked to the active zone is significantly decreased in TrkB
−/−
 and TrkC
−/−
 mice. As a result, the quantal release of neurotransmitter (glutamate or GABA) is reduced producing impaired synaptic efficacy (Genoud et al., 2004; Martinez et al., 1998). Loss-of-function of TrkB produces a more robust impairment of synapses than BDNF knockout because other TrkB ligands such as NT4 and transactivation mechanisms exist (Chao, 2003; Jeanneteau et al., 2008; Lee and Chao, 2001).

The three Trk receptors are encoded by independent genes affording selectivity among neurotrophins with NGF and NT3 binding to TrkA, BDNF and NT4 binding to TrkB, and NT3 binding to TrkC (Chao, 1992). Neurotrophin binding promotes homodimerization of Trk receptors, which in turn initiates intracellular phosphorylation cascades. There are several functional splice variants of Trk receptors that lack the intracellular kinase domain (Chao, 2003; Poo, 2001). These truncated receptors (TrkB.T1, TrkB.T2, TrkB.T3, and TrkB.T4) are often presented as dominant-negative forms of the full-length Trk receptors (Sasi et al., 2017). The alternative view is that the truncated receptors are involved in signal transduction. Indeed, the removal of TrkB.T1 rescued the aggressive and obesity phenotypes resulting from BDNF haploinsufficiency (Carim-Todd et al., 2009). However, specific neurotrophic signaling via the truncated TrkB receptors has been demonstrated (Carim-Todd et al., 2009; Ohira et al., 2006; Rose et al., 2003). For example, TrkB.T1 activation induces rapid intracellular Ca2+ release transients in glial cells (Rose et al., 2003).

The expression of BDNF and TrkB.T1 during development coincides well with the period of elimination of excessive axons and synaptogenesis. In the adult, neuronal TrkB.T1 is concentrated in the presynaptic site, whereas TrkB full length is localized in both pre- and postsynaptic regions, suggesting a major role for presynaptic TrkB signaling. Overexpression of the truncated TrkB.T1 isoform increases the density of filopodia in organotypic slices (Chakravarthy et al., 2006; Hartmann et al., 2004).









7.5.3. Receptors for the prodomain

The BDNF prodomain binds independently to sortilin and related sortilin family members (SorCS) with a Kd of 0.4
 
nM and to p75NTR with a lower affinity (Kd of 20
 
nM) (Anastasia et al., 2013). Thus, preferential receptor for the BDNF prodomain is sortilin and SorCS. But sortilin and SorCS are not specific for the BDNF prodomain as it binds to other ligands such as NGF prodomain, NT3 prodomain, and neurotensin (Hempstead, 2015). Deletion of p75NTR abrogated the effect of the prodomain in several preparations (Anastasia et al., 2013; Mizui et al., 2015). This could be explained by the fact that sortilin and p75NTR heterodimerize and operate as coreceptors (Bronfman and Fainzilber, 2004; Jansen et al., 2007; Nykjaer and Willnow, 2012; Skeldal et al., 2012). P75NTR is expressed on both sides of the synapses, in presynaptic terminals and postsynaptic spines (Brito et al., 2014; Deinhardt et al., 2011; Woo et al., 2005). SorCS1 and SorCS3 are located at the synapse (Guo et al., 2016; Savas et al., 2015), and all are regulated by neuronal activity (Hermey et al., 2004). Questions remain to be answered regarding the roles of sortilin and SorCS either as coreceptor or dominant-negative receptors that could regulate synaptic availability of the prodomain for P75NTR-mediated synaptic responses.





7.6. Signaling mechanisms of Trk and p75NTR


Several mechanisms have been proposed to coordinate neurotrophin receptor-to-ligand availability (see Table 7.3). First, incorporation of Trk receptor to the cell surface is promoted within seconds of neurotrophin exposure or neuronal activity (Du et al., 2000; Haapasalo et al., 2002). Second, only competent cells with permissive intracellular cAMP signaling increase Trk surface expression and chances to meet with the ligand (Ji et al., 2005). Third, another important mechanism for extrasynaptic Trk receptors is the translocation into lipid rafts, which may enhance responsiveness (Assaife-Lopes et al., 2010; Pereira and Chao, 2007). Local postsynaptic synthesis of BDNF and TrkB may regulate the directionality of neurotrophin signaling at the synapse (anterograde vs. retrograde).

Recruitment of selective adaptor molecules discriminates signaling between the p75NTR and Trk receptors (Chao, 2003). For instance, neurotrophins activate the RhoA–JNK pathway by the p75NTR pathway that impairs the clustering of MAGUK in the postsynaptic density and elicits growth cone collapse, LTD, and synapse elimination (Deinhardt et al., 2011; Nagerl et al., 2004; Sharma et al., 2010; Woo et al., 2005). However, Trk activates signaling pathways common to most receptor tyrosine kinases resulting from the dimerization and transautophosphorylation by the tyrosine kinase domains (Deinhardt and Chao, 2014; Kaplan and Miller, 2000; Reichardt, 2006).

The wave of second messengers involves PLCγ, which raises intracellular Ca2+, the Ras-Erk, and PI3-kinase/Akt pathways (see Table 7.4 for a simplified web of intracellular signaling routes). In brief, phosphorylation of TrkB-Y515 serves as docking site for the SHC1–SOS–GRB2–RAS complex that permits the activation of Pi3K/Akt-mTOR 
pathway for the control of protein synthesis and MAPK–CREB pathway for the control of gene transcription (Panja and Bramham, 2014; Panja et al., 2014). Phosphorylation of TrkB-Y816 serves as docking site for the PLCγ, which modulates intracellular Ca2+ level and subsequent CAMKII or PKC as effectors (Minichiello, 2009). Phosphorylation of TrkB-S478 serves as docking site for TIAM1, which activates Rac1 to promote spine growth (Lai et al., 2012).



Table 7.3




Putative responses of trans-synaptic BDNF ligands.


	Ligands
	Source
	Secretion
	Receptor
	Synaptic effect





	Mature BDNF
	Autocrine or paracrine
	Constitutive
	TrkB full length
	Formation, maintenance



	Mature BDNF
	Autocrine or paracrine
	Activity-dependent
	TrkB full length
	Formation, maintenance, plasticity, strength



	Mature BDNF
	Autocrine or paracrine
	Constitutive
	TrkB-truncated isoforms
	Formation, maintenance, plasticity, strength



	Mature BDNF
	Autocrine or paracrine
	Activity-dependent
	TrkB-truncated isoforms
	Formation, maintenance, plasticity, strength



	ProBDNF
	Autocrine or paracrine
	Constitutive
	P75NTR

	Elimination, plasticity, strength



	ProBDNF
	Autocrine or paracrine
	Activity-dependent
	P75NTR

	Elimination, plasticity, strength



	Propeptide
	Autocrine or paracrine
	Constitutive
	Sortilin and SorCS 1–3
	Elimination, plasticity, strength



	Propeptide
	Autocrine or paracrine
	Activity-dependent
	Sortilin and SorCS 1–3
	Elimination, plasticity, strength



	Propeptide
	Autocrine or paracrine
	Constitutive
	P75NTR

	Elimination, plasticity, strength



	Propeptide
	Autocrine or paracrine
	Activity-dependent
	P75NTR

	Elimination, plasticity, strength
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BDNF, brain-derived neurotrophic factor.






Table 7.4




Receptor signaling pathways on the synapse.


	Receptors
	Docking effector
	Signaling pathway
	Synaptic effect





	TrkB Y701/Y705/Y706 phosphorylation
	TrkB tyrosine kinase
	Transphosphorylation of TrkB
	Mandatory



	TrkB Y515 phosphorylation
	SHC1
	MAPK–synapsin I
	Synapse maintenance, plasticity



	TrkB Y515 phosphorylation
	SHC1
	MAPK–CREB gene transcription
	Synaptogenesis



	TrkB Y515 phosphorylation
	SHC1
	MAPK–BAD–BCL2–mitochondria
	Spine remodeling and maintenance



	TrkB Y515 phosphorylation
	SHC1
	MAPK–glucocorticoid receptor
	Spine remodeling and maintenance



	TrkB Y515 phosphorylation
	SHC1
	AKT–mTOR protein synthesis
	Synaptogenesis



	TrkB S478 phosphorylation
	Tiam1
	Rho–actin cytoskeleton
	Spine growth



	TrkB Y816 phosphorylation
	PLCγ
	Ca2+–CaMK–CREB gene transcription
	Synaptic plasticity



	TrkB Y816 phosphorylation
	PLCγ
	PKC
	Synaptic plasticity



	TrkB-truncated T1 isoform
	RhoGDI
	Rho–actin cytoskeleton
	Filopodia remodeling



	TrkB-truncated T1 isoform
	
	IP3 receptors—Ca2+

	



	TrkB-truncated T1 isoform
	TrkB full length
	Dominant-negative action on transphosphorylation of TrkB
	



	P75NTR death domain
	TRAF4/6
	JNK–NFKB
	



	P75NTR death domain
	NRIF
	JNK
	



	P75NTR death domain
	RIP2
	JNK–NFKB
	



	P75NTR death domain
	NRAGE
	JNK–caspases
	Spine pruning



	P75NTR ICD
	RhoA
	Actin cytoskeleton
	Growth cone remodeling



	P75NTR ICD
	Rac1
	Actin cytoskeleton
	Growth cone remodeling



	P75NTR ICD
	RhoGDI
	Rho–actin cytoskeleton
	Filopodia, spine, axon remodeling



	P75NTR transmembrane domain
	γ-Secretase
	ICD gene transcription regulation
	



	P75NTR ICD
	SC1
	Regulation of gene transcription
	



	P75NTR SPV, PDZ ligand can be phosphorylated
	PDZ domain proteins
	PDLIM1–actin cytoskeleton
	



	P75NTR ICD serine, phosphorylation
	PKA
	Subcellular trafficking to lipid raft
	



	P75NTR ICD cysteine, palmitoylation
	
	Subcellular trafficking to lipid raft
	



	Sortilin
	P75NTR

	P75NTR-mediated pathways
	



	Sortilin-related receptors SorCS (1–3)
	P75NTR

	P75NTR-mediated pathways
	Synaptic depression, spine elimination
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Of all these pathways, The TrkB Y816–PLCγ pathway seems the most important for the maintenance of long-term synaptic potentiation (Minichiello et al., 2002). But the TrkB Y515–Erk pathway is important for regulating the synaptic responses of the glucocorticoid receptor in conditions of stress (Arango-Lievano and Jeanneteau, 2016; Arango-Lievano et al., 2015b). Very fast signaling pathway through TrkB can also mediate sodium influx that subsequently triggers fast calcium influx through voltage-gated channels (Lang et al., 2007; Sasi et al., 2017).

It has been proposed that p75NTR signaling prunes silent synapses that compete with active synapses that use TrkB-mediated facilitation of synaptic plasticity and strength in a BDNF-dependent fashion (Singh et al., 2008). Therefore, mature neurotrophins may represent a synaptotrophic support, whereas proneurotrophins may be seen as punishing signals to balance the synaptic plasticity and the resulting maintenance of competing synaptic terminals (Lu et al., 2008; Woo et al., 2005). This dual system for controlling the efficacy of the synaptic network opposes proBDNF and/or prodomain signaling via the p75NTR pathway to the mature BDNF signaling via the TrkB pathway (Giza et al., 2018; Harward et al., 2016; Tanaka et al., 2008; Yang et al., 2014). Importantly, the directionality of the signaling (anterograde vs. retrograde) is not completely understood, but compelling arguments suggest it could be an important determinant to modulate a synaptic engram within a specific neural network (Harward et al., 2016; Hedrick et al., 2016).



7.6.1. Presynaptic responses

Neurotrophin ligands modulate developmental maturation of synapses by a presynaptic mechanism (Collin et al., 2001). Presynaptic maturation involves the reduction of the presynaptic kainate receptors activity, which inhibits glutamate release (Lauri et al., 2006). Selective inhibition of TrkB receptors using a chemical genetic approach impedes the downregulation of presynaptic kainate receptors activity that controls presynaptic efficacy and therefore the formation of functional synapses (Sallert et al., 2009). Consistently, the genetic ablation of BDNF is associated with delayed synaptic maturation and persistent presynaptic kainate receptors activity (Sallert et al., 2009).

Application of mature BDNF alters the number of synaptic vesicles and the number of docked vesicles at the active zones without affecting the reserve pool of vesicles. As a result of structural maturation, BDNF can raise the quantal release of neurotransmitters by increasing the release probability and the size of a rapidly recycling vesicle pool (Tyler and Pozzo-Miller, 2001; Tyler et al., 2006). In contrast, fewer vesicles and docked vesicles are observed in the BDNF knockout mice. Therefore, BDNF might help mobilize vesicles for immediate release at existing synapse through a myosin motor mechanism (Yano et al., 2006). One of the mechanisms by which BDNF mobilizes synaptic vesicles depends on a TrkB-dependent dissociation of the cadherin–β-catenin adhesion complex (Bamji et al., 2006). Presynaptic structural parameters are impaired when TrkB is removed from the presynaptic side only or from both sides (Luikart et al., 2005). Remarkably, presynaptic TrkB deficiency increases the probability to contact with two or more postsynaptic densities due to the atrophy of axon terminals (Luikart et al., 2005).

Several studies have addressed the role of neurotrophin signaling in synapse stabilization. One approach is to promote destabilization of existing synapses by acute pharmacological blockade of glutamate neurotransmission (Hering and Sheng, 2001). Application of mature BDNF in the presence of APV, an inhibitor of NMDA receptors, recues the number of clusters of GFP–synaptobrevin, a marker for presynaptic terminals, by stabilization of existing clusters and addition of novel clusters (Hu et al., 2005). Mechanisms that translate extracellular signals into cytoskeletal rearrangements underlie morphological remodeling. The cytoskeleton is composed of actin and microtubules as well as a vast array of associated regulatory proteins. Neurotrophins may impact dynamics of filopodia, branching, and synaptogenesis by local effect on cytoskeletal dynamics via cyclic nucleotides such as cGMP and phosphorylation, which are used as molecular switches to regulate many of the structural proteins. For example, BDNF-induced phosphorylation of synapsin I and Eps8 by Erk1/2 leads to actin remodeling and development of axonal terminals (Jovanovic et al., 1996; Menna et al., 2009). On the contrary, proneurotrophin causes growth cone collapse by using the p75NTR–SorCS2–rac1 pathway (Deinhardt et al., 2011). Additional experiments showed that the BDNF prodomain harboring the Met66 variation is sufficient to produce growth cone collapse by using the p75NTR–SorCS2–rac1 pathway (Anastasia et al., 2013). This means that the Met66 variation present in 25% of the general population confers a gain of function.

Structural changes in neurons often give rise to physiological consequences. Neurotrophins increase the frequency of AMPA miniature excitatory postsynaptic currents (mEPSCs) within minutes with minimal effect on amplitude. These observations are usually attributed to a presynaptic change in the probability of neurotransmitter release (Tyler and Pozzo-Miller, 2001). In accordance, inactivation of presynaptic TrkB signaling using the truncated TrkB isoform, TrkB.T1-impaired BDNF-elicited synaptic potentiation, thus confirming a role for synaptic neurotrophin signaling (Li et al., 1998).
 Similar presynaptic effects have been observed in inhibitory neurons. For instance, BDNF increases the expression of GAD65, a GABA synthetic enzyme, as well as mIPSCs frequency without affecting amplitude (Huang et al., 1999; Ohba et al., 2005).




7.6.2. Postsynaptic responses

Neurotrophins increase dendritic arbor complexity and the number of spines in several preparations (Alonso et al., 2004; McAllister et al., 1995; Sanchez et al., 2006). Knockout of BDNF does not affect spine density significantly in the hippocampus of P10–16 animals (Martinez et al., 1998). However, no addition of new spines was possible in the barrel cortex of BDNF
−/−
 mice after sensory stimulation in contrast to the experience-dependent synaptogenesis observed in the wild-type littermates (Genoud et al., 2004). Consistently, there is an overall reduction in spine density in the hippocampus of conditional TrkB knockout mice (Luikart et al., 2005). Application of the mature BDNF or NT3 to embryonic E16 hippocampal neurons, grown in culture, can trigger the conversion of silent synapses into functional ones (Vicario-Abejon et al., 1998). Also, acute thalamocortical slices from BDNF knockout mice revealed silent synapses that are unmasked after rescuing BDNF levels back to normal (Itami et al., 2003).

Neurotrophins enhance local protein synthesis that is required for long-term structural and functional synaptic plasticity (Lu et al., 2008; Tanaka et al., 2008). The postsynaptic BDNF–TrkB pathway mediates the enlargement of spine heads following synchronized pre- and postsynaptic spiking activities (Tanaka et al., 2008). The postsynaptic BDNF–TrkB pathway also regulates the protein content in postsynaptic density notably the NMDA and GABA receptor subunits (Elmariah et al., 2004; Slipczuk et al., 2009; Yamada et al., 2002). Because BDNF action is selective to active spines, it is postulated that BDNF may act as a structural tag for the selective trapping of the protein synthesis machinery necessary to stabilize spine head volume over time.

Neurotrophins alter spine morphogenesis by changing the cytoskeleton using small GTPases to modify the dynamics of actin polymerization/depolymerization (Hedrick et al., 2016). That is, activation of Rac1/Cdc42 and inhibition of RhoA is involved in spine formation, and vice versa in spine retraction (Fu and Ip, 2007). Regulation of the small GTPase family of proteins (Rho, Rac, cdc42) by Trk and p75NTR is proposed as a mechanism to impact the dynamic structure of synapses. Indeed, the Rac1 activator, TIAM1, is directly regulated by BDNF, TrkB, PI3K, and NMDA-dependent calcium levels (Miyamoto et al., 2006). Similarly, p75NTR stimulates Rac1 but dampens RhoA activity, resulting in lengthening of filopodia (Gallo and Letourneau, 2004). In fact, neurotrophins affect several GTPases at the same time by different receptors to impact synaptic morphology (Chen et al., 2006a; Esteban et al., 2006; Shen et al., 2006). Another signaling pathway recruited by BDNF and central to the regulation of the cellular cytoskeleton is CDK5. Several substrates of CDK5 including the WAVE proteins are known to regulate actin polymerization and dendritic spine morphology (Cheung et al., 2007; Kim et al., 2006). Postsynaptic morphology is affected by the loss of postsynaptic TrkB but not by the loss of presynaptic TrkB (Luikart et al., 2005). Chemical genetic inactivation of TrkB-F616A mutant (Chen et al., 2005a) substituted for the endogenous TrkB specifically on the postsynaptic cells is sufficient to decrease the number of dendritic spines in vivo, recapitulating the impact of chronic unpredictable mild stress and chronic corticosterone administration with no further effects when paired (
Arango-Lievano et al., 2015b, 2016
). These observations support a cell-autonomous effect of TrkB signaling on the postsynaptic architecture. Moreover, elevation of Ca2+ within spines within minutes of synchronized pre- and postsynaptic activity elicits BDNF–TrkB signaling that mediates enlargement of spine head volume (Tanaka et al., 2008). In contrast, BDNF signaling cannot shape spine head volume in absence of synchronized pre- and postsynaptic activity. Therefore, BDNF signaling orchestrates Ca2+ sensors, kinases, and small GTPases to elicit structural changes of synaptic terminals.

The source of BDNF required for synaptic potentiation differed from that required for presynaptic differentiation. In fact, deletion of only the 3′UTR sequence of the bdnf gene, which targets BDNF mRNA to the dendrites, is sufficient to reduce spine head volume in hippocampus, suggesting an autocrine postsynaptic pathway (An et al., 2008). This is consistent with the autocrine TrkB activation on the same spines that is crucial for structural and functional plasticity (Harward et al., 2016). Postsynaptic TrkB allows robust synaptic potentiation only when paired to a weak burst stimulation of presynaptic terminal (Kovalchuk et al., 2002). However, others have reported that presynaptic BDNF released from CA3 neurons but not postsynaptic CA1 neurons, so a paracrine pathway was essential for synaptic potentiation at these synapses (Zakharenko et al., 2003).

Neurotrophins promote stabilization of postsynaptic terminals in several preparations. Infusion of mature NGF in the septum revealed a robust potentiation of cholinergic synaptic efficacy in the septohippocampal neural circuit, whereas infusion of NGF blocking antibodies diminished hippocampal LTP and impaired spatial memory (Conner et al., 2009). The role of BDNF in the maintenance of synapses has also been studied. For instance, blocking BDNF signaling by using anti-
BDNF antibodies or overexpressing a dominant-negative TrkB construct reduces mushroom spine maintenance and synaptic efficacy, accompanied by an increase in long and thin spines and filopodia (Chakravarthy et al., 2006; Sanchez et al., 2006). In agreement, the inactivation of TrkB signaling may prevent the formation of new synapses and promote the destabilization of existing spines through the postsynaptic TrkB–PI3–K pathway (Luikart et al., 2005, 2008).

Contrasting with the effects of mature BDNF, the BDNF propeptide decreases the number of dendritic spines via a mitochondrial caspase-3 pathway (Guo et al., 2016). Prodomain of BDNF but not of NGF facilitates LFS-induced LTD, an effect that also depends on p75NTR (Mizui et al., 2015). Interestingly, the Met66 prodomain shows the opposite effect and inhibits LFS-induced LTD. These results are consistent with a previous study describing a deficit on LFS-induced LTD in hippocampal slices of BDNFmet/met mice (Ninan et al., 2010), which suggest that the prodomain could be responsible for this effect. The LFS protocol elicits NMDA-dependent LTD that relies, in part, on trafficking of AMPA receptor subunits. Mizui et al. demonstrated that the Val66 prodomain facilitates LTD by promoting the surface expression of GluN2B NMDA receptor subunit and the endocytosis of AMPA receptors, whereas the Met66 prodomain blocks it. These results imply a general effect of the Met66 prodomain on NMDA signaling (Mizui et al., 2015). The deficient NMDA-dependent LTP of the BDNFmet/met (Ninan et al., 2010) mice supports also this hypothesis. Unfortunately, the effect on the Met66 prodomain in hippocampal LTP has not yet been reported.

This is consistent with the impact of a cleavage-resistant proBDNF knock-in mouse, which displayed decreased spine number, impaired LTP due to the lack of mature BDNF-mediated TrkB signaling, and enhanced LTD mediated by the p75NTR pathway (Yang et al., 2014). Also, the application of proBDNF causes synaptic depression (Woo et al., 2005), which was previously associated with spine shrinkage and elimination (Nagerl et al., 2004). Removal of p75NTR by genetic methods reduces the elimination of silent pre- and postsynaptic terminals in several preparations (Cao et al., 2007; Lim et al., 2008; Singh et al., 2008; Zagrebelsky et al., 2005). Overexpression of p75NTR decreases the overall number of spines in hippocampal neurons in vivo (Zagrebelsky et al., 2005). It is assumed that the postsynaptic proBDNF–P75NTR–SorCS pathway is preferred for negative plasticity, but other studies indicated that inactivation of the postsynaptic mature BDNF–TrkB pathway could do the same. In Purkinje cells, the loss of TrkB, which does not affect dendritic differentiation and synaptogenesis, impairs the developmental elimination of redundant GABAergic climbing fibers (Bosman et al., 2006). One hypothesis is that the conversion of proBDNF to mature BDNF could determine the nature of the response (Woo et al., 2005).




7.6.3. Rapid and slow responses

Several observations of rapid synaptic neurotrophin signaling have been reported. Blocking BDNF signaling using a caged photoactivable quenching antibody revealed instructive role as synaptic potentiator within minutes (Kossel et al., 2001). Neurotrophic signaling has been shown to affect synaptic transmission within minutes by modulation of ion channel properties. Indeed, voltage-gated sodium channels, potassium channels, and glutamate and GABA receptors have been proposed to be downstream targets of BDNF–TrkB signaling (Blum et al., 2002; Jovanovic et al., 2004; Kramar et al., 2004; Levine et al., 1998). How does rapid neurotrophic signaling translate into modifications of synapses? In vitro, high BDNF level produces repulsion, whereas low BDNF induces attraction of growth cones (Mai et al., 2009). Responses to bound BDNF gradient depend on the absolute difference rather than the relative difference in the BDNF density across the neuron. In vivo, BDNF signaling via the p75NTR results in the elimination of silent synapses, whereas TrkB signaling provides a mechanism for the preservation of functional synapses (Singh et al., 2008). Moreover, fast and slow increases in BDNF concentration can differentially affect TrkB signaling (transient vs. sustained) such that spine head enlargement and spine neck elongation are affected (Ji et al., 2010).

Rapid modulation of synaptic function by BDNF is attributed to both pre- and postsynaptic mechanisms. To unravel the cell-autonomous mechanisms of BDNF-mediated enhancement of synaptic plasticity, TrkB signaling in the presynaptic sides was impaired by removal of the synaptic vesicle protein Rab3A. Knockout mice, which lack a presynaptic response to BDNF (miniature EPSC frequency), still display normal postsynaptic sensitivity to BDNF because Rab3a is required for the initial (<10
 
min) but not for the later (>10
 
min) phase of BDNF-enhanced transmission (Alder et al., 2005). Indeed, BDNF enhancement of postsynaptic glutamate-induced current did not differ in the mutant neurons compared with the wild type (Alder et al., 2005). One possible postsynaptic mechanism of synaptic potentiation by BDNF signaling is that neurotrophins induce within minutes the phosphorylation of a variety of synaptic substrates such as ion channels.

For example, NMDA and GABA receptors are phosphorylated by BDNF signaling via Erk1/2 and PKC, respectively, to regulate the probability of channel opening (Jovanovic et al., 2004; Levine and Kolb, 2000; Suen et al., 1997). In addition, BDNF induces rapid intracellular calcium transients via the Trk–PI3–K pathway and surface expression of TrpC 
channels (Amaral and Pozzo-Miller, 2007; Li et al., 2005). Blocking endogenous TrkB signaling decreases the frequency of spontaneous Ca2+ rises at postsynaptic sites (Lang et al., 2007). Rapid elevation of intracellular Ca2+ via Trk–PLCγ–IP3 pathway was also reported (Du and Poo, 2004). Moreover, deletion of the Y785 docking site in TrkB knock-in mice revealed the importance of the PLCγ over the ERK and PI3K pathways for the maintenance of synaptic function and the rapid presynaptic effects of BDNF (Gartner et al., 2006; Minichiello et al., 2002). Finally, BDNF signaling has been shown to be dependent on gradient of second messengers such as cAMP to allow functional and structural synaptic responses (Ji et al., 2005; Mai et al., 2009).

Robust stimulation evoking long-term potentiation (lasting >180
 
min) elicits a large increase in BDNF secretion persisting 5–12
 
min beyond the stimulation period. Weaker stimulation patterns leading only to the initial phase of synaptic potentiation (about 35
 
min) are accompanied by a smaller increase in BDNF secretion lasting <1
 
min (Aicardi et al., 2004). Prolonged BDNF signaling triggered by robust synchronized pre- and postsynaptic activities allows synapse-specific potentiation and structural stabilization changes that are dependent on protein synthesis (Aicardi et al., 2004; Tanaka et al., 2008). To be specific, the newly synthesized plasticity-related proteins must be captured only at the active sites by a transient synaptic tag. TrkB signaling endosomes have been proposed to be a synaptic tag (Lu et al., 2008). Many BDNF-regulated genes are newly synthesized plasticity-related genes (Glorioso et al., 2006). The functions of several activity-regulated genes have been investigated in the context of synaptic potentiation: (1) Arc mRNA, which expression is sustained in active spines, participates in structural changes of spines associated to the consolidation of synaptic potentiation by the remodeling of actin cytoskeleton (Bramham, 2008); (2) Homer-1 mRNA is captured only in active spines and regulates the stability of synaptic function (Okada et al., 2009; Szumlinski et al., 2006); and (3) bdnf exon IV mRNA modulates the shape and potency of neuronal networks (Barco et al., 2005; Hong et al., 2008).

Proteomic approaches have revealed that BDNF induces widespread changes in synaptic protein content and upregulates components of the translation machinery, which requires hours (Liao et al., 2007). Several mechanisms can account for this effect. On one hand, BDNF relieves the inhibitory control of the microRNA miR-134 on synaptogenesis (Schratt et al., 2006). On the other hand, BDNF employs the postsynaptic TrkB–PI3K–mTOR pathway to regulate the local synaptic translation of a select group of mRNAs (GLUR1, Arc, BDNF, TrkB, Homer, and CamKII) (Schratt et al., 2004; Slipczuk et al., 2009; Wang et al., 2010). Therefore, rapid and slow signaling may serve a dual function. Promoting transcription of plasticity-dependent genes and the capture of their mRNA products where TrkB signaling endosomes persist as putative synaptic tags may strengthen and maintain existing synapses (Lu et al., 2011; Sajikumar and Korte, 2011; Shivarama Shetty and Sajikumar, 2017).

The activity-controlled production and release of BDNF at the synapse define spatiotemporal constraints for the location of TrkB and p75NTR receptors at active synapses. Because some of the neurotrophic factors, such as BDNF, are secreted in two distinct modes (constitutive and regulated), signaling responses may thus be interpreted accordingly. Indeed, an acute increase in BDNF concentration in cultured hippocampal neurons mimicking the regulated secretion produces distinct signaling outcome when compared with a gradual increase modeling constitutive secretion. Fast and slow increases in extracellular BDNF produce transient and sustained TrkB signaling, respectively. As a result, transient TrkB activation produced neurite elongation and spine head enlargement, whereas sustained TrkB activation facilitated neurite branch and spine elongation (Ji et al., 2010). Slow delivery of BDNF facilitates LTP, whereas fast application of BDNF enhances basal synaptic transmission. Interestingly, high-frequency stimulation of neurons converts BDNF-induced TrkB signaling from a transient to a sustained mode (Guo et al., 2014, 2018). Therefore, the mode of secretion and the source of BDNF underlying its availability within the synaptic cleft are critical for cell signaling and function.




7.6.4. Balancing act on excitation and inhibition

The ratio of excitation/inhibition is adjustable to the level of neuronal activity by homeostatic mechanisms of metaplasticity that depend on BDNF signaling. It is particularly well documented in the maturation of the visual cortex (Maffei, 2002). (1) BDNF impacts the strength of neuronal networks by regulating the balance of inhibition and excitation (Nelson and Valakh, 2015; Oh et al., 2016); (2) BDNF plays an important role in promoting the maturation and number of inhibitory and excitatory synapses (Huang et al., 1999); (3) activity-dependent enhancement of inhibitory input also requires release of BDNF from the postsynaptic neuron and BDNF uptake by GABAergic synaptic terminals (Liu et al., 2007; Peng et al., 2010).

Neurotrophins adjust synaptic strength by regulating the quantal release of neurotransmitters on both excitatory and inhibitory neurons (Tyler and Pozzo-Miller, 2001; Tyler et al., 2006). As a result, neurotrophins adjust neuronal output activity based on the overall network demands. This is partly due to the strength of parvalbumin (PV) neuron–mediated 
inhibition in response to changes of excitatory inputs regulated by BDNF (Bloodgood et al., 2013). Neurotrophins increase the number of interneurons and the density ratio of inhibitory to excitatory synapses (Rutherford et al., 1997; Seil and Drake-Baumann, 2000). Both NGF and BDNF increased the number of medial septum GABAergic and cholinergic neurons projecting to the cortex and hippocampus. BDNF also affects distinct class of synapses in opposite fashion according to the level of neuronal activity. For instance, upon chronic activity blockade, BDNF scales down synaptic responses between excitatory neurons, whereas BDNF scales up glutamatergic synaptic responses onto interneurons and vice versa upon blockade of inhibition (Rutherford et al., 1998; Seil, 2003). Given that BDNF regulates the strength of glutamatergic synapses onto interneurons at higher concentrations than between excitatory neurons, suggests the possibility of a negative feedback mechanism for the recruitment of additional inhibition under very high activity regimes.

BDNF contributes to half of the effect of NPAS4 as master regulator of the activity-dependent transcriptional epigenetic program that controls inhibitory synapse formation (Lin et al., 2008). In the visual cortex, BDNF accelerates the maturation of GABAergic synapses and the establishment of the inhibitory neural network (Huang et al., 1999). In contrast, decrease of BDNF signaling by genetic methods reduces the efficacy of GABAergic synapses (Abidin et al., 2008). In the hippocampus, experimental seizure upregulates BDNF and a collapse of the balanced excitation and inhibition (Koyama and Ikegaya, 2005). Overexpression of BDNF in excitatory hippocampal neurons from BDNF
−/−
 mice increases the number of glutamatergic synapses and concomitantly decreases the density of GABAergic synapses (Singh et al., 2006). Moreover, both BDNF and NT4 decrease the expression of the chloride transporter KCC2, which allows GABA to be depolarizing rather than hyperpolarizing to increase the activity and density of the neuronal network (Cancedda et al., 2007; Rivera et al., 2002). Therefore, BDNF balances the number of functional inhibitory and excitatory synapses to keep overall firing rate of the neuronal network within an operational range (Gottmann et al., 2009; Ibata et al., 2008; Turrigiano, 2007).





7.7. Specificity of neurotrophin actions at the synapse

Neurotrophins have similar properties but can signal through different receptor subtypes that share similar signaling cascades. What are the specific functions of individual neurotrophins in the process of synaptogenesis? Can one neurotrophin substitute for the lack of others? BDNF and NT4, which are both TrkB ligands, accelerate the differentiation and maturation of cortical neurons but with distinction (McAllister et al., 1995, 1997). In addition, BDNF and NT4 increase both inhibitory and excitatory synapses, whereas NT3 only impacts excitatory synapse formation (Cotrufo et al., 2003; Vicario-Abejon et al., 1998). TrkC is expressed on both pre- and postsynaptic sides, and NT3 increases the number of dendrites and spines on the postsynaptic side. But NT3 has no structural effects on the presynaptic side (Vicario-Abejon et al., 1998). Therefore, TrkB ligands seem to promote inhibitory synapse formation and stabilization. The role of NGF and NT3 in the process of synaptogenesis in the central nervous system needs further characterization. Interestingly, neuronal expression of NT3 and NT4 is not regulated by activity contrary to some isoforms of BDNF (Poo, 2001).

Because both BDNF and NT4 are TrkB ligands, one study examined whether NT4 can substitute for BDNF functions by knocking NT4 into the BDNF gene locus. The substitution of NT4 for BDNF accelerates the formation of functional excitatory synapses in hippocampal neurons (Fan et al., 2000). Exogenous NT4 is more potent than BDNF in increasing excitatory hippocampal synapses. One possible mechanism is that NT4 activates more robust TrkB signaling than BDNF. Similarly, another study examined whether NT3, which is not a TrkB ligand, can substitute for BDNF by knocking NT3 into the BDNF gene locus. The substitution of NT3 for BDNF impaired presynaptic differentiation and target innervation of peripheral neurons in the vestibular and gustatory systems like in BDNF
−/−
 mice (Agerman et al., 2003). If NT3 and BDNF share redundant function as survival factor for peripheral neurons, they show striking differences in the process of synaptogenesis.

Visual deprivation dramatically impairs the development of neuronal networks in the visual cortex, which is reversed upon light exposure. Infusion of neurotrophins in the visual cortex mimics light exposure by restoring some level of plasticity in a specific manner. For instance, NGF selectively restores the expression of components of the NMDA system, whereas both BDNF and NT4 restore the expression of components of the AMPA system as well as the GABAergic system (Cotrufo et al., 2003). For instance, the expression of the voltage-gated potassium channels that allow fast repolarization and facilitate high-frequency firing of cortical interneurons is distinct after exposure treatment with BDNF or NT4 (Grabert and Wahle, 2008). Differential effects of neurotrophins on synaptogenesis in vivo may also reflect the overall firing rate of the neuronal network because synaptogenesis is an activity-dependent process and BDNF recruits interneurons to adjust neuronal activity.









7.8. Conclusion and perspectives

Neurotrophins affect virtually all steps of synaptic differentiation and function. There is a general consensus that neurotrophins can scale the overall synaptic activity within homeostatic range by a complex combination of mechanisms including maturation of existing synapses and the recruitment of new synapses from inhibitory and excitatory neurons to update neural network activity.

Neurotrophins acts both pre- and postsynaptically. Postsynaptic neurotrophin signaling seems dispensable for the differentiation and topographic innervation of axon terminals. A presynaptic mechanism elicited by a postsynaptic source of neurotrophins is likely sufficient to regulate the early steps of presynaptic differentiation. In contrast, both pre- and postsynaptic neurotrophic signals, which are cell autonomous and temporally distinct, are required for the functional maturation of synapses. A postsynaptic source of BDNF is crucial to strengthen the presynaptic sides, whereas a presynaptic source of BDNF contributes to the structural maturation of spines and synaptic potentiation.

BDNF is a well-suited trophic factor to modulate neuronal networks. Because (1) the signaling through Trk receptors is dependent on neuronal activity; (2) postsynaptic secretion of BDNF is sensitive to synchronized activation of both pre- and postsynaptic terminals; (3) neurotrophic signals can be retrogradely and anterogradely transported to modify and strengthen synapses; (4) the potential BDNF and TrkB to behave as a synaptic tag provide a means to regulate synapse-specific changes driven by neuronal activity; (5) inactive synapses may be eliminated by a pro-BDNF-P75NTR mechanism.

Substantial evidence described in this chapter supports the idea that proBDNF function goes beyond being a synthesis precursor for mature BDNF. The concomitant expression of proBDNF and p75NTR during early postnatal periods and its subsequent decrease in adulthood is a good example of developmental shift between functions of the proBDNF, mature BDNF, and its prodomain.

Since neurotrophins contribute to the establishment and refinement of neuronal networks, impaired neurotrophin signaling has been linked to several neurodegenerative and psychiatric disorders. It is intriguing that human carriers of the Met66 polymorphism of BDNF gene are more vulnerable to develop early onset or more severe forms of these diseases. Until now, the effect of the Val66Met polymorphism was mainly explained by a loss of function of mature BDNF (Chen et al., 2006b). But recent publications exploring the biological functions of the BDNF prodomain (independently of mature BDNF and proBDNF) describe gains of functions for the Met66 variant, raising the question of which BDNF ligands are contributing more to the phenotypic characteristics of the Met66 human carriers. Future studies implicating the BDNF prodomain in pathological states are warranted.
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Abstract


The differentiation and functional specification of synapses are critical for the assembly and function of neuronal networks. Adhesion molecules that bridge the synaptic cleft have emerged as important regulators of the establishment, maintenance, and functional characteristics of synaptic connections. This chapter focuses on one pair of such trans-synaptic interaction partners, the neurexins (NRXs) and neuroligins (NLs), which form a heterophilic adhesion complex. We will first briefly discuss the discovery of these synaptic proteins and then summarize conclusions from structural and cell biological studies on the synaptic function of NRX and NL proteins. In the last section of the chapter, we will then highlight the involvement of NRX and NL functions in neuropsychiatric and neurodevelopmental disorders.
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8.1. Introduction

The differentiation and functional specification of synapses are critical for the assembly and function of neuronal networks. Adhesion molecules that bridge the synaptic cleft have emerged as important regulators of the establishment, maintenance, and functional characteristics of synaptic connections. This chapter focuses on one pair of such trans-synaptic interaction partners, the neurexins (NRXs) and neuroligins (NLs), which form a heterophilic adhesion complex. We will first briefly discuss the discovery of these synaptic proteins and then summarize conclusions from structural and cell biological studies on the synaptic function of NRX and NL proteins. In the last section of the chapter, we will then highlight the involvement of NRX and NL functions in neuropsychiatric and neurodevelopmental disorders.




8.2. Along came a spider: discovery of neurexin and neuroligin proteins

Starting point for the discovery of the synaptic NL and NRX proteins was the search for receptors that bind α-latrotoxin, the poison of the black widow spider that triggers massive release of neurotransmitter from synaptic terminals (McMahon et al., 1990; Ushkaryov et al., 2008). In this effort, Scheer and Meldolesi (1985) and Petrenko et al. (1990) identified high-affinity receptors from bovine brain. Subsequently, three independent cDNAs, termed NRX1, 2, and 3, were identified based on peptide sequences derived from the isolated protein (Ushkaryov et al., 1992; Ushkaryov and Sudhof, 1993). The amino acid sequences of the corresponding NRX proteins are closely related in their primary structure with approximately 70% amino acid identity. In the effort of isolating the NRX cDNAs, it was discovered that the mRNAs undergo extensive alternative splicing, yielding thousands of potential isoforms (Fig. 8.1A). According to 
early in situ hybridization studies and later single molecule sequencing efforts, many of these NRX mRNA variants are indeed expressed throughout the nervous system (Puschel and Betz, 1995; Ullrich et al., 1995; Schreiner et al., 2014). In subsequent years, additional α-latrotoxin receptors were discovered, including CIRL/latrophilin 1 (CL1) (Sugita et al., 1998) and receptor tyrosine phosphatase σ (Krasnoperov et al., 2002). NRXs and also these additional receptors appear to function primarily as a docking site, which enables α-latrotoxin to associate with biological membranes. The membrane-associated toxin then to form pores in the neuronal plasma membrane and calcium influx triggers synaptic vesicle exocytosis. However, also alternative mechanism might contribute to the latrotoxin-induced release of neurotransmitter (Ushkaryov et al., 2008).



[image: image]



Figure 8.1 Schematic representation of neurexin and neuroligin gene structures. (A, D) Exon structure of the mouse NRXN1 and NLGN genes. Alternatively spliced exons are marked in red. There are five alternatively spliced segments (referred to AS1–AS5) in neurexins and one or two in neuroligins (A1/A2 or B). Alternatively spliced segments of neurexins are sometimes referred to as “spliced site or SS1–5”; however, from a splicing perspective, this is inaccurate as one alternatively spliced segment contains multiple splice donor and acceptor sites at the exon junctions. The schematic representation of neurexin pre-mRNA splicing at the particular alternatively spliced segments and the numbers of possible variants for each particular alternatively spliced segment are shown in (A). The arrangement of protein domains and motifs in neurexins and neuroligins, respectively, is shown in (B) and (D). The localization of alternatively spliced insertions is shown in red. The C-terminal PDZ-binding motifs are highlighted with arrows. The amino acid sequences of mouse alternative insertions in NL1, NL2, and NL3 are shown in (D).




The identification of NRXs as α-latrotoxin receptors was followed closely by a search for endogenous ligands for this family of synaptic proteins. NL proteins were isolated by affinity chromatography with recombinant NRX1β (Ichtchenko et al., 1995, 1996). Intriguingly, the NL–NRX interactions were modified by NRX alternative splicing, indicating that the polymorphic nature of NRXs may translate into functional regulation.





8.3. Extensive diversification: gene and protein structures

8.3.1. The neurexin and neuroligin gene families




Both vertebrate NRXs and NLs are encoded by multiple genes that give rise to several protein isoforms. In mammals, there are three NRX genes, NRXN1, NRXN2, and NRXN3 (Tabuchi and Sudhof, 2002). Remarkably, these genes are among the largest in the mammalian genome, with human NRXN1 and NRXN3 spanning approximately 1.1 and 1.7
 
Mb, respectively. Thus, the NRXN3 gene occupies almost 2% of chromosome 14 (Rowen et al., 2002; Tabuchi and Sudhof, 2002). Each NRX gene is expressed from two alternative promoters, resulting in the long α-NRX transcripts and shorter β-NRXs (Fig. 8.1A). In addition to the expression from multiple genes and promoters, NRX molecular diversity is further increased by extensive alternative splicing, potentially resulting in more than 12,000 different isoforms (Ushkaryov and Sudhof, 1993; Rowen et al., 2002; Tabuchi and Sudhof, 2002; Baudouin and Scheiffele, 2010; Schreiner et al., 2014). In α-NRXs, there are up to six alternatively spliced segments, referred to as AS1 to AS6 (Schreiner et al., 2014), which consist of either simple cassette exons or more complex arrangements of alternative splice donor and splice acceptor sites. Two of these alternatively spliced segments are also present in β-NRXs (Fig. 8.1A). In studies utilizing single cDNA sequencing, around 1400 unique NRXN mRNA variants could be reliably detected in vivo (Schreiner et al., 2014). This lower number of detected versus potential NRXN variants results in part from invariant splice site selections at some of the alternative segments. Importantly, it remains a major question what transcript isoforms detected by RNA-Seq are in fact translated. Targeted mass spectrometry approaches clearly demonstrated expression of several NRXN protein isoforms in the mouse brain (Schreiner et al., 2015). Interestingly, the mRNA sequences modified through alternative splicing encode extracellular sequences in the NRX proteins, thereby generating a collection of neuronal surface proteins with divergent extracellular sequences but common transmembrane and intracellular sequences. This molecular diversification as well as the discovery of splice isoform-selective interactions between NLs and NRXs suggested early on that NRXs may serve some functional roles in neuronal recognition processes.

Like the NRXs, NLs are encoded by multiple genes, but their molecular diversity does not match that of the NRXs (Fig. 8.1C). Four NL genes, NLGN1, NLGN2, NLGN3, and NLGN4, have been identified in the mouse genome. In humans, there is an additional NL gene located on the Y-chromosome, termed NLGN4Y or NLGN5. Notably, NLGN3 and NLGN4 are X-chromosomal genes that received significant attention in the context of their involvement in autism spectrum disorders (ASDs), a condition more frequently observed in males than females (see the following text). However, mouse NLGN4 has been suggested to be an autosomal gene (Bolliger et al., 2008). All primary NLGN transcripts are further diversified by alternative splicing, though to a much lesser extent than NRXs (Ichtchenko et al., 1996). NL mRNAs contain an alternatively spliced segment A, consisting of a cassette exon that encodes, depending on the NL gene, 17–40 amino acids (Fig. 8.1D). In NLGN1, there is an additional alternatively spliced segment B, which encodes a 9-amino-acid insertion (Fig. 8.1D).

Finally, NL and NRX orthologs have been identified in invertebrates (Knight et al., 2011) such as Drosophila melanogaster (Tabuchi and Sudhof, 2002; Li et al., 2007; Banovic et al., 2010; Sun et al., 2011b), Apis mellifera (Biswas et al., 2008, 2010), Caenorhabditis elegans (Tabuchi and Sudhof, 2002; Hunter et al., 2010; Haklai-Topper et al., 2011), and A. californica (Choi et al., 2011). The existence of orthologs across the animal kingdom suggests an evolutionarily conserved function. Notably, in these less complex organisms, the isoform diversity is reduced, which provided advantages for the genetic analysis of loss-of-function phenotypes, in particular, in genetically tractable models such as D. melanogaster (discussed in the following).









8.3.2. Protein topology and domain organization

NRXs, as well as NLs are single membrane-spanning, type I proteins. Both contain short intracellular sequences that lack enzymatic or signaling domains but that contain C-terminal PDZ-binding motifs (Fig. 8.1B and D). These motifs mediate interactions with PDZ domain–containing synaptic scaffolding proteins and may link NLs and NRXs to other synaptic proteins and influence their function. The extracellular sequences contain O-linked carbohydrate-rich stalk domains proximal to the transmembrane domain (Ushkaryov et al., 1994; Ichtchenko et al., 1995) (Fig. 8.1B and D). These stalks may have a spacer function and position more distal extracellular domains in the synaptic cleft. Additionally, NRC stalk domains contain heparan sulfate chains, which were recently shown to play a supportive role in the trans-synaptic complex formation (Zhang et al., 2018). For the NLs, most of the remaining extracellular sequence consists of a single domain, which is homologous to cholinesterases (ChE). Despite the significant similarity to ChE in amino acid sequence as well as in structure, this domain lacks enzymatic activity due to a lack of conservation of three amino acids that constitute the esterase catalytic triad (Fig. 8.1) (Scholl and Scheiffele, 2003). α-NRXs contain six characteristic laminin-G-like (LG) domains, with sets of two domains each separated by epidermal growth factor–like (EGF) domains. By contrast, β-NRXs contain only a single LG-domain (Fig. 8.1). Interestingly, the LG domains show structural similarity with LG domains of agrin and exhibit a close structural relationship to the carbohydrate-binding domains of lectins (Rudenko et al., 1999). However, unlike lectins, the LG-like domains in NRXs appear to have a preferential protein–ligand interaction site distinct from the carbohydrate-binding sites found in lectins (Rudenko et al., 2001). NL–NRX interactions are mediated through the ChE and LG domains. This domain architecture provides an interesting parallel to neuromuscular synapses where the synaptic basal lamina is composed of acetylcholinesterase, synaptic laminins, and the LG domain–containing proteoglycan agrin (Sanes and Lichtman, 2001). Agrin and β2-laminin are key players in synaptic organization of the neuromuscular junction (NMJ) and carry out functions that are similar to those of the NL–NRX complex in the central nervous system. In this vain, NLs and NRXs would essentially represent components equivalent to the basal lamina that are anchored directly in the plasma membrane of CNS synapses through transmembrane domains.






8.4. Crystal clear: structural insights into neuroligin–neurexin interactions

8.4.1. Structures of neurexin and neuroligin proteins




Structural studies, in particular, the comparison of different NRX isoforms and NL–NRX complexes, have provided key insights into how the molecular diversity of these proteins might translate into isoform-specific interactions and functions. Isolated extracellular domains of NLs form stable homodimers (Comoletti et al., 2003; Arac et al., 2007; Koehnke et al., 2008). Oligomerization is mediated by four α-helices near the C-termini of the ChE domains, with two helices contributed from each NL monomer (Arac et al., 2007; Chen et al., 2008; Koehnke et al., 2008). Since the residues at the dimerization interface are conserved between NL isoforms, also heterooligomers might be formed, a hypothesis that is consistent with coprecipitation studies that identified NL1–NL3, NL1–NL2, and NL2–NL3 complexes in brain lysates (Budreck and Scheiffele, 2007; Poulopoulos et al., 2012). In an NL1/NRX1β complex, a central NL ChE domain dimer is flanked by the LG domains of two β-NRX monomers, one attached to each side of the NL dimer (Arac et al., 2007; Comoletti et al., 2007; Fabrichny et al., 2007; Chen et al., 2008). One important hallmark of the NRX–NL interaction is the Ca2+ dependence (Ichtchenko et al., 1995; Nguyen and Sudhof, 1997). The Ca2+ binding site in the β-NRX–NL complex is constituted by residues at the interaction surface of NRX (Arac et al., 2007; Chen et al., 2008). Although the LG domain of β-NRX provides all amino acid residues in contact with the Ca2+ ion, NL is required for completing Ca2+ coordination in the complex by providing a water molecule at the interaction surface (Chen et al., 2008).

While β-NRXs have only one LG domain, there are six LG domains present in the α-NRX isoforms. Also for the larger α-NRXs, NL binding is mediated through the sixth LG domain [LG(6)], i.e., the same sequences that are present in the β-NRX extracellular domain. Interestingly, in contrast to the complexes formed by α-NRX and NL, the complexes comprising β-NRX/NL were demonstrated to assemble into higher-order lateral sheetlike superstructures (Tanaka et al., 2012); however, the functional relevance of this finding is not yet clear yet. The structures of α-NRX fragments provided important insights into the arrangement of the extended α-NRX domain structure (Chen et al., 2011; Miller et al., 2011). The extracellular LG and EGF domains of α-NRX are arranged in an L-shaped form consisting of two modules. The membrane proximal EGF(c)–LG(6) module represents the short arm, and the remaining LG(2) through LG(5) represent the longer arm (note that the N-terminal LG(1) and EGF(a) domains were not contained in these structures). The two (long and short arm) modules are connected by a flexible hinge region (Fig. 8.2). The structural arrangement of single domains in α-NRX creates a variety of possible interaction interfaces resulting from different spatial organization of the LG/EGF domain repeats. The LG(1)–EGF(a)–LG(2) repeat appears flexible, whereas the LG(3)–EGF(b)–LG(4) adopts a globular horseshoe-shaped 
conformation, which is similar to the conformation found in reelin. By contrast, the LG(5)–EGF(c)–LG(6) module forms an extended array (Fig. 8.2A). To date, no high-resolution structure for α-NRX–NL complex is available, but the potential organization has been assessed by modeling (Fig. 8.2B). Based on the biochemical binding data, α-NRX–NL interactions in these models occur via LG(6). According to the structural model, further cooperation may occur through LG(3) or LG(4) that may be modulated by alternative splice insertions in NRX as well as the NL protein (Chen et al., 2011). Specifically, the A insertion in NL1 is predicted to be positioned at these additional contact sites, whereas in NRX, insertions at AS3 may modify the α-NRX–NL interactions (Fig. 8.2B). Another important element in α-NRX that is revealed in these models is the hinge region between the LG(5) and EGF(c). The flexibility allowed by sequences in this region allows the long arm of the L-shaped structure to adopt “open” and “closed” conformations. The “open” conformation brings the N-terminal domain of α-NRX to get into close proximity to the opposite membrane where it could interact with other proteins (Miller et al., 2011). By contrast, the closed conformation would prevent such interactions. Notably, the recently identified insertion at AS6 (Schreiner et al., 2014) is located in the hinge region and may control the flexibility of this region. Considering the diverse interaction interfaces created through the multidomain structure of α-NRX, this protein might in fact integrate multiple protein–protein interactions, thus providing an extracellular scaffold in the synaptic cleft.
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Figure 8.2 Structure of NRX1α and putative model of the NRX1α/NL1 complex. (A) Ribbon diagram of bovine NRX1α (Note that LG1 and EGF(a) are not included in this structure). β-Strands of LG domains are shown in yellow and loops b11 and b12 of the particular LG domain in cyan. These loops are characteristic for each single LG domain and range from 10 to 22 residues. EGF-like domains are shown in magenta. (B) Molecular modeling of the interaction between NRX1α and neuroligin1. AS2, AS3, and AS4 insertions in neurexin are depicted in yellow and marked by arrows. Insertions A and B in neuroligin-1 are indicated by red dots and arrows. The proposed movement of the “long arm” from the open to closed position is indicated by the double-headed arrow. 

Adapted from Chen, F., Venugopal, V., Murray, B., and Rudenko, G. 2011 The structure of neurexin 1alpha reveals features promoting a role as synaptic organizer. Structure 19, 779–789.







8.4.2. Regulation of neurexin–neuroligin binding affinities by alternative splicing

The structural data on different NL and NRX protein variants provided further support for the idea that the molecular diversity of these proteins might underlie some form of an adhesive code where alternative splicing would regulate specific receptor–ligand interactions. Binding affinities differ significantly between splice variants of NRXs and/or NLs. In one study, the dissociation constants determined by surface plasmon resonance (Koehnke et al., 2010) differ by 200-fold for different combinations of isoforms (from 0.24 to 48
 
μM). Other studies demonstrated low nanomolar affinities (10–98
 
nM) (Comoletti et al., 2006; Arac et al., 2007; Chen et al., 2008; Siddiqui et al., 2010). The reason for the divergent affinities determined in these difficult experiments are currently unclear. In general, AS4 insertions in NRX1β and NRX2β reduce the affinity for interaction with NLs, as well as LRRTM2, another postsynaptic partner. For NL interactions, this role for AS4 insertions is consistent with the proximity of the AS4 insertion site and the NL interaction interface (Fig. 8.2B). Similarly, the B insertion in NL1 is positioned at the edges of the binding interface, reduces interaction with β-NRXs, and completely disrupts the binding between neuroligin-1 and α-NRXs (Boucard et al., 2005; Chih et al., 2006; Reissner et al., 2008; Siddiqui et al., 2010). Part of this property of the B insertion is due to the presence of an asparagine in this insertion that is modified by N-linked glycosylation (Comoletti et al., 2003; Chih et al., 2006). The role of alternative splicing at sites other than AS4 for interactions between α-NRXs and NLs has not been systematically studied, but the predicted structural arrangement of this complex would suggest that also alternative splicing at other sites modulates NL–NRX interactions.










8.5. Spatiotemporal modifications: regulation of alternative splicing

The observation that alternative splice variants differ significantly in ligand interactions highlights the importance of understanding the cellular mechanisms and logic that underlie NRX splice isoform choice. Cell type–specific splice isoform expression might represent a mechanism for recognition and selective interaction between certain neuronal cell populations through an adhesive code of receptor–ligand interactions. Moreover, modifications of neuronal connectivity and function might be achieved by signaling-dependent modification in the NRX alternative splicing patterns and, thereby, their trans-synaptic interactions. Indeed, several studies support the idea of cell type–specific NRX repertoires. Single cDNA sequencing from purified cerebellar granule cells demonstrated strong enrichment of a small subset of Nrxn1 splice isoforms (Schreiner et al., 2014). Subsequent qPCR studies on single cells as well as ribosome-associated mRNAs from genetically defined cell populations demonstrated selective splicing events associated with specific cell types (Fuccillo et al., 2015; Nguyen et al., 2016). Parvalbumin interneuron-specific knockout (KO) of cell type–specific exons disrupts hippocampal network activity and mouse behavior (Nguyen et al., 2016). Jointly, this body of evidence clearly demonstrated cell type–specific expression and function of NRXN splice isoforms.

The key functions and cell type–specific expression of NRXN splice isoforms raised the question of how cellular NRX repertoires are generated. One class of RNA-binding proteins that drive NRXN splice isoform selection are the STAR proteins (Sam68, Slm1, Slm2) (Iijima et al., 2011; Ehrmann et al., 2013; Traunmüller et al., 2014; Danilenko et al., 2017). While Sam68 is expressed broadly in neuronal and nonneuronal cells, Slm1 and Slm2 exhibit highly selective expression in specific classes of neurons (Stoss et al., 2004; Iijima et al., 2014). All three STAR proteins bind to intronic silencer elements, flanking an exon at the alternatively spliced segment 4 (AS4). Hippocampal pyramidal cells express high levels of Slm2 and skip the alternative exon at AS4, whereas most parvalbumin-positive interneurons lack Slm2 and include AS4 insertions (Nguyen et al., 2016). In Slm2 KO mice, only four alternative exons are severely deregulated, and three of them are the AS4 cassette exons of NRXN1, 2, and 3. Loss of Slm2 results in a severe postsynaptic AMPA receptor phenotypes at Schaffer collateral synapses as well as behavioral phenotypes—both can be rescued by selectively restoring alternative splicing at AS4 (Traunmüller et al., 2016). Similarly, selective perturbation of AS4 alternative splicing in NRXN3 results in phenotypes in glutamatergic transmission and plasticity (Aoto et al., 2013). This indicates that alternative of NRXNs is indeed a key mechanism for specifying synaptic properties in neuronal networks. Moreover, highly dedicated splicing regulatory mechanisms have evolved to control this process.

Alternative splicing may control synaptic properties not only in a spatial, cell type–specific manner but also temporally during neuronal plasticity. Dynamic regulation of alternative splicing by neuronal activity has emerged as a candidate mechanism of neuronal plasticity (Xie and Black, 2001; Quesnel-Vallieres et al., 2016; Furlanis and Scheiffele, 2018). In cultured neurons, some alternative splicing decisions in NRX mRNAs are altered in response to cellular depolarization and calcium influx (Rozic-Kotliroff and Zisapel, 2007; Iijima et al., 2011). These findings have been extended by studies linking neuronal activation in vivo elicited by contextual fear conditioning of rats to increased skipping of the alternative exons at AS4 of Nrxn1, 2, and 3 in the hippocampus (Rozic et al., 2011). Dissection of Nrxn1 alternative splicing regulation in the mouse cerebellum defined a signaling pathway for neuronal activity–dependent alternative splicing. Upon depolarization or electrical stimulation, cerebellar granule cells exhibit increased skipping of the alternative exon at AS4, resulting in an increase in Nrxn1 4(−) variants. This activity-dependent alternative splicing shift requires calcium influx through L-type voltage-gated calcium channels, Ca2+-calmodulin-dependent kinase IV, and the alternative splicing factor SAM68, a KH-domain RNA-binding protein (Iijima et al., 2011). These studies provide a first glimpse at the molecular mechanisms involved in the regulation of NRX splicing and highlight that cellular NRX content can be dynamically regulated in response to neuronal signaling. Mechanisms controlling NRX splice isoform choice at the other alternatively spliced segments and factors that may control cell type-specific repertoires remain to be identified.




8.6. Nonexclusive partners: a hub for synaptic proteins

While the focus of this chapter is on the interaction and cellular signaling capabilities of NL–NRX complexes, it is important to note that recent studies identified a number of additional extracellular interaction partners that contribute to synaptogenesis (Fig. 8.3). The glial-derived proteoglycan thrombospondin-1 (TSP1) was demonstrated to bind to the NL1 ChE domain (Xu et al., 2010). As such, the ability of glial-derived TSP1 may exert its function in accelerating the formation of CNS synapses. Hevin, another astrocyte-secreted protein, was demonstrated to bridge interactions between Nrx1α and NL1B across the synaptic cleft, thus modulating the formation of thalamocortical synapses (Singh et al., 2016). Moreover, there are cis-interacting partners of NLs that modulate NL-dependent synaptogenesis. These include lipoma HMGIC fusion partner-like 4 (LHFPL4) and MDGA1/2 (Pettem et al., 2013b; Elegheert et al., 2017; Yamasaki et al.,2017).
 For NRXs, an even broader range of alternative ligands have been identified that engage in trans-synaptic adhesion complexes. These include the leucine-rich repeat protein LRRTM2 (de Wit et al., 2009; Ko et al., 2009; Siddiqui et al., 2010), α-dystroglycan (Sugita et al., 2001), the G protein–coupled receptor CIRL1/latrophilin-1 (Boucard et al., 2012), calsyntenin-3 (Pettem et al., 2013a), and immunoglobulin superfamily member IgSF21 (Tanabe et al., 2017). Two particularly remarkable examples for such additional NRX interactors are the tripartite complexes formed by presynaptic NRXs, the extracellular C1q-related proteins (Cbln1 and C1ql2 and 3) and postsynaptic neurotransmitter receptors. Thus, in the mouse cerebellum, a trans-synaptic complex of NRXs, extracellular Cbln1 and postsynaptic GluD2, is essential for the formation and maintenance of parallel fiber synapses (Matsuda et al., 2010; Uemura et al., 2010). Moreover, in the mouse hippocampus, NRXN3 in mossy fiber axons recruits postsynaptic GluK2 and GluK4 kainate receptors in CA3 neurons through extracellular C1ql2 and 3 (Matsuda et al., 2016). As for the binding to NLs, specific NRX splice insertions at several segments play a pivotal role in the interaction with these alternative NRX-binding partners. Alternative splicing at Nrxn1 AS4 controls high-affinity interaction with in the trimeric NRX/GluD2/Cbln1 complex, and Nrxn3 AS5 alternative splice acceptor site gates interact with the C1q-like proteins in the hippocampus. These selective interactions of differentially spliced NRX isoforms with particular interaction partners further support the idea that NRX alternative splicing underlies a code for selective neuronal recognition events.
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Figure 8.3 Protein–protein interactions of NRX–NL complexes at CNS synapses. NL1 and NL2 isoforms exhibit synapse-specific localization and functions. NL1 is concentrated at glutamatergic synapses and central cholinergic synapses, whereas NL2 and NL4 are concentrated at GABAergic and glycinergic synapses. NL3 has been detected at both glutamatergic and GABAergic synapses. At glutamatergic synapses, NL1 couples to the scaffolding protein PSD95 that may in turn interact with NMDA and AMPA receptors. NL1 may interact with the extracellular matrix protein thrombospondin (TSP) that is secreted from astroglia. MDGA proteins interact with neuroligins in cis, inhibiting their trans-synaptic interactions. At GABAergic synapses, NL2 couples via the cytoplasmic tail to collybistin, gephyrin, and GABA-A receptors. NRXs are concentrated in the presynaptic terminal, but dendritic pools are also detected in vivo. Presynaptically, NRXs bind through PDZ domain interactions to the scaffolding proteins Mint/X11alpha and Lin2/Cask. Cask may exhibit a kinase activity that can phosphorylate NRX. Through the Cask/Mint/Lin7 complex, NRX may couple to presynaptic voltage-gated calcium channels (Cav2.1 and Cav2.2). Another link to calcium channels is through alpha2delta proteins. NRXs also engage in extracellular interactions with ligands other than the NLs: with the black widow spider toxin α-latrotoxin (LTX), at glutamatergic synapses with leucine-rich repeat transmembrane proteins (LRRTM1 and 2), CIRL, GluD2/Cbln1, and at GABAergic synapses with alpha-DG.






8.7. Acting locally: polarized transport and synapse-specific localization

NLs and NRXs are broadly expressed in the brain. The heterophilic nature of NL–NRX interactions indicates that they may impose directionality on the synaptic differentiation process. Immunohistochemical and ultrastructural studies strongly support the selective concentration of NLs in the postsynaptic compartment (Song et al., 1999; Varoqueaux et al., 2004; Budreck and Scheiffele, 2007); a dendritic targeting signal mediates the exclusion of NL1 from axons even when the protein is overexpressed in cultured neurons. This motif is conserved in the cytoplasmic tail of all NLs, indicating that it might 
represent a general sorting signal for dendritic trafficking of these proteins (Rosales et al., 2005). Additional motifs might be involved in the synaptic concentration of NLs (Dresbach et al., 2004). Notably, the different NL isoforms show preferential localization at glutamatergic or GABAergic/glycinergic postsynaptic sites. Thus, in the central nervous system, NL11 is preferentially localized to glutamatergic synapses (Song et al., 1999), NL2 is localized to GABAergic synapses (Graf et al., 2004; Varoqueaux et al., 2004) and some dopaminergic synapse structures (Uchigashima et al., 2016), whereas NL3 synapse association appears to be diverging across different cell types. Thus, in some cells, NL3 is detected at glutamatergic sites but in other cells also at GABAergic synapses (Budreck and Scheiffele, 2007; Baudouin et al., 2012). Mouse NL4 is expressed in only a few brain regions, for example at a subset of glycinergic postsynaptic sites in the retina and brain stem (Hoon et al., 2011; Hammer et al., 2015). In chick ciliary ganglia, NL1 was demonstrated to localize also at cholinergic synaptic junctions (Conroy et al., 2007). This localization and the recruitment of NRXs to opposing presynaptic sites depends on NL1 interaction with the cytoplasmic scaffolding proteins SSCAM and adenomatous polyposis coli (APC) complex (Rosenberg et al., 2010). It should be noted that it is often assumed that all synapses contain at least some of the NL proteins; however, this has not been formally evaluated, and it is likely that there are synaptic contacts in vivo that are devoid of NL proteins.

In contrast to the NLs, the localization of NRXs is incompletely understood. The ability of NRXs to serve as functional α-latrotoxin receptors suggested that these proteins should be present in the presynaptic nerve terminals. Indeed, immunolabeling studies for endogenous and epitope-tagged NRXs support such a presynaptic localization in the mouse brain (Taniguchi et al., 2007). However, with a pan-NRX antibody, immune reactivity could also be observed at the dendritic plasma membrane and in some postsynaptic structures (Taniguchi et al., 2007). Substantial postsynaptic pools of α-NRXs were also detected in biochemical fractionations experiments (Berninghausen et al., 2007). Given the difficulty of evaluating the specificity of immunological reagents targeting a large gene family like the NRXs, the abundance of endogenous NRXs in dendrites still needs to be quantitatively assessed. However, it should be noted that α-NRX KO neurons (lacking all three α-NRX isoforms) have been reported to exhibit defects in postsynaptic NMDAR currents caused by cell-autonomous loss of NRX in the postsynaptic cell (Kattenstroth et al., 2004), consistent with the putative function of endogenous α-NRXs in dendrites. Postsynaptically overexpressed NRXs were shown to modulate NL and GABA A-receptor functions in cis orientation and thus inhibit NL-mediated synaptogenesis (Taniguchi et al., 2007) and GABAergic synaptic responses (Zhang et al., 2010), respectively. These potential postsynaptic NRX functions were proposed to represent a developmental mechanism of synaptic maturation, since NRXs were demonstrated to redistribute from dendrites to axons as a response to contact-mediated signaling from astrocytes (Barker et al., 2008). Whether endogenous NRXs indeed carry out such functions remains to be tested with loss-of-function approaches.





8.8. More than glue: synaptic functions of neuroligin-neurexin complexes

8.8.1. Synaptogenic functions




The ability of NL–NRX complexes to mediate cell–cell adhesion implies a function in tying together pre- and postsynaptic cell membranes. An important realization has been that these interactions not only adhere synaptic membranes but also contribute to their morphological and functional differentiation. NLs expressed at the surface of nonneuronal cells trigger the formation of presynaptic structures, consisting of synaptic vesicles, presynaptic scaffolding molecules, and the machinery for regulated exocytosis (Scheiffele et al., 2000). Similarly, clustering of NRXs with NL-coated beads or with multimerized antibodies leads to the assembly of presynaptic release sites (Dean et al., 2003). This ability of a single protein to organize a substantial degree of the synaptic apparatus is generally referred to as “synaptogenic” activity. Importantly, the synaptogenic activity of the NL–NRX complex acts bidirectionally, as NRXs are sufficient to induce clustering of postsynaptic neurotransmitter receptors in dendrites through interaction with postsynaptic NLs (Graf et al., 2004; Chih et al., 2005, 2006). Importantly, the trans-synaptic activities observed in these assays also revealed isoform-specific activities with respect to the neurotransmitter phenotypes that are induced: NRX1β 4(+) (containing an insertion at AS4) and NRX1α 4(−) exhibit preferential induction of GABAergic postsynaptic structures, and NL1 splice variants differ in their ability to promote the assembly of glutamatergic and GABAergic sites in cultured hippocampal neurons (Chih et al., 2006; Graf et al., 2006). These findings raised the possibility that axons with different neurotransmitter phenotypes contain different NRX isoform repertoires, and this was formally confirmed in transcriptomic analyses (Schreiner et al., 2014; Fuccillo et al., 2015; Nguyen et al., 2016).




8.8.2. Cell biological mechanisms of neurexin and neuroligin functions

The ability of NL and NRX to organize pre- and postsynaptic specializations, respectively, may be mediated through binding to synaptic scaffolding proteins (Fig. 8.3). Both NRXs and NLs contain C-terminal PDZ-binding motifs that have been implicated in binding to an array of scaffolding molecules such as PSD95, S-SCAM, SAP102, and Shank proteins in 
case of NLs and Lin-2/CASK, Lin-10/Mint1,2,3, syntenin-1, CIPP, and spinophilin in case of NRXs (Hata et al., 1996; Irie et al., 1997; Kurschner et al., 1998; Grootjans et al., 2000; Meyer et al., 2004; Sumita et al., 2007; Poulopoulos et al., 2009; Hoon et al., 2011; Muhammad et al., 2015). Through such interactions, NLs may couple to neurotransmitter receptors and recruit them to axodendritic contacts. NL1 was demonstrated to mediate NMDAR recruitment at glutamatergic synapses, and mature NLGN1 KO neurons exhibit a selective decrease in the NMDA to AMPA EPSC ratio (Chih et al., 2005; Chubykin et al., 2007; Budreck et al., 2013). NMDAR recruitment may in part involve PSD95-mediated coupling between NL1 and NMDA receptors in the postsynaptic compartment (Irie et al., 1997; Prange et al., 2004). However, there are also complexes assembled via the extracellular domains that recruit and/or stabilize NMDARs at NL1-containing synapses (Budreck et al., 2013). For NL2 at inhibitory synapses, cytoplasmic scaffold-mediated mechanism for neurotransmitter recruitment has been formally tested. Here, gephyrin, a cytoplasmic protein with the ability to form oligomeric lattices, binds directly to the cytoplasmic tail of NLs. While gephyrin appears to indiscriminately couple to any of the NL isoforms, the unique ability of NL2 and NL4 to interact with collybistin, a GDP–GTP exchange factor that is an essential determinant for gephyrin activation and clustering (Harvey et al., 2004) is believed to provide selectivity for these “inhibitory synapse NL isoforms” (Poulopoulos et al., 2009). In NLGN2 KO mice, the aggregation of GABA-A receptor subunits is reduced at perisomatic GABAergic synapses that are formed by fast-spiking parvalbumin-positive interneurons in hippocampus, and somatosensory cortex and inhibitory synaptic transmission is reduced (Gibson et al., 2009; Poulopoulos et al., 2009). Perisomatic inhibition is also reduced in dentate granule cells in the hippocampus of NLGN2 KO mice (Jedlicka et al., 2011). Interestingly, NLGN2 KO does not affect transmission from somatostatin-positive inhibitory interneurons, highlighting a selective requirement for NL2 in the recruitment of GABA-A receptors to perisomatic synaptic junctions (Gibson et al., 2009).

Similar to NLs, presynaptic NRXs interact via C-terminal PDZ-binding motifs with presynaptic scaffolding proteins (Fig. 8.3), such as calmodulin-associated serine/threonine kinase (Lin-2/CASK) and Lin-10/Mints (Hata et al., 1996). However, the functional relevance of these interactions remains unclear. The cytoplasmic tail of NRX was proposed to be dispensable for its synaptogenic activity in vitro (Gokce and Sudhof, 2013)—however, a requirement for cytoplasmic NRX sequences appears to be context and/or cell type dependent (Aoto et al., 2015). The juxtamembrane domain of NRXs and Lin-2/CASK both interact with band-4.1 protein (Biederer and Sudhof, 2001), which may connect the NRX/CASK complex to the cytoskeleton (Fig. 8.3). CASK may in fact represent one NRX effector that contributes to the regulation of NRX–NL complexes by cellular signaling: The function of CASK downstream of NRX was demonstrated to be modulated through phosphorylation by cyclin-dependent kinase-5 (Cdk5) (Samuels et al., 2007). Phosphorylation of CASK promotes interaction between CASK and the active zone protein liprin-α. Cdk5 activity stimulates redistribution of CASK to membranes and enhances the formation of NRX/CASK complexes at nascent presynaptic terminals. Remarkably, CASK itself was suggested to be a functional (though unconventional) kinase able to phosphorylate NRX in neuronal activity–dependent manner (Mukherjee et al., 2008). The phosphorylation of Nrx by CASK may impact stability of the presynaptic CASK/Nrx/Mint1/liprin-α complex and regulate the turnover of NRX at the synapse (LaConte et al., 2016). Lin-2/CASK–Lin-10/Mint complexes have also been implicated in the recruitment of voltage-gated calcium channels to NRXs at the synaptic junction (Maximov et al., 1999; Maximov and Bezprozvanny, 2002). While the importance of these interactions for presynaptic calcium channel recruitment remains to be confirmed, there is a significant decrease in the neurotransmitter release from excitatory and inhibitory synapses caused by the impairment of Ca+
 
channels in α-NRX triple KO mice (Missler et al., 2003). Further analysis of KO animals revealed that α-NRXs selectively affected the component of neurotransmitter release that depended on activation of N- and P/Q-type Ca2+ channels (Zhang et al., 2005). The auxiliary α2δ subunits of voltage-gated Ca+
 
channels may provide a mechanism for this link (Tong et al., 2017; Brockhaus et al., 2018).

Anatomical studies uncovered a 50% reduction in the density of asymmetric (presumptive GABA and glycinergic) synapses in neocortex and brain stem α-NRXN triple KO mice as well as α-NRXN1/2 double KO mice (Missler et al., 2003; Dudanova et al., 2007). These studies demonstrate that NRXs are essential for normal synapse formation and presynaptic function in vivo. Conditional KOs of all NRXs in several cell types revealed cell- and synapse-specific phenotypes (Chen et al., 2017b). This analysis highlighted that impact of NRX loss-of-function is highly context dependent, which should caution interpretation of observations beyond the experimental system where they were made. While RNA interference knockdown of NL expression and introduction of dominant-negative mutants in cultured neurons resulted in reductions in synapse numbers (Graf et al., 2004; Prange et al., 2004; Chih et al., 2005; Levinson et al., 2005; Nam and Chen, 2005; Shipman et al., 2011; Shipman and Nicoll, 2012), the deletion of NLs in either single or multiple mouse KOs has not uncovered a significant synapse loss (Varoqueaux et al., 2006; Chubykin et al., 2007). NL triple KO mice (NLGN1, 2, 3) die perinatally due to respiratory failure, most likely as a consequence of the reduced synaptic transmission in breathing centers of the brain stem (Varoqueaux et al., 2006). Understanding why NL loss-of-
function manipulations in some systems result in reductions in synapse numbers but not in others remains to be resolved. Rapidly progressing synaptogenesis in cultured neurons may be more amenable to perturbation. Moreover, cell culture manipulations create a competition between NL-deficient and nondeficient cells, a scenario that has been shown to have significant impact for other synaptic adhesion molecules (Dityatev et al., 2004). This competition-based model was proposed and experimentally validated for NL1-mediated synapse formation in cortical neurons (Kwon et al., 2012). Consistent with such a model, the single neuron suppression of NL expression in Xenopus tropicalis tadpoles results in defects in the formation of stable initial trans-synaptic contacts between NRX and NLs as well as dendritic development (Chen et al., 2010b). However, in particular in Drosophila, even global NL loss-of-function results in severe structural alterations (see the following text). A further hypothesis is that the in vitro studies reveal a broad program of NL synaptogenic activity but that certain aspects of this program can be compensated in vivo by parallel pathways with redundant or overlapping functions.




8.8.3. Synaptic functions in invertebrates

While the complexity and potential redundancy of synapse-organizing systems in vertebrates greatly complicates genetic analysis and interpretation, invertebrates provide an opportunity to test synaptic function of NRXs and NLs in a simpler system (Knight et al., 2011). The D. melanogaster genome encodes a single NRX gene and four NL-like proteins. In dnrx mutants, the formation of the glutamatergic NMJs is severely impaired. Motor neurons form reduced numbers of synaptic boutons and pre- and postsynaptic membrane detach, indicating a loss of trans-synaptic adhesion. Notably, presynaptic calcium channel function (one parameter altered in NRXN alpha mutant mice) appears unaltered in the dnrx mutants (Li et al., 2007). The deletion of individual Drosophila NLs (dnl1 and dnl2) results in a reduction in the number of synaptic boutons and a reduction in evoked synaptic transmission (Li et al., 2007; Banovic et al., 2010; Chen et al., 2010a; Sun et al., 2011b). These phenotypes observed in the Drosophila dnrx and dnl mutants primarily highlight the structural functions of NLs in the synapse assembly process. A role in structural growth of synapses was also reported in the sea snail Aplysia californica where the NL–NRX system is required for the formation of new sensory-to-motor-neuron synapses during long-term facilitation (Choi et al., 2011). In C. elegans, significant structural phenotypes have been reported for mutants in a specific NRX isoform termed γ-NRX, which does not contain a NL-binding domain (Kurshan et al., 2018). The NL–NRX system has further been reported to be involved in a variety of synapse-organizing steps. These include a retrograde signal at neuromuscular junctions (Hu et al., 2012), the formation of synapses in during the remodeling of sexually dimorphic neurons (Hart and Hobert, 2018), and the recruitment of postsynaptic GABA-A receptors (Maro et al., 2015; Tu et al., 2015). Just like for the mammalian system, the diversity of essential functions observed for different cell populations highlights the context dependence of critical functions for this synapse-organizing complex.






8.9. From synapses to behavior: disruption of the neurexin–neuroligin complex in neurodevelopmental disorders

8.9.1. Disorder-associated mutations and copy number variations




The studies on the function of the NRX–NL complex reached a new dimension when mutations in its components were linked to ASDs (see Table 8.1). Linkage analysis, candidate gene approaches, and genome-wide analyses of copy number variations (CNVs) led to the identification of sequence alterations not only in the NLs and NRXs but also in scaffolding proteins associated with the adhesion complex such as Shank2, Shank3, Dgl4, and others (Durand et al., 2007; Feyder et al., 2010; Berkel et al., 2012). Thus, mutations in NRXN genes were identified in patients with ASD, schizophrenia, language delay, intellectual disability, and other neuropsychiatric disorders (Table 8.1). Deletion of NLGN1 was identified in patients with developmental delay and intellectual disabilities. For NLGN3, CNVs as well as a point mutation (R451C) were identified in patients with ASD and Asperger syndrome, and for NLGN4X, several mutations were identified that result in premature stop codons, amino acid changes, or apparent changes in the NLGN4 promoter activity. Each individual mutation or CNV is extremely rare in the patient population and can account for only a very small fraction of autism cases (below 1%) or other disorders. Nevertheless, the discovery of these disease-associated sequence alterations paved the way for modeling some forms of autism in rodents. Importantly, several of these animal models exhibit phenotypes that are reminiscent of some of the core symptoms of autism and schizophrenia and, therefore, have construct and face validity for these disorders. Results from some of these models are described in the following.









Table 8.1




Mutation in NRXN and NLGN gene associated with psychological disorders in human and behavior phenotypes reported for mouse model.


	Gene/Mutation
	Associated Disease
	Reference
	Phenotypes in mouse model
a







	

NLGN1


CNV (deletion)


	Development delay, intellectual disability, seizure, microcephaly
	(Millson et al., 2011)
	

NLGN1 KO:


Impairments in associative fear learning and spatial learning, increased repetitive grooming behavior, normal PPI





	
NLGN2 missense mutations (R215H, V510M, R621H, and A637T)
	Schizophrenia
	(Sun et al., 2011a)
	

NLGN2 KO: Decreased motor coordination, increased anxiety

R215H: Reduced GABAergic transmission,anxiety-like behavior, impaired PPI, and impaired spatial learning and memory





	

NLGN3


R451C mutation isoforms with or without exon 7

Certain polymorphisms

Deletion


	
ASD

ASD

ASD

ASD


	
(Jamain et al., 2003)

(Talebizadeh et al., 2006)

(Ylisaukko-oja et al., 2005)

(Levy et al., 2011)


	

NLGN3 KO: reduced USVand lack of social novelty preference, reduced brain size, normal PPI, loss of social recognition and social conditioned place preference


R451C: Improved spatial memory, decreased social approach





	

NLGN4


Premature stop codon

Premature stop codon

Point mutations (G99S, K378R, V403M, R704C), deletions (exons 4, 5, and 6)

MMutation in promoter region/increased expression level

Point mutation (R87W)

Point mutation (K378R) isoform lacking exon 4


	
ASD

ASD and mental retardation

ASD and pervasive developmental disorder

ASD and Tourette syndrome

ASD and mental retardation

ASD

ASD

ASD


	
(Jamain et al., 2003)

(Laumonnier et al., 2004)

(Yan et al., 2005)

(Lawson-Yuen et al., 2008)

(Daoud et al., 2009)

(Zhang et al., 2009)

(Pampanos et al., 2009)

(Talebizadeh et al., 2006)


	
NLGN4 KO: deficits in social behavior, social memory, reduced USV, reduced brain size



	

NRXN1


Mutations (S14L) in the first exon of beta isoform

Deletion

Deletion of exon 1–4 and premature stop in exon 15

Deletions

Truncating and missense mutations

Disruption

Disruption

SNP associations

SNP associations

SNP associations

Deletion


	
ASD

Schizophrenia

Mental retardation

ASD, mental retardation, language delays, hypotonia

ASD and schizophrenia

ASD

Schizophrenia

Nicotine dependence

Nicotine dependence

Schizophrenia

ASD


	
(Feng et al., 2006)

(Ikeda et al., 2010)

(Zweier et al., 2009)

(Ching et al., 2010)

(Gauthier et al., 2011)

(Kim et al., 2008)

(Rujescu et al., 2009)

(Bierut et al., 2007)

(Nussbaum et al., 2008)

(Yue et al., 2011)

(Levy et al., 2011)


	
NRXN1 KO: decreased PPI, impairment in nest-building activity, improved motor learning, normal social interaction



	

NRXN2


Truncating and missense mutations

SNP associations


	
ASD and schizophrenia

ASD


	
(Gauthier et al., 2011)

(Wang et al. 2018)


	Social interaction deficits, increased anxiety-like behavior, reduced mEPSCs frequency



	

NRXN3


Deletion

SNP associations

Altered splicing at AS5

SNP associations

SNP associations


	
ASD

Nicotine dependence

Alcohol dependence

Opioid dependence

ASD


	
(Vaags et al., 2012)

(Novak et al., 2009)

(Hishimoto et al., 2007)

(Lachman et al., 2007)

(Wang et al. 2018)


	









[image: image]






ASD, autistic spectrum disorder; PPI, prepulse inhibition; USV, ultrasonic vocalization.



a
 Please see main text for more reported phenotypes and references.












8.9.2. Mouse models of autism spectrum disorder and schizophrenia

Recapitulation of the human NLGN1 deletions in NLGN1 knockdown or KO mouse models revealed impairments in associative fear learning as well as spatial learning consistent with a loss of NMDAR function in the amygdala and hippocampus, respectively (Kim et al., 2008; Blundell et al., 2010). Importantly, NLGN1 KO animals also exhibit increased repetitive grooming behavior, which may resemble stereotyped, repetitive behaviors that constitute one of the core characteristics of autism. This latter phenotype is associated with a reduced NMDA/AMPA ratio at corticostriatal synapses and can be pharmacologically rescued by administration of the NMDA receptor partial coagonist D-cycloserine (Blundell et al., 2010). These findings suggest that boosting NMDAR function may have a therapeutic effect in some cases of autism. However, it should be noted that other rodent autism models, such as the prenatal valproic acid challenge as well as NLGN3 R451C KI mutant mice (see the following text), exhibit a gain of NMDAR function (Rinaldi et al., 2007; Etherton et al., 2011), highlighting the heterogeneity of physiological deficits in the rodent models of the disorder.

Increased grooming is also reported for NRXN1-α mutant mice. In the hippocampus, NRXN1-α deletion leads to reduced synaptic transmission specifically at glutamatergic synapses. Additional behavioral phenotypes are decreased prepulse inhibition (PPI), an impairment in nest-building activity, and an improvement in motor learning, whereas social interactions were not altered (Etherton et al., 2009). The neuronal circuit abnormalities underlying these behavioral alterations are not clear, but the decrease in PPI may represent a correlate to altered sensory–motor gating in patients with schizophrenia (note that NRXN1 mutations were reported to be associated with both autism and schizophrenia in human patients). Interestingly, NRXN1-α mutant mice were recently demonstrated to exhibit gender-specific behavioral phenotypes. In males, an increased responsiveness to novelty and accelerated habituation to novel environments was observed that was absent in NRXN1-α mutant females (Laarakker et al., 2012). The observed behavioral phenotypes and prevalence of impaired behavior in males are an important link connecting NRXs to the ASDs in human. ASD-related phenotypes such as deficits in social interaction and increased anxiety could be also observed in mice with the deletion of NRXN2-α gene (Dachtler et al., 2014; Born et al., 2015). Mutations in NRXN3 result in elevated observational fear in mice (Keum et al., 2018), a readout interpreted as a measure of empathy in mice. Interestingly, this behavioral phenotype can be phenocopied by conditional ablation of Nrxn3 specifically from the somatostatin (SST)-positive neurons in anterior cingulate cortex of mice. How this function might relate to NRXN3 as a risk factor for neurodevelopmental and/or psychiatric disorders remains to be examined.

For NLGN3, CNVs have been reported in human patients, and a point mutation (NLGN3 R451C) has been described in two brothers from a Swedish patient cohort (Jamain et al., 2003; Levy et al., 2011). Importantly, there are autism-related behavioral phenotypes reported for NLGN3 KO mice as well as for the R451C knock-in mouse model. NLGN3 KO mice exhibit reduced ultrasonic vocalizations and lack of social novelty preference (Radyushkin et al., 2009). The R451C mutation in the extracellular cholinesterase of NL3 results in retention of 90% of the mutant protein in the endoplasmic reticulum of cultured cells, presumably due to an unpaired cysteine residue and/or protein misfolding (Chih et al., 2004; Comoletti et al., 2004). Notably, a fraction of the protein reaches the cell surface and retains trans-synaptic signaling activity (Chih et al., 2004). In a mouse knock-in model, the endoplasmic reticulum–retained protein is degraded, resulting in a reduction of the total protein level to approximately 10% (Tabuchi et al., 2007). Magnetic resonance imaging studies revealed reduced gray matter volume in several brain areas and a thinning of the corpus callosum (Ellegood et al., 2011). In these knock-in mice, the R451C mutation was reported to cause impaired social behavior but enhanced spatial learning abilities (Tabuchi et al., 2007). It should be noted that another study examining a different transgenic mouse line with the same R451C mutation did not observe significant alterations in social behaviors (Chadman et al., 2008). This discrepancy was subsequently demonstrated to be due to the genetic background of the mouse strains examined (Jaramillo et al., 2017). Conditional loss-of-function approaches uncovered critical roles for NLGN3 in dopaminergic neurons in the reward system (specifically the ventral tegmental area). Thus, NLGN3 KO and VTA-specific knockdown animals exhibit severe deficits in social novelty and social reward assays (Bariselli et al., 2018). These studies provide insights into the circuit-underpinnings of social behaviors and open the door to connecting synapse specification deficits in disease-relevant circuit operation. For NLGN2, a point mutation (R215H) was found to be associated with schizophrenia (Sun et al., 2011a). Knock-in mice replicating this mutation revealed a substantial loss of NL2 protein, indicating that the mutation results in a loss of function (Jiang et al., 2018). These mice further exhibited reduced GABAergic transmission, anxiety-like behaviors, impaired PPI, cognitive deficits, and abnormal stress responses (Chen et al., 2017a; Jiang et al., 2018).

Of all members of the NRX–NL gene family, disease-associated mutations have been most frequently observed in NLGN4. NLGN4 KO mice show deficits in social behavior and social memory, as well as a reduction in ultrasonic vocalizations (Jamain et al., 2008). Therefore, these mutant mice exhibit phenotypes that relate to several of the core phenotypes of autism. Analysis of KO mice with a deletion of NLGN4 showed a significant reduction in brain volume, specifically of the cerebellum and brain stem (Jamain et al., 2008). In mice, NL4 makes up only a few percent of the total NL proteins and is detected at only small subsets of synapses throughout the brain. In the retina and auditory nuclei in the 
brain stem, NL4 protein is concentrated at a subset of glycinergic synapses and NLGN4 KO results in a selective reduction in glycinergic synaptic transmission (Hoon et al., 2011; Hammer et al., 2015). It is unlikely that these synaptic defects described so far are directly relevant for the behavioral phenotypes. However, the presence of NL4 at only small subsets of synaptic sites throughout the brain might provide an opportunity to identify specific circuits that are relevant for the autism-related alterations.




8.9.3. Disease and neuron specificity

While many behavioral phenotypes detected in mice deficient in specific NRX or NL gene products are frequently interpreted in the context of disorders of the autism spectrum, the human genetic studies also revealed association with schizophrenia (NRXN1, NRXN2, NLGN2, and NLGN4) and mental retardation (NLGN4). This indicates that these defects in the NRX–NL complex are not only strictly specific for the autism spectrum but also observed in other neuropsychiatric disorders. When interpreting behavioral phenotypes of mouse mutants lacking NL and NRX proteins, it should be noted that some alterations may not be due directly to neuronal alterations. While NLs and NRXs have been largely considered neuron-specific proteins, there are some reports that highlighted a potential nonneuronal expression. In pancreatic β-cells, NRX and NL2 protein expressions have been detected by immunohistochemistry, and glucose-induced insulin secretion is altered in NRXN1-α KO cells (Suckow et al., 2008; Mosedale et al., 2012). A possible role for NRXs in insulin metabolism is further supported by the identification of NRXN3 in genome-wide association studies (Bille et al., 2011). Another report indicated expression of NLs and NRXs in endothelial and smooth muscle cells of blood vessels (Bottos et al., 2009, 2011). More recent studies provided functional evidence for such nonneuronal actions. Thus, neuron-derived NL3 was reported to be a mitogen for glioma growth (Venkatesh et al., 2015). Moreover, neuron–glia interactions mediated through astrocytic NLs were reported to direct astrocyte elaboration and synapse formation mice (Stogsdill et al., 2017). While the full impact of these nonneuronal contributions remains to be clarified, they clearly highlight the key roles for the NRX and NL protein families beyond their synaptic functions.





8.10. Twenty five years and on: outlook

From the initial discovery of NRXs as α-latrotoxin receptors in 1992 to the modeling of human disease in rodents, research activities on the NRX–NL complex have provided important insights into development and function of neuronal networks. In the past years, numerous studies revealed important molecular, structural, and functional aspects of the NRX–NL adhesion system in the nervous system. Despite this progress, many important questions remain unanswered. Much of the interest in this adhesion system derives from the molecular diversity of the NRXs. However, at present, there are no systematic studies dissecting this molecular diversity at the cellular or systems level. An important challenge for the future will be to attempt to understand the logic of this polymorphic receptor system and to examine whether the molecular diversity translates into some aspect of neuronal identity, cellular recognition, or synaptic specificity. Another key question is to understand the posttranscriptional mechanisms that steer NRX and NL isoform choice as well as the signaling mechanisms that transduce NL and NRX functions at nascent and mature synaptic junctions. Unraveling these remaining mysteries of neurexinology may occupy researchers for other one or two decades to come.
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Abstract


The vertebrate retina uses both conventional synapses and specialized ribbon synapses for carrying out the first step of visual processing. Diverse synapse types are assembled into highly structured circuits to support the computation of multiple visual features. The development of retinal circuitry shares common hallmarks of brain circuit development, including synaptogenesis, formation of synaptic laminae, and emergence of synaptic specificity. In this chapter, we summarize the current understanding of these topics with a focus on the mouse retina, where state-of-the-art techniques are combined to explore the assembly of functionally defined circuits in unprecedented detail. Highlighted in these findings is the concerted action of genetic, molecular, and activity-dependent mechanisms that together establish the precise wiring of a compact but complex retinal neural network.
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9.1. Introduction

The vertebrate retina consists of around 100 cell types that are assembled into intricate circuitry for visual processing. As one of the most approachable parts of the central nervous system (CNS), the retina is an excellent model system to study the development of neural circuits owing to its highly ordered architecture, well-defined cell types, and experimental accessibility. The mature retina contains five neuronal cell classes: photoreceptors, horizontal cells, bipolar cells, amacrine cells, and retinal ganglion cells (RGCs). Their cell bodies and neuronal processes are segregated into three cellular or nuclear layers and two intercalating synaptic or plexiform layers (Fig. 9.1A and B). Incoming photons are first detected by photoreceptors and converted to chemical signals in the form of glutamate release. Next, the visually evoked signals are relayed and transformed by a myriad of synaptic connections and ultimately lead to distinct firing patterns of around 30 types of output neurons, RGCs (Baden et al., 2016; reviewed in Sanes and Masland, 2015). The spiking activity of each RGC type encodes a specific feature of the visual scene and is conveyed to one or more retinorecipient brain regions via the optic nerve for further processing.

While the spiking patterns of different RGC types are dictated by distinct wiring patterns of their underlying synaptic circuits, the cellular organization of the retina by the five broad retinal cell classes follows a general scheme (Fig. 9.1C). Common to all ganglion cells is a serial glutamatergic pathway from photoreceptors to bipolar cells, and subsequently from bipolar cells to RGCs. This glutamatergic pathway provides the primary excitatory drive to RGCs and is profoundly 
modified by local interneurons in the two plexiform layers. In the outer plexiform layer (OPL), horizontal cells are activated by photoreceptor glutamate release and mediate the inhibition of photoreceptor–bipolar cell signaling through their laterally extending neurites. In the inner plexiform layer (IPL), diverse types of amacrine cells receive bipolar cell inputs and subsequently synapse onto bipolar cells and RGCs in a cell type-specific manner. Different types of amacrine cells stratify their neurites and form synapses with specific types of bipolar cells and RGCs in distinct IPL sublaminae, contributing to the diversity of RGC firing patterns. The two prominent features of the retina, the laminar organization of cell bodies and neurites, and diverse synaptic circuits assembled from canonical microcircuit motifs are also prevalent throughout the brain and conserved across animal species. The developmental mechanisms discovered in the retina have yielded important insights into fundamental principles of neural circuit development.
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Figure 9.1 Synaptic organization of the vertebrate retina.(A) Cross section of an adult mouse retina in which a subclass of bipolar cells expresses green fluorescent protein. The section was immunostained for photoreceptors (Ph) using anticone arrestin, horizontal cells (HCs), amacrine cells (ACs), and retinal ganglion cells (RGCs) using anticalbindin. (B) Schematic of the laminar organization of retinal neurons. OPL, IPL, outer and inner plexiform layers; GCL, ganglion cell layer; Ph, photoreceptor; MC, Muller glial cell; R, rod; C, cone; RB, rod bipolar cell; CB, cone bipolar cell; AC, amacrine cell; GC, ganglion cell. On, On sublamina; Off, Off sublamina. (C) Canonical circuit of the retina. ∗Most amacrine cell types are inhibitory and release GABA or glycine. See text for exceptions. 

(A) and (B) are adapted from the previous version of this book: Fig 36.1 Yoshimatsu et al. Chapter 36 in Rubenstein, (J) L. R., and Rakic, P. 2013. Cellular Migration and Formation of Neuronal Connections: Comprehensive developmental neuroscience. Volume 2 https://doi.org/10.1016/B978-0-12-397266-8.00114-9. Amsterdam: Elsevier/AP. 2013.




The formation, differentiation, and refinement of synapses entwine several related developmental processes and hallmarks in the vertebrate retina (Fig. 9.2). First, the time course of synapse formation is closely linked to that of dendritic and axonal development. Second, before the onset of light response, the developing retina is not silent but exhibits both sporadic neurotransmission at developing synapses and coordinated spontaneous activity termed “retinal waves.” Third, the development of retinal synaptic circuitry continues after the onset of light response and is shaped by visual experience. In this chapter, we synthesize the recent literature on the contributions of cellular and molecular mechanisms, spontaneous neural activity, and visual experience to retinal synapse development. We first review the development of synaptic connections between photoreceptors, bipolar cells, and horizontal cells in the OPL and then move onto synapse circuit assembly and refinement between amacrine cells, bipolar cell terminals, and RGCs in the IPL.





9.2. Synaptic development in the outer plexiform layer

9.2.1. Synaptic organization of the mature outer plexiform layer




Phototransduction and glutamate release from photoreceptors initiate the flow of information along the visual pathways. Photoreceptors transmit visually evoked signals at specialized presynaptic structures called ribbon synapses. Ribbon synapse is distinguishable in electron microscopy (EM) by its characteristic “ribbon”-shaped structure and a large synaptic 
vesicle pool in the active zone (Fig. 9.3). Ribbon synapses are present in sensory neurons of visual, auditory, and vestibular systems and are capable of supporting sustained glutamate exocytosis.
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Figure 9.2 Timing of postnatal developmental events in the mouse retina.Synaptic development in the mouse retina starts at birth and continues through the first postnatal month. Its time window overlaps with those of neurite growth and spontaneous and visually driven neural activity.
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Figure 9.3 Structure of photoreceptor ribbon synapse.Upper: Electron micrograph of adult (1-month-old) mouse cone (A) and rod (B) photoreceptor synapses, showing ribbons and dendritic invaginations of horizontal cells (HCs, tan) and bipolar cells (BCs, green). Lower: Schematics of cone and rod ribbon synapses showing the triad organization of photoreceptors, horizontal cells, and bipolar cells. 

Adapted from the previous version of this book: Figs. 36.2 and 36.9 Yoshimatsu et al. Chapter 36 in Rubenstein, J. L. R., and Rakic, P. 2013. Cellular Migration and Formation of Neuronal Connections: Comprehensive developmental neuroscience. Volume 2. https://doi.org/10.1016/B978-0-12-397266-8.00114-9. Amsterdam: Elsevier/AP. 2013.




The photoreceptor ribbon synapse in the outer retina is organized in a triadic arrangement. Apposed to a photoreceptor ribbon presynaptic terminal are two invaginating processes of horizontal cells flanking the dendritic invaginations of rod bipolar cells or On cone bipolar cells (Fig. 9.3). In addition, Off cone bipolar cell dendrites make flat or basal contacts at cone photoreceptor pedicles close to the invaginations. Each rod photoreceptor spherule contains one ribbon synapse, whereas cone photoreceptor pedicles have multiple ribbons. The number of ribbons in a cone pedicle depends on the 
species (e.g., 2–7 for zebrafish, ∼10 for mouse) as well as on the retinal location (e.g., ∼21 in central retina and ∼42 in peripheral retina of macaque monkey) (reviewed in Hoon et al., 2014).

The photoreceptor ribbon synapse is the starting point of synaptic convergence and divergence in the retina. Most animal species have one type of rods and multiple types of cones with different spectral sensitivities. Rod photoreceptors are predominantly connected with a single type of rod bipolar cells, whereas cone photoreceptors are connected to multiple types of cone bipolar cells. However, functional and anatomical studies in macaque and mouse retinas indicate that the rod/cone segregation at the photoreceptor–bipolar cell synapse is not stringent. Rod bipolar cells may also receive cone inputs, and certain types of Off cone bipolar cells receive direct rod inputs (Behrens et al., 2016; Haverkamp et al., 2008; Mataruga et al., 2007; Pang et al., 2010). Synaptic convergence is prominent at the rod–rod bipolar cell connection. For example, each rod bipolar cell in the mouse retina receives 25–35 ribbon synaptic inputs from rods (Anastassov et al., 2017; Behrens et al., 2016).

Signaling from cone photoreceptors to cone bipolar cells further highlights diverging and converging information flow in the OPL. Each cone pedicle is equipped with multiple ribbon synapses that send diverging signals to multiple types of cone bipolar cells, and each cone bipolar cell receives converging inputs from multiple cone photoreceptors. An important example of synaptic divergence in the OPL is the On/Off signal segregation (Fig. 9.4) (reviewed by Wässle, 2004). When light intensity increases, both rods and cones reduce their axonal glutamate release. This reduction causes opposite effects in On and Off cone bipolar cells. At the postsynaptic side of the cone ribbon synapse, dendrites of On cone bipolar cells make invaginating contacts and predominantly express metabotropic glutamate receptor 6 (mGluR6) (Masu et al., 1995; Nomura et al., 1994; Vardi et al., 2000). In contrast, those of Off cone bipolar cells make basal contacts with the cone and express ionotropic glutamate receptors (iGluRs). When cones hyperpolarize and reduce their glutamate release upon light increment, mGluR6 in On cone bipolar cells becomes less active, leading to enhanced activity of the effector cation channel Trpm1 (Koike et al., 2010; Morgans et al., 2009; Shen et al., 2009) and membrane depolarization. Light onset on the other hand reduces the activation of iGluRs on Off cone bipolar cells and thus hyperporlarizes the Off bipolar cell membrane (Fig. 9.4). Therefore, sign-reversing mGluR6 signaling in On bipolar cell dendrites and sign-conserving iGluR signaling in Off bipolar cell dendrites initiate the segregation of bright and dark signals at the first visual synapse. Rod bipolar cells also express mGluR6 and thus are activated by light onset like On cone bipolar cells (Fig. 9.4) (Nomura et al., 1994).

In contrast to a single type of rod bipolar cells, On and Off cone bipolar cells consist of multiple types. 14 cone bipolar cell types are found in the mouse retina, and at least 11 types of cone bipolar cells have been identified in the primate retina (Fig. 9.5) (Helmstaedter et al., 2011; Shekhar et al., 2016; Wässle, 2004). Cell type-specific connectivity between cones and cone bipolar cells is exemplified by chromatic selectivity reported in primate and rodent retinas. An S-cone bipolar cell has been found in these species that selectively contacts short-wavelength sensitive S-cones but not other cones (Behrens et al., 2016; Breuninger et al., 2011; Haverkamp et al., 2005; Kouyama and Marshak, 1992; Li and DeVries, 2006).

Horizontal cell connections also show cell type-specific connectivity patterns at the triad. For example, mouse horizontal cells make dendritic contacts with cones and axonal contacts with rods (Peichl et al., 1994). In monkeys, two types of horizontal cells have distinct connectivity patterns to S-cones versus long-wavelength sensitive L-cones and medium-wavelength sensitive M-cones (Dacey et al., 1996; Goodchild et al., 1996; Wässle et al., 1989). The HI cells make dendritic contacts with L- and M-cones and make axonal contacts with rods, whereas the HII cells preferentially contact S-cones. In the zebrafish retina, four types of horizontal cells show cell type-specific connectivity patterns with the four types of cones (UV, S, M, and L) and rods (Li et al., 2009) (discussed later in Section 9.2.3.1).

Beside chemical synapses, electrical synapses or gap junctions are important constituents of OPL circuitry. Gap junction coupling has been identified between cones, between cones and rods, and between horizontal cells, where they contribute to multiple aspects of visual processing such as noise reduction, circadian modulation of photoreceptor activity, regulation of the dynamic range of photoreceptor signaling, and contrast sensitivity (reviewed in Bloomfield and Völgyi, 2009).

The intricate synaptic organization of OPL implies a comprehensive developmental program that instructs the formation, maintenance, and specificity of the synaptic circuitry. In the following sections, we discuss the cellular and molecular basis of OPL synapse assembly as well as the mechanisms that regulate this process.




9.2.2. Assembly and maintenance of the photoreceptor ribbon

Photoreceptor ribbon synapses contain a unique structural protein RIBEYE, as well as proteins found at conventional glutamatergic synapses such as RIMs, Bassoon, Munc13s, Piccolo, and vesicular glutamate transporter 1 (VGluT1) (reviewed in Lagnado and Schmitz, 2015). In the mouse, VGluT1 appears at cone photoreceptor synaptic terminals as early 
as P2 (Johnson et al., 2003). Major ribbon structural proteins RIBEYE and Bassoon are detected later around P4–P6 and continue to accumulate in the first 2 postnatal weeks (Dick et al., 2003; Regus-Leidig et al., 2009). RIBEYE, Bassoon, Piccolo, and RIM1 together form the transport unit named “the precursor sphere,” which is considered as the first sign of ribbon synaptogenesis (Regus-Leidig et al., 2009). RIBEYE is essential for the structural integrity of photoreceptor ribbons, because knockdown of RIBEYE in zebrafishes and mice abolishes photoreceptor ribbons (Maxeiner et al., 2016; Wan, 2005). Transport units are subsequently anchored to and maintained at the active zone of the photoreceptor terminals by the coordinated action of adhesion molecules dystroglycan (Omori et al., 2012), extracellular matrix proteins pikachurin (Sato et al., 2008) and laminin (Libby et al., 2000), ribbon-associated protein Bassoon (Dick et al., 2003), and synaptic regulatory protein synaptojanin (Van Epps et al., 2004; Holzhausen et al., 2009). When these molecules are knocked out in transgenic mice, the anchoring of synaptic ribbons or the formation of the invagination is impaired at the triad. In addition, 
a rod-specific adhesion protein SynCAM1 contributes to the maturation of rod photoreceptor ribbons. Loss of SynCAM1 leads to shorter and fewer rod photoreceptor ribbons (Ribic et al., 2014).
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Figure 9.4 Segregation of On and Off signals in the outer plexiform layer.Schematics of cone and rod photoreceptor synapses and receptor composition at each synapse type. On BC, On cone bipolar cell; Off BC, Off cone bipolar cell; RBC, rod bipolar cell; HC, horizontal cell. Metabotropic glutamate receptors (mGluR6) on On-bipolar cell dendrites mediate a hyperpolarization (sign-reversing) response to glutamate, whereas ionotropic glutamate receptors (AMPA and kainate receptors) mediate a sign-conserving response in Off-bipolar cells and horizontal cells. As different species or different Off-bipolar subtypes express kainate and/or AMPA receptor both are represented in the schematic. Red arrow indicates negative feedback, and black arrow indicates feedforward modulation. 

Adapted from Hoon, M., Okawa, H., Della Santina, L., and Wong, R.O.L., 2014. Functional architecture of the retina: development and disease. Prog. Retin. Eye Res. 42, 44–84.
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Figure 9.5 Bipolar cell (BC) types of the mouse and primate retinas.Upper: The mouse BC types are classified based on a combination of morphological, physiological, and molecular data. Within the 15 BC types, there are eight On cone BC types, six Off cone BC types, and one rod BC type. The On and Off regions of the inner plexiform layer (IPL) are further divided into sublaminae 1–5 (S1–S5). Lower: The primate BCs were analyzed in Golgi-stained whole mounts and are shown here schematically in a vertical view. Their axons terminate at different levels in the IPL; those terminating in the outer half are putative Off cone BCs and those terminating in the inner half are On BCs. Dendrites of diffuse BCs (DB1–DB6) contact nonselectively 5-10 L- and M-cone pedicles. Some DB cells also contact S-cone pedicles. Flat midget bipolar (FMB) cells contact a single L- or M-cone and carry a chromatic Off signal. Recently, an FMB cell connected to S-cone pedicles has been described, but it is not known whether it contributes to the chromatic pathways. Invaginating midget bipolar (IMB) cells contact a single L- or M-cone and carry a chromatic On signal. Blue cone bipolar (BB) cells selectively contact 1–5
 
S-cone pedicles and carry an S-cone On signal. Rod bipolar (RB) cells contact between 6 rod spherules (at the fovea) and 40 rod spherules (in the periphery) and carry a scotopic On signal. 

Upper: (Adapted from Zeng and sanes 2017). Lower: (from Wässle, H., 2004. Parallel processing in the mammalian retina. Nat. Rev. Neurosci. 5, 747–757).




Transportation of precursor sphere to the active zone is followed by the expression of the slow inactivating L-type calcium channel Cav 1.4 subunit Cacna1f in the ribbon synaptic terminals (Regus-Leidig et al., 2009; Zabouri and Haverkamp, 2013). Cacna1f is essential for calcium signaling and sustained synaptic transmission in the mature photoreceptor synapse in zebrafish, mouse, and human retina (Chang et al., 2006; Jia et al., 2014; Mansergh et al., 2005; Raven et al., 2008; Strom et al., 1998; Torben Bech-Hansen et al., 1998). Mutation of human Cacna1f gene causes congenital stationary night blindness (Strom et al., 1998; Torben Bech-Hansen et al., 1998). Studies in zebrafish and mouse retinas indicate that the recruitment and clustering of these calcium channels require RIBEYE (Lv et al., 2016; Maxeiner et al., 2016). Moreover, L-type calcium channels play an active role in the maintenance of photoreceptor ribbons. Loss of functional Cav1.4 channels in nob2 mutant mice impairs the synaptic localization of Bassoon, alters the expression pattern of PSD95 in the photoreceptor terminal, and disrupts the invagination and postsynaptic targeting of horizontal and bipolar cell dendrites (Mansergh et al., 2005; Raven et al., 2008; Zabouri and Haverkamp, 2013). Ca
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1.4 mutant mice with enhanced calcium influx through Cav1.4 channels also exhibit a loss of photoreceptor synapses (Liu et al., 2013). Therefore, the expression and signaling of Cav1.4 channels is critical for photoreceptor synapse development.

The fovea in Simian primates including monkeys, apes, and humans has the highest concentration of cone photoreceptors. In macaque and marmoset retinas, the appearance of cone ribbon synapses and synaptic proteins such as the synaptic vesicle protein SV2 in the fovea precedes those in the peripheral retina (Crooks et al., 1995; Hendrickson, 1996; Hendrickson et al., 2009; Okada et al., 1994). In humans, synaptic marker expression in the presumptive foveal region is detectable at fetal weeks 8–10 and increases from fetal weeks 11–18 (Hendrickson and Zhang, 2019), long before the formation of the triad at fetal weeks 20–21. However, CaV1.4, which is critical for photoreceptor glutamate release, does not express until fetal week 22 (Hendrickson and Zhang, 2019), indicating that the functional synaptic release machinery of fovea cones probably emerges during midgestation.









9.2.3. Postsynaptic targeting and differentiation in the outer plexiform layer

The assembly of the photoreceptor triad begins with the formation of synaptic contacts between the photoreceptor axonal terminals and two horizontal cell processes. Next, On cone bipolar cell dendritic tips make invaginating contacts with the photoreceptor between the horizontal cells (Blanks et al., 1974; Hack et al., 2002). In rodents and macaques, a similar sequence of triad assembly is observed at the rod synapse but is delayed relative to that of the cone synapse (Okada et al., 1994; Sherry et al., 2003). For example, in the rodent retina, cone photoreceptors start ribbon synapse formation at P4-5, several days earlier than rod photoreceptors that extend their spherules into the OPL at ∼P8 (Blanks et al., 1974; Rich et al., 1997; Sherry et al., 2003). In zebrafish retina, however, cone and rod photoreceptor synapses appear at roughly the same time (Schmitt and Dowling, 1999).



9.2.3.1. Development of horizontal cell connectivity

Several molecular factors have been found to play a role in horizontal cell targeting of the mouse retina. In transmembrane protein PlexA4 mutant mouse retinas, in addition to deficits of horizontal cell neurite patterning, synaptic targeting of horizontal cell processes is impaired, as many rod ribbon synapses contain only one horizontal process in the triad (Matsuoka et al., 2012). The adhesion protein netrin-G ligand 2 (NGL-2) in horizontal cell axons is also required for establishing proper axonal morphology and synapse formation between rod photoreceptors and horizontal cells (Soto et al., 2013). NGL-2 in horizontal axonal terminals participates in trans-synaptic adhesion complexes together with netrin-G2 expressed by photoreceptors. Null mutation in NGL-2 not only impairs postsynaptic development in horizontal cells but also affects presynaptic maturation of rod photoreceptor ribbons (Soto et al., 2013).

Targeting of horizontal cell dendrites also depends on the maturation of photoreceptor presynaptic terminals. In mice that lack the ribbon-associated protein Bassoon, photoreceptors contain unanchored “floating” ribbons (Dick et al., 2003). This presynaptic deficit is associated with aberrant postsynaptic targeting of horizontal and bipolar cells. In Bassoon mutant mice, horizontal cell processes extend beyond the OPL and sprout abnormally into the outer nuclear layer (ONL), where they colocalize with ectopic presynaptic ribbons (Dick et al., 2003). Similar abnormalities of horizontal cell targeting in the ONL have been observed in other mutant mice with impaired photoreceptor neurotransmission due to the loss of cyclic nucleotide-gated channel alpha 3 (CNGA3) (Haverkamp, 2006), the L-type calcium channel CaV1.4 pore-forming subunit CACNA1F (Chang et al., 2006; Mansergh et al., 2005), the auxiliary subunit of CaV1.4 channels CACNA2D4 (Kerov et al., 2018), the CaV1.4 channel regulatory protein CaBP4 (Haeseleer et al., 2004), or SynCAM1 (Ribic et al., 2014).

The assembly of molecular machinery at horizontal cell synapses accompanies the neurite targeting at the triad synapse. Horizontal cells express AMPA receptors GluA2/3 and GluA4, and GABA-A receptors (reviewed in Hoon et al., 2014). In rodents, GluA2/3 and GluA4 expression is detectable in the OPL at P3 (Hack et al., 2002). Next, the synaptic scaffold protein synapse-associated protein 102 (SAP102), which is specifically expressed in horizontal cell processes and may play a role in anchoring the AMPA receptors (Haverkamp et al., 2000; Koulen et al., 1998a), is detected at P5 (Koulen, 1999a). The expression of vesicular inhibitory amino acid transporter VIAAT in rodent horizontal cells also occurs at P5–P7 (Guo et al., 2009). GABA-A receptor expression in the OPL, however, occurs in the second postnatal week (Koulen, 1999b).

The types and wiring patterns of horizontal cells with photoreceptors vary across species. How the specific connectivity patterns between horizontal cells and photoreceptors are achieved during development is not well understood. A role of the dominant photoreceptor input type in limiting the formation of minor input types has been demonstrated in the zebrafish H3 horizontal cells. The zebrafish retina comprises four types of horizontal cells—three contacting cone photoreceptors (H1-3) and one exclusively synapsing with rod photoreceptors (Li et al., 2009). In wild-type zebrafishes, H3 cells preferentially connect to UV cones over blue cones at a 5:1 ratio. In mutants with genetically silenced UV cones with tetanus toxin (TeNT) or with UV opsin knockdown, H3 cells make more contacts with blue cones while preserving the connections to UV cones (Yoshimatsu et al., 2014). However, silencing blue cones does not cause increased connections between H3 cells and UV cones (Yoshimatsu et al., 2014). Therefore, the dominant UV cone inputs appear to inhibit synapse formation between the nonpreferred synaptic partners (Fig. 9.6).




9.2.3.2. Development of bipolar cell connectivity in the outer plexiform layer

Shortly after two horizontal processes contact a photoreceptor synapse, bipolar cells make invaginating contacts to complete the formation of the triad. The dystroglycan-pikachurin complex is involved in bipolar cell dendritic invagination (Omori et al., 2012). Pikachurin and dystroglycan are both made by photoreceptors. Pikachurin is an extracellular 
matrix-like protein that localizes in the synaptic cleft, whereas its cellular receptor dystroglycan localizes on photoreceptor membrane. In Pikachurin or dystroglycan conditional KO mice, rod bipolar cell and On cone bipolar cell dendrites do not form invaginating synapses (Omori et al., 2012; Sato et al., 2008). The dystroglycan-pikachurin complex is also involved in recruiting postsynaptic molecules such as GPR179 and RGS proteins to enable functional transmission (Orlandi et al., 2018).
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Figure 9.6 Predominant UV cone inputs to zebrafish horizontal cell H3 prevent synapse formation between the H3 cell and blue cones.Zebrafish H3 horizontal cells (HCs) contact more UV cones than blue cones. Top: Blocking UV cone transmission (TeNT; gray) results in increased connectivity with blue cones, but no change in connectivity with UV cones. Bottom: Blocking blue cone transmission (TeNT; gray) has no effect on connectivity with either cone type (Yoshimatsu et al., 2014). 

From Okawa, H., Della Santina, L., Schwartz, G.W., Rieke, F., Wong, R.O.L., 2014. Interplay of cell-autonomous and nonautonomous mechanisms tailors synaptic connectivity of converging axons in vivo. Neuron 82, 125–137.




Recently, the state-of-the-art molecular techniques including RNA-seq and CRISPR-based gene silencing have revealed additional molecular players in OPL development (Sarin et al., 2018). An important role of Wnt5 signaling through Ryk has been demonstrated in the lamination of the mouse OPL (Sarin et al., 2018). When Wnt5 and its downstream signaling components are silenced in rods using the CRISPR method shortly after birth, a partially duplicated OPL is formed in the outer retina. Interestingly, Wnt5 signaling appears to regulate the placement of neurites and synapses, but not subcellular localization of synaptic markers, because PSD95, Bassoon, and mGluR6 are normally positioned in the ectopic OPL.

Glutamate receptors on the bipolar cell dendrites are expressed with distinct timelines. In the rat, the expression of mGluR6 in the OPL is first detected at P5–P8, shortly after On cone bipolar cells contact the presynaptic photoreceptor (Nomura et al., 1994). The onset of mGluR6 expression in the OPL is earlier than the AMPA receptor GluR1 in Off bipolar cells (Hack et al., 1999). In the mouse retina, the subcellular distribution of mGluR6 in On cone bipolar cells gradually changes from a diffused pattern to the adult pattern of selective clustering at the dendritic tips opposed to the photoreceptor ribbons by
 
∼P30 (Dunn et al., 2013; Nomura et al., 1994). The developmental pattern of ionotropic glutamate receptor expression in Off cone bipolar cells is less understood.

Functional release machinery in the photoreceptor is important for the postsynaptic development of bipolar cells. When glutamate release in photoreceptors is disrupted by tetanus toxin (TeNT), by deletion of Cav1.4 channel or its auxiliary protein α2δ4, the invagination of On bipolar cell neurites and localization of synaptic proteins are impaired (Bayley and Morgans, 2007; Chang et al., 2006; Haeseleer et al., 2004; Liu et al., 2013; Mansergh et al., 2005; Raven et al., 2008; Wang et al., 2017). Synaptic mistargeting and bipolar cell sprouting to the ONL have also been observed in mice that lack functional ribbons due to loss of Bassoon or cyclic nucleotide channels (Claes et al., 2004; Dick et al., 2003; Michalakis et al., 2013). In contrast, perturbations of postsynaptic proteins such as mGluR6 and its downstream effector G protein components and the effector cation channel Trpm1 produce undetectable or mild anatomical deficits in bipolar cell synapses (Ball et al., 2003; Koike et al., 2010; Masu et al., 1995; Tagawa et al., 1999).






Phototransduction by photoreceptors is also critical for rod–rod bipolar cell and cone–cone bipolar cell matching. Loss of cyclic nucleotide-gated channel alpha 3 (CNGA3) results in a specific loss of phototransduction in cones. In these mice, cone bipolar cells form ectopic synapses with rod photoreceptors (Haverkamp, 2006). When rod phototransduction is disrupted in Rhodopsin mutant mice, rod bipolar cells make synaptic contacts with cone photoreceptors (Haverkamp, 2006; Peng et al., 2000).

There are other molecular mechanisms specifically act on rod or cone synapses. At the rod–rod bipolar cell synapse, presynaptic rod terminals express ELFN1, a cell adhesion protein of the leucine-rich repeat family with a fibronectin-type III domain (Cao et al., 2015). ELFN1 is associated with Cav1.4 channels in rods via the auxiliary protein α2δ4 and binds to mGluR6 in rod bipolar cells in trans (Cao et al., 2015; Wang et al., 2017). In ELFN1, Ca
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1.4, or α2δ4 mutant mice, dendritic invagination and expression of mGluR6 in rod bipolar cell dendrites are pronouncedly impaired. A similar mechanism has been implicated at the On cone bipolar cell synapse that involves the transsynaptic binding of the leucine-rich repeat protein LRIT1 and mGluR6 (Sarria et al., 2018). In the zebrafish, loss of synaptojanin disrupts the clathrin-mediated endocytosis and results in fewer cone bipolar cell invaginations into the cone pedicles (Van Epps et al., 2004). However, synaptojanin mutation has little impact on the development of rod synapses (Holzhausen et al., 2009).

The presence of horizontal or bipolar cell processes in the triad differentially influences the stability of synaptic architecture at rod and cone triads. In Lim1 mutant mice in which horizontal cells fail to migrate to the outer retina, rod spherules and synaptic ribbons are lost and rod bipolar cell dendrites sprout into the ONL (Keeley et al., 2013). Cone pedicles in Lim1 mutants are still located in the OPL but contain fewer invaginating elements and show perturbed spacing. Correspondingly, type 7 On cone bipolar cells in these mice have fewer dendritic terminal endings. Notably, horizontal cell processes are not required for the initial targeting and assembly of photoreceptor and bipolar cell synaptic components, but rather play a maintenance function beginning at the second postnatal week. A role of GABA release from horizontal cells in regulating mGluR6 expression in On cone bipolar cells has been implicated in the mouse retina. In GAD67 KO mice where GABA synthesis of horizontal cells is absent, mGluR6 occupies a slightly larger proportion of the cone pedicles (Schubert et al., 2010). At the mouse rod–rod bipolar cell synapse, when a considerable fraction of rod bipolar cells is removed by transgenic expression of diphtheria toxin during development, the remaining rod bipolar cells undergo dendritic expansion but form fewer multipostsynaptic densities apposed to a single rod ribbon (Johnson et al., 2017). This homeostatic coregulation of dendritic targeting and synapse formation helps to preserve adult rod signaling even when many rod bipolar cells are lost during development.

Cell type-specific developmental mechanisms in the OPL are evident between cone bipolar cell types. In the mouse retina, cone photoreceptors send diverging inputs to multiple types of cone bipolar cells. Diverse strategies and time courses have been observed to underlie the wiring of cones with different bipolar cell types. Type 6 bipolar cells establish the mature connectivity pattern with cones earlier than type 7 or 8 bipolar cells (Dunn and Wong, 2012). Type 6 cells also exhibit a “targeted” approach of establishing synaptic connections and contact an increasing number of cones until reaching the mature level of four to five cones per bipolar cell. In contrast, type 7 or type 8 bipolar cells initially make a larger number of synaptic contacts around eye opening (P13–14) that are later pruned to reach the mature levels (6–7 cones/type 7 bipolar cells and 14–15 cones/type 8 bipolar cells). Furthermore, type 6, 7, and 8 bipolar cells respond differentially to visual deprivation. Cone inputs onto type 6 bipolar cells are not affected by dark rearing, but those onto type 7 and 8 bipolar cells are reduced by dark rearing during a developmental period before settling on normal number in the mature retina (Fig. 9.7A) (Dunn et al., 2013). Therefore, visually driven activity plays different roles in the synaptic development of distinct bipolar cell types in the OPL. Notably, despite the cell type-specific development of cone contacts in these cells, dark rearing reduces the level of mGluR6 in all three cone bipolar cell types but not in rod bipolar cells, an effect that lasts months after eye opening (Fig. 9.7B) (Dunn et al., 2013).







9.3. Synaptogenesis in the inner plexiform layer

9.3.1. Synaptic organization in the mature inner plexiform layer




Upon activation by photoreceptors in the OPL, bipolar cells initiate the next step of signaling in the IPL by releasing glutamate from their axons. Bipolar cells exclusively use ribbon synapses for glutamate release. Cone bipolar cells provide inputs to amacrine cells and RGCs, whereas rod bipolar cells do not directly synapse onto RGCs but instead provide excitatory inputs to AII amacrine cells and A17 amacrine cells in the “dyad” configuration (Fig. 9.8). A17 amacrine cells provide local feedback inhibition at the rod bipolar cell terminals (Grimes et al., 2010). AII amacrine cells form gap junctions with On cone bipolar cells and provide glycinergic inhibition to Off cone bipolar cells and thereby convey 
rod-mediated signals to the cone-mediated circuitry in a sign-conserving manner in the On pathway and in a sign-reversing manner in the Off pathway (Fig. 9.8) (reviewed in Demb and Singer, 2012).
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Figure 9.7 The role of visual experience in the development of Photoreceptor (PR)–bipolar cell (BC) synapses in the outer plexiform layer.(A) Sensory deprivation alters the number of cone photoreceptors contacted by T7, but not T6, BCs compared at 3 weeks after birth (Dunn et al., 2013). (B) Sensory deprivation selectively reduces mGluR6 expression on dendritic tips of cone bipolar cells (CBCs), but not rod bipolar cells (RBCs) (Dunn et al., 2013). 

From Okawa, H., Della Santina, L., Schwartz, G.W., Rieke, F., Wong, R.O.L. 2014. Interplay of cell-autonomous and nonautonomous mechanisms tailors synaptic connectivity of converging axons in vivo. Neuron 82, 125–137.




All postsynaptic neurons of bipolar cells, including amacrine cells and RGCs, use iGluRs to transform bipolar cell-mediated glutamatergic inputs into membrane depolarization (excitation). Amacrine cells, once activated by cone bipolar cells, provide conventional feedforward synapses to RGCs and/or feedback synapses to bipolar cell axons. Therefore, amacrine cell signaling profoundly shapes the retinal outputs both by directly synapsing onto RGCs and by shaping the excitatory inputs to RGCs. Most amacrine cells are either GABAergic or glycinergic, with the exceptions of an amacrine cell type that is non-GABAergic and nonglycinergic (nGnG AC) (Kay et al., 2011) and a glutamatergic monopolar interneuron (GluMI) (Della Santina et al., 2016). Additionally, there are dual neurotransmitter-releasing amacrine cells such as starburst amacrine cells (coreleasing GABA and acetylcholine) (Brecha et al., 1988; O'Malley and Masland, 1989; Vaney and Young, 1988) and VGluT3 amacrine cells (coreleasing glycine and glutamate) (Haverkamp and Wässle, 2004; Lee et al., 2014). Subsets of GABAergic amacrine cells have also been shown to contain neuromodulators such as serotonin, catecholamines or neuropeptides (Karten and Brecha, 1983). In addition, gap junctions are present in multiple types of bipolar cells, amacrine cells, and RGCs, and mediate specific aspects of visual processing in the IPL (reviewed in Bloomfield and Völgyi, 2009). Together, ribbon synapses, diverse types of conventional synapses, and gap junctions constitute the building blocks of the elaborate IPL circuitry.




9.3.2. Sequence of synapse formation in the inner plexiform layer

In most vertebrate retinas including the perifoveal region of the primate retina, the IPL matures before the OPL, and the conventional synapses originating from amacrine cells appear earlier than ribbon synapses (reviewed in Hoon et al., 2014). In the mouse retina, amacrine synapses are evident in EM at P3 and continue to increase in number in the first 2 postnatal weeks (Fisher, 1979). In contrast, bipolar cell axons elaborate in the IPL at P7 (Morgan et al., 2006), and their ribbon synapses are formed from P11 to P15 (Fisher, 1979). EM sections from fetal rhesus monkeys reveal an orderly sequence of the formation of amacrine cell–RGC synapse and amacrine cell–amacrine cell synapse, followed by ribbon synapse and concurrent amacrine cell–bipolar cell synapse (Nishimura and Rakic, 1987). However, the fovea of the macaque exhibits a different sequence of synapse formation, beginning with the formation of bipolar ribbon synapses, followed by cone photoreceptor ribbon synapses and lastly amacrine cell synapses (Hendrickson, 1996).
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Figure 9.8 The rod pathway in the mammalian retina.In the outer retina, horizontal cells (HCs) modulate transmission from rods onto the rod bipolar cells (RBCs). Each ribbon synapse in the rod spherule is apposed to two HC axons (H) and one RBC dendrite (B) to form a triad (upper left box). In the inner retina, RBCs contact AII amacrine cells (ACs) that provide glycinergic inhibition onto Off BCs and excite On BCs via gap junctional coupling (middle gray panel). RBCs receive reciprocal inhibition from A17 ACs that is mediated by GABA-A and GABA-C receptors at different locations (lower left box). Each ribbon synapse in the RBC axon is apposed to one AII and one A17 process to form a dyad (lower left box). Rod signals also traverse the secondary and tertiary rod pathways, where rods are electrically coupled to cones via gap junctions, or make direct synapses with On and Off BCs (far right). CBC, cone bipolar cell; RGC, retinal ganglion cell. 

(From Zhang et al. Annu Rev Neurosci, 2017).








9.3.3. Assembly of conventional synapses from amacrine cells to amacrine cells and retinal ganglion cells

Consistent with early emergence of anatomically identifiable conventional synapses, presynaptic molecular markers of conventional synapses in the IPL are detected earlier than those of ribbon synapses. Expression of VIAAT, a presynaptic marker for amacrine cells, can be detected in the IPL at P0 (Guo et al., 2009), whereas the vesicular glutamate transporter VGluT1 of bipolar cells can only be detected after P5 (Johnson et al., 2003).

Postsynaptic differentiation of amacrine cell synapses occurs gradually during the first several postnatal weeks in the rodent retina. However, the expression of functional GABA receptors occurs earlier before IPL formation and synaptogenesis. GABA-A receptor expression and receptor-mediated currents can be detected in embryonic mouse RGCs at embryonic day 17 (reviewed in Hoon et al., 2014). During synaptogenesis, GABA receptor distribution changes from a diffuse pattern to the punctated form specifically localized at inhibitory postsynapses (Sassoè-Pognetto and Wässle, 1997). GABA-A receptors can be divided into several subtypes according to different isoforms of GABA-A receptor subunits. In the rodent IPL, GABA-A α2 subunits and GABA-A α3 subunits are found at amacrine cell–RGC and amacrine cell–amacrine cell synapses (reviewed in Hoon et al., 2014). These subunits become stratified at their designated sublamina in the IPL at P5 and P7, respectively, and reach the adult expression level before eye opening (Sassoè-Pognetto and Wässle, 1997). The amacrine cell–bipolar cell synapses are formed later than the ones between amacrine cells and between amacrine cells and RGCs. Correspondingly, the expression of GABA-A α1 subunits and glycine receptors, which are predominantly on bipolar cell axon terminals, are relative late compared with the appearance of α2 and α3 subunits, and they reach the adult expression level after eye opening at around P21 (Sassoè-Pognetto and Wässle, 1997).






The developmental program that orchestrates the assembly of pre- and postsynaptic machineries of retinal conventional synapses has not been elucidated. Scaffold proteins and adhesion proteins have been implicated in this process. The scaffolding protein gephyrin is expressed at the same time as GABA-A α1 and glycine receptors (Sassoè-Pognetto and Wässle, 1997). Absence of glycine receptors and reduction of GABA receptors in gephyrin KO mice indicate an important role of gephyrin in the clustering of glycine receptors and a subset of GABA receptors (Fischer et al., 2000). In addition, adhesion molecule neuroligin 2 (NL2) plays a specific role of clustering GABA-A receptors but not glycine receptors in the mouse retina (Hoon et al., 2009).




9.3.4. Assembly of bipolar cell ribbon synapses

Ribbon synapses in the IPL and OPL show some differences in their structural compositions. At the presynaptic side, bipolar cell ribbon synapses express RIBEYE but do not have Bassoon (Regus-Leidig et al., 2009). At the postsynaptic side, iGluRs including AMPA, NMDA, and kainate types, but not mGluRs, are expressed in the ribbon synapses in the IPL. Another difference between OPL and IPL ribbon synapses is the position of the postsynaptic density protein 95 (PSD95). In the IPL, PSD95 is clustered postsynaptically on RGCs. In the OPL, however, PSD95 is located presynaptically in the photoreceptor terminals (Koulen et al., 1998b).

During the formation of ribbon synapses in the IPL, expression of postsynaptic glutamate receptors precedes glutamate release in bipolar cell axons. These early-expressed glutamate receptors are diffusely distributed, and then aggregate and form punctate clusters at the onset of glutamatergic transmission (Hack et al., 2002). For example, in the rat retina, diffusely distributed AMPA receptors are already present in the IPL at birth, but discrete puncta do not form until P3–P7 (Hack et al., 2002). The mature level of AMPA receptor is reached around eye opening (P14). The clustering of glutamate receptors is accompanied by the clustering of excitatory synaptic scaffold proteins PSD95 and SAP102, which are also diffusely expressed at birth but form puncta later during development (Koulen, 1999a). The onset of kainate receptor expression in the rat is slightly later than AMPA receptors at P0–P3 (Hack et al., 2002), followed by the expression of NMDA receptors between P3 and P10 (Sucher et al., 2003). However, the expression timeline of NMDA receptors may differ in different species. In rabbit and mouse retina, NMDA receptors-mediated currents can be recorded in RGCs before birth (Wong et al., 1995).

The onset time of VGluT1 expression in BC axonal terminals is different between cone and rod bipolar cells and between On and Off cone bipolar cells in the mouse retina. Expression of VGluT1 in cone BC terminals (P6–P10) proceeds that in rod BC terminals (P12) (Sherry et al., 2003). Spontaneous excitatory postsynaptic currents in RGCs are detectable at ∼P7 (Johnson et al., 2003; Morgan et al., 2008), which matches the maturation of cone bipolar cell glutamate release. Within cone bipolar cells, VGluT1 expresses in the Off sublamina at P6–P8 before the On sublamina at P10 (Sherry et al., 2003), indicating an earlier maturation of the Off bipolar cell terminals. However, in rabbit retina, immature amacrine cells show predominantly On responses and underdeveloped Off responses, suggesting a delayed maturation of the Off pathway in the rabbit (Dacheux and Miller, 1981).




9.3.5. Formation of presynaptic inhibition of bipolar cell terminals by amacrine cells

Throughout the CNS, presynaptic inhibition onto axonal terminals is a canonical microcircuit motif for modulating neuronal output. In the retina, GABAergic and glycinergic inputs from amacrine cells to bipolar cell axons mature after glutamatergic transmission is established at the bipolar cell terminal. In the mouse retina, amacrine cell inputs onto rod bipolar cells, On and Off cone bipolar cells show different developmental time courses. The rod bipolar cells and Off cone bipolar cells show detectable postsynaptic inhibitory currents (IPSCs) around P8, earlier than On cone bipolar cells that exhibit IPSCs after P10. Three GABA receptor types (α1 subunit containing GABA-A, α3 subunit containing GABA-A, and GABA-C receptors) appear on rod bipolar cell axons concurrently (Schubert et al., 2013). In Off cone bipolar cells, glycinergic transmission matures earlier than GABAergic transmission (Schubert et al., 2008). A major source of glycinergic inputs onto Off cone bipolar cells is AII amacrine cells (Strettoi et al., 1992), which receive rod bipolar cell inputs and bridge the signaling between rod and cone pathways (Fig. 9.8). Capacitance and calcium measurements in developing AII amacrine cells indicate that calcium-dependent synaptic vesicle exocytosis exhibits a time course of maturation similar to that of the IPSCs of Off cone bipolar cells (Balakrishnan et al., 2015).

In addition to glycinergic inputs, bipolar cells also receive GABAergic inputs through GABA-A and GABA-C receptors (Balakrishnan et al., 2015). Notably, the maintenance of different GABA receptor subtypes in different bipolar cell types is differentially sensitive to GABA release. In the absence of the GABA-synthesizing enzyme GAD67, the density of GABA-A α1 subunit in rod bipolar cell axons is reduced (Schubert et al., 2013). Similar reduction of GABA-A α1 subunit 
density is also observed in rod bipolar cells and cone bipolar cells from mice that lack VIAAT. GABA-C receptors, which are expressed predominantly in On cone bipolar cells and rod bipolar cells, also show a decrease in the VIAAT KO mice (Hoon et al., 2015). In contrast, glycine receptor α1 subunits in the Off cone bipolar cells are not affected by VIAAT deletion. Eliminating VIAAT does not affect the initial accumulation of GABA receptors but impairs the localization and maturation of these receptors after eye opening, indicating a selective role of GABA release in the maintenance of amacrine cell synapses onto bipolar cell axons.




9.3.6. Emergence of synaptic laminae and wiring specificity through dendritic patterning

The mouse IPL is only a few tens of micrometers in thickness (Wässle, 2004) but hosts the selective wiring of 30–40 amacrine cell types, 15 types of bipolar cells, and ∼30 types of RGCs. How does a neuron find its specific synaptic partners in the dense crowd of neuronal processes? Results from many studies indicate that synapse specificity is achieved in multiple steps. Early in the IPL development, transmembrane recognition molecules and spontaneous activity-induced calcium transients contribute to the targeting and stabilization of developing neurites (for example, 
Lohmann et al., 2002; Matsuoka et al., 2011; Yamagata and Sanes, 2012
). Synaptogenesis begins during neurite lamination and growth, when pre- and postsynaptic neurites are physically close. After the completion of dendritic development, synaptic circuit development continues to be shaped by molecular and activity-dependent mechanisms in the structurally mature IPL.

Spatial segregation of neurites into distinct sublaminae limits the wiring choices between cell types. Conserved in the vertebrate species is the On–Off division of the IPL. RGCs whose dendrites extend to the outer half of the IPL receive inputs from Off cone BCs and fire in response to light decrements (Off response), whereas those that stratify in the inner half of the IPL receive inputs from On cone BC and show responses to increments of light (On responses). An exception is the M1-type intrinsically photosensitive RGC (ipRGC), which stratifies its dendrites in the outer half of the IPL but exhibits On response (Berson et al., 2002; Hattar et al., 2002). The On and Off layers of the IPL can be further divided into sublaminae that contain neurites from different cell types. Extensive research in the chick and mouse retinas has led to the identification of multiple cell surface molecules belonging to the immunoglobin, cadherin, semaphorin, and plexin families that mediate dendritic attraction and repulsion (Matsuoka et al., 2011b; Peng et al., 2017; Yamagata and Sanes, 2008, 2012). Immunoglobin superfamily cell adhesion molecules, including Sidekick, Dscam, and contactin subfamilies, have been shown to promote laminar targeting of dendrites through homophilic interactions in the chick retina (Yamagata and Sanes, 2008). Interestingly, in the mouse retina, DSCAM and DSCAML1 are required for mosaic spacing and dendritic avoidance, rather than for laminar targeting (Fuerst et al., 2008, 2009). Furthermore, Sidekick-2 is required for the selective synapse formation between Vglut3 amacrine cells and W3B RGCs without affecting laminar targeting of these neurons (Krishnaswamy et al., 2015). These examples demonstrate that the same adhesion molecules are repurposed to serve different developmental functions in different species.

Repulsive semaphoring-plexin interactions play essential roles in the laminar organization of the mouse IPL. Sema5A, Sema5B, and their receptors PlexinA1 and PlexinA3 are expressed in complementary patterns in the mouse IPL. Through repulsive interactions, they are important for the selective targeting of neurites in multiple types of amacrine cells, RGCs, and bipolar cells, especially in the Off layer (Matsuoka et al., 2011b). In contrast, Sema6A and PlexA4, which are expressed in On and Off sublaminae, respectively, have a more specific effect on the laminar targeting of tyrosine hydroxylase (TH)-expressing dopaminergic amacrine cells, intrinsically photosensitive RGCs (ipRGCs), and calbindin-positive cells (Matsuoka et al., 2011a). The Sema6A/PlexA4 interaction is also important for restricting horizontal cell neurites in the OPL (Matsuoka et al., 2012). Furthermore, Sema6A expressed in On starburst amacrine cells (SACs) controls On SAC arborization and stratification by interacting with PlexA2 and thereby contributes to the development of the direction-selective circuit (Sun et al., 2013) (discussed in the next section). Another repulsive cue, FLRT2, is expressed in the processes of SACs and their postsynaptic partners On–Off direction-selective ganglion cells (On–Off DSGCs). FLRT2 is required for the correct positioning of SAC and On–Off DSGC dendrites in the sublaminae S2 and S4 through its repulsive interaction with Unc5C that is highly expressed in S1, S3, and S5 (Visser et al., 2015). In addition, cadherins 8 and 9 are required for two bipolar cell types (type 2 and 5) involved in the direction-selective circuit to stratify their axonal arbors in S2 and S4 (Duan et al., 2014).

Besides restricting neurites to the correct IPL depths, mosaic spacing of cell bodies and dendritic arbors within the IPL sublamina also sets spatial constraints of synaptic connectivity. Transmembrane proteins Megf10 and Megf11 are required for mosaic spacing of SACs in the IPL and horizontal cells in the OPL of the mouse (Kay et al., 2012). Besides SAC mosaic formation, Megf10 is also involved in promoting timely formation of the two cholinergic strata formed by On and Off SACs (Ray et al., 2018) but is not required for establishing the radial symmetric morphology of SAC arbors (Kay et al., 2012). The gamma-protocadherins (Pcdhgs) plays a different role in SACs by promoting dendritic self-avoidance. In 
Pcdhgs-deficient mice, dendritic branches from the same SAC contact each other and form autapses (Kostadinov and Sanes, 2015). Notably, in addition to dendritic self-avoidance, Pcdhg also directly regulates synaptic pruning between SACs (Kostadinov and Sanes, 2015). However, dendritic length or mosaic spacing of SACs is not disrupted in Pcdgh mutants (Lefebvre et al., 2012). Another related but distinct function of mosaic formation is carried by the Ig superfamily members DSCAM and DSCAML1. In DSCAM mutant mice, multiple types of amacrine cells and RGCs form abnormal aggregates of neurite among the same cell type (Fuerst et al., 2008, 2009). In Dscaml1 mutants, similar deficits are observed in rod bipolar cells and AII amacrine cells. Despite severe dendritic morphological deficits, DSCAM and DSCAML1 mutants show relatively normal neurite lamination and synapse formation. Therefore, DSCAM and DSCAML1 play a specific role of dendritic development without affecting functional connectivity (Fuerst et al., 2008, 2009). Together, these findings indicate that overlapping but nonidentical sets of molecular mechanisms control various aspects of neurite patterning and synaptogenesis.

The transcriptional control of neurite growth and synapse specificity is less understood. It has been shown that the T-box brain 1 (Tbr1) transcription factor, which regulates the expression of transmembrane molecules in four types of mouse RGCs, is required for the correct stratification of these RGCs in the Off sublaminae (Liu et al., 2018). Furthermore, ectopic expression of Tbr1 mistargets other RGC types to the Off layer of the IPL. Another transcription factor, Sox2, is involved in the correct positioning of On SAC soma and dendrites. In Sox2 mutant mice, there are less On SAC somas in the GCL, and the remaining ones often exhibit an additional ectopic dendritic arbor layer in the Off sublamina of the IPL (Whitney et al., 2014). The transcription factor Satb1 regulates the dendritic stratification of the neuron postsynaptic to the SACs, the On–Off DSGC. Satb1 is selectively expressed by On–Off DSGCs and regulates the expression of a homophilic adhesion molecule, contactin 5 (Cntn5). Both On–Off DSGCs and On SACs express Cntn5. In the absence of Satb1 or Cntn5, the bistratified On–Off DSGC loses its arbor in the On sublaminae, whereas its dendrites and synapses in the Off sublamina are not affected (Peng et al., 2017).




9.3.7. Functional circuit assembly, specificity, and refinement in the inner plexiform layer

Inner retinal circuitry converges on RGC dendrites with spatially distributed excitatory and inhibitory inputs. In mouse RGCs, the areal density of postsynaptic glutamatergic receptors in RGCs reaches the mature level around P7 shortly after these structures appear around P5 despite ongoing dendritic growth and synaptogenesis in the second postnatal week (Morgan et al., 2008). The number of inhibitory inputs onto RGC dendrites also increases during the second postnatal week. Notably, the ratio of inhibitory and excitatory synapses on large-field On RGCs remains constant since P7 (Soto et al., 2011), suggesting a developmental mechanism that coordinates bipolar and amacrine cell synaptogenesis onto RGCs that set the excitation/inhibition balance before the onset of light response.

Functional connections between amacrine cells and RGCs begin to form shortly after these neurons send out their dendrites in the IPL, before the completion of dendritic lamination and arborization. As discussed in Section 9.3.6, some molecules involved in dendritic development such as Pcdghs also play a role in synaptic formation, whereas others influence synapse formation indirectly by regulating the physical proximity of pre- and postsynaptic dendrites (e.g., contactins) or do not affect synaptogenesis (e.g., Dscam). Laminar targeting and mosaic spacing of neurites per se appear to play a permissive role. For example, in Sox2 mutant mice, On SACs acquire an additional dendritic arbor layer in the Off sublamina and form ectopic synapses with Off bipolar cells so that they show both On and Off responses (Stincic et al., 2018). When both presynaptic dopaminergic amacrine cells and postsynaptic M1 ipRGC neurites are mistargeted to the inner IPL in Sema6A and PlexA4 mutant mice, they still form synapses at the ectopic location (Matsuoka et al., 2011a).

Within each sublamina of the IPL, costratified neurons show remarkable specificity in their connectivity patterns. A well-documented example is the inhibitory connections between SACs and On–Off DSGCs. On–Off DSGCs fire maximally to motion along a preferred direction but are suppressed by motion along the opposite or null direction (Barlow and Levick, 1965). This directionally tuned response depends on the highly selective GABAergic connection between On–Off DSGC dendrites and a sector of an SAC dendritic tree that is oriented in the null direction of the DSGC (Briggman et al., 2011; Fried et al., 2002; Lee et al., 2010; Wei et al., 2011) (Fig. 9.9). Functional GABAergic synapses between SACs and On–Off DSGCs can be detected by paired patch clamp recording at P4 in about half of the SAC-DSGC pairs with overlapping dendritic fields (Wei and Feller, 2011). However, at this stage, SAC dendritic sectors oriented in both null and preferred directions of the On–Off DSGC show similar weak connection strength to the DSGC. During the second postnatal week, the SAC sector oriented in the null direction of the DSGC shows an increase of synaptogenesis with the DSGC, whereas the SAC sectors oriented in the preferred direction remain weakly connected to the DSGC without detectable pruning (Morrie and Feller, 2015; Wei et al., 2011; Yonehara et al., 2011). This selective synaptogenesis between null-side SACs and DSGCs is independent of dendritic development, since SACs on both sides of the 
DSGC show comparable levels of dendritic overlap and densities of dendritic crossovers and cofasciculations (Wei et al., 2011). One gene involved in this process encodes the FERM domain-containing protein 7 (FRMD7). Mutations of FRMD7 in humans are linked to congenital nystagmus (Tarpey et al., 2006). Mice with Frmd7 mutation also exhibit impaired horizontal optokinetic nystagmus, a reflex behavior that is known to depend on retinal direction selectivity. In the retina, Frmd7 is selectively expressed in SACs. Loss of Frmd7 in SACs impairs the asymmetric inhibition between SACs and DSGCs in the horizontal axis, leading to a loss of direction selectivity in the nasal and temporal directions. In contrast, retinal direction selectivity on the dorsal–ventral axis and vertical optokinetic nystagmus are not affected (Yonehara et al., 2016). Although Frmd7 is required for setting up the wiring asymmetry between SACs and DSGCs in the horizontal axis, the distribution of the protein does not show a nasal–temporal gradient, but rather exhibits a uniform distribution across the SAC dendritic tree (Yonehara et al., 2016). The complete molecular mechanism underlying this remarkable asymmetry awaits further investigation. Furthermore, the SAC not only forms asymmetric GABAergic synapses with the DSGC but also forms cholinergic synapses with the ganglion cell in a symmetric manner. Therefore, although SACs release both acetylcholine and GABA to the DSGC, these two synapse types follow different developmental programs to achieve distinct wiring patterns in the adult.
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Figure 9.9 Development of asymmetric wiring between SACs and DSGCs.(A) Example images of synaptically connected, dye-filled SAC–DSGC pairs at P4, P7, and P30. The left-hand side shows pairs with SACs (green) located on the null side of the DSGCs (red). The right-hand side shows preferred-side pairs. Scale bar, 50
 
μm. (B) Schematics shows a selective increase of synapse formation between DSGCs and SACs on the null side. Red circles represent GABAergic synapses. SACs, starburst amacrine cells; DSGCs, direction-selective ganglion cells. 

(A). From Wei, W., Hamby, A.M., Zhou, K., Feller, M.B., 2011. Development of asymmetric inhibition underlying direction selectivity in the retina. Nature 469, 402–406.




Developmental mechanisms underlying the precise wiring of the synaptic circuitry have also been investigated between cone bipolar cells and large-field On alpha RGCs in the mouse. On alpha RGCs receive the majority of its glutamatergic inputs from type 6 bipolar cells and the minority from type 7 bipolar cells (Morgan et al., 2011; Okawa et al., 2014). When On cone bipolar cells are silenced by the expression of TeNT, the number of PSD95 puncta in On alpha RGCs is reduced at synapses with type 6 bipolar cells but not at those with type 7 cells (Fig. 9.10A) (Morgan et al., 2011). In a more selective manipulation, type 6 bipolar cells are significantly reduced by the selective expression of diphtheria toxin (Okawa et al., 2014). The remaining type 6 bipolar cells increase their axonal arbor size and form more synapses with the On alpha RGC (Okawa et al., 2014). Furthermore, type 7 bipolar cells increase their synaptic contact with the RGC (Fig. 9.10B). This presynaptic ablation manipulation also caused the On alpha RGC to grow dendrites in the Off sublamina and form ectopic synapses with Off bipolar cells (Okawa et al., 2014). Therefore, the presence of dominant bipolar cell inputs appears to prevent aberrant connectivity with other bipolar cell types, a finding that resembles that seen in zebrafish H3 cells (Fig. 9.6) (Yoshimatsu et al., 2014).

Developmental changes of bipolar cell–RGC synapses can also occur independently without engaging in competition with neighboring cells. When the transmission from On cone bipolar cells is silenced by TeNT, the On dendritic arbor of the On–Off bistratified RGCs shows a reduction in their postsynaptic densities, whereas the Off dendritic arbor contains normal number of synapses (Kerschensteiner et al., 2009). When a small subset of type 6 bipolar cells express TeNT, the reduction of PSD95 puncta in On alpha RGCs occurs selectively in the TeNT-expressing cells, but not in the neighboring 
type 6 cells with normal transmission (Okawa et al., 2014). Blocking transmission from type 6 bipolar cells prevents the formation of multiple ribbon synapses in TeNT-expressing bipolar cell boutons, causing the aberrant accumulation of multiple synapse ribbons opposed to a single postsynaptic density on RGC dendrites (Kerschensteiner et al., 2009; Morgan et al., 2011).
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Figure 9.10 Development of bipolar cell inputs onto On alpha retinal ganglion cells (RGCs).(A) Suppressing transmission from all retinal On bipolar cells differentially reduces the number of synaptic sites (PSD95) formed by T6, but not T7, bipolar cells (BCs) onto the AON RGC (Morgan et al., 2011). (B) Within the axonal territory of inactive (TeNT) T6 bipolar cells, there is no increase in the number of synapses (estimated by PSD95 expression) between the postsynaptic RGC and its other bipolar afferents (presumed T7 here). However, T7 bipolar cells gain many more synapses with the RGC when T6 bipolar cells are ablated (DTA). Note that PSD95 puncta apposed to TeNT-expressing T6 bipolar cells are larger compared with those apposed to non-TeNT bipolar cells (Okawa et al., 2014). (C) Suppressing glutamatergic transmission from all On bipolar cells by expression of TeNT (gray) reduces the number of excitatory synaptic sites (marked by PSD95) from On, but not Off, bipolar cells contacting a bistratified On–Off retinal ganglion cell (Kerschensteiner et al., 2009). (D) Synaptic number and size of T6 On cone bipolar cells are regulated by transmission on a cell-by-cell basis (Okawa et al., 2014). 

Figure from Okawa, H., Della Santina, L., Schwartz, G.W., Rieke, F., Wong, R.O.L., 2014. Interplay of cell-autonomous and nonautonomous mechanisms tailors synaptic connectivity of converging axons in vivo. Neuron 82, 125–137.





Disrupting GABAergic transmission also reveals highly specific effects in certain synaptic loci but not others. As discussed in the previous section, blocking GABA release from bipolar cells leads to selective deficits in GABA-A receptor subunits in specific bipolar cell types. Even when the postsynaptic neuron has a uniform GABA-A receptor subunit composition throughout the cell, presynaptic GABA release can exhibit compartment-specific regulation of postsynaptic development. The GABAergic synapses from SACs are formed on the dendrites of On–Off DSGCs and are critical for the direction selectivity of the ganglion cell. Blocking neural activity, including pharmacologically blocking GABA-A receptor-mediated transmission and selective removal of vesicular GABA release from SACs, does not prevent the formation of the asymmetric inhibitory synapses between these cells and does not affect the direction-selective spiking activity of On–Off DSGCs (Elstrott et al., 2008; Sun et al., 2011; Wei et al., 2011). However, in addition to these well-studied dendritic synapses, On–Off DSGCs receive somatic inhibitory inputs from another set of amacrine cells (Bleckert et al., 2018). Intriguingly, knocking out VIAAT from retinal amacrine cells leads to the enlargement of the postsynaptic structure on the DSGC soma but does not affect dendritic GABAergic synapses of DSGCs. This soma–dendrite difference is not due to distinct GABA-A receptor subunit distribution in the soma versus dendrites, since both cellular compartments express GABA-A receptor alpha 2 and gamma 2 subunits (Bleckert et al., 2018). Therefore, the somatic and dendritic compartments of the same On–Off DSGC undergo activity-dependent and activity-independent development despite similar GABA receptor subunit compositions.

A rich body of literature explores the role of patterned activity in shaping the synaptic circuitry of the IPL. The developing retina exhibits distinct forms of neural activity at different developmental stages. During the first postnatal week of the mouse, spontaneous bursts of action potentials spread across the retina in the GCL as propagating waves (Meister et al., 1991; Wong et al., 1993). These “retinal waves” are mediated by acetylcholine release from SACs (Feller et al., 1996; reviewed in Ford and Feller, 2012). The initiation of waves is caused by spontaneous depolarization of SACs, and the frequency of waves is set by a slow after hyperpolarization of SACs that functions as a pacemaker and prevents immediate depolarization after the previous one (Ford et al., 2012, 2013). During the first 10 postnatal days, SACs transiently express nicotinic acetylcholine receptors and thereby form a dense interconnected network to propagate excitation to neighboring SACs and nicotinic receptor-expressing RGCs. A few days before light response onset, cholinergic retinal waves are downregulated as SACs decrease their excitability and downregulate their nicotinic receptor expression (reviewed in Ford and Feller, 2012). Between P10 and P14, glutamatergic retinal waves, which are thought to be mediated by bipolar cell glutamate spillover to extrasynaptic regions, replace cholinergic waves (reviewed in Blankenship and Feller, 2010). Retinal waves are important for the refinement of retinal projections in the brain (reviewed in Blankenship and Feller, 2010). However, disrupting waves causes minimal perturbations of IPL circuitry, which may be partially due to the appearance of compensatory activity in the retina mediated by gap junctions.

After the onset of light response, visually driven activity is concurrent with continuing synaptic development even though receptive field mosaics and plexiform layers of the retina have attained adultlike appearance. Visual experience has been shown to influence further On/Off segregation of synaptic inputs into RGCs (Bodnarenko and Chalupa, 1993; Tian and Copenhagen, 2003) and regulate bipolar cell synapse maturation in the OPL (discussed in Section 9.2.3.2). In the direction-selective circuit, dark rearing does not affect the initial establishment of the direction selectivity of On–Off DSGCs (Elstrott et al., 2008; Wei et al., 2011) but prevents the tight clustering of their preferred directions along the four cardinal directions (Bos et al., 2016). Further studies are needed to test if other aspects of IPL circuit development are dependent on spatiotemporal characteristics of natural visual inputs.





9.4. Conclusion

From the emergence of the first synapse to the maturation of the elaborate synaptic network, the vertebrate retina features a diverse set of developmental mechanisms that dictate the assembly of both highly specialized ribbon synapses for sensory processing and diverse types of conventional synapses. Decades of research has established a central role of genetic programs and transmembrane recognition molecules in the assembly of retinal synaptic circuitry. Furthermore, the molecular programs of synapse development are modulated by neurotransmission and visually evoked neural activity in the developing circuitry. These factors together instruct the precise wiring of the mature retina. With the increasing repertoire of tools for the classification, labeling, and manipulation of retinal neurons, future studies will provide deeper insights into the comprehensive developmental programs that establish common circuit architectures but instruct cell type-specific and synapse type-specific wiring in the retina and other regions of the brain.











References




Anastassov I.A, Wang W, Dunn F.A. Synaptogenesis and synaptic protein localization in the postnatal development of rod bipolar cell dendrites in mouse retina. 
J. Comp. Neurol.
 2017:1–15.


Baden T, Berens P, Franke K, Román Rosón M, Bethge M, Euler T. The functional diversity of retinal ganglion cells in the mouse. 
Nature
. 2016;529:345–350.


Balakrishnan V, Puthussery T, Kim M.-H, Taylor W.R, von Gersdorff H. Synaptic vesicle exocytosis at the dendritic lobules of an inhibitory interneuron in the mammalian retina. 
Neuron
. 2015;87:563–575.


Ball S.L, Pardue M.T, McCall M.A, Gregg R.G, Peachey N.S. Immunohistochemical analysis of the outer plexiform layer in the nob mouse shows no abnormalities. 
Vis. Neurosci.
 2003;20:267–272.


Barlow H.B, Levick W.R. The mechanism of directionally selective units in rabbit's retina. 
J. Physiol.
 1965;178:477–504.


Bayley P.R, Morgans C.W. Rod bipolar cells and horizontal cells form displaced synaptic contacts with rods in the outer nuclear layer of the nob2 retina. 
J. Comp. Neurol.
 2007;500:286–298.


Behrens C, Schubert T, Haverkamp S, Euler T, Berens P. Connectivity map of bipolar cells and photoreceptors in the mouse retina. 
eLIFE
. 2016;5.


Berson D.M, Dunn F.A, Takao M. Phototransduction by retinal ganglion cells that set the circadian clock. 
Science
. 2002;295:1070–1073.


Blankenship A.G, Feller M.B. Mechanisms underlying spontaneous patterned activity in developing neural circuits. 
Nat. Rev. Neurosci.
 2010;11:18–29.


Blanks J.C, Adinolfi A.M, Lolley R.N. Synaptogenesis in the photoreceptor terminal of the mouse retina. 
J. Comp. Neurol.
 1974;156:81–93.


Bleckert A, Zhang C, Turner M.H, Koren D, Berson D.M, Park S.J.H, Demb J.B, Rieke F, Wei W, Wong R.O.L. GABA release selectively regulates synapse development at distinct inputs on direction selective retinal ganglion cells. 
Proc. Natl. Acad. Sci. USA
. 2018;115(51).


Bloomfield S.A, Völgyi B. The diverse functional roles and regulation of neuronal gap junctions in the retina. 
Nat. Rev. Neurosci.
 2009;10:495–506.


Bodnarenko S.R, Chalupa L.M. Stratification of on and off ganglion cell dendrites depends on glutamate-mediated afferent activity in the developing retina. 
Nature
. 1993;364:144–146.


Bos R, Gainer C, Feller M.B. Role for visual experience in the development of direction-selective circuits. 
Curr. Biol.
 2016;26:1367–1375.


Brecha N, Johnson D, Peichl L, Wässle H. Cholinergic amacrine cells of the rabbit retina contain glutamate decarboxylase and gamma-aminobutyrate immunoreactivity. 
Proc. Natl. Acad. Sci. USA.
 1988;85:6187–6191.


Breuninger T, Puller C, Haverkamp S, Euler T. Chromatic bipolar cell pathways in the mouse retina. 
J. Neurosci.
 2011;31:6504–6517.


Briggman K.L, Helmstaedter M, Denk W. Wiring specificity in the direction-selectivity circuit of the retina. 
Nature
. 2011;471:183–188.


Cao Y, Sarria I, Fehlhaber K.E, Kamasawa N, Orlandi C, James K.N, Hazen J.L, Gardner M.R, Farzan M, Lee A, et al. Mechanism for selective synaptic wiring of rod photoreceptors into the retinal circuitry and its role in vision. 
Neuron
. 2015;87:1248–1260.


Chang B, Heckenlively J.R, Bayley P.R, Brecha N.C, Davisson M.T, Hawes N.L, Hirano A.A, Hurd R.E, Ikeda A, Johnson B.A, et al. The nob2 mouse, a null mutation in Cacna1f: anatomical and functional abnormalities in the outer retina and their consequences on ganglion cell visual responses. 
Vis. Neurosci.
 2006;23:11–24.


Claes E, Seeliger M, Michalakis S, Biel M, Humphries P, Haverkamp S. Morphological characterization of the retina of the CNGA3(-/-)Rho(-/-) mutant mouse lacking functional cones and rods. 
Investig. Ophthalmol. Vis. Sci.
 2004;45:2039–2048.


Crooks J, Okada M, Hendrickson A.E. Quantitative analysis of synaptogenesis in the inner plexiform layer of macaque monkey fovea. 
J. Comp. Neurol.
 1995;360:349–362.


Dacey D.M, Lee B.B, Stafford D.K, Pokomy J, Smith V.C, Pokorny J, Smith V.C. Horizontal cells of the primate retina: cone specificity without spectral opponency. 
Science
. 1996;271:656–659.


Dacheux R.F, Miller R.F. An intracellular electrophysiological study of the ontogeny of functional synapses in the rabbit retina. II. Amacrine cells. 
J. Comp. Neurol.
 1981;198:327–334.


Della Santina L, Kuo S.P, Yoshimatsu T, Okawa H, Suzuki S.C, Hoon M, Tsuboyama K, Rieke F, Wong R.O.L. Glutamatergic monopolar interneurons provide a novel pathway of excitation in the mouse retina. 
Curr. Biol.
 2016;26:2070–2077.


Demb J.B, Singer J.H. Intrinsic properties and functional circuitry of the AII amacrine cell. 
Vis. Neurosci.
 2012;29:51–60.


Dick O, Tom Dieck S, Altrock W.D, Ammermüller J, Weiler R, Garner C.C, Gundelfinger E.D, Brandstätter J.H. The presynaptic active zone protein bassoon is essential for photoreceptor ribbon synapse formation in the retina. 
Neuron
. 2003;37:775–786.


Duan X, Krishnaswamy A, De la Huerta I, Sanes J.R. Type II cadherins guide assembly of a direction-selective retinal circuit. 
Cell
. 2014;158:793–807.


Dunn F.A, Wong R.O.L. Diverse strategies engaged in establishing stereotypic wiring patterns among neurons sharing a common input at the visual system's first synapse. 
J. Neurosci.
 2012;32:10306–10317.


Dunn F.A, Della Santina L, Parker E.D, Wong R.O.L, DellaSantina L, Parker E.D, Wong R.O.L. Sensory experience shapes the development of the visual system's first synapse. 
Neuron
. 2013;80:1159–1166.


Elstrott J, Anishchenko A, Greschner M, Sher A, Litke A.M, Chichilnisky E.J, Feller M.B. Direction selectivity in the retina is established independent of visual experience and cholinergic retinal waves. 
Neuron
. 2008;58:499–506.


Van Epps H. a, Hayashi M, Lucast L, Stearns G.W, Hurley J.B, De Camilli P, Brockerhoff S.E. The zebrafish nrc mutant reveals a role for the polyphosphoinositide phosphatase synaptojanin 1 in cone photoreceptor ribbon anchoring. 
J. Neurosci.
 2004;24:8641–8650.


Feller M.B, Wellis D.P, Stellwagen D, Werblin F.S, Shatz C.J. Requirement for cholinergic synaptic transmission in the propagation of spontaneous retinal waves. 
Science
. 1996;272:1182–1187.


Fischer F, Kneussel M, Tintrup H, Haverkamp S, Rauen T, Betz H, W??ssle H. Reduced synaptic clustering of GABA and glycine receptors in the retina of the gephyrin null mutant mouse. 
J. Comp. Neurol.
 2000;427:634–648. .


Fisher L.J. Development of synaptic arrays in the inner plexiform layer of neonatal mouse retina. 
J. Comp. Neurol.
 1979;187:359–372.


Ford K.J, Feller M.B. Assembly and disassembly of a retinal cholinergic network. 
Vis. Neurosci.
 2012;29:61–71.


Ford K.J, Félix A.L, Feller M.B. Cellular mechanisms underlying spatiotemporal features of cholinergic retinal waves. 
J. Neurosci.
 2012;32:850–863.


Ford K.J, Arroyo D.A, Kay J.N, Lloyd E.E, Bryan R.M, Sanes J.R, Feller M.B. A role for TREK1 in generating the slow after hyperpolarization in developing starburst amacrine cells. 
J. Neurophysiol.
 2013;109:2250–2259.


Fried S.I, Münch T.A, Werblin F.S. Mechanisms and circuitry underlying directional selectivity in the retina. 
Nature
. 2002;420:411–414.


Fuerst P.G, Koizumi A, Masland R.H, Burgess R.W. Neurite arborization and mosaic spacing in the mouse retina require DSCAM. 
Nature
. 2008;451:470–474.


Fuerst P.G, Bruce F, Tian M, Wei W, Elstrott J, Feller M.B, Erskine L, Singer J.H, Burgess R.W. DSCAM and DSCAML1 function in self-avoidance in multiple cell types in the developing mouse retina. 
Neuron
. 2009;64:484–497.


Goodchild A.K, Chan T.L, Grünert U. Horizontal cell connections with short-wavelength-sensitive cones in macaque monkey retina. 
Vis. Neurosci.
 1996;13:833–845.


Grimes W.N, Zhang J, Graydon C.W, Kachar B, Diamond J.S. Retinal parallel processors: more than 100 independent microcircuits operate within a single interneuron. 
Neuron
. 2010;65:873–885.


Guo C, Stella Jr. S.L, Hirano A.A, Brecha N.C. Plasmalemmal and vesicular gamma-aminobutyric acid transporter expression in the developing mouse retina. 
J. Comp. Neurol.
 2009;512:6–26.


Hack I, Peichl L, Brandstätter J.H. An alternative pathway for rod signals in the rodent retina: rod photoreceptors, cone bipolar cells, and the localization of glutamate receptors. 
Proc. Natl. Acad. Sci. USA
. 1999;96:14130–14135.


Hack I, Koulen P, Peichl L, Brandstatter J.H. Development of glutamatergic synapses in the rat retina: the postnatal expression of ionotropic glutamate receptor subunits. 
Vis. Neurosci.
 2002;19:1–13.


Haeseleer F, Imanishi Y, Maeda T, Possin D.E, Maeda A, Lee A, Rieke F, Palczewski K. Essential role of Ca2+-binding protein 4, a Cav1.4 channel regulator, in photoreceptor synaptic function. 
Nat. Neurosci.
 2004;7:1079–1087.


Hattar S, Liao H.W, Takao M, Berson D.M, Yau K.W. Melanopsin-containing retinal ganglion cells: architecture, projections, and intrinsic photosensitivity. 
Science
. 2002;295:1065–1070.


Haverkamp S. Synaptic plasticity in CNGA3-/- mice: cone bipolar cells react on the missing cone input and form ectopic synapses with rods. 
J. Neurosci.
 2006;26:5248–5255.


Haverkamp S, Wässle H. Characterization of an amacrine cell type of the mammalian retina immunoreactive for vesicular glutamate transporter 3. 
J. Comp. Neurol.
 2004;468:251–263.


Haverkamp S, Grünert U, Wässle H. The cone pedicle, a complex synapse in the retina. 
Neuron
. 2000;27:85–95.


Haverkamp S, Wässle H, Duebel J, Kuner T, Augustine G.J, Feng G, Euler T. The primordial, blue-cone color system of the mouse retina. 
J. Neurosci.
 2005;25:5438–5445.


Haverkamp S, Specht D, Majumdar S, Zaidi N.F, Brandstätter J.H, Wasco W, Wässle H, Tom Dieck S. Type 4 off cone bipolar cells of the mouse retina express calsenilin and contact cones as well as rods. 
J. Comp. Neurol.
 2008;507:1087–1101.


Helmstaedter M, Briggman K.L, Denk W. High-accuracy neurite reconstruction for high-throughput neuroanatomy. 
Nat. Neurosci.
 2011;14:1081–1088.


Hendrickson A.E. Synaptic development in macaque monkey retina and its implications for other developmental sequences. 
Perspect. Dev. Neurobiol.
 1996;3(3):195–201.


Hendrickson A, Zhang C. Development of cone photoreceptors and their synapses in the human and monkey fovea. 
J. Comp. Neurol.
 2019;527(1):38–51.


Hendrickson A, Troilo D, Djajadi H, Possin D, Springer A. Expression of synaptic and phototransduction markers during photoreceptor development in the marmoset monkey Callithrix jacchus
. 
J. Comp. Neurol.
 2009;512:218–231.


Holzhausen L.C, Lewis A.A, Cheong K.K, Brockerhoff S.E. Differential role for synaptojanin 1 in rod and cone photoreceptors. 
J. Comp. Neurol.
 2009;517:633–644.


Hoon M, Bauer G, Fritschy J.-M, Moser T, Falkenburger B.H, Varoqueaux F. Neuroligin 2 controls the maturation of GABAergic synapses and information processing in the retina. 
J. Neurosci.
 2009;29:8039–8050.


Hoon M, Okawa H, Della Santina L, Wong R.O.L. Functional architecture of the retina: development and disease. 
Prog. Retin. Eye Res.
 2014;42:44–84.


Hoon M, Sinha R, Okawa H, Suzuki S.C, Hirano A.A, Brecha N, Rieke F, Wong R.O.L. Neurotransmission plays contrasting roles in the maturation of inhibitory synapses on axons and dendrites of retinal bipolar cells. 
Proc. Natl. Acad. Sci. USA
. 2015;112:12840–12845.


Jia S, Muto A, Orisme W, Henson H.E, Parupalli C, Ju B, Baier H, Taylor M.R. Zebrafish Cacna1fa is required for cone photoreceptor function and synaptic ribbon formation. 
Hum. Mol. Genet.
 2014;23:2981–2994.


Johnson J, Tian N, Caywood M.S, Reimer R.J, Edwards R.H, Copenhagen D.R. Vesicular neurotransmitter transporter expression in developing postnatal rodent retina: GABA and glycine precede glutamate. 
J. Neurosci.
 2003;23:518–529.


Johnson R.E, Tien N.-W, Shen N, Pearson J.T, Soto F, Kerschensteiner D. Homeostatic plasticity shapes the visual system's first synapse. 
Nat. Commun.
 2017;8:1220.


Karten H.J, Brecha N. Localization of neuroactive substances in the vertebrate retina: evidence for lamination in the inner plexiform layer. 
Vis. Res.
 1983;23:1197–1205.


Kay J.N, Voinescu P.E, Chu M.W, Sanes J.R. Neurod6 expression defines new retinal amacrine cell subtypes and regulates their fate. 
Nat. Neurosci.
 2011;14:965–972. .


Kay J.N, Chu M.W, Sanes J.R. MEGF10 and MEGF11 mediate homotypic interactions required for mosaic spacing of retinal neurons. 
Nature
. 2012;483:465–469.


Keeley P.W, Luna G, Fariss R.N, Skyles K.A, Madsen N.R, Raven M.A, Poché R.A, Swindell E.C, Jamrich M, Oh E.C, et al. Development and plasticity of outer retinal circuitry following genetic removal of horizontal cells. 
J. Neurosci.
 2013;33:17847–17862.


Kerov V, Laird J.G, Joiner M, Knecht S, Soh D, Hagen J, Gardner S.H, Gutierrez W, Yoshimatsu T, Bhattarai S, et al. α2δ-4 is required for the molecular and structural organization of rod and cone photoreceptor synapses. 
J. Neurosci.
 2018;38:6145–6160.


Kerschensteiner D, Morgan J.L, Parker E.D, Lewis R.M, Wong R.O.L. Neurotransmission selectively regulates synapse formation in parallel circuits in vivo. 
Nature
. 2009;460:1016–1020.


Koike C, Obara T, Uriu Y, Numata T, Sanuki R, Miyata K, Koyasu T, Ueno S, Funabiki K, Tani A, et al. TRPM1 is a component of the retinal on bipolar cell transduction channel in the mGluR6 cascade. 
Proc. Natl. Acad. Sci.USA
. 2010;107:332–337.


Kostadinov D, Sanes J.R. Protocadherin-dependent dendritic self-avoidance regulates neural connectivity and circuit function. 
eLIFE
. 2015;4.


Koulen P. Localization of synapse-associated proteins during postnatal development of the rat retina. 
Eur. J. Neurosci.
 1999;11:2007–2018.


Koulen P. Postnatal development of GABAA receptor beta1, beta2/3, and gamma2 immunoreactivity in the rat retina. 
J. Neurosci. Res.
 1999;57:185–194.


Koulen P, Garner C.C, Wässle H. Immunocytochemical localization of the synapse-associated protein SAP102 in the rat retina. 
J. Comp. Neurol.
 1998;397:326–336.


Koulen P, Fletcher E.L, Craven S.E, Bredt D.S, Wässle H. Immunocytochemical localization of the postsynaptic density protein PSD-95 in the mammalian retina. 
J. Neurosci.
 1998;18:10136–10149.


Kouyama N, Marshak D.W. Bipolar cells specific for blue cones in the macaque retina. 
J. Neurosci.
 1992;12:1233–1252.


Krishnaswamy A, Yamagata M, Duan X, Hong Y.K, Sanes J.R. Sidekick 2 directs formation of a retinal circuit that detects differential motion. 
Nature
. 2015;524:466–470.


Lagnado L, Schmitz F. Ribbon synapses and visual processing in the retina. 
Annu. Rev. Vis. Sci.
 2015;1:235–262.


Lee S, Kim K, Zhou Z.J. Role of ACh-GABA cotransmission in detecting image motion and motion direction. 
Neuron
. 2010;68:1159–1172.


Lee S, Chen L, Chen M, Ye M, Seal R.P, Zhou Z.J. An unconventional glutamatergic circuit in the retina formed by vGluT3 amacrine cells. 
Neuron
. 2014;84:708–715.


Lefebvre J.L, Kostadinov D, Chen W.V, Maniatis T, Sanes J.R. Protocadherins mediate dendritic self-avoidance in the mammalian nervous system. 
Nature
. 2012;488:517–521.


Li W, DeVries S.H. Bipolar cell pathways for color and luminance vision in a dichromatic mammalian retina. 
Nat. Neurosci.
 2006;9:669–675.


Li Y.N, Matsui J.I, Dowling J.E. Specificity of the horizontal cell-photoreceptor connections in the zebrafish (Danio rerio) retina. 
J. Comp. Neurol.
 2009;516:442–453.


Libby R.T, Champliaud M.F, Claudepierre T, Xu Y, Gibbons E.P, Koch M, Burgeson R.E, Hunter D.D, Brunken W.J. Laminin expression in adult and developing retinae: evidence of two novel CNS laminins. 
J. Neurosci.
 2000;20(17):6517–6528.


Liu J, Reggiani J.D.S.S, Laboulaye M.A, Pandey S, Chen B, Rubenstein J.L.R.R, Krishnaswamy A, Sanes J.R. Tbr1 instructs laminar patterning of retinal ganglion cell dendrites. 
Nat. Neurosci.
 2018;21:659–670.


Liu X, Kerov V, Haeseleer F, Majumder A, Artemyev N, Baker S.A, Lee A. Dysregulation of Cav1.4 channels disrupts the maturation of photoreceptor synaptic ribbons in congenital stationary night blindness type 2. 
Channels
. 2013;7:514–523.


Lohmann C, Myhr K.L, Wong R.O.L. Transmitter-evoked local calcium release stabilizes developing dendrites. 
Nature
. 2002;418:177–181.


Lv C, Stewart W.J, Akanyeti O, Frederick C, Zhu J, Santos-Sacchi J, Sheets L, Liao J.C, Zenisek D. Synaptic ribbons require ribeye for electron density, proper synaptic localization, and recruitment of calcium channels. 
Cell Rep.
 2016;15:2784–2795.


Mansergh F, Orton N.C, Vessey J.P, Lalonde M.R, Stell W.K, Tremblay F, Barnes S, Rancourt D.E, Bech-Hansen N.T. Mutation of the calcium channel gene Cacna1f disrupts calcium signaling, synaptic transmission and cellular organization in mouse retina. 
Hum. Mol. Genet.
 2005;14:3035–3046.


Masu M, Iwakabe H, Tagawa Y, Miyoshi T, Yamashita M, Fukuda Y, Sasaki H, Hiroi K, Nakamura Y, Shigemoto R. Specific deficit of the on response in visual transmission by targeted disruption of the mGluR6 gene. 
Cell
. 1995;80:757–765.


Matsuoka R.L, Nguyen-Ba-Charvet K.T, Parray A, Badea T.C, Chédotal A, Kolodkin A.L. Transmembrane semaphorin signalling controls laminar stratification in the mammalian retina. 
Nature
. 2011;470:259–263.


Matsuoka R.L, Chivatakarn O, Badea T.C, Samuels I.S, Cahill H, Katayama K.-I, Kumar S.R, Suto F, Chédotal A, Peachey N.S, et al. Class 5 transmembrane semaphorins control selective Mammalian retinal lamination and function. 
Neuron
. 2011;71:460–473.


Matsuoka R.L, Jiang Z, Samuels I.S, Nguyen-Ba-Charvet K.T, Sun L.O, Peachey N.S, Chédotal A, Yau K.-W, Kolodkin A.L. Guidance-cue control of horizontal cell morphology, lamination, and synapse formation in the mammalian outer retina. 
J. Neurosci.
 2012;32:6859–6868.


Maxeiner S, Luo F, Tan A, Schmitz F, Südhof T.C. How to make a synaptic ribbon: RIBEYE deletion abolishes ribbons in retinal synapses and disrupts neurotransmitter release. 
EMBO J.
 2016;35:1098–1114.


Meister M, Wong R.O, Baylor D.A, Shatz C.J. Synchronous bursts of action potentials in ganglion cells of the developing mammalian retina. 
Science
. 1991;252:939–943.


Michalakis S, Schäferhoff K, Spiwoks-Becker I, Zabouri N, Koch S, Koch F, Bonin M, Biel M, Haverkamp S. Characterization of neurite outgrowth and ectopic synaptogenesis in response to photoreceptor dysfunction. 
Cell. Mol. Life Sci.
 2013;70:1831–1847.


Morgan J.L, Dhingra A, Vardi N, Wong R.O.L. Axons and dendrites originate from neuroepithelial-like processes of retinal bipolar cells. 
Nat. Neurosci.
 2006;9:85–92.


Morgan J.L, Schubert T, Wong R.O.L. Developmental patterning of glutamatergic synapses onto retinal ganglion cells. 
Neural Dev.
 2008;3:8. .


Morgan J.L, Soto F, Wong R.O.L, Kerschensteiner D. Development of cell type-specific connectivity patterns of converging excitatory axons in the retina. 
Neuron
. 2011;71:1014–1021.


Morgans C.W, Zhang J, Jeffrey B.G, Nelson S.M, Burke N.S, Duvoisin R.M, Brown R.L. TRPM1 is required for the depolarizing light response in retinal On-bipolar cells. 
Proc. Natl. Acad. Sci. USA
. 2009;106:19174–19178.


Morrie R.D, Feller M.B. An asymmetric increase in inhibitory synapse number underlies the development of a direction selective circuit in the retina. 
J. Neurosci.
 2015;35:9281–9286.


Nishimura Y, Rakic P. Development of the rhesus monkey retina: II. A three-dimensional analysis of the sequences o synaptic combinations in the inner plexiform layer. 
J. Comp. Neurol.
 1987;262:290–313.


Nomura A, Shigemoto R, Nakamura Y, Okamoto N, Mizuno N, Nakanishi S. Developmentally regulated postsynaptic localization of a metabotropic glutamate receptor in rat rod bipolar cells. 
Cell
. 1994;77:361–369.


O'Malley D.M, Masland R.H. Co-release of acetylcholine and gamma-aminobutyric acid by a retinal neuron. 
Proc. Natl. Acad. Sci. USA
. 1989;86:3414–3418.


Okada M, Erickson A, Hendrickson A. Light and electron microscopic analysis of synaptic development in Macaca monkey retina as detected by immunocytochemical labeling for the synaptic vesicle protein, SV2. 
J. Comp. Neurol.
 1994;339:535–558.


Okawa H, Della Santina L, Schwartz G.W, Rieke F, Wong R.O.L. Interplay of cell-autonomous and nonautonomous mechanisms tailors synaptic connectivity of converging axons in vivo. 
Neuron
. 2014;82:125–137.


Omori Y, Araki F, Chaya T, Kajimura N, Irie S, Terada K, Muranishi Y, Tsujii T, Ueno S, Koyasu T, et al. Presynaptic dystroglycan-pikachurin complex regulates the proper synaptic connection between retinal photoreceptor and bipolar cells. 
J. Neurosci.
 2012;32:6126–6137.


Orlandi C, Omori Y, Wang Y, Cao Y, Ueno A, Roux M.J, Condomitti G, de Wit J, Kanagawa M, Furukawa T, et al. Transsynaptic binding of orphan receptor GPR179 to dystroglycan-pikachurin complex is essential for the synaptic organization of photoreceptors. 
Cell Rep.
 2018;25 130–145.e5.


Pang J.-J, Gao F, Lem J, Bramblett D.E, Paul D.L, Wu S.M. Direct rod input to cone BCs and direct cone input to rod BCs challenge the traditional view of mammalian BC circuitry. 
Proc. Natl. Acad. Sci. USA
. 2010;107:395–400.


Peichl L, González-Soriano J, Gonzälez-soriano J. Morphological types of horizontal cell in rodent retinae: a comparison of rat, mouse, gerbil, and Guinea pig. 
Vis. Neurosci.
 1994;11:501–517.


Peng Y.-R, Tran N.M, Krishnaswamy A, Kostadinov D, Martersteck E.M, Sanes J.R. Satb1 regulates contactin 5 to pattern dendrites of a mammalian retinal ganglion cell. 
Neuron
. 2017;95 869–883.e6.


Peng Y.W, Hao Y, Petters R.M, Wong F. Ectopic synaptogenesis in the mammalian retina caused by rod photoreceptor-specific mutations. 
Nat. Neurosci.
 2000;3:1121–1127.


Raven M.A, Orton N.C, Nassar H, Williams G.A, Stell W.K, Jacobs G.H, Bech-Hansen N.T, Reese B.E. Early afferent signaling in the outer plexiform layer regulates development of horizontal cell morphology. 
J. Comp. Neurol.
 2008;506:745–758.


Ray T.A, Roy S, Kozlowski C, Wang J, Cafaro J, Hulbert S.W, Wright C.V, Field G.D, Kay J.N. Formation of retinal direction-selective circuitry initiated by starburst amacrine cell homotypic contact. 
eLIFE
. 2018;7.


Regus-Leidig H, Dieck S.T, Specht D, Meyer L, Brandstätter J.H. Early steps in the assembly of photoreceptor ribbon synapses in the mouse retina: the involvement of precursor spheres. 
J. Comp. Neurol.
 2009;512:814.


Ribic A, Liu X, Crair M.C, Biederer T. Structural organization and function of mouse photoreceptor ribbon synapses involve the immunoglobulin protein synaptic cell adhesion molecule 1. 
J. Comp. Neurol.
 2014;522:900–920.


Rich K.A, Zhan Y, Blanks J.C. Migration and synaptogenesis of cone photoreceptors in the developing mouse retina. 
J. Comp. Neurol.
 1997;288:47–63.


Sanes J.R, Masland R.H. The types of retinal ganglion cells: current status and implications for neuronal classification. 
Annu. Rev. Neurosci.
 2015;38:221–246.


Sarin S, Zuniga-Sanchez E, Kurmangaliyev Y.Z, Cousins H, Patel M, Hernandez J, Zhang K.X, Samuel M.A, Morey M, Sanes J.R, et al. Role for Wnt signaling in retinal neuropil development: analysis via RNA-seq and in vivo somatic CRISPR mutagenesis. 
Neuron
. 2018;98 109–126.e8.


Sarria I, Cao Y, Wang Y, Ingram N.T, Orlandi C, Kamasawa N, Kolesnikov A.V, Pahlberg J, Kefalov V.J, Sampath A.P, et al. LRIT1 modulates adaptive changes in synaptic communication of cone photoreceptors. 
Cell Rep.
 2018;22:3562–3573.


Sassoè-Pognetto M, Wässle H. Synaptogenesis in the rat retina: subcellular localization of glycine receptors, GABA(A) receptors, and the anchoring protein gephyrin. 
J. Comp. Neurol.
 1997;31:159–174.


Sato S, Omori Y, Katoh K, Kondo M, Kanagawa M, Miyata K, Funabiki K, Koyasu T, Kajimura N, Miyoshi T, et al. Pikachurin, a dystroglycan ligand, is essential for photoreceptor ribbon synapse formation. 
Nat. Neurosci.
 2008;11:923–931.


Schmitt E. a, Dowling J.E. Early retinal development in the zebrafish, Danio rerio: light and electron microscopic analyses. 
J. Comp. Neurol.
 1999;404:515–536.


Schubert T, Kerschensteiner D, Eggers E.D, Misgeld T, Kerschensteiner M, Lichtman J.W, Lukasiewicz P.D, Wong R.O.L. Development of presynaptic inhibition onto retinal bipolar cell axon terminals is subclass-specific. 
J. Neurophysiol.
 2008;100:304–316.


Schubert T, Huckfeldt R.M, Parker E, Campbell J.E, Wong R.O.O.L. Assembly of the outer retina in the absence of GABA synthesis in horizontal cells. 
Neural Dev.
 2010;5:15.


Schubert T, Hoon M, Euler T, Lukasiewicz P.D, Wong R.O.L. Developmental regulation and activity-dependent maintenance of GABAergic presynaptic inhibition onto rod bipolar cell axonal terminals. 
Neuron
. 2013;78:124–137.


Shekhar K, Lapan S.W, Whitney I.E, Tran N.M, Macosko E.Z, Kowalczyk M, Adiconis X, Levin J.Z, Nemesh J, Goldman M, et al. Comprehensive classification of retinal bipolar neurons by single-cell transcriptomics. 
Cell
. 2016;166 1308–1323.e30.


Shen Y, Heimel J.A, Kamermans M, Peachey N.S, Gregg R.G, Nawy S. A transient receptor potential-like channel mediates synaptic transmission in rod bipolar cells. 
J. Neurosci.
 2009;29:6088–6093.


Sherry D.M, Wang M.M, Bates J, Frishman L.J. Expression of vesicular glutamate transporter 1 in the mouse retina reveals temporal ordering in development of rod vs. Cone and On vs. Off circuits. 
J. Comp. Neurol.
 2003;465:480–498.


Soto F, Bleckert A, Lewis R, Kang Y, Kerschensteiner D, Craig A.M, Wong R.O.L. Coordinated increase in inhibitory and excitatory synapses onto retinal ganglion cells during development. 
Neural Dev.
 2011;6:31.


Soto F, Watkins K.L, Johnson R.E, Schottler F, Kerschensteiner D. NGL-2 regulates pathway-specific neurite growth and lamination, synapse formation, and signal transmission in the retina. 
J. Neurosci.
 2013;33:11949–11959.


Stincic T.L, Keeley P.W, Reese B.E, Taylor W.R. Bistratified starburst amacrine cells in Sox2 conditional knockout mouse retina display on and off responses. 
J. Neurophysiol.
 2018;120:2121–2129.


Strettoi E, Raviola E, Dacheux R.F. Synaptic connections of the narrow-field, bistratified rod amacrine cell (AII) in the rabbit retina. 
J. Comp. Neurol.
 1992;325:152–168.


Strom T.M, Nyakatura G, Apfelstedt-Sylla E, Hellebrand H, Lorenz B, Weber B.H.F, Wutz K, Gutwillinger N, Rüther K, Drescher B, et al. An L-type calcium-channel gene mutated in incomplete X-linked congenital stationary night blindness. 
Nat. Genet.
 1998;19:260–263.


Sucher N.J, Kohler K, Tenneti L, Wong H.-K, Gründer T, Fauser S, Wheeler-Schilling T, Nakanishi N, Lipton S. a, Guenther E. N-methyl-D-aspartate receptor subunit NR3A in the retina: developmental expression, cellular localization, and functional aspects. 
Investig. Ophthalmol. Vis. Sci.
 2003;44:4451–4456.


Sun L, Han X, He S. Direction-selective circuitry in rat retina develops independently of GABAergic, cholinergic and action potential activity. 
PLoS One
. 2011;6:e19477.


Sun L.O, Jiang Z, Rivlin-Etzion M, Hand R, Brady C.M, Matsuoka R.L, Yau K.-W, Feller M.B, Kolodkin A.L. On and off retinal circuit assembly by divergent molecular mechanisms. 
Science
. 2013;342:1241974.


Tagawa Y, Sawai H, Ueda Y, Tauchi M, Nakanishi S. Immunohistological studies of metabotropic glutamate receptor subtype 6-deficient mice show no abnormality of retinal cell organization and ganglion cell maturation. 
J. Neurosci.
 1999;19:2568–2579.


Tarpey P, Thomas S, Sarvananthan N, Mallya U, Lisgo S, Talbot C.J, Roberts E.O, Awan M, Surendran M, McLean R.J, et al. Mutations in FRMD7, a newly identified member of the FERM family, cause X-linked idiopathic congenital nystagmus. 
Nat. Genet.
 2006;38:1242–1244.


Tian N, Copenhagen D.R. Visual stimulation is required for refinement on on and off pathways in postnatal retina. 
Neuron
. 2003;39:85–96.


Torben Bech-Hansen N, Naylor M.J, Maybaum T.A, Pearce W.G, Koop B, Fishman G.A, Mets M, Musarella M.A, Boycott K.M. Loss-of-function mutations in a calcium-channel α1-subunit gene in Xp11.23 cause incomplete X-linked congenital stationary night blindness. 
Nat. Genet.
 1998;19:264–267.


Vaney D.I, Young H.M. GABA-like immunoreactivity in cholinergic amacrine cells of the rabbit retina. 
Brain Res.
 1988;438:369–373.


Vardi N, Duvoisin R, Wu G, Sterling P. Localization of mGluR6 to dendrites of on bipolar cells in primate retina. 
J. Comp. Neurol.
 2000;423:402–412.


Visser J.J, Cheng Y, Perry S.C, Chastain A.B, Parsa B, Masri S.S, Ray T.A, Kay J.N, Wojtowicz W.M. An extracellular biochemical screen reveals that FLRTs and Unc5s mediate neuronal subtype recognition in the retina. 
eLIFE
. 2015;4.


Wan L. Two ribeye genes in teleosts: the role of ribeye in ribbon formation and bipolar cell development. 
J. Neurosci.
 2005;25:941–949.


Wang Y, Fehlhaber K.E, Sarria I, Cao Y, Ingram N.T, Guerrero-Given D, Throesch B, Baldwin K, Kamasawa N, Ohtsuka T, et al. The auxiliary calcium channel subunit α2δ4 is required for axonal elaboration, synaptic transmission, and wiring of rod photoreceptors. 
Neuron
. 2017;93 1359–1374.e6.


Wässle H. Parallel processing in the mammalian retina. 
Nat. Rev. Neurosci.
 2004;5:747–757.


Wässle H, Boycott B.B, Röhrenbeck J. Horizontal cells in the monkey retina: cone connections and dendritic network. 
Eur. J. Neurosci.
 1989;1:421–435.


Wei W, Hamby A.M, Zhou K, Feller M.B. Development of asymmetric inhibition underlying direction selectivity in the retina. 
Nature
. 2011;469:402–406.


Whitney I.E, Keeley P.W, St John A.J, Kautzman A.G, Kay J.N, Reese B.E. Sox2 regulates cholinergic amacrine cell positioning and dendritic stratification in the retina. 
J. Neurosci.
 2014;34:10109–10121.


Wong R.O, Meister M, Shatz C.J. Transient period of correlated bursting activity during development of the mammalian retina. 
Neuron
. 1993;11:923–938.


Wong R.O, Chernjavsky A, Smith S.J, Shatz C.J. Early functional neural networks in the developing retina. 
Nature
. 1995;374:716–718.


Yamagata M, Sanes J.R. Dscam and Sidekick proteins direct lamina-specific synaptic connections in vertebrate retina. 
Nature
. 2008;451:465–469.


Yamagata M, Sanes J.R. Expanding the Ig superfamily code for laminar specificity in retina: expression and role of contactins. 
J. Neurosci.
 2012;32:14402–14414.


Yonehara K, Balint K, Noda M, Nagel G, Bamberg E, Roska B. Spatially asymmetric reorganization of inhibition establishes a motion-sensitive circuit. 
Nature
. 2011;469:407–410.


Yonehara K, Fiscella M, Drinnenberg A, Esposti F, Trenholm S, Krol J, Franke F, Scherf B.G, Kusnyerik A, Müller J, et al. Congenital nystagmus gene FRMD7 is necessary for establishing a neuronal circuit asymmetry for direction selectivity. 
Neuron
. 2016;89:177–193.


Yoshimatsu T, Williams P.R, D'Orazi F.D, Suzuki S.C, Fadool J.M, Allison W.T, Raymond P.A, Wong R.O. Transmission from the dominant input shapes the stereotypic ratio of photoreceptor inputs onto horizontal cells. 
Nat. Commun.
 2014;5:3699.


Zabouri N, Haverkamp S. Calcium channel-dependent molecular maturation of photoreceptor synapses. 
PLoS One
. 2013;8:e63853.









Chapter 10

Synaptogenesis in the adult CNS—Hippocampus


Alejandro F. Schinder, Mariela F. Trinchero, and Ayelén I. Groisman     
Laboratorio de Plasticidad Neuronal, Fundación Instituto Leloir and Instituto de Investigaciones Bioquímicas de Buenos Aires – Consejo Nacional de Investigaciones Científicas y Técnicas (CONICET), Buenos Aires, Argentina








Abstract


The adult dentate gyrus generates granule cells that make thousands of new synapses in the preexisting circuitry. Synapses from GABAergic and glutamatergic neurons along the somatodendritic compartments of new cells develop at variable rates. GABAergic inputs are formed early but develop at slow speed, while glutamatergic inputs display late onset and rapid maturation. This asynchrony defines discrete functional stages with differential capacity for signal integration in new neurons. Glutamatergic excitation reaches sufficient strength to trigger spiking, while inhibitory GABA responses are still weak and immature, resulting in hyperactive cells with facilitated activity-dependent modification of excitatory synapses. The late maturation of GABAergic connections reduces excitability and defines the end of neuronal development. At the output level, synaptogenesis also displays distinct kinetics depending on the nature of the target neurons (principal cells or interneurons) and the region (hilus or CA3). All of these phenomena are modulated by activity, behavior, and the physiological status of the brain.
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10.1. Plasticity in the hippocampus

It has long been known that the hippocampus plays essential roles in declarative memory, and it is crucial for the construction of spatial maps (Johnston and Amaral, 2005). These well-established functions rely on a fundamental characteristic of hippocampal circuits: plasticity. Plasticity is the capacity of networks to modify its basic characteristics of information flow by altering synaptic weights and intrinsic neuronal properties in a manner that changes the input/output equation (Poo et al., 2016). Synapses undergo different forms of activity-dependent modification that may persistently enhance or reduce transmission between circuits. Long-lasting changes in synaptic strength are thought to be essential for learning and information storage. In the hippocampus, generation and integration of new neurons—adult neurogenesis—represents an additional and exclusive form of plasticity that is also present in the olfactory bulb. Neurogenesis is perhaps the most striking form of structural remodeling in the adult mammalian brain, and it relies on concerted mechanisms of development, synapse formation, plasticity, and network homeostasis. It plays a critical role in cognitive functions including spatial memory encoding and retention, retrieval, context discrimination, and clearance of memory traces. Impaired adult neurogenesis has been associated with cognitive dysfunctions that are commonly found in patients with psychiatric disorders such as schizophrenia, depression, and anxiety. During aging, hippocampal neurogenesis displays substantial alterations in regard to maturation and integration of new GCs.




10.2. Hippocampal circuits

In a simplified view, the hippocampal network is assembled in three layers of glutamatergic principal neurons organized in a trisynaptic pathway, where sensory information flows unidirectionally from the entorhinal cortex (EC) through different 
relay stations: the granule cell layer (GCL) in the dentate gyrus (DG), the pyramidal layer in the CA3 region, and the pyramidal layer in CA1 (EC
 
→
 
DG, DG
 
→
 
CA3, and CA3
 
→
 
CA1; Fig. 10.1) (Johnston and Amaral, 2005). Projections from CA1 pyramidal cells then close the loop back to the EC through the subiculum. Each of these areas presents distinctive architecture, neuronal subtypes, and characteristics of information flow. The DG is the neurogenic area of the hippocampus, and it is also the main information gateway that receives sensory information converging in the EC. Pyramidal and stellate cells in the lateral and medial entorhinal cortices project their axons through the perforant path toward the middle and outer thirds of the molecular layer (ML) in the DG. Dentate granule cells (GCs), the principal neurons, are organized in a densely packed layer, which displays a C or V shape with branches extending above and below CA3 pyramidal cells, called the suprapyramidal (superficial) and infrapyramidal (deeper) layers. Entorhinal axons contact GC dendrites in the ML (Fig. 10.1). GCs extend their dendrites through the ML and their axons (mossy fibers) through the hilus toward pyramidal cells in CA3. Notably, GCs are the only neuronal type that continues to be generated throughout life.

All connections of the trisynaptic excitatory pathway are prone to modification by activity of the neural network. Repeated patterns of correlated pre- and postsynaptic spiking occurring within the millisecond range may strengthen (potentiate) or weaken (depress) synaptic transmission, depending on whether the correlation is positive or negative (Dan and Poo, 2006). Persistent changes in synaptic weight will ultimately modify the behavior of the neural circuit in response to a given input. Mechanisms underlying activity-dependent synaptic modifications have fueled the field of hippocampal synaptic physiology with excitement through the 1980s and 1990s (Huganir and Nicoll, 2013). The question was whether plasticity of synaptic transmission would result from modifications in the presynaptic release machinery or in postsynaptic receptors. There was a frantic race to discover whether long-term potentiation (LTP) was expressed at the pre- or postsynaptic sites. In the end, it became clear that LTP was mostly presynaptic in some synapses (such as mossy fiber—CA3 pyramidal cells) and predominantly postsynaptic in other (Schaffer collateral—CA1 pyramidal cells) (Bliss and Collingridge, 2013). Presynaptic potentiation results from an increased probability of neurotransmitter release, whereas postsynaptic modifications involve the insertion of additional glutamate receptors, which ultimately enhance the amplitude of the postsynaptic response. In addition to the modulation of functional parameters that affect transmission efficacy, modifications may involve structural changes such as formation of new synaptic contacts or elimination of preexisting ones (Toni et al., 1999; Caroni et al., 2012; Holtmaat and Svoboda, 2009; Engert and Bonhoeffer, 1999; Bailey et al., 2015; Watson et al., 2016).

The DG is a sparse network, which means that the proportion of active principal neurons at a given moment is low, about 2%–3% of the total granule cell population (Piatti et al., 2013). Besides the information flow among principal neurons of the EC–DG axis, there is a dense network of GABAergic interneurons (INs) that provide feedforward and feedback inhibition that controls firing of principal cells and imposes a high activation threshold. GABAergic INs 
encompass a broad diversity of cells with distinct function, morphology, and localization of somata, dendrites, and axonal projections (Freund and Buzsaki, 1996; Hosp et al., 2014). They target different compartments in GCs and, depending on synapse localization, may predominantly influence dendritic integration or spike generation. Basket cells project to the GCL and target the perisomatic compartment, controlling spike initiation (Freund, 2003). These INs can be identified by the expression of the calcium buffer parvalbumin (PV-INs), although this group also includes other nonbasket cells. Hilar-perforant path (HIPP)-associated cells are localized in the hilus (or polymorphic layer), and their axons target GC dendrites in the entire ML. HIPP cells belong to the IN population expressing the neuropeptide somatostatin (SOM-INs) and modulate integration of afferent excitation. PV-INs and SOM-INs represent about 50–60% of GABAergic IN populations in the DG. In addition to these complex networks of principal cells and GABAergic INs, the DG is the only hippocampal structure with an additional population of excitatory INs, the hilar mossy cells. Mossy cells are complex because they display atypical connectivity. Their major inputs arise from GCs, local GABAergic INs of the hilus and backprojections from CA3 pyramidal cells. Their output covers a long range of targets; the associational pathway, where axons extend ipsilaterally, reaches about 60% of the longitudinal DG axis and contacts GABAergic hilar INs and GCs. The commissural pathway projects to GCs in the contralateral DG (Scharfman, 2017). Thus, mossy cells can excite directly GCs from both the ipsi- and contralateral hippocampus, while they can also activate disynaptic inhibition onto GCs via hilar INs. In addition, new GCs are generated continuously and connect with most or all of the preexisting partners, contributing to enhance the complexity of the dentate architecture and its remodeling dynamics. As discussed below, synapse formation between new GCs and other neurons in the local network is a slow and tightly regulated process, in which different neuronal partners result in contacts that develop with distinct properties and kinetics.
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Figure 10.1 Local hippocampal circuit.Dentate granule cells (GCs) (red, mature; green, immature) receive glutamatergic inputs onto their dendrites in the molecular layer (ML). Afferents arrive from the entorhinal cortex (EC) through the perforant path. GC axons (mossy fibers) project through the hilus toward CA3 pyramidal cells. Entorhinal axons also activate GABAergic interneurons (INs) that control the activity of GCs through feedforward inhibition (FFI). Mossy fibers may recruit feedback inhibition (FBI) onto GCs, and FFI onto pyramidal cells. Inset: Trisynaptic excitatory circuit of the hippocampus displaying information flow through the different regions: DG, CA3, and CA1. GCL, granule cell layer.






10.3. Neurogenesis and stem cells

The DG bears unique properties for circuit remodeling because it combines mechanisms of activity-dependent synaptic modification with de novo addition of entire functional units (new GCs). Generation of new GCs occurs throughout life but decreases in the aging brain (Goncalves et al., 2016b; Bonaguidi et al., 2016; Altman and Das, 1965; Kuhn et al., 1996). Adult-born GCs derive from neural stem cells (NSCs, or type I cells) localized in a region beneath the GCL called the subgranular zone. They are arranged in an orderly manner, extend dendrites that reach the inner molecular layer, and display a conspicuous radial glialike morphology. NSCs express a set of specific markers including nestin, Sox2, and glial-acidic fibrillary protein (GFAP) (Zhao et al., 2008; Bonaguidi et al., 2016; Goncalves et al., 2016b; Urban and Guillemot, 2014; Encinas et al., 2006). They may remain quiescent for prolonged periods or become activated. Once activated, NSCs may self-renew or become intermediate progenitor cells (type IIa), recognized as proliferative nonradial precursors with short processes that express nestin, Sox2 (but not GFAP), and the proneural gene Ascl-1 that confers commitment to the neuronal phenotype. At more advanced development, type IIb cells express MCM2 and Tbr2 and also begin to produce Prox1 and the early neuronal marker doublecortin (DCX). The entire progression from the exit of quiescence to neuronal differentiation is spatially restricted to the GCL. Neuroblasts (type III cells) migrate radially for short distances, grow, and establish connections with the preexisting circuit. Apical dendrites grow perpendicular to the granule cell layer toward the molecular layer, reaching a total extension of about 1.5
 
mm with eight to nine branches after 4–5
 
weeks (Sun et al., 2013; Espósito et al., 2005; Zhao et al., 2006). Basal dendrites are initially extended toward the hilus, but retract completely before the third week. Axons grow through the hilus to reach CA3 pyramidal cells. In rodents, this process requires several weeks (Fig. 10.2). Young adult mammals generate daily thousands of GCs, each one establishing thousands of new contacts with preexisting principal neurons and INs, and thus imposing substantial modifications in the preexisting network (Sailor et al., 2017). Synapses formed onto and by adult-born hippocampal GCs are the main focus of this chapter.

Adult neurogenesis is prone to modulation at different levels. Voluntary exercise in a running wheel increases the rate of proliferation of neural progenitor cells, which in turn results in more neurogenesis (van Praag et al., 1999). In addition, when mice are removed from their small uninteresting boxes and housed in larger cages with toys and tunnels that motivate them to play and explore (enriched environment, EE), neurogenesis is also boosted; this time without altering proliferation but, instead, by increasing the rate of survival of newly generated cells (Kempermann et al., 2000). Other conditions that modify hippocampal activity control adult neurogenesis at several levels. Associative learning can greatly enhance adult hippocampal neurogenesis if the task depends on hippocampal processing, while other types of hippocampus-independent associative learning do not influence neurogenesis (Gould et al., 1999). Moreover, chronic electrical stimulation in vivo (4
 
days) using protocols that induce LTP in the DG enhances both proliferation of neural progenitor cells and survival of new neurons (Bruel-Jungerman et al., 2006). As discussed along this chapter, hippocampal activity acts as a major signaling mechanism controlling not only the rate of neurogenesis but also neuronal growth, synapse formation, and plasticity in the adult brain.
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Figure 10.2 Genetic tagging of adult-born GCs using Ascl1CreERT2;CAGfloxStoptdTomato mice.(A) Confocal image of a hippocampal section depicting adult-born GCs (red) at 7
 
weeks after tamoxifen induction. NeuN immunofluorescence (blue) allows visualizing the GCL, CA3, and CA1 pyramidal layers. GC dendrites extend through the molecular layer (ML), and their mossy fibers project across the hilus to CA3. Scale bar, 100
 
μm. (B) Morphology of developing GCs observed at different days postinduction (dpi). Scale bar, 20
 
μm. GC, dentate granule cell; GCL, granule cell layer. 

Taken with permission from Yang, S.M., Alvarez, D.D., Schinder, A.F., 2015. Reliable genetic labeling of adult-born dentate granule cells using Ascl1CreERT2 and GlastCreERT2 murine lines. J. Neurosci. 35, 15379–15390.








10.4. Methods to identify adult neurogenesis

Generation, development, and integration of adult-born GCs have been extensively studied taking advantage of methods elaborated over decades to aid in their identification and characterization. Early studies were based on strategies to identify the progeny of dividing cells that would later express molecules only found in neurons (neuronal markers). Thus, systemic administration of thymidine analogs that become incorporated into newly synthesized DNA, such as 5-bromo-2-deoxyuridine (BrdU), was combined with immunohistochemistry in brain sections to identify adult-born GCs as BrdU-labeled cells expressing specific markers (Kuhn et al., 1996; Seki and Arai, 1993). Immunofluorescence and 
confocal microscopy then allowed three-dimensional reconstructions of multicellular layers that provided indisputable identification of new neurons (Eriksson et al., 1998). This simple and reliable technique continues to be broadly utilized because it labels all cells born shortly after BrdU administration, although it presents the disadvantage that it only labels cell nuclei and it requires tissue fixation and immunolabeling for detection. Morphological and functional studies became possible in adult-born GCs only when their cell body and projections were labeled by oncoretroviral or genetic expression of fluorescent reporters and optogenetic proteins. Because their RNA cannot be transported across the nuclear envelope, retroviruses only transduce proliferative cells upon breakdown of the nuclear membrane. Stereotactic injection of retroviruses in the DG resulted in efficient expression of fluorescent markers in the progeny of diving cells (van Praag et al., 2002). Immunofluorescence imaging and electrophysiological recordings of new neurons at different intervals postretroviral injection rendered accurate descriptions of the morphological and functional development occurring in the adult hippocampus with precise birth dating (Espósito et al., 2005; Piatti et al., 2006; Ge et al., 2006a; Zhao et al., 2006; Mongiat et al., 2009). This approach is powerful, but it presents some limitations because it requires an invasive surgery and it only labels dividing cells located near the injection site. Both disadvantages can be overcome by genetic labeling. Genetically modified mice allow conditional expression of reporters at restricted stages in neuronal development (Overstreet et al., 2004; Enikolopov and Overstreet-Wadiche, 2008). This method is solid and reliable; conditional expression of fluorescent reporters controlled by inducible Cre recombinase has also been successfully applied to entire populations of new GCs born at restricted time intervals. As mentioned above, the Ascl1 transcription factor is expressed in type I NSCs and type IIa progenitor cells, and the Ascl1CreERT2 knock-in mouse line, when crossed to adequate reporter lines such as CAGfloxStoptdTomato, may be used for indelible labeling of the neuronal progeny upon tamoxifen induction of the recombinase (Yang et al., 2015; Lagace et al., 2007; Kim et al., 2007) (Fig. 10.2). Depending on the promoters of choice, birth dating by genetic labeling tends to be less accurate than retroviral labeling because retroviruses are expressed in dividing progenitor cells, which differentiate rapidly, whereas genetic drivers regulated under specific cell type promoters are typically expressed across longer periods that may include quiescent NSCs. In all experiments discussed in this chapter, adult-born GCs develop in vivo, and their properties are analyzed at variable time intervals in tissue sections, acute slices, or in vivo time-lapse imaging. Altogether, these techniques have opened the field to high-resolution electron and confocal microcopy, electrophysiological recordings, and in vivo time-lapse video imaging (Goncalves et al., 2016a; Danielson et al., 2016).




10.5. Functional development of adult-born GCs

Compared to what occurs in embryonic development, where neurogenesis is fast and it contributes to building the brain from the beginning, circuit formation and remodeling by adult-born neurons is slow and it occurs in a unique context—a fully functional network—that continues to work under steady incorporation of new functional units. New GCs develop and integrate in a manner that allows them to become part of that working circuit without interfering with information processing. The sequence of actions that occurs in the adult hippocampus recapitulates very closely the events taking place during the perinatal period, but at a much slower pace. In the mouse DG, GCs require about 8
 
weeks to mature. Over this time, molecular identity, morphology, intrinsic electrical properties, and synapses move dynamically and sequentially toward a mature phenotype. This continuous process can be broken down into four discrete phases, entirely based on the characteristics of synaptic inputs (Fig. 10.3). At early development (phase I, GC age
 
<
 
1.5
 
weeks), neurons display active radial migration and dendritic growth, receive immature dendritic GABAergic inputs that elicit depolarizing responses and very immature perisomatic GABA contacts. Subsequently, cells stop migrating and glutamatergic synaptogenesis begins, with few dendritic spines generated (phase II, >2
 
weeks). Phase III (∼3–4
 
weeks) is characterized by a rapid growth in the density of glutamatergic synapses accompanied by a stalled maturation of GABAergic inhibition that results in high excitation/inhibition balance that facilitates activity-dependent synaptic modification. While GCs achieve their maximal size by phase III, functional maturation is reached by 6–8
 
weeks (phase IV), when they display maximal density of connections, GABAergic perisomatic inhibition becomes mature, excitability is diminished and, consequently synaptic plasticity is reduced. The rules underlying afferent synaptogenesis in the adult brain are similar to those that act during development and may respond to shared intrinsic neuronal programs (Tyzio et al., 1999; Espósito et al., 2005; Ben-Ari et al., 2007).




10.6. Intrinsic membrane properties of new GCs

New GCs are initially small in size and bear short and simple dendrites, enclosed in a limited membrane surface. Together with the low density of resting ion channels characteristic of immature neurons, this results in a high membrane resistance, 
in the GΩ range. Because of this high resistance, immature GCs efficiently convert postsynaptic currents into membrane depolarization, which results in unusually high excitability compared to mature GCs in the layer. During phase I, GCs display the highest membrane resistance values. With time, the growth of dendritic and somatic membranes together with the increase in the density of ionic channels open under resting conditions (so called “leak potassium channels”) results in a sharp decline in membrane resistance to about 200–400
 
MΩ in mature GCs (Yang et al., 2015; Espósito et al., 2005; Dieni et al., 2016; Schmidt-Hieber et al., 2004; Goldstein et al., 2001; Mongiat et al., 2009). In regard to active properties, the initial density of voltage-gated sodium and potassium channels is low, and this results in immature action potentials with small amplitude and slow kinetics. As neurons mature and the density of voltage-gated channels increases, spikes grow in amplitude and acquire the capability to fire repetitively. Yet, all mature GCs show high-frequency accommodation, a firing pattern where spikes within a barrage become increasingly smaller in amplitude and lose time sharpness (Schmidt-Hieber et al., 2004; van Praag et al., 2002; Espósito et al., 2005). When reaching phase IV, action potential repolarization overshoots below the resting potential, a phenomenon called afterhyperpolarization that responds to the expression of calcium-dependent potassium channels. These intrinsic changes in passive membrane properties and excitability occur within a time frame of several weeks. In parallel, input and output synapses are also assembled at a low speed. The end of synaptogenesis marks the time at which functional integration becomes complete.
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Figure 10.3 Synaptogenesis and functional maturation of adult-born GCs.Schematic representation depicting discrete phases in the morphological and functional maturation of new GCs. Phase I: neurons located in the subgranular zone receive dendritic GABAergic inputs. Phase II: neurons acquire glutamatergic contacts. Phase III: increased density of glutamatergic synapses. High excitation/inhibition ratio. Phase IV: Maturation of perisomatic GABAergic inhibition. Intensity of colored bars denotes the level of expression of doublecortin (DCX) and calbindin (Cb). GC, dentate granule cell.



The transmembrane chloride gradient is another intrinsic property that plays a crucial role in neuronal development, connectivity, and function. The intracellular chloride concentration is initially high in young neurons, and it decreases with maturation; thus, the equilibrium potential for chloride is initially depolarized, and it becomes increasingly negative (Kaila et al., 2014). This potential is relevant because it governs the action of neurotransmitters whose receptors are coupled to chloride channels such as GABA. Thus, the synaptic effects of ligand-gated chloride channels switch during development from depolarizing to hyperpolarizing. The mechanism underlying this switch is the delayed expression of the potassium-chloride cotransporter-2 (KCC2), which extrudes chloride from the cytoplasm to the extracellular milieu. KCC2 is poorly expressed in immature neurons and becomes highly expressed in mature cells. In contrast, the sodium–potassium–chloride cotransporter NKCC1 that drives chloride influx is present in the membrane of immature neurons (Rivera et al., 2000; Kaila et al., 2014). The delayed expression of KCC2 occurs in adult-born GCs in a similar manner to what happens during embryogenesis (Overstreet Wadiche et al., 2005; Ge et al., 2006a). The high intracellular chloride concentration plays a fundamental role in immature GCs (phases I and II) due to the fact that the neurons initially receive depolarizing GABA, which controls cell development, growth, and synaptogenesis of different inputs (Ge et al., 2006a, 2006b; Overstreet Wadiche et al., 2005; Chancey et al., 2013). The transitions during which membrane resistance is high and GABA acts as depolarizing neurotransmitter render enhanced excitability. As GCs continue to mature, resistance decreases, GABA switches to inhibitory, and the threshold for spiking becomes higher.









10.7. Developing GCs at phase I: GABAergic synaptogenesis

Elucidating how new GCs grow and integrate within a working network without disrupting it is critical for understanding the functional significance of adult neurogenesis. The integration of neurons generated in the adult brain provides a unique model for studying mechanisms of synaptogenesis and circuit homeostasis. Synaptogenesis occurs during several weeks simultaneously to neuronal growth. Formation of afferent and efferent connections follows a tightly controlled sequence that has been repeatedly corroborated by several laboratories around the globe. Morphological characterization of retrovirally labeled cells using confocal microscopy has revealed that dendritic spines begin to be visualized in developing GCs by the end of the second week (Espósito et al., 2005; Toni et al., 2007; Zhao et al., 2006). Dendritic spines are the morphological correlate of excitatory inputs, and morphological data would thus predict the end of the second week as the onset of glutamatergic synaptogenesis. Yet, synaptogenesis begins much earlier than that. Functional studies have revealed that, similarly to what occurs in the developing brain, the first synapses new GCs receive are GABAergic. NSCs receive GABAergic contacts onto their body with symmetrical structural features, even before neuronal differentiation occurs (Song et al., 2012, 2013). GABA shifts the decision between quiescence and activation, but those contacts do not act as typical synapses with synchronous transmitter release. Optogenetic experiments showed that in vivo activation of GABAergic PV-INs at low frequency elicits tonic postsynaptic currents in NSCs, while higher frequencies (around 8–10
 
Hz) evoke phasic asynchronous currents. Yet, it still remains unknown whether those same synapses remain after NSCs become activated and progress toward a neuronal phenotype. Activation of PV-INs, but no other GABAergic INs, promotes NSC quiescence as well as survival and development of phase I neurons, while optogenetic inhibition of PV-INs facilitates activation of NSCs (Song et al., 2012, 2013). A recent work has demonstrated that GABAergic long-range projections from the medial septum depolarize PV-INs in the DG that, in turn, favors NSC quiescence (Bao et al., 2017). Hence, PV-INs are sensitive detectors of DG activity because they collect excitatory signals not only from principal cells but also from various types of INs. In turn, they confer depolarizing signals to developing GCs during the early stages of maturation.

When NSCs become active and the neurogenic pathway is chosen, neuroblasts migrate radially into the granule cell layer and extend dendrites toward the molecular layer (Fig. 10.2). During the first week (phase I), GCs grow and express neurotransmitter receptors, receive no functional inputs, but do exhibit tonic GABAergic currents similar to those observed in NSCs. By the end of the first week, GCs begin to receive axodendritic GABAergic contacts that elicit depolarizing responses with slow kinetics, due to both the composition of postsynaptic receptor subunits and the chloride gradient (Espósito et al., 2005; Ambrogini et al., 2004; Ge et al., 2006a; Overstreet Wadiche et al., 2005). The depolarizing action and slow kinetics are typical features of immature synapses. In these initial experiments, synaptic currents were evoked by extracellular stimulation of the molecular layer, which contains a large number of axons from several types of INs and glutamatergic axons projecting from the EC through the perforant path. It is remarkable that while dendrites grow through a dense layer of glutamatergic axons, no contacts are established before 2
 
weeks of development. The dendritic localization of these early GABAergic synapses was identified by their slow kinetics, their depolarized reversal potential in whole-cell recordings, and the ineffective blockade by receptor antagonists applied onto the cell soma (Espósito et al., 2005). Ivy/neurogliaform INs are one of the early synaptic partners that provide GABA signaling onto developing GCs (Markwardt et al., 2011). The IN-mediated depolarization plays a critical role in GC maturation.

Because early GABA signaling plays a trophic role in the developing brain through spontaneous synaptic activity (Ben-Ari et al., 2007), its depolarizing action was also investigated in adult neurogenesis. To approach this problem, Ge and colleagues performed a series of elegant experiments in which the chloride gradient was altered in newly generated GCs to render GABA hyperpolarizing from the early neuroblast stage (Ge et al., 2006a). Using this approach, GCs developing in vivo would be stimulated by active IN networks that would elicit shunting inhibition or hyperpolarizing synaptic currents, instead of depolarizing signals. Shunting inhibition reduces excitability by decreasing membrane resistance and attenuates the excitatory actions of depolarizing currents. A short-hairpin RNA (shRNA) was retrovirally expressed in new GCs to knock down the expression of NKCC1, resulting in defective chloride influx and enhanced chloride gradient (low concentration of intracellular chloride), resulting in a negative equilibrium potential. Under these conditions, GABA indeed failed to depolarize new GCs. Electrophysiological and morphological analysis at different neuronal ages revealed slower maturation, delayed onset of both GABA and glutamate connectivity, and shorter dendrites of GCs carrying the shRNA. These experiments revealed a trophic role for early depolarizing signals in development, maturation, and functional integration of adult-born GCs (Ge et al., 2006b; Overstreet-Wadiche et al., 2006).









10.8. Developing GCs at phase II: glutamatergic synaptogenesis

Neurons remain at phase I (receiving only GABAergic inputs) for almost 2
 
weeks, at which time they begin to receive glutamatergic contacts (Ambrogini et al., 2004; Espósito et al., 2005; Ge et al., 2006a). It is remarkable that, while they do receive numerous dendritic synapses from local GABAergic INs, GC dendrites grow through the molecular layer containing densely packed glutamatergic axons without making synaptic contacts. This observation suggests that intrinsic programs may control the progression onto subsequent maturation stages of new GCs, and dendrites either lack factors required to form glutamatergic synapses onto them, or express proteins that prevent them from being formed. The second week of development marks the onset of glutamatergic synaptogenesis, and dendritic spines now begin to be established (Toni et al., 2007; Zhao et al., 2006). Those connecting axons might, in principle, arise from a variety of hippocampal regions, including the lateral and medial EC (lateral and medial perforant pathway), hilar mossy cells from the ipsilateral hemisphere (associational path, inner molecular layer), or hilar mossy cells from the contralateral pathway (commissural path, inner molecular layer).

To determine the nature of early glutamatergic synapses, electrophysiological recordings were carried out using mice that express GFP under the proopiomelanocortin promoter (POMC-GFP), which is expressed in phase I and early phase II cells (Enikolopov and Overstreet-Wadiche, 2008). This mouse model provides two relevant advantages for the study of adult neurogenesis: (1) the reporter is expressed only while GCs remain immature; (2) all neurons expressing POMC in the hippocampus also express GFP, facilitating the identification of large populations of newborn cells. Using these mice, Overstreet-Wadiche and colleagues combined precise pathway stimulation with pharmacological analysis to demonstrate that the first functional glutamatergic contacts are made by hilar mossy cells onto dendritic segments of the inner molecular layer (Chancey et al., 2014). Initially, glutamatergic transmission is carried out through synapses containing NMDA receptors (NMDAR) but lacking AMPA receptors (AMPAR) (Chancey et al., 2013). These contacts are silent because NMDARs are blocked by magnesium ions at resting potential, and glutamate fails to elicit postsynaptic currents (Huganir and Nicoll, 2013). Therefore, they remain nonfunctional in the absence of an additional source of membrane depolarization that is needed to remove the voltage-dependent blockade by magnesium. It has been shown that simultaneous activation of presynaptic GABAergic terminals and glutamatergic axons elicit GABA-mediated postsynaptic depolarization that releases the magnesium block and allows NMDARs to activate those silent glutamatergic contacts in immature GCs (Chancey et al., 2013). Such activity triggers the insertion of AMPARs in the postsynaptic density that converts silent into functional synapses (called unsilencing), a process that can also be triggered by behavior. As discussed later in this chapter, silent synapses can also be activated by brief high-frequency trains of glutamatergic activity (Li et al., 2017).

Synaptogenesis not only depends on the cross talk between presynaptic terminals and postsynaptic dendrites; astrocytes also play critical roles in every step related to synapse formation, maturation, function, and pruning (Clarke and Barres, 2013). Recently, an in vivo approach using genetically modified mice was used to block vesicular release from astrocytes during adulthood and monitor the effects on dendritic spines in retrovirally labeled GCs (Sultan et al., 2015). Vesicular release was impaired in a mosaic distribution by targeting SNARE-dependent exocytosis using botulinum toxin B light chain or a dominant negative SNARE in restricted astrocytic populations. Analysis of dendritic morphology in 4-week-old GCs revealed that dendritic fragments located in territories covered by normal astrocytes displayed typical spines, while fragments in contact with dysfunctional astrocytes displayed reduced size and number of protrusions, also resulting in diminished excitatory synaptic strength. Interestingly, while synapse formation was affected by impaired exocytosis, maintenance of preexisting contacts was unaltered. Astrocytes are therefore critical components of the neurogenic niche and control not only neuronal differentiation but also functional integration (Song et al., 2002; Sultan et al., 2015). It remains to be investigated whether or not GABAergic synaptogenesis also depends on astrocytic function.




10.9. Developing GCs at phase III: hyperactivity and synaptic plasticity

When glutamatergic synaptogenesis starts (phase II), synaptic activation begins to elicit weak depolarizing responses that do not trigger action potentials (subthreshold responses). Initially, lateral entorhinal axons seem to connect with higher efficacy onto new GCs than medial entorhinal axons (Woods et al., 2018). New GCs become functionally relevant to the network when they receive sufficient excitatory drive to generate spikes and their presynaptic machinery is ready to release glutamate onto target cells. The developmental stage at which new neurons become recruited by EC inputs was investigated using retroviral labeling combined with electrophysiological recordings in acute slices to monitor their responsiveness to strong stimulation of the perforant path using extracellular electrodes (Mongiat et al., 2009). In order to focus on the actions of excitatory inputs, those experiments were carried out in the presence of GABAA receptor antagonists. The proportion of spiking GCs increased substantially after the third week of age and reached 100% between 25 and 28
 
days 
postinfection, while functionally immature. This rapid growth in excitatory drive is coincident with the period when dendritic spine density—the structural correlate of glutamatergic synaptogenesis—increases at the highest rate (Zhao et al., 2006; Toni et al., 2007). The incomplete maturation of 28 dpi GCs is reflected in their high membrane resistance (>500
 
MΩ), low threshold for spiking, and small amplitude of evoked excitatory postsynaptic currents (EPSCs) that result from the limited number of synapses. All of these properties acquire mature characteristics after 7–8
 
weeks postinfection, a period that goes well beyond the time at which neurons reach their plateau of morphological growth (Mongiat et al., 2009; Sun et al., 2013). Notably, young (4 weeks old) and mature GCs display similar spiking probabilities in response to similar stimulation strength, even though EPSCs in young GCs are half the size. Such equalization arises from the enhanced excitability provided by the high membrane resistance of immature GCs, which serves to convert small EPSCs into large depolarizations with great efficacy (Mongiat et al., 2009). The expression of inward rectifying potassium channels increases when neurons mature and contribute to decrease their excitability.

Due to the actions of depolarizing GABA and the presence of NMDAR-mediated silent synapses, it was shown that GCs may spike before sufficient active glutamatergic contacts have developed. Stimulation of somatic GABAergic INs elicited depolarizing responses in all GCs expressing the early marker DCX, at about 2
 
weeks of age (Heigele et al., 2016). Spike trains at gamma frequency (∼50
 
Hz) evoked large depolarizing responses but did not reach spiking threshold. Dendritic GABAergic INs also produced membrane depolarization without triggering suprathreshold responses. Interestingly, pairing weak somatic and dendritic stimulation did evoke spikes in young GCs of high-membrane resistance (>2
 
GΩ). Subthreshold glutamatergic postsynaptic currents also provoked spiking when paired to brief trains of perisomatic GABAergic depolarizations. These results indicate that GABA-mediated depolarization can facilitate spiking of immature GCs when stimuli are presented with a timing that optimizes temporal and spatial summation. In addition, spiking may also be elicited in GCs bearing silent synapses if the lateral perforant path is activated with 50-Hz trains that allow adequate summation of depolarizing inputs recorded in current clamp conditions (Li et al., 2017). Taken together, these findings showed that repetitive firing of GABAergic INs or silent glutamatergic afferents may evoke spiking in newly generated GCs before their excitatory drive has developed. Therefore, depolarizing GABAergic actions and silent glutamatergic synapses might provide a means by which immature GCs are activated by brief trains at high frequency but not by individual spikes.

Early pioneering studies by Wojtowicz and colleagues looked at the role of adult neurogenesis in LTP in synaptic connections from perforant path axons onto the GCL (Snyder et al., 2001). They found that, when GABAergic inhibition is left intact in acute slices, high-frequency stimulation induces a type of LTP in field recordings that depends on the NMDAR subunit NR2B, which is different from other types of LTP previously described in that circuit. They also showed that irradiated mice without adult neurogenesis lack this distinctive LTP, attributing this type of modification to adult-born GCs. Later studies using whole-cell recordings have indeed corroborated this hypothesis. In general, induction of LTP requires coincidence between presynaptic stimulation and postsynaptic depolarization, which removes the magnesium block of the NDMAR and promote long-term enhancement of synaptic transmission (Hebbian plasticity). The first direct evidence for enhanced plasticity came from the observation that immature GCs display synaptic potentiation in response to weak stimuli, revealing a lower threshold for LTP induction than mature GCs (Schmidt-Hieber et al., 2004). Subsequent analysis interrogated about the capacity of retrovirally labeled GCs to express LTP at various developmental stages, from 2
 
weeks to 4
 
months (Ge et al., 2007). Expression of LTP, measured as the capacity to evoke larger postsynaptic responses after the Hebbian stimulus, was found to increase after 3
 
weeks, reach a maximum at 4
 
weeks, and decrease after 6
 
weeks (LTP
 
=
 
20%, 150%, and 50%, respectively). Interestingly, NR2B receptors contribute to about 75% of LTP in 4-week-old GCs, but <25% to GCs after 2
 
months. This study demonstrated that developing GCs undergo a critical period at 4
 
weeks during which activity-dependent synaptic potentiation is maximal, and potentiation levels are several fold higher than those of mature GCs (Ge et al., 2007). It might be hypothesized that this is a period in which extensive remodeling of inputs occurs in new GCs, and synaptic activity elicited by experience in the DG might contribute to define presynaptic partners that establish stable connections onto newborn cells. A recent study has shown evidence of structural plasticity that did not seem to follow the same time course in regard to the critical period. In vivo high-frequency stimulation induced homosynaptic LTP in medial perforant path synapses and heterosynaptic depression in the lateral perforant path. This functional plasticity correlated with an increase in the proportion of large dendritic spines in the middle molecular layer (∼10%) and a decrease in large spines in the outer molecular layer (∼5%) (Jungenitz et al., 2018). These structural modifications depended on the activation of the NMDAR were found in new GCs at 4
 
weeks and later, and were maintained in more mature GCs. This finding would suggest that synaptic potentiation increases with the age of new neurons and contradicts the hypothesis of a transient hyperplastic period. This inconsistency might reveal that mechanisms of plasticity vary among species (the latter study was done in rats, whereas the previous ones in mice), or that subtle structural modifications in dendritic spine size may not directly reflect functional changes in synaptic transmission.






The data discussed above indicate that half-way through development (about 4
 
weeks) GCs receive sufficient excitatory drive to spike and their input synapses display remarkable activity-dependent modification. The manner in which afferent signals become integrated, get transduced into an output, and modify synaptic weights makes immature neurons distinct from mature GCs in their capacity for information processing and circuit remodeling. Two questions emerged as a direct consequence of these observations: To which extent immature (4
 
weeks old) and mature (>7
 
weeks old) GCs display differential properties for signal integration? What would be the mechanism mediating these differences? Thus, spiking probability of immature and mature GCs was compared in response to stimulation of the perforant path at increasing strengths, i.e., activating increasing numbers of presynaptic axons (Marin-Burgin et al., 2012). Loose-patch recordings performed in the presence of intact GABAergic transmission showed that immature GCs required significantly weaker stimuli than mature GCs to reach similar spiking probabilities. However, upon blockade of GABAergic transmission, young and mature GCs displayed similar low spiking threshold. While perforant path axons directly activate GCs, they also recruit feedforward inhibition (FFI) by local INs (Figs. 10.1 and 10.4). FFI elicits large and rapid postsynaptic responses in mature GCs but slow-onset responses in immature GCs. Therefore, firing probability in mature GCs is limited by inhibition, but immature GCs fire before perisomatic GABAergic innervation becomes significant enough to control spike initiation (Marin-Burgin et al., 2012; Freund and Katona, 2007). This difference in the actions of GABA signaling is a critical component to the enhanced excitability of immature GCs. Maturation of perisomatic GABAergic inhibition results in the reduction of excitability in newborn GCs and seems to be the mechanism of closure of the critical period of plasticity. At this stage in development (phase IV), new GCs become functionally similar to all other GCs in the layer (Fig. 10.4).




10.10. Developing GCs at phase IV: maturation and reduced excitability

Glutamatergic synaptogenesis continues in the dendritic tree throughout the entire molecular layer, with new contacts being formed with axons from the lateral and medial perforant pathways as well as in the associational/commissural pathways. In fully mature GCs (phase IV, Fig. 10.3), dendrites reach about 1.5
 
mm total length and exhibit >2 spines/μm, resulting in >3000 glutamatergic synapses/neuron (Zhao et al., 2006; van Praag et al., 2002; Toni et al., 2007; Sun et al., 2013; Sailor et al., 2017). It was initially proposed that functional properties of adult-born GCs might differ from those neurons generated during perinatal life. This notion was based on the assumption that distinctive developmental timing and niches (developing vs. adult brain) would impinge both on intrinsic neuronal characteristics and on the architecture of functional connectivity. To identify putative differences, retroviruses expressing green or red fluorescent proteins (EGFP or RFP) were delivered to cohorts of GCs generated during perinatal or adult life (Laplagne et al., 2006). One retrovirus was delivered to the DG of pups at postnatal day 7 to label GCs. A different colored virus was then delivered to the DG of those same mice at 7 weeks, and paired electrophysiological recordings were carried out in mature GCs about 2 months later. Whole-cell recordings were performed in acute slices containing both RFP- and EGFP-expressing GCs to compare postsynaptic responses evoked by the same stimuli in neurons born at different times. Excitatory responses were elicited by electrical pulses delivered to the medial or the lateral perforant path in the presence of GABAA receptor antagonists, while inhibitory responses were triggered by stimulation of the outer or inner molecular layers in the presence of NMDAR and AMPAR blockers. Comparison of intrinsic properties as well as amplitude and kinetics of postsynaptic responses revealed that, overall, mature GCs born during development versus adulthood are functionally very similar (Laplagne et al., 2006, 2007). Because mature neurons generated in the adult hippocampus are, in general, indistinguishable from those born in the developing brain, the functional significance of adult neurogenesis might rely on their capability to stabilize connections in an activity-dependent manner during the hyperplastic phase III, when they are likely to be heavily engaged in a learning situation.

The work discussed above has been done combining electrophysiological recordings with confocal and electron microscopy, which renders reliable and quantitative measurements of synapse formation, strength, growth, and plasticity. However, the identification of presynaptic partners contacting new GCs at different stages of maturation requires an alternative approach. Such approach has been developed somewhat recently using pseudotyped rabies virus, which allows monosynaptically restricted tracing of connections between neurons and their presynaptic partners (Wickersham et al., 2007). This method is based on the ectopic expression of an avian receptor for the envelope protein EnvA used for pseudotyping the rabies virus, and the glycoprotein that is required for retrograde trans-synaptic virus transfer. Retroviral infection or genetically modified mice have been successfully used to deliver the rabies virus and additional proteins to adult-born GCs and characterize neuronal populations that encompass their input space (Vivar et al., 2012; Deshpande et al., 2013). Interestingly, neuroanatomical retrograde tracing from newly generated GCs revealed a sequence of synaptogenesis that is consistent with electrophysiological recordings, with early inputs from GABAergic INs of the hilus and 
the molecular layer (including PV-INs and SOM-INs), mossy cells, and long-range cholinergic projections from the medial septum and the diagonal band of Broca. The number of labeled presynaptic cells also increased over time. Subsequently, contacts continue to be formed from distal INs and, later, from excitatory neurons in the EC. Intriguingly, a transient direct connection from mature onto immature GCs has also been suggested (Vivar et al., 2012), but this observation might have been due to pseudotransduction of mature GCs rather than to the presence functional contacts (Deshpande et al., 2013; Bergami et al., 2015).
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Figure 10.4 Preferential recruitment of young GCs by activation of the medial perforant path (mPP).(A) Raster plot depicting spikes recorded from 4 wpi and mature GCs in response to trains (10 pulses, 10
 
Hz). (B) Train stimulation elicits a higher number of spikes in 4 wpi than in mature GCs at all input strengths. (C) Schematic diagram of the recording configuration and activated circuits. Entorhinal axons recruit monosynaptic excitation and disynaptic FFI onto GCs. (D) Top, example loose patch traces depicting spikes evoked by mPP stimulation. Bottom, voltage-clamp traces show slower IPSCs (gray) in 4 wpi than in mature GCs. EPSCs (black) are larger in mature GCs. (E) Latency to spike in 4 wpi and mature GCs. (F) Latency to onset reveal a marked delay in IPSC onset for 4 wpi neurons, which renders high excitation/inhibition balance at the time for spiking. GCs, dentate granule cells; FFI, feedforward inhibition; IPSCs, inhibitory postsynaptic currents; EPSCs, excitatory postsynaptic currents. 

Taken with permission from Marin-Burgin, A., Mongiat, L.A., Pardi, M.B., Schinder, A.F., 2012. Unique processing during a period of high excitation/inhibition balance in adult-born neurons. Science 335, 1238–1242.







10.11. Development of synaptic output

Characterization of synaptic output was originally challenging due to the thin and complex architecture of axons, branches, and the different structural properties of presynaptic terminals present in mossy fibers. These include three types of synaptic structures such as large mossy terminals, filopodial extensions of these terminals, and small en passant varicosities (Acsady et al., 1998). Large mossy terminals make multiple contacts onto complex dendritic structures called thorny excrescences in pyramidal and mossy cells. En passant varicosities contact GABAergic INs in the hilus and CA3, and filopodial extensions synapse onto CA3 INs. Similar presynaptic structures and target cell populations were described in adult-born CGs (Toni et al., 2008; Faulkner et al., 2008; Restivo et al., 2015). Morphological studies in new GCs involved 
reconstruction of serial sections, confocal imaging, and immunoelectron microscopy (EM). Mossy fibers grow through the hilus toward CA3c, the most proximal segment of the pyramidal layer, make a turn following the shape of the CA3 layer, and reach the farthest distance in CA3a by 3‒4
 
weeks (Toni et al., 2008; Sun et al., 2013; Zhao et al., 2006; Faulkner et al., 2008; Restivo et al., 2015). This growth is mostly achieved following the transverse hippocampal plane. After reaching CA3a, mossy fibers in the septal hippocampus make a turn and project toward the temporal pole. There is minimal length extension over the following months. Synaptic terminals increase in number and size, reaching a plateau of morphological maturation after 8
 
weeks, which is similar to what has been reported for the developmental timing of functional dendritic inputs. Interestingly, the number of en passant varicosities and filopodial terminals in CA3—but not in the hilus—show a maximum at 4
 
weeks, coincident with the critical period of enhanced excitability of new GCs (Restivo et al., 2015). This observation suggests that new GCs might transiently recruit strong feedforward inhibition onto pyramidal cells during that period. These questions became clearer when functional studies were available.

Recording synaptic transmission between mossy fibers and target cells presented a significant challenge because it demanded restricted activation of labeled presynaptic GCs combined with random whole-cell recordings from putatively connected target cells. These experiments were approached only after optogenetic techniques could be adapted to combine large-scale presynaptic stimulation with random postsynaptic recordings (Toni et al., 2008; Gu et al., 2012). Retroviruses allowed the specific expression of the light-activated cationic channel channelrhodopsin-2 (ChR2) in adult-born GCs, and whole-cell patch clamp recordings were performed several weeks later in acute hippocampal slices. Pulses of blue light produced spiking of mature ChR2-expressing GCs which, in turn, released glutamate onto target cells in the hilus (GABA INs and mossy cells) and elicited disynaptic GABAergic responses (feedforward inhibition) in pyramidal cells of CA3. This was the first evidence that new neurons release glutamate onto target cells with overall features typical of all GCs. Further characterization of direct mossy fiber—pyramidal cell synapses using a similar optogenetic approach revealed that terminals begin to release glutamate onto pyramidal cells by 2
 
weeks and postsynaptic responses reach maximal amplitude and fastest kinetics after 4
 
weeks (Gu et al., 2012). Interestingly, developing GCs also recruited maximal feedforward GABAergic inhibition in CA3 pyramidal cells at 4
 
weeks, at which time the more proximal feedback inhibition in the GCL was weak and was strengthened only upon maturation (phase IV) (Temprana et al., 2015). Functional development of GC outputs was also studied using a different strategy that combined in vivo optogenetics with assessment of postsynaptic activity in fixed brain sections by immunolabeling for the expression of the immediate early gene c-fos (Restivo et al., 2015). GABAergic INs of the DG were activated by GCs at >6
 
weeks, consistent with the findings obtained by electrophysiological recordings of feedback inhibition in the GCL. However, CA3 INs were recruited by GCs stimulation at 4
 
weeks but not later, which correlated with the morphological description of higher connectivity onto CA3 INs at this time (Restivo et al., 2015), but contradicted the observed feedforward inhibition found in pyramidal cells (Temprana et al., 2015). Because c-fos reports the average level of CA3 IN activity, it is possible that monitoring the proportion of active INs fails to discriminate activity of those INs involved in feedforward inhibition recruited by acute activation of GCs, which is directly reported by electrophysiological recordings. Overall, these data indicate that synapse formation by new mossy fibers is differentially controlled along restricted hippocampal territories. Moreover, the variable timing for the establishment of synaptic contacts onto different target cells has direct implications on the functional role of developing GCs in information processing.

Notably, synaptic plasticity does change dramatically between 4 and 8
 
weeks in the mossy fiber—CA3 synapse. In vivo experiments have shown that LTP of output connections exhibits maximal enhancement at 4
 
weeks and decreases as neurons continue to mature, similarly to what occurs in perforant path—GC synapses (Gu et al., 2012; Ge et al., 2007). This critical period of synaptic hyperplasticity is also coincident with the enhanced membrane excitability that is the consequence of reduced inhibition because perisomatic GABAergic contacts are still immature (Marin-Burgin et al., 2012). The facilitated firing of 4-week-old GCs is likely to increase the chances of coincident pre- and postsynaptic spiking in dendrites and axon, promoting activity-dependent plasticity in both input and output connections.




10.12. Activity-dependent regulation of neuronal connectivity

Multiple studies along the last decade have shown that the development of adult-born neurons is modulated by the activity of the local circuits and by behaviors that involve hippocampal processing. For instance, the speed of GC maturation varies along the septotemporal axis of the hippocampus, with faster speed of functional maturation and earlier onset of synapse formation in the septal area (Piatti et al., 2011; Snyder et al., 2012). Voluntary exercise in a running wheel was shown to increase electrical activity in the GCL and, in turn, accelerate GC maturation in the temporal area. By contrast, overexpression of an inward rectifying potassium channel (Kir2.1) that reduces intrinsic excitability in developing GCs, neutralized the influence of running on maturation (Piatti et al., 2011). The retarded development involved a delay in 
synaptogenesis, visualized as a decrease in the frequency of miniature excitatory and inhibitory postsynaptic events. These findings supported the hypothesis that functional integration of new neurons is facilitated by activity. Yet, how activity was transduced into signals that control functional maturation remained unclear.

It was later found that EE, which increases electrical activity in the DG, can also accelerate maturation and functional integration of new GCs (Alvarez et al., 2016). Retrovirally labeled GCs were characterized at 3
 
weeks, after being exposed to variable conditions. A brief (48
 
h) exposure to EE was sufficient to accelerate maturation of ∼9-day-old GCs, but the effect was weaker at earlier or later times, revealing an early critical period in the sensitivity to behavioral stimuli. It was proposed that the actions of EE were mediated by activation of local circuits upon GC firing in the GCL. Hence, expression of DREADDs (designer receptors exclusively activated by designer drugs) was used to manipulate the activity of different neuronal types and examine their influence on the maturation of new GCs (Sternson and Roth, 2014). The synthetic human muscarinic receptor hM3Dq does not bind acetylcholine, but it is activated by the synthetic ligand clozapine-N-oxide (CNO), which can be delivered in drinking water and triggers spiking in the neurons that express it. CNO-mediated activation of a subpopulation of mature GCs for 48
 
h during the early critical period accelerated integration of developing GCs, mimicking the impact of EE (Alvarez et al., 2016). The study also showed that mature GCs recruit a disynaptic GABAergic feedback loop onto developing GCs mediated by PV-INs; activation of PV-INs during the critical period provoked larger growth than EE on new GCs. Moreover, silencing of PV-IN activity using inhibitory DREADDs prevented completely the accelerated integration promoted by EE. It became clear that PV-INs are activated when mice explore a novel environment and play a crucial role in the regulation of adult neurogenesis, not only at early stages of differentiation and development—as discussed earlier in this chapter—but also controlling functional integration in the preexisting network (Alvarez et al., 2016; Song et al., 2013).

As described above, early immature GCs exhibit glutamatergic silent synapses that contain NMDARs but not AMPARs, and GABA-mediated depolarization promotes unsilencing of those contacts (Chancey et al., 2013). These GCs would be right at the transition between phases I and II. Remarkably, a 2-h exposure to EE was sufficient to promote unsilencing of glutamatergic inputs in new GCs. Mice were exposed to 2
 
h of EE in the presence or absence of bumetanide, a compound that blocks the NKCC1 transporter that promotes chloride influx and, thus, prevents the depolarizing actions of GABA. Control animals exposed to EE displayed synapse unsilencing (postsynaptic responses showing AMPAR-mediated currents) in about 30% of tested cells, whereas bumetanide-treated mice where GABA is not depolarizing showed little effect by EE (Fig. 10.5). These data demonstrate that subtle behaviors influence network plasticity with adult-born GCs as substrate and highlight the role of GABAergic activity as a mechanism to control neuronal integration.

The circuit modifications described above are related to brief exposures to EE, lasting from few hours to few days. Chronic EE can also produce significant and persistent changes in the afferent wiring of newly generated GCs. Exposure to EE for 4 weeks starting in 2-week-old GCs, a time window that covers the transition from phase II until IV (includes phase III of high plasticity), was shown to increase the number of neurons innervating new GCs, including local INs in the hilus 
and GCL to distal INs from CA1 and CA3 (Bergami et al., 2015). In regard to long-range projections from excitatory cells, EE produced an increase of ∼200% in the number of afferent neurons from the EC. Such increase in the complexity of input connectivity remained stable for several weeks after mice were returned to control housing conditions. Interestingly, voluntary exercise generated an overall increase in the complexity of afferent connections that was similar to the effect produced by EE. However, presynaptic neuronal populations remained enlarged only transiently, and then returned to baseline levels.
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Figure 10.5 Exposure to EE triggers unsilencing of glutamatergic synapses in vivo. (A) Schematic drawing of synaptic responses of phase I GCs under control conditions (top) or following exposure to EE (bottom), which converts a silent synapse into an AMPAR-containing response. The GABAergic component is blocked by PTX (red traces), and remaining AMPAR-mediated currents were blocked by NBQX (purple). (B) Proportion of newborn GCs with AMPAR-containing EPSCs under different conditions. GCs, dentate granule cells; EPSCs, excitatory postsynaptic currents; EE, enriched environment; AMPAR, AMPA subtype of glutamate receptor. 

Modified from Chancey, J.H., Adlaf, E.W., Sapp, M.C., Pugh, P.C., Wadiche, J.I., Overstreet-Wadiche, L.S., 2013. GABA depolarization is required for experience-dependent synapse unsilencing in adult-born neurons. J. Neurosci. 33, 6614–6622.




The experiments described in this section indicate that behaviors that increase neural activity in the hippocampus have a direct impact on the maturation and integration of newly generated GCs. At least part of the process seems to be mediated by the activation of GABAergic INs, in particular PV-INs, which depolarize GCs and exert trophic actions that promote growth, synaptogenesis, and functional maturation. Some events such as synapse unsilencing may rely exclusively on membrane depolarization, but others are likely to require other forms of signal integration. In this respect, diverse behaviors may involve distinct signaling systems, and this may be a reason why running and EE, which both activate the local circuits, exhibit different properties and time course. As detailed below, mechanisms of neuronal development in the aging brain implicate neurotrophins, whose synthesis, secretion, and actions all depend on activity.




10.13. Aging and adult neurogenesis

Aging is a multidimensional process that affects the physiological integrity of cells, tissues, and organs, and it constitutes a primary risk factor for neurodegenerative disorders (Guarente, 2014). Even in the healthy brain, cognitive abilities, speed of transmission of information, and memory are impaired by senescence. In the aging brain, the number of excitatory synapses decreases and the ability to undergo activity-dependent modification is largely reduced (Burke and Barnes, 2010). In addition, aging was one of the first conditions to be found as a negative modulator of adult hippocampal neurogenesis (Kempermann et al., 1998, 2002; Morgenstern et al., 2008), and it is thought to impinge on self-renewal and neurogenic capacity of NSCs, as well as in the survival of newly generated neurons (Beckervordersandforth et al., 2017; Encinas et al., 2011). Extrinsic signals may also play critical roles in the decline of neurogenesis that occurs in the aging brain (Villeda et al., 2011). This context prompted to investigate the quality and properties of new GCs in the aging brain. Dendritic growth of newly generated GCs was found to be significantly delayed in the middle-aged brain (Trinchero et al., 2017). In young adult mice, developing GCs reached their maximal dendritic length and displayed high density of dendritic spines reflecting glutamatergic inputs by 3
 
weeks. In middle-aged mice, new GCs showed short and spineless dendrites at that same age, revealing an important delay in glutamatergic synaptogenesis, but reached equivalent growth as neurons in younger mice by 6
 
weeks. These findings would be compatible with a scenario of limited plasticity in the aging brain. However, morphological development and functional integration in the aging brain were remarkably accelerated in running mice. Three-week-old GCs in running mice displayed large dendritic trees, high density of dendritic spines, and spontaneous glutamatergic postsynaptic responses that revealed efficient integration in the preexisting networks (Fig. 10.6). These effects of running on the maturation and integration of new GCs, mediated both by electrical activity and neurotrophins, revealed an unexpected degree of plasticity in the aging brain (Trinchero et al., 2017).
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Figure 10.6 Running accelerates synaptogenesis in the aging dentate gyrus.(A) Schematic of experimental design performed on 3-week-old GCs. (B) Running elicits dendritic spine formation in new GCs. Scale bar, 2
 
μm. (C) Representative membrane potential responses to depolarizing current steps (top; scale bars, 25
 
mV, 60
 
ms), or voltage-clamp recordings of spontaneous EPSCs (bottom; scale bars, 20
 
pA, 5
 
s). Ctrl, control mice; Run, running mice; GCs, dentate granule cells; EPSCs, excitatory postsynaptic currents. 

Taken with permission from Trinchero, M.F., Buttner, K.A., Sulkes Cuevas, J.N., Temprana, S.G., Fontanet, P., Monzon Salinas, M.C., Ledda, F., Paratcha, G., Schinder, A.F., 2017. High plasticity of new granule cell in the aging Hippocampus. Cell Rep. 21, 1129–1139.












10.14. Impact of adult neurogenesis on the architecture of preexisting dentate circuitry

In the mouse hippocampus, adult-born GCs generated during 1
 
month will make more than 70 million synapses with input and output partner neurons, which requires a high level of structural and functional changes in the preexisting circuits that must accommodate those new contacts (Sailor et al., 2017). This process does not rely on the simple addition of new synapses, but it rather imposes a redistribution of previous contacts by means of synaptic competition. One of the pioneering works on this subject by Gage and collaborators supported the hypothesis that survival of newly generated GCs is controlled by activity through a mechanism of synaptic competition mediated by the activation of glutamatergic NMDARs (Tashiro et al., 2006). Retrovirus-mediated downregulation of NMDARs reduced survival of new GCs in a manner that was dependent on the level of activity of the surrounding neurons, hinting to a possible mechanism of competition. These data suggested that new GCs compete with each other and with the preexisting network to form stable connections that would facilitate their persistent integration. There is also structural evidence of synaptic competition. Nascent dendritic spines of immature GCs are usually found as part of boutons containing multiple synapses, which has suggested that the initial contacts are made with preexisting committed terminals (Toni et al., 2007). During neuronal maturation, the proportion of multiple synapse boutons—that receive at least two terminals—is reduced and single-synapse boutons increase, suggesting that some contacts retract or generate an entirely new postsynaptic density, perhaps through activity-dependent competition. Synaptic competition has been also proposed at the level of mossy fiber projections from new GCs onto CA3 pyramidal cells. At about 4
 
weeks, new GCs expressing GFP formed synapses onto thorny excrescences that were also contacted by axons without fluorescence, originated in preexisting cells (Toni et al., 2008). Those mixed contacts became less frequent in mature GCs (>10
 
weeks), suggesting that new axons took over the entire synaptic territory, or conquered a different territory. Interestingly, some mechanisms underlying synaptic competition in adult neurogenesis are now beginning to emerge.

Recently, it has been shown that manipulations that boost the level of adult neurogenesis may reduce the strength of synaptic excitation onto mature preexisting GCs (Adlaf et al., 2017). Deletion of the proapoptotic gene Bax in NSCs increased the survival of newly generated neurons and affected connectivity of mature GCs. There was a reduction on the density of dendritic spines, the frequency of spontaneous excitatory postsynaptic currents, and the amplitude of evoked postsynaptic currents measured in preexisting mature GCs. These results indicated that a higher density of new GCs results in weaker synaptic transmission onto the remaining neuronal population, as if entorhinal afferents, were redistributed among the total number of target cells. Likewise, ablating adult neurogenesis increased excitatory contacts onto mature GCs. Thus, adult-born GCs seem to acquire their inputs at the expense of a reduction in the glutamatergic innervation of mature preexisting GCs, suggesting a mechanism of homeostasis ruling overall circuit assembly. From these experiments it was unclear whether this sort of network competition emerges at the level of individual cells or individual synapses. A related study addressed this question by manipulating the number of excitatory inputs in GCs. Conditional elimination of the Rho family GTPase Rac1, a cytoskeletal regulator of dendritic spines, was carried out to decrease dendritic spine density in mature GCs (McAvoy et al., 2016). This condition decreased the density of contacts of immature GCs localized near the area containing altered mature GCs, but no changes were observed in new neurons growing outside this region. This effect was possibly due to improved survival of newborn cells. Altogether, these works suggest that activity-dependent competition influences integration and survival of new neurons.




10.15. Conclusions

Synaptogenesis in adult-born GCs shares many similarities with circuit formation occurring during embryonic and early postnatal life in the CNS, but in the adult brain, new GCs mature and integrate within a network that is actively processing information. It is clear that information processing (electrical activity) is transduced into local signals that impinge on growth and connectivity. GCs play different roles as they transition from immature to mature, and those roles are shaped by the functional characteristics of inputs and outputs rather than by intrinsic properties. The variable timing for glutamatergic and GABAergic synaptogenesis breaks neuronal development in four discrete phases. When GABA is depolarizing, during phases I and II, GABAergic activity promotes cell growth and unsilencing of glutamatergic synapses. When the number of glutamatergic inputs reaches a critical level, neurons become ready to integrate excitatory signals, spike, and signal toward target cells in the hilus and CA3 areas. At this time, phase III, GCs are hyperactive due to immature GABAergic synapses that fail to control spiking, and both afferent and efferent connections engage in activity-dependent synaptic modification that will ultimately shape the number and identity of pre- and postsynaptic partners. During phase IV, GABAergic postsynaptic responses are fast and efficient, excitability is reduced, and activity-dependent synaptic modification is also diminished. Hence, contacts become stable. While our understanding of the cell biology of adult neurogenesis has moved 
fast, knowledge about the molecular mechanisms controlling all aspects involved in neurogenesis is just incipient. Adult-born GCs are excellent probes to investigate mechanisms of circuit formation and plasticity in the healthy and diseased brain, and represent a solid model for studying mechanisms controlling differentiation and functional integration of both endogenous and grafted NSCs. Under conditions that require brain repair, will synaptogenesis follow the same plan in regard to GABA and glutamate? Will the mechanisms controlling synaptic competition and integration be the same? To understand the potential for plasticity in the adult brain, we will need to look into the molecular mechanisms underlying synapse formation, maturation, and elimination in great depth.




List of acronyms and abbreviations





AMPAR

   AMPA subtype of glutamate receptor




ChR2

   Channelrhodopsin-2




CNO

   Clozapine-N-oxide




DCX

   Doublecortin




DG

   Dentate gyrus




DREADD

   Designer receptor exclusively activated by designer drugs




EC

   Entorhinal cortex




EE

   Enriched environment




EPSC

   Excitatory postsynaptic current




EPSP

   Excitatory postsynaptic potential




GC

   Dentate granule cell




GCL

   Granule cell layer




GFAP

   Glial fibrillary acidic protein




GFP

   Green fluorescent protein




HIPP

   Hilar perforant path associated cell




IN

   Interneuron




IPSC

   Inhibitory postsynaptic current




IPSP

   Inhibitory postsynaptic potential




LTP

   Long-term potentiation




ML

   Molecular layer




NMDAR

   NMDA subtype of glutamate receptor




NSC

   Neural stem cell




POMC

   Proopiomelanocortin




PV-IN

   Parvalbumin-expressing GABAergic interneuron




RFP

   Red fluorescent protein




shRNA

   Short-hairpin RNA




SOM-IN

   Somatostatin-expressing GABAergic interneuron
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Abstract


The olfactory system of mammals, and the olfactory bulb (OB) in particular, provides a rich repository of new synapses. In the OB, new synapses are being formed continuously and are eliminated in high numbers relative to other regions of the mammalian central nervous system. The relatively high rate of synaptic turnover comes from several neuronal sources. Both the axonal inputs and the local interneurons are being formed continuously to replace older cells and synapses. These sources add to the normal maintenance and plastic demands of any neuronal circuit. In this chapter, some of the current knowledge regarding synaptogenesis in the olfactory system is reviewed. The topics treated include the basic architecture of the underlying neural circuits, the main synaptic types that turn over, some of the mechanisms that may be responsible for replacing large numbers of synapses, and their functional implication.
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11.1. Introduction

The synapse is a fundamental functional unit of operation across the nervous system. Synapses are used to transform information rapidly between neurons, but they come in many flavors. For example, they can excite, inhibit, or stay silent. Eventually, synapses make worms crawl, enable chess players to make a move, and allow animals to learn and adapt. It is not surprising that a large body of scientific effort is focused on studying synapses. Although synapses have been studied for more than 50 years, they are still not fully understood, mainly because they remain difficult to study. They are numerous, small, and dynamic in nature. Some come and go on the hour, and some stay for a lifetime.

More than 100 years ago, in the days of Ramon Y. Cajal, neurons were observed only in histological preparations (Lopez-Munoz et al., 2006). Although Cajal's drawings laid the basic foundations for the current understanding of neuronal function, synapses were still unknown and too small to study in detail. Today, synapses are not only a well-established fact, but they can be studied much more closely. They can be made visible, visualized in high resolution, tracked, and manipulated. Their function can be probed by imaging or electrophysiology in primary cultures, brain slices, and even in vivo. Nevertheless, synapses are not fully resolved: How are they formed? Which synapses serve what function? Which of them change, when and why?

This chapter focuses on the mammalian olfactory system in adult animals. Olfaction is an ancient and behaviorally powerful sense found across the animal kingdom. It is made to cope with an exceptionally high-dimensional space of stimuli using an exceptionally large set of receptors. Although synapses are everywhere in the brain, synapses of the olfactory system are unique in some respects. Together with the hippocampus, the olfactory bulb (OB) is one of the regions in the central nervous system that maintains continuous neurogenesis throughout adulthood (Adam and Mizrahi, 2010). Specifically, newborn neurons from the subventricular zone (SVZ) and rostral migratory stream (RMS) 
continuously supply interneurons (INs) into the OB. In addition, neurogenesis persists in the nasal epithelium, where sensory neurons send axons to reinnervate the OB. These two populations of neurons provide the main sources of new neurons in the adult olfactory system. Thus, neurons from the adult OB are a rich repository of new synapses and therefore can be used to study how synapses are formed and integrated into preexisting neuronal circuits. This chapter provides an overview of some of the scientific findings regarding synaptogenesis in the olfactory system, focusing largely on the OB.




11.2. Olfaction—a central sense driving behavior

Olfaction, the sense of smell, is one of the two chemical senses of the body (the other being taste). Olfaction is a key sense in most creatures of the animal kingdom, from mollusks to mammals (Ache and Young, 2005; Hildebrand and Shepherd, 1997). Olfaction is a central sense whether one is flying in air, swimming under water, or walking on land. Chemicals from the environment are detected and perceived with exquisite sensitivity in acuity or speed (Rinberg et al., 2006). Odorants have a profound impact on the behavior of the animal. For example, predator odors drive fear and avoidance and the scent of a sexually receptive female drives powerful attraction in males. Similarly, odorants of fresh food attract, whereas rotten scents repel. Whether innate or learned, the detection of scents is vital for survival.

Chemical senses are intricately intertwined with innate behaviors. Indeed, olfaction is perhaps one of the few senses in which simple stimuli transferred by discrete neurons can drive ethologically relevant behaviors. In worms, for example, a single sensory neuron may direct either attractive or avoidance behaviors (Tsunozaki et al., 2008). In flies, individual functional inputs are both necessary and sufficient to mediate innate attraction and aversion (Semmelhack and Wang, 2009). Olfaction is also deeply involved in the formation of memories (Eichenbaum, 1998). For example, olfactory memory is known to trigger the enduring bond between a parent and their neonates (Mak and Weiss, 2010; Poindron et al., 1988) or between a female and her mating partner (Brennan et al., 1990); it may even have a perinatal impact because exposure can affect the future odor preference of the embryo (Hudson, 1993).

Most animals rely heavily on smell, although some are more reliant than others. For example, anosmic mice can barely survive because even basic daily functions are heavily impaired (Belluscio et al., 1998). Anosmic humans, on the other hand, can perform their daily function normally, and a clogged nose does not call for a medical emergency. It should be noted, however, that reduced olfactory performance has been linked to numerous disorders, including psychiatric disorders such as depression and Parkinson's disease (Hawkes, 2006; Pause et al., 2001). Thus, even in humans, the importance of olfaction may have been underestimated.





11.3. Basic architecture of the olfactory bulb

11.3.1. The olfactory bulb




This chapter focuses largely on the OB of rodents, simply because there is little knowledge about adult synaptogenesis elsewhere in other parts of the olfactory system or in other mammals. The OB in rodents is located in the anterior part of the forebrain. In mice, for example, the OB is a relatively large, bulging anatomical structure, situated in a dorsal location between the eye sockets. This superficial location has prompted the use of live imaging techniques to study the physiology of different circuit components in the bulb, which have started to reveal basic principles in odor coding in vivo (Kato et al., 2012; Gschwend et al., 2015; Rokni et al., 2014; Spors and Grinvald, 2002).

The bulb is a laminated structure in which incoming inputs and outputs are spatially segregated. Within each lamina, different cell types and synapses contribute differentially to the sensory coding performed by the OB. Given the segregated nature of functional inputs and outputs in the OB, it is reasonable to postulate that the different anatomical layers perform different computations on the incoming odor information. Recent efforts have attempted to lay a computational foundation for the respective roles of the different OB layers in odor coding (Cleland, 2014). These computations include phenomena such as “decorrelation,” “contrast enhancement,” “gain control,” “pattern classification,” and “history-dependent odor processing” (Miyamichi et al., 2013; Kato et al., 2013; Gschwend et al., 2015; Vinograd et al., 2017; Niessing and Friedrich, 2010). Exactly how these computations (and/or different ones) are carried out is still largely unknown. Most of what is known about the OB comes from studies focusing largely on the unique genetic signature, morphology, and physiology of the different cellular components and their underlying microcircuits. These are described briefly in the next section.









11.3.2. Cell types in the olfactory bulb

Like any canonical neuronal network, the OB consists of inputs, outputs, and local neurons. The inputs to the OB arrive from the nasal epithelium—the olfactory receptor neurons (ORNs). The outputs of the OB into the higher brain centers are the mitral/tufted cells (M/T cells). In between, the INs are composed of a rich and heterogeneous population of locally projecting neurons. The inputs, outputs, and INs vary in almost every possible respect (i.e., cell type, location, structure, and function). Additional types of INs are still being identified (e.g., Tavakoli et al., 2018; Merkle et al., 2014; Lepousez et al., 2010; Tobin et al., 2010), and there are probably numerous cell types yet to be discovered.

The most comprehensive knowledge base pertains to the ORNs. As their name implies, ORNs express olfactory receptors (ORs) on their membranes. ORNs detect odorants in the nasal cavity and transmit this information directly to the bulb, which then processes this incoming information. Progress in understanding how ORNs develop has continued at a high pace since the discovery of the large family of ORs (Buck and Axel, 1991). This discovery prompted the use of genetic tools to probe and manipulate specific populations of ORNs, resulting in three canonical concepts: (1) The “one neuron–one receptor” rule: each ORN will express only a single OR from the repertoire of 1000 genes. (2) The “one receptor–one glomerulus” rule (Mombaerts, 2006): ORNs expressing the same OR project into discrete anatomical structures called glomeruli at typical locations on the surface of the bulb (Fig. 11.1A and B). These locations are similar across animals, in mirror symmetry for the left and the right bulbs of the same animal, and organized with remarkably high precision (Soucy et al., 2009). (3) The nature of odorant–OR interactions: single odorants may activate multiple ORs, and 
ORs normally recognize multiple odorants (Hallem and Carlson, 2006; Malnic et al., 1999). Given the remarkable ability of ORNs to coalesce into discrete glomeruli, they have been used as a powerful model of axonal development (reviewed in Nishizumi and Sakano, 2015; Yu and Wu, 2017).



[image: image]



Figure 11.1 Major cell types in the main olfactory bulb. (A) Schematic drawing of the different layers and cell types in the OB. ONL, olfactory nerve layer; GL, glomerular layer; EPL, external plexiform layer; MCL, mitral cell layer; GCL, granule cell layer. (B) M71 axons coalescing into a single glomerulus. (C) A single mitral cell from an OB slice labeled with a fluorescent dye (courtesy of Shlomo Wagner). (D) High-resolution confocal micrograph of dendritic spines from a newborn granule cell. Scalar bars: (B, C) 150 mm; (D) 5 mm.



In addition to the ORNs, the OB receives additional inputs from various sources. For example, the olfactory cortex and the anterior olfactory nucleus send incoming axons to various layers of the OB (Markopoulos et al., 2012; Boyd et al., 2012; Otazu et al., 2015). Centrifugal inputs from the horizontal limb of the diagonal band (HDB), the locus ceruleus and the raphe nucleus send incoming neuromodulatory cholinergic, noradrenergic, and serotonergic inputs, respectively, directly to the OB (Shea et al., 2008; Kapoor et al., 2016; Rothermel et al., 2014; Markopoulos et al., 2012).

The somata of mitral cells (MCs) are organized in a single cell layer 300 microns under the pial surface. Tufted cells have morphologies similar to that of MCs, although their cell bodies are located in the external plexiform layer (EPL) rather than the MC layer. Because tufted and mitral function are sometimes studied as one, they are collectively termed mitral/tufted, or M/T cells (but see (Yamada et al., 2017)). In the main OB, each M/T cell sends a single, large, tufted dendritic tree into a single glomerulus (Blanchart et al., 2006), where it receives direct excitatory inputs from ORNs, as well as inhibitory inputs from INs (Fig. 11.1A and C). As the main source of bulbar output, M/T cells project axons to higher brain areas, where their anatomical and functional organization in the cortex is beginning to be unraveled (Miyamichi et al., 2011; Padmanabhan et al., 2016; Ghosh et al., 2011; Davison and Ehlers, 2011). A subset of tufted cells connects the two isofunctional glomeruli within each bulb and between bulbs with exceptional wiring specificity (Lodovichi et al., 2003). M/T cells also bear lateral dendrites that form dendrodendritic synapses with INs (Shipley and Ennis, 1996). Synaptic tracing experiments suggest that M/T cells “read” information from distinct topographic columns that are not necessarily close by (Miyamichi et al., 2013; Willhite et al., 2006). Additionally, and in line with this hypothesis, in vitro and in vivo electrophysiological data showed that M/T cell responses to odors probably arise from spatially distributed lines of input (Arnson and Strowbridge, 2017; Miyamichi et al., 2013; Fantana et al., 2008; Davison and Katz, 2007).

The local circuitry in the OB is composed of a rich population of INs (∼100 INs for every projection neuron). INs are divided into at least three main populations: granule cells (GCs), periglomerular neurons (PGNs), and short axon (SA) cells. In another common subdivision, the neurons that surround glomeruli are collectively known as “juxtaglomerular.” Juxtaglomerular cells are the group of PGNs, SA, and external tufted (ET) cells. ET cells are similar to tufted cells, but they do not project out of the bulb. Each population is further divided into distinct subpopulations. For example, GCs are GABAergic INs that are divided into deep, superficial, and calretinin-expressing cells. Most PGNs are GABAergic inhibitory INs expressing a wide array of distinct and partially overlapping molecular markers including (among others) calbindin, calretinin, and a large dopaminergic (DA) population (Kosaka and Kosaka, 2005; Parrish-Aungst et al., 2007). SA cells form a smaller population with known excitatory connections along the glomerular layer (GL) (Aungst et al., 2003; Wachowiak and Shipley, 2006), as well as deeper within the bulb (Eyre et al., 2008). Some of the DA population has been identified as part of the SA population (Banerjee et al., 2015; Kiyokage et al., 2010). Together, the local circuitry is composed of a highly heterogeneous repository of cells with different structure and function.




11.3.3. Synapses and connectivity patterns

The OB has different kinds of synapses making up different combinations of connectivity patterns. There are different methods that can be used to detect synapses and synaptic specificity. Electron microscopy (EM) has the adequate resolution to determine the location and presence of a synapse unequivocally, but mapping with EM is still too laborious for complete microcircuit reconstruction, certainly in mammals (Denk and Horstmann, 2004). Electrophysiology is another method that can be used to determine synaptic connectivity between two neurons unequivocally. This, too, has its limitations as in locating a synapse in space. Other methods, such as classical neuronal tracing by immunohistochemistry and genetic labeling, have also facilitated the identification and quantification of the types of synapses in the bulb. In the next section, some of the major synaptic connectivity patterns known are described, layer by layer.

In the GL, the synapses are of ORNs, juxtaglomerular neurons (JGNs), and M/T cells. Almost all of these cell types make synapses with each other, already forming a complex microcircuit at the level of the single glomerulus (Burton, 2017; Cleland, 2014; Wachowiak and Shipley, 2006). Evidence for specific synaptic connectivity patterns first emerged through the use of EM techniques (Pinching and Powell, 1971; White, 1972, 1973) and was later verified and extended by slice electrophysiology (Nickell et al., 1996). In particular, simultaneous whole-cell recording from identified neuronal cell types was used to reveal glomerular connectivity patterns. The prevailing view is that ORN axons synapse onto M/T cells, ET cells, and some PGNs (Hayar et al., 2004). ET cells provide direct input to PGNs and SA cells, and these in turn synapse onto neurons in distant glomeruli. PGNs synapse onto mitral and tufted cells via dendrodendritic synapses. Taken 
together, the glomerular microcircuit seems to be composed of at least nine distinct types of synapses (reviewed in Burton, 2017; Cleland, 2014). These circuit diagrams are used as the basis of theoretical studies that propose a function and computations performed at the level of the GL (Cleland, 2014). In addition to the local synaptic circuitry, the GL receives a rich set of neuromodulatory input from various regions of the brain (Linster and Cleland, 2016).

Anatomically, the next processing layer is the EPL (Fig. 11.1A). In fact, the EPL houses the most thoroughly studied synapses in the OB, namely, the GC–MC synapses (Burton, 2017). These synapses are dendrodendritic and connect MCs and GCs (Rall et al., 1966). They are characterized by several unique features, such as their unique morphology. These synapses are located on MC basal dendrites on one side and on dendritic spines of GCs on the other (Urban and Arevian, 2009). GC spines have diverse morphologies, some with extra-long “necks” known as gemmules (Fig. 11.1D). An excitatory MC-to-GC synapse will activate its corresponding GC-to-MC inhibitory synapse, producing recurrent and lateral inhibition. Although the cellular events of the dendrodendritic synapse have been studied in some detail (Egger et al., 2003; Egger and Urban, 2006), their role in sensory coding is not entirely clear (Abraham et al., 2010; Arevian et al., 2008). Computational modeling suggests an important role for lateral inhibition in sparsening and decorrelation of odors (Koulakov and Rinberg, 2011; Yu et al., 2014). Decorrelation and sparseness expand the ability to discriminate between similar odors (Gschwend et al., 2015; Li et al., 2018). The ratio of MCs to GCs is 1:100; however, although GCs outnumber the MCs, they bear only a few hundred synapses each. This sparse synaptic organization (i.e., many GCs, each with a small number of synapses) suggests that each GC (or small group of GCs) has only a local physiological role. This scenario of many neurons with only few synapses is very different from the situation found in other circuits (e.g., in the neocortex) and may serve some specific, unknown function, perhaps to increase modulation of circuit performance by wiring plasticity (Chklovskii et al., 2004; Shepherd et al., 2005). The deepest layer of the OB is the GC layer (GCL). It is the thickest anatomically, housing the large population of GCs (estimated in totals of 106 cells). Synapses in the GCL arise from the axonal collaterals of M/T cells that terminate on GC somata. Furthermore, there are additional axonal inputs from central regions, as in the cholinergic fibers from the HDB (Shipley and Adamek, 1984; Whitman and Greer, 2007), and from other sources, as noted earlier.




11.3.4. Beyond the olfactory bulb

The OB projects outward to several brain regions. Outward projection is carried out by M/T cells axons, via the lateral olfactory tract to several cortical regions. Gross projection patterns had already been revealed by anterograde and retrograde tracing several decades ago (reviewed in Martinez-Marcos, 2009). For example, OB projections to the piriform cortex and the olfactory tubercle were detected with no apparent topography (Luskin and Price, 1982; Scott et al., 1980). More detailed studies on larger brain areas verified that the OB projects only ipsilaterally (excluding the contralateral projections to the anterior olfactory nucleus) into telencephalic structures, including the anterior olfactory nucleus, piriform cortex, hippocampus, tenia tecta, olfactory tubercle, amygdala, and entorhinal cortex (Martinez-Marcos, 2009; Shipley and Adamek, 1984). Interestingly, despite some refinements to the classical connectivity map (Pro-Sistiaga et al., 2007), there have been only minor changes in the field in past decades. However, recent advances in tracing methods, molecular genetics, and microscopy started to reveal the nature of the synaptic connections beyond the bulb (Miyamichi et al., 2011, 2013; Ghosh et al., 2011; Root et al., 2014; Sosulski et al., 2011). Since far less is known about how the synapses of these projections are formed and changed in the adult, the discussion will be limited to synapses of the OB (Fig. 11.1).






11.4. Synaptogenesis in the adult olfactory bulb

11.4.1. The dynamic nature of the adult olfactory bulb




All brain circuits should sub-serve their function throughout the life of an organism. However, environments change during the course of a lifetime and so do the structure and function of neural circuits. Potentially, any circuit component (i.e., input, output, or local) can change. But do they? And if so, how? These questions are particularly relevant to the OB, which appears to be one of the most dynamic anatomical structures of the mammalian brain.

Both the inputs (ORNs) and INs of the bulbar circuitry are dynamic as a population. ORNs are known to regenerate throughout life from basal cells in the epithelium. The precise turnover rates of ORNs are not fully resolved, but it is estimated that tens to hundreds of new ORN axons are replaced daily in each glomerulus (Mackay-Sim and Kittel, 1991; Samanen and Forbes, 1984). This turnover does not mean that all neurons are replaced. Some may stay for a day and some may last for a lifetime. A recent study estimated a mean half-life of 26 days for the whole ORN population, excluding the subpopulation of long-lived cells (Holl, 2018). Despite this high turnover, it might not have a dramatic impact on sensory 
coding because the same axons (i.e., those expressing a given OR) continue to reinnervate the same glomerulus, so the general functional organization remains stable. That is, the same information continues to arrive at the same place in the circuit. Glomerular activation patterns have been tracked in vivo in several ways. Intrinsic signal imaging, which is a noninvasive technique, was used to track spatial activation patterns over 4–10 days. No obvious changes have been found (Livneh et al., 2009; Mizrahi and Katz, 2003); Activation maps of glomeruli tested with fine temporal precision using voltage-sensitive dyes showed that increase in concentration recruited more glomeruli, with activity that is locked to respiration cycle. This work revealed spatiotemporal patterns for odor identity (Spors and Grinvald, 2002). Later studies showed that identification of odors in complex mixtures can be explained based on the glomerular spatiotemporal code (Rokni et al., 2014), and that although glomerular spatiotemporal code is stable, it can be modulated by experience (Kass et al., 2013).

Unlike ORNs, M/T cells are a stable cellular entity. They are born during embryogenesis and are not replaced in adulthood. However, synaptogenesis of M/T cells does continue to take place postnatally (Blanchart et al., 2006; Lin et al., 2000). Following a period of several weeks during early postnatal development, the general functional architecture of M/T cells remains stable, as the same dendritic trees continue to innervate the same glomeruli throughout the life of the animal. In vivo time-lapse imaging experiments have provided direct evidence that M/T cells and their apical dendrites remain highly stable for months (Mizrahi and Katz, 2003; Mizrahi et al., 2006 and see below). Although there is no evidence for dynamics in the dendritic structure of M/T cells, a recent study found that GCs are highly dynamic compared to pyramidal cells in the neocortex. This plasticity was also reflected in high dynamics of inhibitory puncta of M/T cells (Sailor et al., 2016). In addition, most of the available data refer to the main OB and not the accessory OB (AOB). In several ways, the morphology of MCs in the AOB is different from those in the MOB. One interesting difference is that MCs project to several glomeruli rather than only to one. Some MC dendrites end with only a few neurites in their glomeruli, which suggests that they may be transiently visiting a glomerulus. Although time-lapse imaging may answer this question, the AOB's anatomical location (i.e., buried under central blood vessels) makes it difficult to image over time. The functional architecture of the AOB has many distinct features as compared to the MOB and is discussed elsewhere (Dulac and Wagner, 2006; Holy, 2018).

The IN population is highly dynamic. IN dynamics are evident both at the level of the population and at the level of single cells. At the population level, INs are a uniquely regenerating population. Specifically, the adult mammalian brain maintains two unique neurogenic niches, one in the hippocampus, which will not be discussed here (see Christian et al., 2014; Anacker and Hen, 2017 for comprehensive reviews), and one in the SVZ and RMS. SVZ and RMS astrocytes continuously supply new neurons to the OB (Altman, 1969a, 1969b; Alvarez-Buylla and Garcia-Verdugo, 2002; Lledo et al., 2006). In the OB of rodents, adult-born neurons give rise to different subtypes of INs, primarily GCs and PGNs. It is clear that OB adult-born neurons are fully functional because they become indistinguishable from older neurons morphologically, chemoanatomically, and electrophysiologically (Bagley et al., 2007; Belluzzi et al., 2003; Carlen et al., 2002; Carleton et al., 2003; Whitman and Greer, 2007; Livneh et al., 2014). Adult-born INs have a distinct temporal signature during postnatal development. Genetic fate mapping experiments showed that different IN subtypes are born predominantly at specific pre- and postnatal times (Ninkovic et al., 2007; Batista-Brito et al., 2008).

How robust is adult neurogenesis in the OB? Current estimates of the overall PGN turnover are 1.5%–3% per month, suggesting that within 9 months 30% of the GL would be composed of newly generated PGNs (Ninkovic et al., 2007; Lagace et al., 2007; Mizrahi et al., 2006). These levels, however, were suggested to be an underestimation, biased from the methods of choice in those experiments (Whitman and Greer, 2009). In the GCL, estimates of GC turnover vary. Ninkovic et al. (2007) estimated that only 14% of the total population is replaced (see also Lagace et al., 2007), but Imayoshi et al. (2008) estimated that most deep GCs and half of the superficial GCs turn over during a year. A recent study, shows evidence that adult neurogenesis is a pure additive process (Platel et al., 2018). Most likely, these discrepancies can be attributed to different methodologies and may be resolved in the future by other methods and labs. Nevertheless, it is clear that turnover itself (i.e., considering both neurogenesis and apoptosis) has complex dynamics and that INs with a large range of ages (days to months) are blended together within the circuit. Moreover, it is not clear which subpopulations remain constant or change and to what extent. Various mouse strains may be different in this respect. For example, analysis of the PGN population in old mice shows that specific subtypes of neurons are continuously added as animals age, but only in specific strains (Mirich et al., 2002). Richard and colleagues (Richard et al., 2010) reported that in C57/Bl6 mice the PGN, GC, and MC numbers remain stable during aging. Despite this global stability, at the single-cell level, INs are highly dynamic at the subcellular level. Dendritic morphology continues to change even after they mature, suggesting that synapses are continuously being formed and dismantled (Mizrahi, 2007), and see below). Because most of the data accumulated on synaptogenesis pertains to adult neurogenesis, the primary focus in what follows will be the new synapses of these particular neurons.









11.4.2. New synapses in the adult olfactory bulb

Since so many neurons turn over in the adult OB, one should expect an enormous level of synaptogenesis to take place in the circuit. With a few exceptions in aged mice (Richard et al., 2010), the total number of synapses remains roughly constant over time. Therefore, synapse elimination should be as robust as synapse formation. What is the direct evidence for synapse formation and elimination in the adult OB?

Most of the knowledge about new synapses comes from studies of adult neurogenesis of GCs (and to a lesser extent, PGNs), which are the majority of the newborn neurons (95%). Naturally, most studies focus on synaptogenesis rather than synapse elimination, which is inherently harder to study. How can one know that a nascent synapse was born? It has been suggested that a “gold standard” for arguing a new synapse should be at least two independent lines of evidence (Ahmari and Smith, 2002). For example, a fluorescent image of a new spine can be one line of evidence and its corresponding electron micrograph can be another (Knott et al., 2006). Studying synaptogenesis with EM is technically challenging and time consuming, and used only by a handful of labs to detect a few synapses at a time. Thus, although EM is the gold standard when it comes to the verification of the presence of a synapse, it is difficult to use for sampling large datasets. What are the other methods used to probe nascent synapses?

Synaptogenesis of adult-born neurons can be made possible by the combination of several powerful methodologies. Perhaps the most prominent methods are those based on the use of molecular genetics to label adult-born neurons with genetically encodable reporters (most commonly green fluorescent protein, GFP). Because it is easy to use, affordable, and still experimentally powerful, this approach has attracted a large community to the field. Since adult-born neurons are born in the SVZ, they are separated by several millimeters from the OB. This distance is a significant distance to travel for a small cell and takes several days. In principle, the ability to label, and essentially birthdate, stem cells in the SVZ and then study them in the OB offers the opportunity to birthdate synapses, as well, at least coarsely. In practice, viruses (lentiviruses, other retroviruses, and adeno-associated viruses) are directly injected into the SVZ by stereotaxic injections and studied a few days later in the OB. The spread of virus infection is limited to the site of infection in order to ensure that any cell appearing in the OB a few days postinjection (d.p.i) does come from the site of injection and was not already a part of the OB circuit. Retroviruses are particularly good vehicles for birthdating because they infect only dividing cells (Jessberger et al., 2007). Lentiviruses, which are also common tools in the field, are more efficient in infecting larger number of cells but are noisier with respect to their ability to birthdate in a precise manner (Wiznerowicz and Trono, 2005). One reason is that lentiviruses also infect postmitotic cells and therefore will also transduce migrating neuroblasts. In either case, 1–2 days after injection, the reporter gene will begin to express in the newborn neurons or migrating neuroblasts. If the virus was injected into the stem cell niche closest to the OB (e.g., the RMS) where neuroblasts have the shortest distance to migrate, new neurons will be detected in the OB as early as 3
 
d.p.i (Alonso et al., 2008). Any synapses detected on these young neurons are by definition new synapses no more than a few days old. In essence, then, the combination of two methods is used to study nascent synapses (e.g., virus
 
+
 
EM; virus
 
+
 
immunohistochemistry; virus
 
+
 
electrophysiology; virus
 
+
 
imaging; virus
 
+
 
functional imaging). As such, the conventional use of two independent lines of evidence to prove the existence of new synapses still holds (Ahmari and Smith, 2002).

One of the first descriptions of the course of development of adult-born GC synapses is morphological. The dendritic morphology of adult-born GCs was described with a resolution of several days (Petreanu and Alvarez-Buylla, 2002). These authors subdivided the GC population into five different classes. Class 1 is the earliest stage, representing migrating neuroblasts in the RMS. Classes 2–4 are progressively more mature stages, at which both cell location and dendritic arbor are more advanced. Class 5 cells are newborn neurons with essentially mature characteristics. These five morphological classes were later classified with a biophysical signature using slice electrophysiology (Carleton et al., 2003). Notably, the current nomenclature in the field does not always use these five different classes. Most studies will present the data on the newborn neurons by the days postinfection/injection (d.p.i). These can then be aligned with the five-class nomenclature set by Petreanu and Alvarez-Buylla (2002), although this is not always done. In what follows, the d.p.i. nomenclature will be used, as this was the nomenclature used in the original papers. Specifically, d.p.i was used to study when synapses form on the newly born cells.

A few approaches were used to study the ontogeny of synapses. One approach used a retroviral system to express GFP in the newborn neurons and combined it with immunocytochemical markers for synapses and immunotargeted EM (Whitman and Greer, 2007; Greer et al., 2016). Using this strategy, Whitman and Greer (2007) showed that the first synapses appeared at 10
 
d.p.i on the somata and initial dendritic segments of the adult-born GCs, before extension of dendrites into the EPL. These synapses were suggested to be the input side (i.e., the postsynaptic component) of either presynaptic centrifugal axons or presynaptic M/T axons. Only later, synapses start to appear on distal dendritic spines. A second experimental strategy used retroviruses to tag synapses directly by overexpressing a postsynaptic scaffolding 
protein and/or a presynaptic vesicle protein (Kelsch et al., 2008). Overexpression of either PSD95-GFP or synaptophysin-GFP renders the synapses of the adult-born neuron visible (either its input or output side, respectively). When these viruses are injected into the SVZ, new neurons appear in the OB after 5–7 days (Petreanu and Alvarez-Buylla, 2002). In this case, synaptogenesis means the appearance of a PSD95-GFP puncta, or synaptophysin-GFP puncta. This method still has one drawback: without additional evidence, it remains unclear whether each punctum is a functional synapse. Notably, however, the evidence from numerous groups showed that PSD95 puncta are probably a good proxy for synapses. Using this approach, Kelsch et al. (2008) described a detailed sequence of synaptogenesis on different domains on the GC dendrite of glutamatergic synapses. First, glutamatergic synapses started to appear on proximal dendritic domains. Then, the reciprocal input–output synapses appeared on more distal dendrites. Finally, the input side of the synapses on the basal domain appears (Kelsch et al., 2008). A third approach described a sequence of synaptogenesis events that occur earlier (Panzanelli et al., 2009). Using a combination of lentiviral vectors, slice electrophysiology, and immunostaining (using both light and EM), the authors suggested a more rapid sequence of events. Both GABAergic and glutamatergic synapses were found to become functional as early as 3
 
d.p.i. Reciprocal dendrodendritic synapses were functional by 7
 
d.p.i. This study along with others found an initial predominance of GABAergic synapses (Panzanelli et al., 2009; Katagiri et al., 2011) and that this GABAergic transmission regulates the morphological and functional maturation of adult-born neurons (abNs) (Pallotto and Deprez, 2014). Early upon the arrival of the cells at the circuit, adult-born neurons start to make synapses. These synapses probably arrive first from local inhibitory interneurons. Later on, increasing numbers of excitatory inputs start making synapses, and this process is promoted by olfactory learning (Lepousez et al., 2014; Deshpande et al., 2013). The time window for final integration (when these neurons become mature) is generally agreed to be the first few weeks after birth (Lledo et al., 2006; Kelsch et al., 2010). Despite these different lines of evidence for the ontogeny of synaptogenesis, an important caveat must accompany the aforementioned methodologies, namely, that they overlook events occurring at time scales shorter than days. Minutes and hours are durations of time that are highly relevant to synaptogenesis and may reveal events that contribute to the process. Here, time-lapse imaging of the same neurons is the method of choice.


In vivo time-lapse imaging in the mammalian brain is now made possible by combining two-photon microscopy with advances in genetic labeling (Denk et al., 1990; Luo et al., 2008; Young and Feng, 2004). These combined methods allow the experimenter to look closely at the subtle changes that synapses frequently undergo (see e.g., Grutzendler et al., 2002; Trachtenberg et al., 2002). Notably, time-lapse imaging has a quality that single observation experiments do not. Biological processes that maintain homeostasis are usually buried in averages that cannot be observed using conventional microscopy in fixed tissue. This ability to study structural dynamics over time for long durations proved highly useful in revealing temporal dynamics at multiple time scales in the cortex (Holtmaat et al., 2005). This realization is not new and was pioneered in the early 1980s (Purves et al., 1986), even for imaging studies of the OB (LaMantia et al., 1992; Pomeroy et al., 1990). In the 1980s, however, both the resolution of imaging and the fluorescent reporters employed imposed serious limitations to the study of synapses.

Given the ease to image superficial layers, the first high-resolution time-lapse imaging study in the OB was in the GL. Specifically, Mizrahi and Katz (2003) imaged M/T cells using two-photon microcopy and transgenic labeling of M/T cell dendrites (Mizrahi and Katz, 2003). M/T cells were made visible using a transgenic strategy designed to overexpress YFP from the thy-1 promoter in a random population of neurons (Feng et al., 2000). One of the lines from a bigger transgenic mouse pool (line YFP-H) expressed YFP also in M/T cells dendrites, which were concomitantly tracked at high resolution in vivo. The main discovery from those experiments was that dendritic trees of M/T cells were highly stable over period of weeks (Mizrahi and Katz, 2003). This was somewhat surprising since the neuropile of the glomeruli is known to encompass a high turnover of new synapses, many of which should innervate these exact same M/T dendrites.

A second set of time-lapse imaging experiments was carried out on newborn neurons (Mizrahi, 2007). Not surprisingly, the dendrites of newborn neurons were highly dynamic in their initial stages of integration, soon after arrival to the circuit (specifically starting at 10
 
d.p.i). In marked contrast to the projection neurons, however, mature adult-born neurons remained structurally dynamic even at 90
 
d.p.i, which is well after these neurons are fully incorporated into the network (Mizrahi, 2007). This structural plasticity was cumulative with regard to the fine dendritic pattern of these neurons, as they continued to change with time. Those data suggested that PGN dendrites are home for high levels of synaptogenesis and initiated further studies by the same group to target synapses. Livneh et al. (2009) used an approach similar to the one used by Kelsch et al. (2008)—though in vivo—and imaged PSD95-GFP-expressing neurons, using fluorescent puncta as putative synapses (see Fig. 11.2, for example). As expected, young developing PGNs (14
 
d.p.i) showed high dynamics of their synaptic puncta. The basal level of puncta dynamics decreased as the neurons matured (42
 
d.p.i). These results are well correlated with what has been observed for dendritic dynamics of adult-born PGNs. Similarly, Kopel et al. (2012) 
showed that mothers have enhanced synaptic integration of their adult-born neurons (Kopel et al., 2012). Saghatelyan and colleagues revealed that relocation of spines is preceded by spine head filopodia growth (Breton-Provencher et al., 2016).



[image: image]



Figure 11.2 Labeling putative synapses of bulbar adult-born interneurons. A newborn periglomerular neuron expressing PSD95-GFP. The image was taken in the OB, 10 days following infection with lentivirus in the subventicular zone. PSD95-GSP puncta appear as ‘beads on a string’ along the dendritic trees. Scalar bar: 10 mm.



Taken together, new synapses are formed in high numbers in the adult OB. The different methods discussed above highlight the fact that different phenomena occur at different time scales. The events occurring at short time scales (hours) include the appearance and disappearance of synapses, and these can be revealed by live imaging (Livneh et al., 2009; Mizrahi, 2007). Other aspects of synaptogenesis evolve more slowly, on a day-by-day basis. These may pertain to changes in global synaptic distributions, the types of synapses formed, and their regional distribution on dendritic trees (Kelsch et al., 2008, 2010; Panzanelli et al., 2009; Petreanu and Alvarez-Buylla, 2002; Whitman and Greer, 2007; Livneh and Mizrahi, 2011). The site where newborn neurons integrate within the OB is also not uniform, as revealed by the whole bulb anatomy (Kopel et al., 2009). The mechanisms of synaptic integration in space remains largely unknown, but in vivo imaging methods now enable single-cell tracking of migration patterns (Kovalchuk et al., 2015; Liang et al., 2016).




11.4.3. Neonatally born versus adult-born synaptogenesis

A neuron making synapses in the adult brain faces many of the same problems encountered by synaptogenesis in the developing brain. Neurons first proliferate from neuronal progenitors. Then, they migrate long distances to reach the correct cellular layers, where they extend neurites to make functional synapses. Most synapses in the adult brain are long-lived residents while the new synapses have to join into an existing functional circuit.

Proliferation of new neurons seems to be governed by many of the same mechanisms in young (embryonic and neonatal) and adult animals (Imayoshi et al., 2010) (see Gotz et al., 2016, for a comprehensive review). Migratory strategies are slightly different (Ghashghaei et al., 2007; Kriegstein and Noctor, 2004), and levels of neuronal survival differ significantly (Lemasson et al., 2005). Neuronal integration, when synaptogenesis occurs, has both similarities and dissimilarities in young and developing animals. For example, GABA inputs precede glutamatergic inputs during early stages of development in young brains and adult brains alike (Belluzzi et al., 2003; Ben-Ari, 2002; Carleton et al., 2003). Distinctively, neonatally born neurons and adult-born neurons differ with respect to the time at which they start displaying action potentials (Carleton et al., 2003). As vividly put by Kelsch et al. (2008), adult-born neurons “listen before they talk.” Interestingly, it is precisely this time window, between an exclusively postsynaptic state and a state that is both post- and presynaptic, at which survival is determined (Petreanu and Alvarez-Buylla, 2002).

The formation of new synapses is not unique to the mature OB. New synapses are continuously formed also elsewhere in the brain. This is evident for both pre- and postsynaptic components of the mature neocortex (De Paola et al., 2006; Holtmaat et al., 2005; Portera-Cailliau et al., 2005). Interestingly, and in line with OB synaptogenesis, sensory activity also plays a dominant role in neocortical synaptogenesis. Numerous studies have shown that sensory activity determines which and how many new synapses turn over (Holtmaat and Svoboda, 2009; Hubener and Bonhoeffer, 2010). Comparisons between the effects of sensory activity on synaptogenesis in the OB and the cortex have been reviewed elsewhere (Livneh and Mizrahi, 2010). Comparing synaptogenesis in the OB with that of other regions in the brain where cellular regeneration is limited might prove particularly important for therapeutic purposes (see also Section 39.6).











11.5. Mechanisms of synaptogenesis in the adult olfactory bulb

11.5.1. Mechanisms preceding synaptogenesis in the adult olfactory bulb (proliferation, survival, and fate)




The embryonic source of OB INs is the lateral ganglionic eminence of the embryonic telencephalon, which in the adult forms the SVZ (Kriegstein and Alvarez-Buylla, 2009; Young et al., 2007). In adult animals, the SVZ and the RMS continue to serve as reservoirs of different subtypes of INs. These neurons are born locally and then migrate several millimeters until they reach the OB, where they differentiate into mainly GABAergic INs. What are the factors that regulate these processes?

Numerous factors are known to regulate the development of INs in the adult brain (reviewed in (Whitman and Greer, 2009; Zhao et al., 2008). Most experiments have focused on the mechanisms that control proliferation and maintenance at the stem cell niche and during early phases of development. Early on, at the stem cell niche, neural stem cells either remain “stemmy” or proliferate by virtue of the regulatory mechanisms enforced by the Notch signaling pathway (Kageyama et al., 2008; Shimojo et al., 2008). Activation of the Notch signaling pathway essentially represses proneural genes to keep the stem cells from becoming neurons, homeostatically maintaining the niche. As mentioned above, this canonical mechanism is shared during both embryonic development and adulthood in the SVZ (Imayoshi et al., 2010; Engler et al., 2018). In adults, the niche is composed of neural stem cells that can be distinguished based on their state of quiescence or activation. The fate of these neural stem cells is determined by a multitude of factors—their developmental origin, regional positioning, transcriptional state, metabolic state, and external factors (Katsimpardi and Lledo, 2018). For example, soluble factors from endothelial cells may regulate the Notch signaling pathway and in turn regulate neurogenesis (Shen et al., 2004). Neural stem cells in the niche also show remarkable plasticity. Dormant ependymal neural stem cells can be reactivated into neuronal differentiation and migration through administration of vascular endothelial growth factor (VEGF) and basic fibroblast growth factor (bFGF) (Luo et al., 2015). Interestingly, a recent study showed that environmental signals such as hunger and satiety can modulate adult neurogenesis through hypothalamic proopiomelanocortin neurons. These neurons selectively innervate the anterior SVZ and promote proliferation of new olfactory neurons specifically from that region (Paul et al., 2017). At the DNA level, a chromatin-remodeling factory Mll1 has been an example shown to be essential for normal neurogenesis (Lim et al., 2009). Moreover, at the mRNA level, the microRNA repressor miR-124 has been shown as an example to regulate the transcription factor Sox9, which is important for neurogenesis (Cheng et al., 2009). Other levels of regulation and the genes involved are routinely being identified and will probably be the target of future research (for extensive reviews on neural stem cells regulation (Lim and Alvarez-Buylla, 2014; Katsimpardi and Lledo, 2018).

Once neuroblasts are formed, they start to migrate via the RMS en route to the OB. Several molecular cues regulate this directional migratory behavior. These will not be discussed here as they have been reviewed elsewhere (Kaneko et al., 2017). Shortly after the neurons arrive at the OB, they become fully functional INs, at which time they become fated (Kosaka and Kosaka, 2005). One important observation is that the stem cell niche is organized in a mosaic fashion, such that stem cells from different regions of the niche will eventually become specific neuronal subtypes and not others (Lledo et al., 2008; Merkle et al., 2007, 2014). This suggests that neurons are already a restricted and diverse population of cells in their niche (Merkle et al., 2007). However, the unique location of the cells in the niche is not the only determinant that makes them distinct types of cells. Once they “take off” into the RMS, they get blended with other neuroblasts, and it is their unique molecular signature that will determine which neuronal subtype they become. The molecular cues that trigger stem cells to acquire specific fates had been a focal point of many studies (reviewed in Chaker et al., 2016), only a few of which are described below.

The transcription factor Pax6 was found to play a key role in neurogenesis. Dominant negative experiments of Pax6 were carried out using manipulations with viruses. Pax6 was implicated as a key (positive) regulator of adult neurogenesis. Expression of Pax6 seems critical to the specification of a DA fate (Hack et al., 2005). Similar manipulation using the transcription factor olig2 showed that it has an effect opposite to that of Pax6. Namely, olig2 expression decreased neurogenesis and promoted oligodendrogliogenesis (Hack et al., 2005). Using a similar strategy, Brill et al. (2008) showed that the Dlx family of transcription factors (and specifically Dlx2) has a dual function in neurogenesis. First, Dlx2 is required for fast proliferation of neuronal progenitors. Second, it has a crucial role in promoting specification of adult-born neurons into a DA fate by interaction with Pax6 (Brill et al., 2008). As might be expected, different neuronal subtypes are determined by complementary sets of transcription factors. For example, the zinc finger transcription factor Sp8 has been implicated as being important in determining the fate of calretinin-positive PGNs (Waclaw et al., 2006). Conditional genetic manipulations of Sp8 in both developing and adult animals showed their dual function too. One function regulates 
IN neurogenesis in general, and a second function contributes to subtype specificity. Notably, both Pax6 and Sp8 are already expressed in a differential pattern in the stem cell niche, supporting the notion that fate specification is evident early on and depends largely on cell internal cues (Hack et al., 2005; Merkle et al., 2007; Waclaw et al., 2006). How early is neuronal specification determined? Region specification of postnatal neural stem cells was found to be determined early in development, suggesting that adult neurogenesis is influenced by events that occur before birth (Fuentealba et al., 2015).

Early estimates divided the IN population into five different subtypes of PGNs plus two types of GCs. Almost all INs were thought to be GABAergic (Kosaka and Kosaka, 2005). In some estimates, there are as many as 12 different subtypes of INs that a progenitor can turn into (Batista-Brito et al., 2008). This suggests that the newly generated population of cells is remarkably diverse, and more cell types are continuously being revealed (Merkle et al., 2014). INs in the OB are not only GABAergic in nature; rather, adult-born neurons also become glutamatergic excitatory INs (Brill et al., 2009), as they do in the hippocampus. Fate mapping of this neuronal subtype identified that this unique population originated from Neurog2- and Tbr2-expressing progenitors, similar to glutamatergic-neuron specificity in the developing cerebral cortex (Brill et al., 2009). Notably, most of the aforementioned experiments focused on proliferation, survival, and fate, without considering synaptogenesis. The molecular mechanisms may or may not serve as the same intrinsic machinery that controls synaptogenesis.

Once migration is over and neurons reach the OB and acquire their fate, they start to compete for their life. Roughly 50% of all new neurons will die within the first few weeks after birth. A normal rate of elimination is essential for optimal odorant exploration and discrimination (Mouret et al., 2009). The process of survival is known to be affected by sensory activity (Petreanu and Alvarez-Buylla, 2002). The most common form of sensory manipulation is deprivation. Deprivation can occur through mechanical damage to the olfactory epithelium, but this normally induces undesired secondary effects because of the massive axonal death of the ORNs in the glomeruli. A more common form of deprivation is nostril occlusion, which does not damage the ORNs and can be used reversibly (Farbman et al., 1988). To date, numerous studies have used naris occlusion to study the OB circuitry at different levels. Survival of adult-born neurons as assessed by BrdU labeling was markedly decreased by nostril occlusion (Saghatelyan et al., 2005). This effect on survival seems to be limited to a narrow time window during development (between 14 and 28 days after birth)—no earlier, no later (Yamaguchi and Mori, 2005). The decrease in survival rates seems to have different dynamics in the GL and the GCL (Mandairon et al., 2006) and even shows different effects depending on neuronal subtype. For example, the DA PGNs show marked sensitivity to sensory deprivation, while calretinin-positive and calbindin-positive PGNs do not (Bastien-Dionne et al., 2010). The cellular mechanism that regulates survival seems to be dependent on membrane excitability because constitutive hyperpolarization decreases and constitutive depolarizations increase survival (Lin et al., 2010). Sensory enrichment is the form of manipulation equivalent, but opposite to deprivation. Unlike deprivation, the results from experiments using sensory enrichment have not been consistent. Rochefort et al. (2002) used a 40-day odor-enrichment environment protocol and observed significant increases in the number of newborn neurons. On the other hand, Magavi et al. (2005) used a different protocol, which they termed “odor familiarization.” Odor familiarization did not affect survival of newborn neurons. Although there are numerous differences between different experimental paradigms that can account for the differences, it seems that the “negative” manipulation in the form of deprivation has a more profound effect than the “positive” manipulations. Of note, Platel and colleagues cast doubt on the issue of cell death in the OB (Platel et al., 2019). It will be interesting to follow up on this debate.

Although sensory activity has been shown to play a role even during earlier processes, such as proliferation (Alonso et al., 2008; Sawada et al., 2011), it is during the later phases of development in which synapses are formed (Grubb et al., 2008; Kelsch et al., 2008; Panzanelli et al., 2009) that sensory inputs seem most important. The role of sensory activity in shaping dendritogenesis and synaptogenesis is discussed in the next section.




11.5.2. Sensory experience and synaptogenesis

Under any strict definition, newborn neurons in the OB become fully functional. Newborn neurons express markers of mature neuronal markers (like, e.g., NeuN) have morphologies of neurons (i.e., they bear dendrites and synapses), fire action potentials, and receive synaptic inputs (reviewed in Gheusi et al., 2013). It is during these last stages of development, when adult-born neurons start becoming a functional entity (i.e., when synapses form), that sensory inputs start playing a dominant role. The evidence that supports this notion comes from experiments that correlate neurogenesis with behavior, synaptic number with function, and direct measurements of sensory responses. Simple sensory enrichment that increases survival also improves odor memory (Rochefort et al., 2002). In addition, repeated exposure to specific odorants that increase survival rates of adult-born neurons is correlated with improved perception of these odorants (Moreno et al., 2009). This correlation between behavioral performance and adult neurogenesis has been quite powerfully demonstrated 
with respect to hippocampal neurogenesis (Goncalves et al., 2016) and is also gaining increasing support from studies in olfaction, as discussed below. Interestingly, some argue that new neurons in both hippocampus and the OB share a common function—“pattern separation.” The computation performed by pattern separation is to segregate similar inputs into distinctive outputs. This ability requires experience and may depend on adult born neurons (Sahay et al., 2011).

The link between synapses and plasticity is a strong one all over the central nervous system. In the neocortex, sensory experience is known to induce changes in synaptic strength, synaptic numbers, and synaptic dynamics (Chklovskii et al., 2004; Feldman, 2009; Holtmaat and Svoboda, 2009). Is there evidence for similar plasticity-induced changes in the synapses of the OB? Several studies have measured synapses directly (or indirectly) following different forms of sensory manipulations. Early postnatal deprivation (by nostril occlusion) induced dramatic decreases in both dendritic structure and spine density of newborn GCs but not in preexisting GCs (Saghatelyan et al., 2005). By genetically targeting both input and output compartments of newborn synapses, Kelsch et al. (2009) showed that deprivation caused a marked decrease in both pre- and postsynaptic components. Odor exposure from a prenatal stage through postnatal day 25 increases the number of associated M/T cells in a glomerulus-specific manner (Liu et al., 2016). In keeping with what is known regarding critical periods for survival rates, synaptic changes were also limited to a critical period during the peak of synaptogenesis (Kelsch et al., 2008; Yamaguchi and Mori, 2005).

Two-photon imaging was used to follow the short-term dynamics of newborn neurons in vivo. Specifically, our lab explored experience-dependent structural plasticity of adult-born PGNs in response to sensory enrichment with a low-concentration odor mixture of two simple odors. By combining intrinsic signal imaging with two-photon imaging, PGNs actively integrating in sensory-enriched glomeruli (vs. nonenriched glomeruli) were targeted. It was shown that sensory activity upregulates both dendritic and synaptic maturation of PGNs, in vivo. Enrichment increased the size of these neurons' dendritic tree, as well as the total number of their synapses. Importantly, this effect was specific only to neurons located in sensory-active regions of the OB, even within the same tissue (Livneh et al., 2009). Further, we later demonstrated that sensory experience stabilizes synaptic turnover of mature adult-born PGNs and mature adult-born GCs. This dendritic stabilization that extends well into maturity shows that plasticity of adult-born neurons is long-lasting (Livneh and Mizrahi, 2011). These data further support the view that sensory experience regulates synaptogenesis in the OB. Functionally, the new synapses of adult-born neurons have been targeted using electrophysiology in acute slices. Nissant et al. (2009) labeled newborn neurons using viral transduction for birthdating and used whole-cell patch clamp to assess synaptic responses to long-term potentiation (LTP) protocols. By stimulating different layers, they targeted different subsets of new synapses and discovered the existence of LTP onto synapses of newborn INs. LTP was synapse-specific and faded in neurons as they matured (Nissant et al., 2009). New studies further support and strengthen the relationship between sensory experience, adult-born neurons and plasticity (Lepousez et al., 2014; Sawada et al., 2011; Bonzano et al., 2014; Lazarini et al., 2014; Wallace et al., 2017; Muthusamy et al., 2017).

The aforementioned evidence suggesting that sensory input shapes normal integration is not supported by experiments that used genetic manipulations to influence the membrane excitability of the new neurons. Specifically, neither constitutive expression of potassium channels (which induce hyperpolarization) nor constitutive expression of sodium channels (which induce depolarization) changed the number of synapses onto newborn neurons or their strength (Lin et al., 2010). These results suggest that extrinsic mechanisms, rather than intrinsic ones, may trigger processes that induce or suppress synaptogenesis. These processes may induce changes in the excitability of the developing cells, but they are not sufficient to regulate synaptogenesis themselves. Thus, it will be important to uncover the molecular mechanisms that regulate synaptic integration of adult-born neurons. For example, Licht and colleagues showed that VEGF is important for proper dendritic and synaptic development (Licht et al., 2010). Recently, we further showed that microglia, known to have an important role in synaptic development in an early postnatal period, also regulate the elimination, formation, and maintenance of synapses on adult-born neurons (Reshef et al., 2017).

The synapses of the INs are not the only ones that rapidly turn over in the adult. Presynaptic axons of the ORNs do too. ORN axons find their path to the correct glomerulus by a molecular-guided journey, some of which are also regulated by activity (Sakano, 2010; Yu et al., 2004; Zhao and Reed, 2001). Recently, it was shown that additional ORNs can innervate a glomerulus depending on the animal's experience even in adulthood. Using a combination of electron microscopy, optogenetic activation and in vivo time-lapse imaging, Belluscio and colleagues showed that similar to abNs in the OB, newly generated ORNs undergo continuous activity-dependent synaptic remodeling (Cheetham et al., 2016). Therefore, synaptogenesis of ORN origin is another potential source for plasticity that persists into adulthood. Ressler and colleagues showed that both aversive and appetitive conditioning can play a role in the case of mature ORNs plasticity (Jones et al., 2008). The authors analyzed a genetically targeted axonal bundle under different behavioral conditions using odors that are thought to activate the specific ORN subtype. Odor-trained mice had larger labeled glomeruli (Jones et al., 2008). Although ORN synapses were not actually analyzed in this study, the gross morphological changes suggest that ORN replacement 
may not only serve to compensate for the wear-out processes in the epithelium. Similar studies carried out in Drosophila support this conclusion (Sachse et al., 2007; Yu et al., 2004).

The studies discussed above were made under laboratory housing conditions. This prompts the question of whether and how real-life experience might affect structural plasticity. Natural behaviors like pregnancy and parturition, when sensory environments change dramatically, have been shown to induce changes in the survival rates of newborn neurons (Shingo et al., 2003). Parturition also resulted with structural features that are indicative of enhanced integration of adult-born neurons (Kopel et al., 2012). It seems that the plastic changes may be induced by the mere experience of the animal with the pups because changes are also observed in males that care for their neonates (Mak and Weiss, 2010). Is the relationship between adult-neurogenesis and sensory experience reflected also in sensory processing properties? Recent advances by means of in vivo imaging suggest that it is.




11.5.3. In vivo functional properties of adult-born neurons in the olfactory bulb

Local interneurons have been shown to inhibit MCs through dendrodendritic reciprocal connections. Inhibition is important in computations such as contrast enhancement, gain control, and pattern decorrelation (Banerjee et al., 2015; Koulakov and Rinberg, 2011; Yu et al., 2014; Fukunaga et al., 2014; Arevian et al., 2008). In turn, manipulation of inhibition affects odor perception and learning (Abraham et al., 2010; Gschwend et al., 2015). How do abNs play into this equation? Using optogenetics, photo-activating abNs enhanced performance of difficult odor discrimination but not easy ones (Alonso et al., 2012). Another recent study used a transgenic mouse line to ablate abNs. Then, calcium imaging of MCs in these mice revealed decreased separation of odors suggesting a role of abNs in odor discrimination (Li et al., 2018). These manipulations and others emphasize the role of abNs in fine odor-guided behaviors (Moreno et al., 2009; Mouret et al., 2009; Sakamoto et al., 2011; Mandairon et al., 2018; Grelat et al., 2018; Muthusamy et al., 2017).

A critical step to understand abNs functional is to describe their response properties directly. Toward this goal, two-photon targeted patch was used to measure odor-evoked responses from adult-born periglomerular neurons (abPGNs) of different ages, in vivo. Young 4- to 8-weeks-old abPGNs were highly responsive to odors in a nonselective way. After this critical period, response properties of abPGNs became sparser. Furthermore, sensory experience sharpened the responses further in an odor-specific manner (Livneh et al., 2014). In vivo two photon calcium imaging experiments revealed response properties of abNs that are only a few days old. Surprisingly, these young abNs already showed mature patterns of odor-evoked responses (Kovalchuk et al., 2015). Another imaging study (Wallace et al., 2017) found that adult-born granule cells (abGCs) were initially more responsive, and later became more selective—in accordance with the electrophysiological responses recorded from abPGNs in Livneh at al. (2014). These results are very different from another study that used mouse genetics and imaging to find an expansion of sensory inputs over time (Quast et al., 2017). One possibility for the contradictory results is the possibility different studies targeted different subpopulation. In accordance with this explanation, Murthy and colleagues found that a fraction of abGCs had broader tuning with maturation (Wallace et al., 2017). These results strengthen the idea that subpopulations of abNs support different functions (Kosaka and Kosaka, 2005; De Marchis et al., 2007; Malvaut and Saghatelyan, 2016). In this context, a recent study found that embryonic-born dopaminergic neurons are more broadly tuned than adult-born dopaminergic neurons (Galliano et al., 2018), highlighting the heterogeneous nature of the pool of abNs in the OB.





11.6. Future perspective

In many ways, one lives today in revolutionary times. The genome of many species (including humans) is only a few clicks away. This allows us to choose a gene(s) to target. Comparative studies of synapses in an evolutionary context are now made possible (Ryan and Grant, 2009). Information regarding the expression of many genes in both developing and mature brains is freely available on the web (http://www.brain-map.org/). Once the gene of interest has been spotted, it can be used as a handle by which one grasps their favorite synapse. Grasping has also been made easier than ever before. Transgenic mice that carry mutations, reporters, and drivers under the control of numerous genes are readily available for immediate purchase. Several viral delivery tools are available off the shelf and are relatively inexpensive. New viral delivery vehicles with transsynaptic properties have been developed (Wickersham et al., 2007; Miyamichi et al., 2011; Chatterjee et al., 2018), as well as new and powerful genetic-manipulation strategies (Shalem et al., 2015). In addition, fluorescent microscopes, more powerful than ever before, are becoming “nanoscopes” (Egner and Hell, 2005; Wilt et al., 2009), allowing us to look at synapses in higher resolution both spatially and temporally, and even in all the colors of the rainbow (Livet et al., 2007). In light of these technological breakthroughs, one might probably expect to see more studies of synapses in their natural habitat, in vivo.






The study of olfaction is also flourishing. Following the seminal discovery of Buck and Axel (1991), the field of ORNs has received much attention to date. Beyond the epithelium, most studies have concentrated on the next station in signal processing: the OB. Today, more and more studies are reaching one (or two) steps further into the cortex (Uchida et al., 2014). Studies on synaptic development and maintenance in olfactory cortical areas might also follow these physiological tours into the cortex (Reuveni et al., 2018).

Accumulating knowledge on synaptogenesis may have translational promise. From the studies described above, it is clear that new adult-born neurons can and do integrate into existing circuits, participate in sensory coding, and affect cognition and behavior. Understanding these processes may be used to restore function after neuronal damage using neuronal replacement therapies. The sources of such neuronal replacements include endogenous recruitment from neurogenic niches, cell transplantation, and conversion of local glia cells into neurons (Grade and Gotz, 2017). These approaches are already being translated into successful treatments of several pathologies in animal model, and in human clinical trials (reviewed in Grade and Gotz, 2017; Barker et al., 2018). Recently, a study that used fetal neuronal transplantation in the visual cortex was able to get remarkably precise circuit integration, including reestablishment of both efferent and afferent connections. Moreover, using calcium imaging the authors were able to show that the transplanted neurons are functional and are tuned in a manner resembling resident visual cortex neurons (Falkner et al., 2016). This study together with others, emphasize the importance of studying the mechanisms that control, support, and maintain integration of new neurons into existing circuits (Miyamichi et al., 2011; Frick et al., 2004).
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Abstract


γ-Aminobutyric acid (GABA) exerts a partly excitatory action on immature neurons by means of the high [Cl
−
]I levels present in many animal species and brain structures. This unique mechanism of action mediated by large anion permeability is exquisitely suited to regulate the activity of primitive networks that immature neurons must generate to modulate the construction of functional cortical networks. It is also instrumental in the pathogenesis of many developmental disorders with a persistence of immature features that perturb the operation of behaviorally relevant oscillations. Therefore, restoring GABAergic inhibition and the polarity of GABA actions is a promising novel therapeutic avenue, and recent clinical trials in the treatment of autism spectrum disorders have validated the importance of this approach. Several examples from preclinical and clinical trials will be illustrated.
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12.1. Introduction

γ-Aminobutyric acid (GABA) is an inhibitory transmitter that provides most of the inhibitory drive of adult networks. Its actions are mediated by a receptor channel complex permeable mainly to anions—notably chloride—that act to reduce neuronal excitability. GABA also exerts a shunting action by virtue of the large currents it generates and the equilibrium potential (E
GABA) that tend to reduce currents generated by glutamatergic synapses and the generation of action potentials. As such, the actions of GABA are complex, multifaceted, and to some extent always include an inhibitory component. Yet, GABA can also excite neurons depending on the intracellular concentration of chloride ([Cl
−
]I). Now this value is exquisitely sensitive to activity suggesting that, strictly speaking, there is no stable E
GABA as even brief epochs of enhanced activity will alter this value transiently or more permanently. This dependence on activity is instrumental in underlying the actions of GABA, thus making it unique among classical transmitters. In essence, the operation of GABA more than other transmitters includes an intrinsic mechanism that codes for the recent history of activation of the synapses involved and can reverse tone and exert an opposite effect when needed. In other terms, in addition to the classical increase or decrease of synaptic efficacy—LTP and LTD and associated plasticity mechanisms that alter synaptic efficacy—GABA is endowed with a device that can reverse the net consequence of the activation of GABAergic synapses.

Classically, GABAergic signaling is considered to play a major role in brain physiology, and dysfunction of GABAergic currents leads to pathological conditions such as epilepsies that are generated when the balance between excitation and inhibition is impaired (Roberts, 1986; Barmashenko et al., 2011). This, however, appears more and more as a simplistic view as it does not take into account this intrinsic mechanism: GABA not only excites or inhibits but also adapts its signature to the recent activity of the network involved.






Several factors have to be integrated in our views of GABA actions:



	
1. the heterogeneity of GABAergic neurons and synapses unraveled in the past decades suggests that an array of GABAergic signaling functions may exist (Ito, 2002; Freund and Buzsaki, 1996; Wong et al., 2018);

	
2. GABAergic neurons control the generation of behaviorally relevant patterns and oscillations that may turn out to be far more important than inhibition per se (Bragin et al., 1995; Buzsaki and Draguhn, 2004; Khalilov et al., 2005);

	
3. the pattern of target innervation by GABAergic synapses is also determinant as somatic, axo-axonic, or dendritic innervations will exert quite different consequences (Howard et al., 2005; Gulyas et al., 1999; Szabadics et al., 2007);

	
4. tonic and phasic inhibitions have been described with different molecular features and modulation of networks, the former providing a total net charge superior to the latter illustrating its importance (Farrant and Nusser, 2005; Stell et al., 2003);

	
5. GABA also excites neurons when the intrinsic chloride gradient is altered in a variety of species, and presynaptic actions of GABA have been extensively characterized for several decades (Dudel and Kuffler, 1961; Gerschenfeld, 1973; Marty and Llano, 2005; Stein and Nicoll, 2003; Jang et al., 2002).





Excellent reviews of GABA operations on adult neurons are available in literature (Owens and Kriegstein, 2002; Freund and Buzsaki, 1996; Buzsaki, 2002; Cherubini and Conti, 2001). GABA can generate a hyperpolarization and a reduction of action potential firing but, when the reversal potential of GABA receptor–mediated responses (E
GABA) is at a more depolarized potential than the resting membrane potential (E
m), it will lead to a membrane depolarization (Gulledge and Stuart, 2003; Martina et al., 2001). In shunting inhibition, hyperpolarizing or depolarizing GABAA receptor–mediated responses reduce dendritic excitatory glutamatergic responses via a local increase in conductance across the plasma membrane (Gulledge and Stuart, 2003). Indeed, the developing brain faces the situation of having to generate early patterns of activity and synchronize neurons that are at very different developmental stages, some endowed with many synapses, whereas others have few if any. Yet, these neurons must fire together in order to wire together. This is a particularly complex task in species such as humans where the delay between the formation of the first and last neuron from the same population is prolonged (∼100
 
days) indicating that neurons belonging to the same populations in adults—and that are undistinguishable then—are very different early on.

Virtually, all ionic currents whether they are voltage gated or receptor and synapse mediated differ in developing neurons and adults and are in general more “sloppy” with longer time course and kinetics. This is one factor that facilitates the synchronization of very different neurons together by increasing the likelihood that recurrent activations will take place and convergent synapse-driven and transmitter-gated events will summate. GABA is particularly illustrative of these diverse actions and mechanisms and as such deserves a special treatment in textbooks of developmental neurobiology. It bears stressing that GABA is not a novel signaling molecule. GABA and its receptors appeared very early during evolution, and glutamic acid decarboxylase (GAD) is ubiquitous in prokaryotes and eukaryotes. Fibers with GABA-like immunoreactivity are present in abundance in flatworms, and GABA signaling play important roles in plants (reviewed in Ben-Ari et al., 2007). Therefore, the multiple facets of GABA have been widely used during evolution.




12.2. GABA depolarizes, produces a rise of [Ca2+]I, and can generate sodium spikes in immature neurons

Obata provided the first evidence that GABA actions may be developmentally regulated (Obata, 1972; Obata et al., 1978) as GABA or glycine depolarized 6-day-old chick spinal neurons in culture and hyperpolarized 10-day-old embryos. Using intracellular recordings, in hippocampal slices, somatic GABA did produce a depolarization in neonatal (P6–10) rabbit hippocampal CA1 pyramidal neurons (Mueller et al., 1983). Different actions of GABA on dendrites and somata of neurons have also been reported (Thalmann et al., 1981; Alger and Nicoll, 1982). Starting in 1987, the activity of thousands of immature hippocampal rodent neurons was recorded in slices and a developmental gradient of response corresponding to a developmental progressive reduction of [Cl
−
]I was reported (Ben-Ari et al., 1989). Two other major features namely, the earlier formation of GABAergic synapses, which imply that GABA signals provide the earliest source of activity, and the presence of a network-driven pattern, the so-called giant depolarizing potentials (GDPs) that are present as long as a significant proportion of neurons still possess relatively high [Cl
−
]I and depolarizing GABA, have also been reported. This triphasic feature underlies the action of GABA early on, and models of the actions of GABA early on must include these features as they converge to reflect its unique actions on developing neurons.

This being said, it is by no means simple to determine precisely the parameters that control GABA actions on immature neurons. All invasive recording techniques have their problems. Thus, whole cell recordings alter [Cl
−
]I and therefore 

E
GABA because the chloride concentration is determined by that of the recording pipette. Perforated patch recordings are inadequate to determine V
rest in immature neurons because of the large current flow that occurs with this invasive method consequent to the large input resistance of immature neurons (Tyzio et al., 2003, 2008). Estimates of error in V
rest are as much as 15–20
 
mV, which will shift the estimate of E
GABA accordingly. For all these reasons, only noninvasive techniques are suitable to serve that purpose. Therefore, single GABA and NMDA channel recordings were undertaken systematically from the same neuron in order to obtain a genuine estimation of E
GABA and V
rest, respectively, from which E
GABA can be calculated (E
GABA

 
=
 

V
rest – DFGABA) (Tyzio et al., 2003, 2008) (Fig. 12.1).

A developmental sequence of progressive reduction of [Cl
−
]I was found in the hippocampus, neocortex, and other brain structures (Ben-Ari et al., 2007; Ben-Ari, 2001; Owens and Kriegstein, 2002. Interestingly, V
rest is not altered during development (also see Sauer and Bartos, 2010) with the exception of minor modifications notably around delivery (see below). This is obviously of importance as the actions of GABA will be depolarizing with a V
rest of −75 to 80
 
mV but not 
necessarily with a −55 to 60
 
mV. An interesting observation was made by Obrietan and van den Pol using single-channel GABA patches as sensors to show that axons release GABA (Obrietan and van den Pol, 1996) that will subsequently excite target neurons.



[image: image]



Figure 12.1 Dual recordings of single GABA and NMDA channels. (A) Scheme of the dual CA3 pyramidal cell-attached recordings of single GABA and NMDA channels with representative traces of dual recordings shown below. Spontaneous bursts of action potentials in cell-attached recordings (B) and synaptic activity recorded in whole-cell configuration (C) occur simultaneously in both electrodes, confirming that the recordings were performed from the same cell. (D) Summary plots of GABA driving force (DFGABA) inferred from I–V curves of single GABA channels (upper plot); resting membrane potential inferred from I–V curves of single NMDA channels (Em, middle plot); and the GABA reversal potential (EGABA

 
=
 
DFGABA

 
+
 
Em; bottom plot). Pooled data from 43 CA3 pyramidal cells. Note that Em does not change during postnatal development, and that depolarizing EGABA shifts negatively during development but does not reach the value of Em. P, postnatal day; Vp, pipette potential. 

From Tyzio, R. et al., 2008. Postnatal changes in somatic gamma-aminobutyric acid signalling in the rat hippocampus. Eur. J. Neurosci. 27(10), 2515–2528.




Direct measures of the spike threshold usually suggest that the depolarizing GABA does not reach that threshold. Synaptic activation of GABA receptors by electrical stimulation in the presence of glutamate receptors antagonists (CNQX and APV) evoked one or two action potentials in P2–5 CA3 pyramidal cells and interneurons recorded in the cell-attached configuration, and the response was blocked by the GABAA antagonist bicuculline (Khazipov et al., 2004; Tyzio et al., 2007; Ben-Ari et al., 2007). Sauer et al. showed that GABA initially depolarizes and excites neurons and after a few days this shifts to shunting inhibition (Sauer and Bartos, 2010). Other noninvasive recording techniques notably multiple unit activity (MUA) recorded with extracellular electrodes also show excitatory actions of GABA agonists (Tyzio et al., 2007). Modulators of GABA actions, notably benzodiazepines, also increased GDP frequency, synaptic activity, and MUA in neonatal rats (Khalilov et al., 1999; Khazipov et al., 1999). Activation of synaptic GABAergic EPSCs activated a slowly inactivating iNaP current that prolonged the response and augmented its amplitude enabling it to reach the spike threshold (Valeeva et al., 2010) suggesting a convergence of a synapse-driven signal and a voltage-gated current is needed to activate spikes. Interestingly, iNaP have been shown to be activated by low-amplitude slow kinetic long-lasting decay time constant currents such as kainate EPSCs in granule cells (Epsztein et al., 2009).

Excitatory actions of GABA depend on three fundamental parameters: the resting membrane potential (E
m), reversal potential of GABA (E
GABA), and threshold of action potential generation (V
thr). Using noninvasive single NMDA and GABA channel recordings to measure E
m and E
GABA from the same neuron, GABA strongly depolarized pyramidal neurons and interneurons in both deep and superficial layers of the immature neocortex (P2–P10) and generated action potentials in layer 5/6 (L5/6) but not L2/3 pyramidal cells. This difference is due to the smaller voltage amplitude required to generate spikes in L5/6 pyramidal cells that have more depolarized V
rest and more hyperpolarized V
thr. The threshold of action potential generation shifts during development, further exacerbating these differences (Rheims et al., 2008). In addition, and because of the activation of Na channels that boost postsynaptic potentials, the generation of spikes is facilitated (Häusser, 2001; Williams and Stuart, 2003). Similar observations were made for GABAergic basket cells (Sauer and Bartos, 2011). Developmental changes of Na and K channels have also been extensively investigated (Moody, 1998; McCabe et al., 2006). Therefore, a convergence of a transmitter-gated and a voltage-gated current can play crucial roles in the operation of immature synapses. This calls for a better integration of the parallel shifts of the former and latter considering the important developmental sequences of both voltage- and transmitter-gated currents.

GABA depolarization has, however, additional actions that play important roles in its trophic effects on immature neurons. Thus, the depolarization produced by GABA attenuates the voltage-dependent magnesium block of NMDA channels. With cell-attached recordings of single NMDA channels from P2–5 CA3 pyramidal cells, the activation of GABA receptors strongly reduced the magnesium block of NMDA channels by reducing the affinity of magnesium ions to NMDA channels from 16 to 118
 
nM (Leinekugel et al., 1997). Applications of the GABA1 analogue isoguvacine and NMDA increase [Ca2+]i when applied together but not separately leading to an important rise of [Ca2+]i (Marchionni et al., 2007; Ben-Ari et al., 1997). These effects are all the more exacerbated by the earlier expression of NMDA receptor subunits that are less voltage dependent and that generate long-lasting currents (Monyer et al., 1994; Pollard et al., 1993). The combined effects of GABA and the large and long-lasting NMDA currents will trigger long-lasting synchronized synapse-driven activities—viz., GDPs (see below)—that entrain a large proportion of neurons to fire together. This also facilitates the generation of a large calcium influx much needed to enable various forms of synaptic plasticity and trophic actions of GABA (Kasyanov et al., 2004; Cellot and Cherubini, 2013). Therefore, the depolarizing actions of GABA should be viewed not only in the perspective of spike generation but also to activate other signals including NMDA and voltage-gated calcium currents, thereby providing a source of calcium influx and trophic actions.

Noninvasive imaging techniques have also provided direct evidence that the activation of GABAA receptors increases [Ca2+]i in virtually all immature types of neurons (Obrietan and van den Pol, 1995; Connor et al., 1987). GABA and glycine increased [Ca2+]i in a number of embryonic and neonatal neurons including neocortex (LoTurco et al., 1995; Lin et al., 1994), hippocampus (Leinekugel et al., 1997), spinal cord (Kulik et al., 2000), dorsal horn neurons (Reichling et al., 1994; Wang et al., 1994), hypothalamus, olfactory bulb, cortex, medulla, striatum, thalamus, and colliculus (Obrietan and van den Pol, 1995) (see Table 1 in Ben-Ari et al., 2007). High (Cl
−
)I levels in immature neurons have been observed using invasive/noninvasive and imaging or recordings. This is also the case in a wide range of animal species extending from chick, fish, mouse, rat, and humans using many in vitro preparations including dissociated neuronal cultures, slice organotypic cultures, acute slices, intact retina, intact spinal cord, breathing systems, etc. (see references in Ben-Ari et al., 2007). Therefore, it is safe to conclude that GABA exerts different effects in young and adult neurons (see Box 12.1).










Box 12.1 Challenging the GABA developmental sequence

As often in science, controversies can be helpful in reviewing the state of our knowledge and revisiting observations in light of novel techniques and knowledge. The criticism of the GABA developmental sequence has been essentially concentrated on the validity of in vitro preparations and notably slices. This is quite astonishing as most, if not all, our understanding of cellular mechanisms stem from in vitro data without which our knowledge of virtually all ionic currents and synaptic operations would be very limited indeed. The first challenge was on the basis of insufficient metabolic supply of glucose-perfused slices; the authors claiming that lactate or pyruvate are indispensable to provide the energy needed (Rheims et al., 2009). This challenge was rapidly abandoned because of wrong assumptions, irreproducible results, and hasty conclusions (Ben-Ari et al., 2012; Ruusuvuori et al., 2010). It was then challenged by Khazipov, Staley, and colleagues, who had provided significant contributions to the GABA developmental shift. The authors suggested that the different GABA effects in immature neurons are due to differences between surface and depth of recordings in slices (Dzhala et al., 2012), the depolarizing actions suggested to only occur on the damaged surface. This, however, was in essence abandoned by the authors themselves shortly thereafter (Valeeva et al., 2013; Glykys and Staley, 2016). More recently, Kirmse and colleagues (Kirmse et al., 2015) as well as Khazipov and colleagues from the Cossart team (Valeeva et al., 2016) confirmed the shift of [Cl
−
]I levels in vivo but suggested that this is associated with inhibitory actions, the excitatory effects suggested to be a slice observation. The use of anesthetics in both studies severely hampers their conclusions because of the major impact volatile anesthetics have on [Cl
−
]I levels and GABAergic inhibition (Lim et al., 2014; Xu et al., 2015; Liu et al., 2016; Martynyuk et al., 2017) and (Ben-Ari, 2018, in press) including an increase of caspase three that is attenuated by oxytocin (Cao et al., 2012). Volatile anesthetics impact hippocampal networks with short- and long-term alterations (Brohan and Goudra, 2017; Wrobel et al., 2010), downregulate oxytocin and vasopressin release impairing social interactions (Zhou et al., 2015).

In addition, their measures of Vm and DFGABA in vivo are indirect and as recordings before and shortly after birth have not been performed they are not relevant to the delivery shift. It bears stressing that the strength of the developmental sequence is the convergence of data obtained in a wide range of animals and preparations—and not only mammals—its dependence on the sex of the animal, its modification in pathological conditions and restoration by maternal interventions, the actions of hormones and other biological parameters, its trophic actions and earlier maturation of GABAergic signals that cannot be reconciled with a technical or deficient preparation explanation.







12.3. The developmental shift is mediated by chloride cotransporters NKCC1 and KCC2

Extensive investigations on chloride cotransporters suggest that a developmental shift of [Cl
−
]I levels underlie the shift of GABA actions. First reported by Rivera et al. (1999), a developmental sequence with the chloride exporter KCC2 being expressed after the chloride importer NKCC1 has been repeatedly confirmed with immunocytochemical techniques in a wide range of animals extending from insects, amphibian, and vertebrates to mammals including humans (Ben-Ari et al., 2007; Blaesse et al., 2009; Kahle and Staley, 2008) (Fig. 12.2). This sequence is of clear importance as both drugs and genetic manipulations confirm its exquisite role in the development of GABA actions. Thus, the diuretic NKCC1 chloride cotransporter-specific antagonist bumetanide blocks the GDPs present only at early developmental stages when GABA depolarizes neurons (Sipilä et al., 2006; Nardou et al., 2009). Pharmacological, anatomical, and genetic observations also suggest that in neonatal pups the removal of chloride heavily depends on KCC2 (Rheims et al., 2008; Zhu et al., 2008) and strongly parallels shifts of GABA polarity (Akerman and Cline, 2006; Ben-Ari et al., 2007; Boulenguez et al., 2010; Stil et al., 2011; Delpire, 2000; Payne et al., 2003; Rivera et al., 1999; Sernagor et al., 2003; Tanis et al., 2009). Similarly, in NKCC1 Kos, early patterns are strongly altered (Pfeffer et al., 2009). Also, genetic manipulations to alter—delay or accelerate KCC2 expression (Ben-Ari et al., 2007; Chudotvorova et al., 2005; Wang and Kriegstein, 2008; Medina et al., 2014; Reynolds et al., 2008), alter GABA polarity, GABA synapse formation, and neuronal development in vivo. Therefore, chloride is more readily imported than exported at an early developmental stage leading to the developmental gradient and different actions of GABA on young and adult neurons.

However, other systems also take part in the chloride sequence as not all adult neurons express KCC2 (Pozas et al., 2008). Thus, in immature neurons in the auditory brainstem, KCC2 is initially expressed but functionally inactive and the neurons generate depolarizing GABAA and glycine responses mediated not by NKCC1 but by an unidentified Cl
−
 uptake 
transporter (Balakrishnan et al., 2003). In the avian auditory brainstem, GABA is rendered inhibitory during development by low voltage–activated outward currents mediated by Kv1-type K+ channels (Howard et al., 2007). Therefore, the chloride shift is universal, although the mechanisms leading to it are not.
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Figure 12.2 Developmental changes in chloride homeostasis during development. (A) During development, the intracellular chloride concentration decreases leading to a shift from depolarization to hyperpolarization. (B) Developmental changes in the intracellular concentrations of chloride are mediated by the developmental expression of a chloride extruder KCC2 and an intruder NKCC1. 

Reproduced with permission from Ben-Ari, Y., Gaiarsa, J.L., Tyzio, R., Khazipov, R 2007. GABA: A pioneer transmitter that excites immature neurons and generates primitive oscillations. Physiol. Rev. 87, 1215–1284.





The timing of the switch is also sex and cell type specific (Balakrishnan et al., 2003; Gulácsi et al., 2003; Friauf et al., 2011; Banke and McBain, 2006; Galanopoulou, 2008; Roux et al., 2018; Kim and Trussell, 2009; Löhrke et al., 2005). It might be expected that neurons of the same type born earlier will also express the shift earlier. If so, then the entire sequence and its contribution to emerging activity will differ (Banke and McBain, 2006) in identical networks at different developmental stages illustrating the complexity of the system.




12.4. GABAergic signals develop before glutamatergic ones in many brain structures

Recording and reconstructing a large number of pyramidal neurons at birth (P0) revealed (Tyzio et al., 1999) three populations of neurons: 80% with no synaptic currents, a small soma, an axon, and no apical dendrite; 10% with GABA but no glutamate PSCs and with apical dendrite only; and 10% with both GABA and glutamate PSCs and an extended apical dendrite that reached the lacunosum moleculare (Fig. 12.3). These observations suggest that (1) GABAergic synapses are established before glutamatergic ones on pyramidal neurons and (2) the first synapses are dendritic suggesting 
that GABAergic interneurons that target dendrites of principal cells mature first. In a subsequent study, we found a similar sequence for interneurons but with an earlier time frame: at P0 80% of interneurons had already functional GABA and glutamate synapses, and at earlier embryonic stages, GABAergic interneurons expressed first GABAergic and then glutamatergic synapses (Hennou et al., 2002; Ben-Ari et al., 2004). Similar observations have been reported in the dentate granule cells (Liu et al., 1996; also see Ambrogini et al., 2004). Immature miniature GABA PSCs also have slower kinetics than more developed ones, resulting in a larger decrease in synaptic charge transfer than in adults (Hollrigel and Soltesz, 1997; Cohen, 2002; Liu et al., 1998). This sequence was confirmed with similar tools on primate hippocampal neurons recorded in utero (Khazipov et al., 2001). Therefore, GABAergic signals are functional in the hippocampus before glutamatergic ones.
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Figure 12.3 Camera lucida reconstruction of injected P0 pyramidal cells grouped accordingly to their synaptic properties. Neurons with no PSCs are shown in green, neurons with only GABAergic PSCs in red, and neurons with GABA and glutamate PSCs are in black and blue. Silent neurons have no apical dendrites, GABA only-active neurons have a small apical dendrite, whereas GABA plus glutamate-active neurons have large somata and an apical dendrite that reached stratum lacunosum moleculare. 

From Tyzio, R. et al., 1999. The establishment of GABAergic and glutamatergic synapses on CA1 pyramidal neurons is sequential and correlates with the development of the apical dendrite. J. Neurosci. 19(23), 10372–10382.




Several observations suggest a similar general sequence in other brain regions. Thus, neocortical neurons that migrate to the cortical plate have spontaneous GABAergic PSCs (Owens and Kriegstein, 2002). Also, electrical stimulation of layer 1 generates a GABAergic excitatory PSC in pyramidal neurons (Owens and Kriegstein, 2002). Extensive investigations showed a similar sequence in the spinal cord of many animal species (Boulenguez et al., 2010) (reviewed in detail in Ben-Ari et al., 2007).

Perhaps one of the best illustrations of this pioneering role of GABA signaling is the earlier expression of GABA in synapses that in adults will operate by means of glycine and or even glutamatergic synapses (Gutiérrez, 2002; Jonas et al., 1998; Voronin and Cherubini, 2004; Walker et al., 2002). Thus, in the gerbil lateral superior olive, there is a transition from GABAergic to glycinergic transmission during the first two postnatal weeks (Kotak et al., 1998). Collectively, these studies possibly reflect the pioneer role of GABA that is expressed at an early stage before synapse refinement and expression of the mature phenotype, as if GABA signaling is “automatically” expressed first in developing systems (Caspary et al., 1995; Becker et al., 2003; Gillespie et al., 2005; Gras et al., 2005; Kim and Kandler, 2003). More recently, Chen and Kriegstein reported that in human and mouse GABAergic depolarizing projections from the zona incerta to the neocortex promote cortical development further stressing the importance of the actions of GABA signaling during brain development (Chen and Kriegstein, 2015).




12.5. A parallel developmental sequence of brain patterns

In addition to ionic currents, brain patterns that they generate also follow a developmental sequence. The classical retinal waves first described by Galli and Maffei (1988) have been generalized to a large number of animal species and receiving visual brain structures (Feller, 2009; Wong, 1999). Cholinergic and GABAergic signaling play an important role in their generation by amacrine cells (Feller et al., 1996; Leitch et al., 2005). In the hippocampus, postnatal neurons generate transiently a network-driven pattern that entrains many neurons to fire together (Ben-Ari et al., 1989). GDPs are network-driven polysynaptic events that appear to provide most of the initial ongoing activity before being replaced progressively by more random ongoing activity and subsequently behaviorally relevant patterns (Ben-Ari et al., 1989; Ben-Ari, 2002). Interestingly, these patterns were present as long as a significant percentage of neurons had depolarizing GABA actions and were indeed blocked not only by GABA receptor antagonists, but also by glutamate receptor 
antagonists suggesting that glutamatergic currents also participate (Ben-Ari et al., 1989; Gozlan and Ben-Ari, 2003; Griguoli and Cherubini, 2017; Garaschuk et al., 1998). Subsequent investigations confirmed the central role of GABAergic signals as GDPs are readily blocked by the diuretic-specific NKCC1 antagonist bumetanide—or genetic invalidation of the cotransporter—that also shifts GABA actions to more hyperpolarizing values in vivo and in vitro (Sipilä et al., 2006; Nardou et al., 2009; Pfeffer et al., 2009; Mohajerani and Cherubini, 2006; Griguoli and Cherubini, 2017). Using a dynamic multiphoton imaging system that enables the recording of large neuronal populations in slices and a mathematical program to identify each component, we reported a triphasic sequence with initially in utero intrinsic voltage-dependent calcium spikes followed by synchronized plateau in small cell assemblies (SPAs) interconnected by gap junctions (Crépel et al., 2007), suggesting that voltage-gated currents precede synapse-driven ones. The earlier expression of intrinsic calcium currents followed by gap junction–mediated large calcium plateaux—before synapse-mediated communication—is an evolutionary conserved feature (for review, see Ben-Ari et al., 2007). Single GABAergic neurons orchestrate GDPs by triggering, reducing, or altering the frequency of GDPs (Bonifazi et al., 2009). Patching and stimulating these “hub” neurons that are endowed with a wide range of extensions and ramifications revealed they can orchestrate large synapse-driven patterns, again reflecting the crucial role of GABA signaling. Interestingly, subsequent studies both suggested that these neurons are dendrite-targeted interneurons (Picardo et al., 2011). Also, similar developmental sequences have been reported in the neocortex (Allene et al., 2008) and the striatum (Dehorter et al., 2011, 2012) suggesting that they are basic developmental rules.




12.6. Trophic actions of GABA and the checkpoint concept

GABA acts as a trophic factor modulating essential developmental processes including neuronal proliferation, migration, and differentiation. GABA immune-reactive neurons are found in all fetal zones of the cerebral anlage starting from embryonic day 15 (Cobas et al., 1991; Van Eden et al., 1989) and in many embryonic brain structures (Turco and Kriegstein, 1991; Obrietan and van den Pol, 1997). GABA is released from growth cones well before synapses have been formed (Obrietan and van den Pol, 1996). In the Xenopus embryo, Spitzer and colleagues have shown that GABA immunoreactivity appears at an early stage (Borodinsky et al., 2004; Watt et al., 2000) controlling the phenotypic expression of transmitters. Specifically altering the frequency of these calcium currents determines whether the neurons will have a GABA or a glutamatergic phenotype (Spitzer, 2006).

GABA exerts a trophic role on neuritic development and neuronal growth (Barbin et al., 1993) and together with glutamate, also exerts a major role on neuronal migration (Bortone and Polleux, 2009). Migrating neurons generate when stimulated bicuculline-sensitive GABAergic “nonsynaptic” current in silent neurons (Valeyev et al., 1998) (Demarque et al., 2002). This mechanism is operative in knockout mice in which the snare family of proteins has been knocked out and vesicular release completely obliterated (Verhage et al., 2000). This nonvesicular release of GABA has an important regulatory role on neuronal migration since blocking GABA signaling, calcium currents, or NMDA receptor signals alter migration in vitro, and this may underlie some of the adverse teratogenic effects of antiepileptic agents used during pregnancy (Komuro and Rakic, 1992; Manent et al., 2009). More recent in vivo observations using the specific NKCC1 antagonist diuretic bumetanide—that shift GABA actions from depolarizing to hyperpolarizing—or mice with NKCC1 knocked out affect the construction of cortical structures quite heavily (Wang and Kriegstein, 2008, 2011). In addition, depolarizing actions of GABA regulate the synaptic integration of newly generated neurons in the adult dentate gyrus (Ge et al., 2005) and newly born neurons in the adult brain follow the developmental GABA sequence (Mejia-Gervacio et al., 2011). GABA also induced de novo synaptogenesis by means of its excitatory actions (Oh et al., 2016). Interestingly, the phenotype of neurons is also governed by activity-dependent mechanisms with calcium currents governing the GABA or glutamate phenotype (Rohrbough and Spitzer, 1996) raising the possibility that depolarizing actions of GABA via the activation of calcium currents might also intervene in this important feature. Therefore, the depolarizing actions of GABA also modulate the construction of cortical units at an early stage.

Relying on extensive observations suggesting activity-dependent regulation of development processes, Spitzer and Ben-Ari have suggested the “checkpoint concept” (Ben-Ari and Spitzer, 2010) according to which genes and activity operate in series, the latter modulating the expression of the former acting as checkpoint that verify the correct implementation of the assigned program. It is suggested that embryonic neuronal functions constitute a series of phenotypic checkpoints enabled by the unique features of immature signals and developmental sequences. The GABA developmental shift is one such sequence.









12.7. Pathological shifts of [Cl
−
]I levels and the neuroarchaeology concept

The regulation of [Cl
−
]I levels and GABA polarity is an extremely dynamic and activity-dependent process. Coincident pre- and postsynaptic spiking or postsynaptic firing of hippocampal neurons produces a long-lasting shift of the reversal potential of GABAergic PSCs (Woodin et al., 2003; Balena and Woodin, 2008; Fiumelli and Woodin, 2007). This is mediated by a reduction of the expression of the cation/chloride cotransporter KCC2 (Balena and Woodin, 2008; Fiumelli et al., 2005; Woodin et al., 2003) resulting in an accumulation of intracellular chloride and a shift of E
GABA to more positive values (Payne et al., 2003). In keeping with this, seizures and other insults are associated with a persistent quasi-permanent accumulation of chloride and shift of GABA actions, suggesting firstly that this is a fundamental mechanism of regulation of GABAergic actions and secondly that the control of intracellular chloride levels is an important target of physiological and pathogenic conditions (Cohen, 2002; Khalilov et al., 2003). This may be particularly strong in the developing brain where this control appears to be less efficient, notably because of a delayed full operation of KCC2 and therefore a more susceptible control of an exacerbated chloride influx. The mechanisms controlling the efficiency of KCC2 expression and activity are beginning to be unraveled and include tyrosine phosphorylation sites associated with an internalization of the transporter when these pathogenic paradigms are activated (Wake et al., 2007; Lee et al., 2007; Watanabe et al., 2009; Kahle et al., 2012). In summary, immature neurons like neurons submitted to seizures have difficulty to efficiently remove excessive accumulations of chloride and are thus subjected to long-term shifts of the GABA actions.

Subsequent investigations revealed that a wide range of pathological conditions and insults extending from ischemia, chronic pain, spinal cord insults, brain lesions, and various cancer types including brain and liver tumors are associated with similar changes raising the possibility that high [Cl
−
]I levels is a ubiquitous response of neurons and glia to insults (Turner and Sontheimer, 2014; Cuddapah et al., 2014; Ben-Ari, 2017). Relying on these and other observations, I have suggested the “neuroarchaeology” concept according to which alterations of developmental processes by genetic or environmental insults lead to permanent disorders by deviating/stopping developmental processes leading to the persistence of immature features in the adult brain (Ben-Ari, 2008). These “immature” neurons in an adult brain generate activities that perturb behaviorally relevant oscillations, paving the way to novel efficient treatments aimed at silencing these immature features using drugs that selectively block immature signaling. In accord with this, neurons who fail to migrate correctly remain immature in situ with immature features (Ackman et al., 2009). Recently this has been elegantly shown after maternal immune activation during gestation that leads to developmental disorders and is associated with high [Cl
−
]I levels (Corradini et al., 2018) (Fernandez et al. submitted), thereby validating the neuroarchaeology concept (Ben-Ari, 2008). Clearly, drugs that block selectively immature currents and signals constitute a highly suitable pharmaceutical treatment being devoid of side effects (see below).




12.8. An oxytocin-mediated shift of [Cl
−
]I during labor and birth that is abolished in autism spectrum disorders

Labor and birth are among the most complex biological events in mammals. In a short period of time, numerous vital reactions must take place including the transition from a liquid to an aerial medium, a drop in body temperature, a switch from a continuous to an intermittent supply of nutrients, as well as major changes in microbiota and the immune system (Hooper et al., 2016; Bland et al., 1982; Lagercrantz and Slotkin, 1986). This is associated with the release of many hormones including stress molecules such as catecholamine and cortisol which are required to facilitate lungs maturation (Lagercrantz and Bistoletti, 1977). Astonishingly, our knowledge on how the brain is prepared to this complex event is highly rudimentary.

In the course of our study to determine precisely the time course of alterations of [Cl
−
]I, we were astonished to find an abrupt dramatic loss of [Cl
−
]I just before and shortly after delivery (Tyzio et al., 2006). Applications of oxytocin receptor inhibitors used to reduce labor and delay delivery completely eliminated this loss, suggesting that the hormone that triggers delivery also acts to somehow prepare the embryonic brain for delivery. This rapid extrusion of chloride will also effectively act as a powerful inhibitory drive that may act to protect the brain from insults (Tyzio et al., 2006). Blocking oxytocin signals with a receptor antagonist—used also to delay preterm labor—aggravated the effects of brief anoxic episodes (Tyzio et al., 2006). This suggests that the hormone exerts a neuroprotective action by reducing the excitatory actions of GABA and promoting an inhibitory one that acts to prevent an accumulation of chloride in neurons (also see Zinni et al., 2018) (Fig. 12.4). These observations have been challenged by Kaila and coworkers suggesting that GABA excites pyramidal neurons and interneurons at this age, and vasopressin—not oxytocin—inhibits network activity by means of the excitation of interneurons (Spoljaric et al., 2017). There are, however, several intrinsic limitations to this study that are elaborated elsewhere (Ben-Ari, 2018).
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Figure 12.4 Oxytocin triggers a transient inhibitory switch in GABA signaling in the fetal brain during delivery. (A) Responses of CA3 pyramidal cells recorded in cell-attached mode to the GABAA agonist isoguvacine. Bottom: summary plot of the proportion of cells excited by isoguvacine during the perinatal period. Red code corresponds to the fetuses whose mothers received an oxytocin receptor antagonist. (E, embryonic; E21 corresponds to the early phase of delivery (1–2
 
h before birth); P, postnatal; P0 is the day of birth; pooled data from 146 neurons.) (B) Cell-attached recordings of single GABAA channels with GABA in the patch pipette (top trace); the channels were not observed in the presence of the GABAA antagonist picrotoxin (bottom trace). (C) I–V curves through GABAA channels in 2
 
cells, at E21 and E18; their reversal potential corresponds to the GABAA driving force (DFGABA). (D) Summary plot of the age dependence of DFGABA inferred from single GABAA channels recordings. Red code refers to oxytocin receptor antagonist pretreatment. Oxytocin-induced hyperpolarizing switch in DFGABA at E18 (blue code). (E) Age dependence of the resting membrane potential (E
m) of CA3 pyramidal cells inferred from the reversal of single NMDA channels recorded in cell-attached mode. (F) Age dependence of the GABAA reversal potential. Note a transient hyperpolarizing shift of E
GABA near birth. 

Modified from Tyzio, R. et al., 2006. Maternal oxytocin triggers a transient inhibitory switch in GABA signaling in the fetal brain during delivery. Science 314(5806), 1788–1792.





The underlying mechanisms of the actions of oxytocin have not been thoroughly determined but involve most likely chloride cotransporters as the diuretic NKCC1 antagonist bumetanide occludes this shift (Tyzio et al., 2006; Leonzino et al., 2016). Also, the occurrence of the voltage- and gap junction–dependent synapse-independent SPAs that provide a substantial component of early synchronized activities at birth (see above) is also affected by oxytocin receptor antagonists, 
suggesting that the hormone may also modulate gaps (Crépel et al., 2007). In addition, babies born by C-section are more susceptible to pain than babies born by vaginal delivery (Bergqvist et al., 2009). We confirmed this observation in rodents and showed that this is mediated by [Cl
−
]I levels in pain pathways, with both oxytocin and bumetanide exerting an analgesic action mediated by a reduction of these levels (Mazzuca et al., 2011) (also see Chabwine et al., 2015; Eliava et al., 2016; Gagnon et al., 2013). Therefore, in addition to triggering labor, this hormone—probably like other agents released during delivery (see below) —exerts a protective action on the baby to be born, an analgesic action, and these effects are mediated by a reduction of [Cl
−
]I and a shift of GABA actions. As stress molecules and conditions are known to augment [Cl
−
]I levels leading to neuronal hyperexcitability (Maguire, 2014; Wake et al., 2007; Hewitt et al., 2009; Kim et al., 2011; Inoue et al., 2013), it is suggested that oxytocin acts to compensate these potentially deleterious actions.

We have compared the [Cl
−
]I levels and actions of GABA during labor and delivery in naïve and two rodent models of ASD (intrauterine exposure to Valproate in rats, that leads to ASD in offspring in humans and animals; and the mouse model of Fragile X syndrome) (Tyzio et al., 2014). The GABA delivery shift is abolished in these models with [Cl
−
]I levels remaining elevated during birth and subsequently associated with GABA exerts excitatory actions (Fig. 12.5). Importantly, maternal administration of bumetanide shortly before and after birth restored the shift, the inhibitory actions of GABA and attenuated the severity of ASD signs (Cellot and Cherubini, 2013). Therefore, the polarity of GABA during this period exerts long-term effects contributing by an as yet undetermined mechanism to the long-term sequels of ASD. This also adds significant confirmation of the neuroarchaeology concept, the mechanisms leading to ASD occurring much earlier than the clinical signs and being associated with persistent immature features.

A recent study by Gaiarsa and colleagues (Dumon et al., 2018) provides an important conceptual addition to these results. In both humans and rodents, the levels of leptin—a hormone that regulates many functions and notably metabolism—surge during neuronal growth and synaptogenesis and remain elevated in children with early onset ASD, Fragile X, and Rett syndrome (Blardi et al., 2009; Lisik et al., 2016; Rodrigues et al., 2014). In addition, maternal obesity which is associated with hyperleptinemia heightens the risk of ASD and other neuropsychiatric disorders in children (Rivera et al., 2015; Wang et al., 2016). Collectively, these studies suggest that the hormone might play an important role in both maturation and the pathogenesis of brain disorders. In keeping with this, the authors show that in the absence of leptin signaling, the emergence of GABAergic inhibition is advanced in hippocampal neurons in comparison with age-matched naïve rodents (Fig. 12.6) (Dumon et al., 2018).

Also, maternal obesity known to be associated with hyperleptinemia delays the GABA excitatory to inhibitory shift in offspring (Fig. 12.6). The GABA developmental shift is also controlled by the thyroid hormone with a sharp rise of KCC2 expression at P10 in euthyroid rodents that is suppressed by hypothyroidism (Sawano et al., 2013; also see Friauf et al., 2008). Considering the impact of hypertension and obesity during gestation and delivery on the pathogenesis of disorders and ASD, these results shed light on the importance of linking GABA with environmental and clinical conditions. These important observations confirm the crucial role of the GABA developmental sequence suggesting that many hormones and conditions might be involved with different timings in the setting of GABAergic inhibition (Fig. 12.7).




12.9. Treating autism spectrum disorders with bumetanide: novel therapeutic avenues based on a reduction of [Cl
−
]I levels

There is at present no FDA- or EMA-approved treatment of ASD in spite of its high incidence. There are very indirect clinical observations that GABA might exert excitatory actions in children with ASD: Benzodiazepines exert paradoxical effects with hyperactivity rather than somnolence and reduced agitation (Marrosu et al., 1987; Bruining et al., 2015). Experimental observations suggest that such paradoxical effects are due to high [Cl
−
]I levels (Tyzio et al., 2014; He et al., 2014). Relying on these seemingly feeble observations, we performed with Dr. E. Lemonnier clinical trials using bumetanide to treat ASD children. We performed a pilot trial (Lemonnier and Ben-Ari, 2010) followed by a single site double blind trial (54 children) and a multiple French sites trial (87 children) (Lemonnier et al., 2017) (also see Du et al., 2015). They both were positive showing significant attenuation of several fundamental ASD criteria evaluated by CARS, SRS, or CGI (Fig. 12.8). A final large trial approved by the European authorities is now being performed in several EU countries (400 children).

To further determine the effects of bumetanide treatment, we used eye tracking and functional MRI techniques in adolescents with ASD (Hadjikhani et al., 2015, 2018). Bumetanide administered during several months improved both visual contacts and recognition of emotive figures. Bumetanide also improved brain structures involved in reward and social processing (Fig. 12.9). Collectively, these results suggest that elevated intracellular chloride might underlie at least some of the cardinal features of ASD.
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Figure 12.5 Maternal pretreatment with bumetanide before delivery switches the action of GABA from excitatory to inhibitory in offspring in VPA and FRX rodents at P15. (A) Average values of DFGABA measured in hippocampal CA3 pyramidal neurons at P15 in control (black), VPA (red), and VPA rats pretreated with bumetanide (blue). Note that pretreatment with bumetanide shifts DFGABA from depolarizing to almost isoelectric level. (B) Effects of isoguvacine (10
 
mM; black bars) in rats: Representative traces of spontaneous extracellular field potentials recorded in hippocampal slices at P15 in control, VPA, and VPA rats pretreated with bumetanide (BUM). Corresponding time courses of spike frequency changes are shown under each trace. (C) Average histograms of normalized spike frequency in rats. Isoguvacine (hatched bars) decreased the spike frequency in control rats (to 38.9
 
±
 
5.1%; gray); increased it in VPA rats (to 213.5
 
±
 
16.3%; red); and decreased it in VPA rats pretreated with bumetanide (to 82.8
 
±
 
10.7%; blue). (D) The same as in (A) for mice. Wild-type mice (WT, black), FRX mice (red), and FRX mice pretreated with bumetanide (blue). (E) The same as in (B) for FRX mice. (F) The same as in (C) for FRX mice. Wild-type mice (decreased to 67.9
 
±
 
6.1%; gray); FRX mice (increased to 165.8
 
±
 
13.5%; red); FRX mice pretreated with bumetanide (decreased to 80.8
 
T 8.2%; blue). Data are presented as means
 
±
 
SEM. ∗∗P
 
<
 
0.01; ∗∗∗P
 
<
 
0.001. 

Reproduced from Tyzio, R. et al., 2014. Oxytocin-mediated GABA inhibition during delivery attenuates autism pathogenesis in rodent offspring. Science 343(6171), 675–679.
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Figure 12.6 Early GABA developmental sequence in leptin receptor–deficient mice. (A) Cell attached recordings of CA3 pyramidal neurons on acute hippocampal slices obtained from wt and db/db mice. Scale bar, 2
 
min, 50
 
pA. Corresponding time course of spike frequency changes are shown under each trace. (B) Developmental changes of isoguvacine action on spike activity in wt and db/db mice. Mean
 
±
 
SEM. (C) Developmental profile of plasma leptin levels in wt mice (blue circle) and developmental profile of ΔEGABA (gray circle). ΔEGABA was calculated as the difference in EGABA values between wt and db/db at each developmental stage. Numbers in parenthesis indicate the number of mice used. Mean
 
±
 
SEM §P

 
<
 
.05 when compared to P0 plasma leptin values, ∗P

 
<
 
.05 and ∗∗P

 
<
 
.01 when compared to P0 ΔEGABA values, one-way ANOVA followed by a Tukey's posthoc test. (D) Cell-attached recordings of CA3 pyramidal neurons on acute hippocampal slices obtained from pups of normal diet (ND) and diet-induced obese (DIO) dams at P10. (E) Developmental changes of isoguvacine action on spike frequency. Mean
 
±
 
SEM. (F) Plasma leptin levels in P10–P13 pups of normal diet (ND) and DIO dams. Mean
 
±
 
SEM. ∗P

 
<
 
.05, ∗∗P

 
<
 
.01, Wilcoxon–Mann Whitney test (C. Dumon and J-L. Gaiarsa personal communication). 

Reproduced from Dumon, C. et al., 2018. The adipocyte hormone leptin sets the emergence of hippocampal inhibition in mice. eLife 7.
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Figure 12.7 Schematic illustration of the hormonal sequences involved in the GABA developmental shift during labor, birth, and early postnatal life. Oxytocin, leptin, and thyroxine hormones circulating levels in relation to age and the DFGABA. 

Reproduced with permission by C. Dumon (personal communication).
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Figure 12.8 Change in the completers of the total CARS score from screening to day 90 after bumetanide (blue bars; n
 
=
 
52) and placebo (orange bars; n
 
=
 
21). All changes were calculated from the initial values for each individual participant at screening. Note a significant amelioration of the CARS scale after the treatment period is almost entirely restricted to the bumetanide-treated patients (only one placebo). CARS, Childhood Autism Rating Scale. 

Reproduced from Lemonnier et al., Translational psychiatry 2017, may 9(7); e1124.
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Figure 12.9 Increased brain activation in brain regions involved with social, emotional, and reward processing after 10
 
months of bumetanide treatment. Statistical maps of differences in fMRI activation during the perception of emotional versus neutral faces in a post- >
 
pretreatment comparison. 

Modified from Hadjikhani, N. et al., 2018. Bumetanide for autism: more eye contact, less amygdala activation. Sci. Rep. 8(1), 3602.








12.10. General conclusions

When discovered almost three decades ago, the GABA developmental shift was considered a curious observation without fundamental implications. Studies since then have transformed this “curiosity” to a basic rule of brain development consequent to the convergence of several seemingly unrelated observations. Thus, it is now clear that all voltage-gated and receptor-mediated currents like network-driven patterns differ in young and adult neurons suggesting that immature and adult neurons talk “different languages.” The GABA/glutamate developmental sequence suggest that the developmental program includes a mechanism that entrains heterogeneous neurons to fire and wire together relying on a convergence of 
depolarizing GABA currents and NMDA receptor–driven currents. These then entrain the network to generate GDPs and other immature patterns needed for the formation of functional entities. The unequivocal universal developmental sequence of chloride cotransporters and other devices provided a fundamental breakthrough in support of intracellular chloride as a basic regulator of activity, polarity of GABA, and other parameters including growth and also cell volume that has not been discussed here. The identification of hub neuronal generators that are specific GABAergic interneurons, most likely born and developed before other neurons, suggests a general developmental program that incorporates cell division, migration, and other essential steps of cortical formation. Clearly, the maturation of GABA signals is a powerful illustrator of how genes and activity interact during development to enable genetic and epigenetic tools to operate. The plasticity of intracellular chloride regulation and its impact on the net polarity of GABA actions is a unique mechanism—not found in glutamate and other transmitter-gated signals. The more recent discovery of similar alterations occurring in pathological conditions has raised immense interest in revisiting our understanding of how brain disorders are generated and how they can be treated. The neuroarchaeology concept illustrates the feebleness of the all genetic approach and the crucial importance of understanding whether and how intrauterine insults, whether genetic or environmental, produce neurological and psychiatric disorders. In a therapeutic perspective, even when a single mutation is the cause of a disorder, if it impacts brain development, the disorder will be primarily due to the deviations of developmental sequences it has produced. Collectively, this stresses the need to understand brain development and how it is impacted in early disorders in order to improve our capacity to develop treatments for presently incurable disorders.
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Chapter 13

Chloride homeodynamics underlying pathogenic modal shifts of GABA actions
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Abstract


γ-Aminobutyric acid (GABA) evokes excitation in the immature brain but induces inhibition in the adult. Excitatory GABA actions are necessary for neurogenesis, differentiation, migration, and synaptogenesis. In contrast, the conversion of GABA responses from inhibition to excitation could be induced by a pathological condition in the adult. Because the GABAA receptor is a Cl
−
 channel, altered GABA action between inhibition (Cl
−
 influx) and excitation (Cl
−
 efflux) is induced by changes in the Cl
−
 gradient, which is regulated by Cl
−
 transporters. The dynamics of neural functions are modulated by active Cl
−
 homeostasis (Cl
−
 homeodynamics) and could underline the pathogenesis of neurological disorders.
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13.1. Developmental and dynamic shifts of Cl
−
 homeostasis change GABA actions

Dynamic changes in Cl
−
 homeostasis alter GABA actions and may lead to pathogenesis. The fundamental mechanisms of developmental and dynamic shifts in Cl
−
 homeostasis are briefly reviewed in this chapter (also see Chapters 38 and 40).








13.1.1. Modal shifts of GABA actions attributed to Cl
−
 homeodynamics

GABA, which hyperpolarizes membrane potential and dampens neuronal excitability, is the main inhibitory neurotransmitter of the central nervous system. GABA opens Cl
−
-permeable GABAA receptor channels, then Cl
−
 influxes down the electrochemical gradient and hyperpolarizes membrane potential, which results in the inhibitory actions of GABA. However, when intracellular Cl
−
 concentrations ([Cl
−
]i) are high, the equilibrium potential for Cl
−
 (E
Cl) is positive compared with the resting membrane potential, and GABA depolarizes membrane potential beyond the threshold of action potential generation. Therefore, GABA is excitatory in this situation (Fig. 13.1).




13.1.2. Developmental shifts of Cl
−
 homeostasis

Low [Cl
−
]i allows adult neurons to hyperpolarize in response to GABAA receptor activation by GABA. Immature neurons, in contrast, exhibit high levels of [Cl
−
]i. Therefore, GABA actions are depolarizing and could be excitatory, as previously discussed (Fig. 13.1). Developmental GABAergic excitation–inhibition switches are induced by changes in Cl
−
 gradients, which are generated by cation–Cl
−
 cotransporters. The Na+–K+–2Cl
−
 cotransporter (NKCC1)-mediated accumulation of Cl
−
 results in increased [Cl
−
]i levels in neuronal precursors and immature neurons. This allows depolarization (excitatory) actions of GABA in the developing brain (Alvarez-Leefmans, 2001; Ben-Ari, 2002; Ben-Ari et al., 2007; Blaesse et al., 2009; Gamba, 2005; Payne et al., 2003). The subsequent ontogenetic switch, that is, downregulation of NKCC1 and upregulation of the Cl
−
 extruder KCC2, which is a neuron-specific K+–Cl
−
 cotransporter, in mature neurons, results in low [Cl
−
]i levels and hyperpolarization of GABA (Yamada et al., 2004). Indeed, NKCC1 was highly expressed in the neonatal rat and human cortex, whereas KCC2 expression in neonatal rats was only 5%–15% of the adult expression levels (Dzhala et al., 2005).




13.1.3. Dynamic shifts of Cl
−
 homeostasis

In addition to ontogenetic switches, a dynamic shift in Cl
−
 homeostasis could occur to modulate brain functions by switching GABA and glycine actions between inhibition and excitation. In this chapter, “Cl
−
 homeodynamics” refers to the dynamics of neural functions modulated by intracellular Cl
−
.

For example, Isomura et al. (2003) utilized simultaneous recordings of membrane potential and [Cl
−
]i to demonstrate that massive Cl
−
 influx during tetanic stimulation results in large [Cl
−
]i increases lasting for the period of afterdischarge 
(Fig. 13.2). Therefore, under normal conditions, GABA released by interneurons hyperpolarizes postsynaptic neurons through Cl
−
 influx, resulting in the inhibitory actions. During tetanic activation, Cl
−
 accumulation occurs through GABAA receptor channels, followed by a positive shift in the reversal potential for GABA response (E
GABA). Finally, GABA action is reversed and depolarized, which could underlie seizure-like afterdischarges.



[image: image]



Figure 13.1 GABAA receptor–mediated responses are dependent on [Cl
−
]i. GABA opens GABAA receptor channels and induces Cl
−
 influxes along with an inward electrochemical gradient (e.g., [Cl
−
]I

 
=
 
7
 
mM, [Cl
−
]o

 
=
 
135
 
mM, E
Cl

 
=
 

−75
 
mV and resting membrane potential of −60 mV), which hyperpolarizes membrane potential. If [Cl
−
]i is high (e.g., 25
 
mM) and E
Cl (−42
 
mV) is positive compared with the resting membrane potential, GABA can depolarize the membrane potential. This could generate action potentials, because the membrane potential exceeds the threshold.
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Figure 13.2 Following tetanus administration, Cl
−
 influx via GABAA receptors is responsible for [Cl
−
]i increases underlying the afterdischarge. Simultaneous recordings of membrane potential and [Cl
−
]i were made by injecting MEQ (a fluorescent Cl
−
 indicator) into the recording patch electrode (left). Tetanic stimulation induces posttetanic depolarization accompanied by seizure-like afterdischarge (right, bottom), as well as large [Cl
−
]i increases lasting for the period of afterdischarge (right, upper). Posttetanic depolarization and seizure-like afterdischarge are blocked by bicuculline, a GABAA receptor antagonist. Bicuculline also blocks Cl
−
 increases, indicating that Cl
−
 influx through GABAA receptor channels induces a modal shift in GABA action. 

Adapted from Isomura, Y., Sugimoto, M., Fujiwara-Tsukamoto, Y., Yamamoto-Muraki, S., Yamada, J., Fukuda, A., 2003. Synaptically activated Cl
−
 accumulation responsible for depolarizing GABAergic responses in mature hippocampal neurons. J. Neurophysiol. 90, 2752–2756.




Results have suggested that GABA acts transiently as an excitatory (or depolarizing) transmitter following intense GABAA receptor activation in the adult brain. This depolarizing effect is considered to be dependent on two GABAA receptor–permeable anions—chloride (Cl
−
) and bicarbonate (




HCO

3
−





[image: image]
) (Farrant and Kaila, 2007; Rivera et al., 2005; Staley et al., 1995). The amplitude of the synaptically induced, depolarizing response has been correlated to the intracellular Cl
−
 accumulation in the mature hippocampal CA1 pyramidal cells. This suggests that synaptically activated, GABAA-mediated Cl
−
 accumulation could play a critical role in the generation of an excitatory GABAergic response in mature pyramidal cells that receive intense synaptic inputs (Isomura et al., 2003).

Thus GABA actions could be reversed to depolarization and/or excitation by synaptically activated GABAA-mediated Cl
−
 accumulation, as well as other forms of Cl
−
 accumulation. This dynamic modal shift in GABA action is due to “Cl
−
 homeodynamics.” In this regard, the activity of cation–Cl
−
 cotransporters, for example, KCC2 and NKCC1, which regulate Cl
−
 homeostasis, is extremely important (Fig. 13.3).

The regional characteristics of Cl
−
 transporter expressions are listed in Table 13.1.




13.1.4. Cation–Cl
−
 cotransporters are responsible for hyperpolarizing or depolarizing GABAergic responses

A factor to dampen intracellular Cl
−
 overload could be essential for restoring inhibitory GABA action, and KCC2 plays a principal role in this (see Fig. 13.3). Ueno et al. (2002) demonstrated activity-dependent depression of inhibitory postsynaptic potentials (IPSPs), and a positive shift in IPSP reversal potential was more prominent in the vagus dorsal motor nucleus than in the hypoglossal nucleus. Cl
−
 influx through GABAA receptor–Cl
−
 channels is counterbalanced by Cl
−
 efflux. Interestingly, Cl
−
 is extruded more potently in the hypoglossal nucleus, where neuronal KCC2 is abundantly 
expressed, compared with the vagus dorsal motor nucleus, which suggests that differences in Cl
−
 extrusion result in differences in IPSP dynamics. Therefore, rigid maintenance of IPSP and rapid Cl
−
 extrusion reflects intense KCC2 expression, which strongly influences IPSP depression and neuronal functional properties. Strong KCC2 expression in hippocampal and cortical pyramidal neurons (Table 13.1) indicates its protective role against the hyperexcitability underlying seizures.
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Figure 13.3 Dynamic modal shift in GABA action by acute Cl
−
 accumulation. Normally, GABA released from interneurons hyperpolarizes postsynaptic neurons by Cl
−
 influx, and GABA functions as an inhibitory molecule. If acute Cl
−
 accumulation occurs, for example, excessive Cl
−
 influx through GABAA receptor channels, E
GABA shifts toward a positive potential. Finally, GABA action might be reversed to depolarization, provided that E
GABA is more positive than the resting membrane potential. Because neuronal Cl
−
 homeostasis is regulated by Cl
−
 cotransporters, for example, KCC2 and NKCC1, activity of which is extremely important for the maintenance or collapse of Cl
−
 homeostasis. 

Adapted from Fukuda, A., Muramatsu, K., Okabe, A., et al., 1998. Changes in intracellular Ca2+ induced by GABAA receptor activation and reduction in Cl
−
 gradient in neonatal rat neocortex. J. Neurophysiol. 79, 439–446.




In contrast, in immature neurons, GABAergic excitation is dependent on high NKCC1 activity. Achilles et al. (2007) revealed steady-state [Cl
−
]i at 30
 
mM, which was reduced to values close to passive distribution by bumetanide and Na+-free solutions, suggesting a role for NKCC1 in [Cl
−
]i homeostasis. Indeed, NKCC1 is strongly expressed in these cells, and active Cl
−
 uptake occurs with a velocity of 50
 
μM
 
s
−1. In combination with low passive Cl
−
 conductance, the relatively low capacity of NKCC1-mediated Cl
−
 uptake is capable of maintaining excitatory GABAergic membrane responses in Cajal–Retzius cells (Achilles et al., 2007). Therefore, if NKCC1 is abundant and even slow Cl
−
 uptake mediated by this transporter is active, it would be sufficient to maintain high [Cl
−
]i to render excitatory GABA responses.




13.1.5. Astrocytic Cl
−
 buffering system regulates postsynaptic Cl
−
 homeodynamics

As shown by Bormann and Kettenmann (1988), electrophysiological interaction between GABAergic transmission and encapsulating astrocytes should be considered. Because astrocytes express GABAA receptors, they are affected by the released GABA and contribute to the regulation of extracellular Cl
−
 in synaptic clefts by passive and/or active Cl
−
 transport (Fig. 13.4). Recently, Egawa et al. (2013) described an astrocytic spatial Cl
−
 buffering system. Briefly, GABA released into the synaptic cleft activates GABAA conductance of the postsynaptic neuron and GABA transporter (GAT)1 in the presynaptic terminal. Cl
−
 influx into the postsynaptic neuron through GABAA receptor channels, as well as Cl
−
 uptake by GAT1 (cotransport of 2 Na+, 1 Cl
−
, and GABA), decreases [Cl
−
]o within the cleft. Because astrocytes express high [Cl
−
]i as a result of active uptake by NKCC1, spillover GABA activates the GABAA receptor in the encapsulating astrocyte, which results in Cl
−
 efflux via GABAA receptor channels (Su et al., 2000; Yan et al., 2001). The astrocytic Cl
−
 supply could compensate for Cl
−
 deficits in the synaptic cleft (Bormann and Kettenmann, 1988). Additional spillover 
GABA is taken up by astrocytes that express GAT3, which results in Cl
−
 uptake as well (cotransport of 2 Na+, 1 Cl
−
, and GABA). In addition, Cl
−
 influx to the tripartite astrocyte takes place via Cl
−
 conductance between astrocytes by gap junctions. Astrocytic Cl
−
 conductances could result in spatially buffered [Cl
−
]o changes in the cleft, thereby maintaining GABAergic synaptic transmission during intensive neuronal excitation (spatial Cl
−
 buffering; Egawa et al., 2013). If this astrocytic buffering system collapses, the postsynaptic Cl
−
 gradient could also collapse, resulting in excitatory GABA action (see Fig. 13.3).
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Figure 13.4 Astrocytes contribute to Cl
−
 homeodynamics in the GABAergic synaptic cleft. Following excitation of GABAergic synapses, released GABA activates GABAA receptors in the postsynaptic neuron and astrocyte (high [Cl
−
]i). The released GABA is taken up by terminal GAT1, and additional GABA is taken up by astrocytic GAT3, together with Cl
−
. Spatial buffering of Cl
−
 occurs by astrocyte networks of gap junctions. 

Modified from Egawa, K., Yamada, J., Furukawa, T., Yanagawa, Y., Fukuda, A., 2013. Cl– homeodynamics in gap-junction-coupled astrocytic networks on activation of GABAergic synapses. J. Physiol. 591, 3901–3917.





Table 13.1




Differential expression pattern of Cl
−
 transporter mRNAs in the rat nervous system.


	Area and cell type
	KCC1
	KCC2
	NKCC1





	Cerebral cortex
	
	
	



	Pyramidal neuron (layer V)
	n.d.
	++++
	n.d



	Hippocampus
	
	
	



	Pyramidal neuron
	++
	++++
	++



	Granular neuron
	+++
	++++
	+++



	Reticular thalamic nucleus
	+
	n.d.
	+



	Suprachiasmatic nucleus
	
	
	



	Dorsomedial part
	n.d.
	n.d.
	+



	Ventrolateral part
	+
	+++
	+



	Paraventricular nucleus
	
	
	



	Dorsolateral part
	n.d.
	n.d.
	+



	Ventromedial part
	+
	+++
	+



	Cerebellum
	
	
	



	Purkinje neuron
	n.d.
	++++
	n.d.



	Granular neuron
	+++
	++++
	+++



	Spinal cord
	
	
	



	Motor neuron
	+
	++++
	+



	Dorsal root ganglion
	++
	n.d.
	++



	Choroid plexus epithelium
	+++
	n.d.
	+++



	Olfactory bulb
	
	
	



	Mitral cell
	+++
	++++
	++++



	Granule cell
	+++
	+++
	++++



	Cerebellum
	
	
	



	Purkinje cell
	n.d.
	++++
	n.d.



	Granule cell
	+++
	+++
	+++



	Trigeminal nucleus
	
	
	



	Mesencephalic trigeminal nucleus
	+
	n.d.
	+



	Motor trigeminal nucleus
	+
	+++
	+



	Principal trigeminal nucleus
	++
	++
	+



	Spinal trigeminal nucleus
	
	
	



	Oral part
	+
	+++
	+



	Interpolar part
	+
	+++
	+



	Caudal part
	+
	+++
	+



	Trigeminal ganglion
	+
	n.d.
	+



	Piriform cortex
	
	
	



	Pyramidal neuron (layer II)
	+++
	++++
	+++



	Amygdala
	
	
	



	Lateral and basolateral
	+++
	+++
	+++
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Relative expression levels were estimated by visual comparison of exposed emulsion-coated slides: n.d., not detected; +, low; ++, moderate; +++, high; ++++, very high.






Based on the previous publications: Kanaka, C., Ohno, K., Okabe, A., et al., 2001. The differential expression patterns of messenger RNAs encoding K–Cl cotransporters (KCC1,2) and Na–K–2Cl cotransporter (NKCC1) in the rat nervous system. Neuroscience 104, 933–946; Mikawa, S., Wang, C., Shu, F., Wang, T., Fukuda, A., Sato, K., 2002. Developmental changes in KCC1, KCC2 and NKCC1 mRNAs in the rat cerebellum. Dev. Brain Res. 136, 93–100; Okabe, A., Ohno, K., Toyoda, H., Yokokura, M., Sato, K., Fukuda, A., 2002. Amygdala kindling induces upregulation of mRNA for NKCC1, a Na+, K+–2Cl
−
 cotransporter, in the rat piriform cortex. Neurosci. Res. 44, 225–229; Toyoda, H., Yamada, J., Ueno, S., et al., 2005. Differential functional expression of cation–Cl
−
 cotransporter mRNAs (KCC1, KCC2, and NKCC1) in rat trigeminal nervous system. Mol. Brain Res. 133, 12–18; Wang, C., Ohno, K., Furukawa, T., et al., 2005. Differential expression of KCC2 accounts for the differential GABA responses between relay and intrinsic neurons in the early postnatal rat olfactory bulb. Eur. J. Neurosci. 21, 1449–1455.








13.2. Pathological models of dynamic Cl
−
 homeostasis perturbation

13.2.1. NKCC1 transporter facilitates neonatal seizures




Conventional anticonvulsant drugs often target the GABAA chloride channel, which operates differently in adult and infant brains because [Cl
−
]i in neurons from children's brains are different from those in adults. Dzhala et al. (2005, 2008) circumvented this problem by utilizing a drug that targets NKCC1, which is particularly active in children. The authors demonstrated that bumetanide, an NKCC1 antagonist, suppresses seizures in rat models and provides evidence that it might do so in newborn humans. Bumetanide also enhances phenobarbital efficacy by lowering [Cl
−
]i to render increased hyperpolarizing or reduced depolarizing GABA actions. Bumetanide is widely used as a diuretic drug, and novel findings have resulted in clinical trials for childhood seizures and some adult forms of epilepsy. Kahle et al. (2009) successfully treated a neonatal human with intractable multifocal seizures, resulting in significantly reduced mean seizure duration and frequency following treatment with bumetanide, with no associated clinical side effects or metabolic imbalances.




13.2.2. Perturbed Cl
−
 homeostasis is the general mechanism for seizures in animal models of epilepsy

Okabe et al. (2002, 2003) reported specific upregulation of NKCC1 without significant changes in KCC2, as well as amygdala-kindled granule cells in the dentate gyrus and pyramidal neurons in the piriform cortex, which suggested increased [Cl
−
]i and reduced GABAergic inhibition. In addition, Pathak et al. (2007) demonstrated a positive shift in E
GABA in dentate gyrus granule cells in pilocarpine-induced status epilepticus. The authors showed that decreased KCC2 expression persists for weeks following epileptogenic injury, which reduces inhibitory efficacy, enhances dentate granule 
cell excitability, and compromises gate function. Through the use of a similar pilocarpine-induced status epilepticus model, Li et al. (2008) showed NKCC1 upregulation, as well as KCC2 downregulation, in hippocampal CA1 pyramidal neurons. However, using a theta-burst stimulation protocol, Yang et al. (2010) described a rapid negative shift in E
GABA, which is mediated by KCC2 function. Therefore, changes in Cl
−
 transporters depend on the type of neuronal activity. Brumback and Staley (2008) showed that trains of action potentials reset the thermodynamic equilibrium for NKCC1 transport by lowering [Na+]i through activity-induced changes in Na+–K+–ATPase activity, which results in a persistent increase in [Cl
−
]i. Moreover, Nardou et al. (2009) demonstrated that bumetanide does not prevent epileptogenic focus formation, but rather blocks epileptic focus seizures in the immature rat hippocampus. These results suggest that mechanisms other than NKCC1 mediation contribute to persistent E
GABA increases in epileptic neurons.

Therefore, reduced GABAergic inhibition and/or conversion to GABAergic excitation, which is subsequent to collapsed Cl
−
 homeostasis, could play an important role in the genesis and maintenance of epileptiform discharges.




13.2.3. Ischemia results in acute and chronic perturbation of Cl
−
 homeostasis

Cl
−
 homeostasis is altered more dynamically than previously believed. Due to energy loss for Cl
−
 transport activation, anoxia and ischemia induce suppressed GABAA-mediated inhibitory postsynaptic currents (Katchman et al., 1994; Khazipov et al., 1995) via collapsed Cl
−
 gradient (Fukuda et al., 1998; Ikeda et al., 2004). Fukuda et al. (1998) reported a reduced Cl
−
 gradient due to oxygen–glucose deprivation (in vitro ischemia model), which results in GABAA receptor–mediated Ca2+ accumulation. Thus, GABA could aggravate excitotoxicity if a shift in E
Cl occurs during cerebral ischemia (see Fig. 13.3). Yamada et al. (2001) reported that oxygen–glucose deprivation induces long-lasting increased [Cl
−
]i preceded by a rapid, transient [Cl
−
]i decrease, which is sensitive to Cl
−
 cotransporter inhibitors (bumetanide and furosemide). However, the [Cl
−
]i increase induced by oxygen–glucose deprivation (Schwartz-Bloom and Sah, 2001) is not NKCC1 dependent (Pond et al., 2006). In contrast, during reoxygenation, secondary [Cl
−
]i increases are accompanied by increased NKCC1 phosphorylation, which contributes to reoxygenation-induced [Cl
−
]i increases (Pond et al., 2006). In an in vivo model, NKCC1-null mice exhibited less brain damage following focal cerebral ischemia, indicating that NKCC1 is involved in ischemic damage (Chen et al., 2005). In addition, NKCC1 and reverse-mode Na+–Ca2+ exchanger might be involved in ischemic cell damage via disrupted mitochondrial (Kintner et al., 2007) and endoplasmic reticulum (Chen et al., 2008) functions. Results have suggested that NKCC1, which is expressed in blood–brain barrier astrocytes, is activated by ischemia. NKCC1 impairs astrocytic cell volume regulation and induces altered blood–brain barrier permeability, resulting in cerebral edema formation (Kahle et al., 2009). Pharmacological strategies to inhibit NKCC1 could be beneficial for treating ischemic, as well as other types of, cerebral edema.

The immediate actions of oxygen–glucose deprivation and/or ischemia remain poorly understood (Galeffi et al., 2004). In CA1 pyramidal cells, however, reduced KCC2 expression at 2 days after ischemia could lead to elevated [Cl
−
]i, resulting in a positive E
Cl shift (Papp et al., 2008). Reduced inhibitory GABA action due to downregulated KCC2 function could be involved in pathological mechanisms of delayed neuronal death. Through the use of different ischemia models, similar results have also been reported in other brain regions (Jaenisch et al., 2010).






13.3. Pathological models of developmental Cl
−
 homeostasis disorders

13.3.1. Differential developmental patterns of Cl
−
 transporters in various brain regions




Cl
−
 transporters are important for brain ontogeny. Expression of KCC2 and NKCC1 mRNA in the developing rat brain has been extensively studied through the use of in situ hybridization (
Ikeda et al., 2003; Mikawa et al., 2002; Shimizu-Okabe et al., 2002; Wang et al., 2002, 2005; for review Watanabe and Fukuda, 2015). Results have revealed abundant NKCC1 mRNA expression in the neuroepithelium on embryonic day 18 (E18), whereas KCC2 mRNA was not detected (Li et al., 2002; Stein et al., 2004; Wang et al., 2002). In addition, Cl
−
-mediated excitation plays a crucial role in promoting neurogenesis from the earliest stages of embryonic development given a depolarizing Cl
−
 gradient by high [Cl
−
]i (Reynolds et al., 2008). In contrast to neuroepithelia, KCC2 mRNA is strongly expressed in the thalamus and hypothalamus, where neurons originate between E13 and E16. In the postnatal hippocampus, KCC2 and NKCC1 mRNA expression levels are significantly increased between postnatal day 1 (P1) and P15. In addition, NKCC1 localization shifts from a predominantly somatic to a predominantly dendritic location (Marty et al., 2002). NKCC1 expression during the first postnatal week is consistent with the hypothesis that the transporter is involved in the depolarizing effects of GABA during development. In the neocortex, NKCC1 mRNA expression is greatest in the ventricular zone, followed by the cortical plate and then layer V/VI, while the reverse is true for KCC2 mRNA (Shimizu-Okabe et al., 2002). [Cl
−
]i levels are similar to NKCC1 mRNA 
expression levels, and Cl
−
 homeostasis ontogeny in neocortical neurons could be regulated via differential expression of NKCC1 and KCC2. In addition, KCC2 is expressed in chronological order of neuronal settling (Takayama and Inoue, 2010). The onset of KCC2 localization is concomitant with GABA synaptic formation, which suggests that GABA is inhibitory following GABA synapse formation.

The regional characteristics in developmental shifts of Cl
−
 transporter expression are summarized in Table 13.2.




13.3.2. Modal shifts of Cl
−
 homeostasis and GABA actions underlying neocortical malformation

The marginal zone of the immature rat neocortex consists of early-generated neurons, such as Cajal–Retzius cells, which play important roles in cell migration and lamination of the developing cerebral cortex. Excitatory GABAergic neurotransmission has been shown in the marginal zone (Kilb et al., 2002; Kilb and Luhmann, 2001; Mienville, 1998), and NKCC1 mRNA and protein expression has been detected in Cajal–Retzius cells (Achilles et al., 2007). This suggests that Cl
−
 uptake is sufficient for maintaining the high levels of [Cl
−
]i required to render excitatory GABA responses. Action potential propagations over the marginal zones are inhibited by GABAA receptor but not by glutamate receptor antagonists. Therefore, GABA could be an excitatory neurotransmitter within the marginal zone (Qian et al., 2014).

Altered GABAergic functions that occur during early brain development are induced by changes in Cl
−
 homeostasis and play important roles in neocortical development by modulating events such as laminar organization and synaptogenesis (Fig. 13.5). Because the marginal zone exhibits unique Cl
−
 homeostasis and plays important roles in cell migration and lamination, disturbances in normal Cl
−
 homeostasis modal shifts and GABA actions could result in cerebrocortical malformations. A focal freeze lesion in the cerebral cortex of newborn rats produces cortical malformation that resembles human polymicrogyria (Luhmann and Raabe, 1996; Rosen et al., 1992), a clinical condition that results from abnormal neuronal migration. A relationship exists between polymicrogyria pathogenesis and Cl
−
 homeostasis ontogeny in the developing parietal cortex following freeze lesion (Shimizu-Okabe et al., 2007; Wang et al., 2014). In the P0 freeze-lesioned area, NKCC1 mRNA expression levels are greater in surrounding tissue areas at P4 compared with adjacent exofocal areas. In contrast, although KCC2 mRNA reemerges in the surrounding structure, expression levels are weaker than in the exofocal cortex. After P7, KCC2 mRNA expression increases in the microgyric region to levels similar to those in the intact surrounding cortex. Subsequently, NKCC1 mRNA expression in the microgyric region decreases to levels similar to those of exofocal cortices at P14–21.

In this model, immature cortical plate neurons anomalously migrate during the formation of the microgyrus, and altered Cl
−
 homeostasis could be involved in migration disorders that ultimately result in cortical malformations. GABA-mediated depolarizations, which are associated with Ca2+ influx in cortical plate cells via high [Cl
−
]i (Behar et al., 1996; Owens et al., 1996; Shimizu-Okabe et al., 2002; Yamada et al., 2004), could play a role in neuronal migration and/or synapse formation (Owens and Kriegstein, 2002; Wang and Kriegstein, 2009; see Fig. 13.5). Interestingly, GABA-evoked depolarizations and Ca2+ influxes are induced in the upper dysplastic cortex but not in the deeper regions or the exofocal cortex. [Cl
−
]i is greater in the dysplastic cortex than in the exofocal cortex. Therefore, cortical plate cells, but not layers V/VI pyramidal cells, which are located adjacent to the necrotic center of the freeze lesion, that is, dysplastic cortex, could regain or preserve the immature characteristics of GABA actions. This would allow the cells to migrate to the necrotic center to form the microgyrus lacking in layers V/VI. This suggests that dedifferentiation of Cl
−
 transporters and GABA responses are induced in cortical plate cells that migrate into injured areas. Further studies (Wang et al., 2014) found that GABAergic interneurons accumulated in the superficial layers, as well as in the necrotic boundary, at P4. Imaging studies on endogenous GABA and glutamate (Morishima et al., 2010) at P4, which modulate migration of immature cortical neurons (
Ik-Tsen Heng et al., 2007; Luján et al., 2005; for review Luhmann et al., 2015), revealed abundant GABA release in the lesioned area, which was lacking the high levels of glutamate expressed in exofocal areas. Therefore, neonatal freeze lesion results in differential assembly of certain neuronal populations, which is associated with a characteristic countergradient of ambient GABA and glutamate at early stages. This could underlie the formation of the microgyrus (Wang et al., 2014).





13.3.3. Modal shifts of Cl
−
 homeostasis in human epileptic tissue

13.3.3.1. Decreased KCC2 expression in human epileptic focal cortical dysplasia




The previously described animal studies suggested the involvement of aberrant Cl
−
 homeostasis in the formation of epileptogenic foci or epileptogenesis. Focal cortical dysplasia is histologically characterized by disorganized cortical lamination and cytomegalic dysplastic cells; it is also a major cause of intractable epilepsy. GABAA receptor–mediated synchronous depolarizing potentials are observed in focal cortical dysplasia tissue (D'Antuono et al., 2004). Because 
alterations in Cl
−
 homeostasis could underlie depolarizing GABA actions, Cl
−
 cotransporters could play critical roles in the generation of abnormal GABA actions. NKCC1 and KCC2 expressions were examined by in situ hybridization and immunohistochemistry in focal cortical dysplasia tissue obtained from intractable epilepsy patients (Shimizu-Okabe et al., 2011). Results demonstrated normal KCC2 mRNA and protein expression in nondysplastic neurons of histologically normal cortex, as well as in cytomegalic dysplastic cells in focal cortical dysplasia. However, KCC2 mRNA and protein expressions were significantly decreased in small dysplastic cells, compared with cytomegalic dysplastic neurons and nondysplastic neurons. In addition, NKCC1 expression did not vary between these cell types. These results suggested that [Cl
−
]i in small dysplastic neurons could increase, resulting in depolarizing GABA actions in the focal cortical dysplasia of epileptic foci. Therefore, downregulated KCC2 in small neurons could result in “epileptogenesis” and induce GABAA-mediated depolarizing interictal events observed in human epileptic focal cortical dysplasia tissue (D'Antuono et al., 2004). Some previous studies (Aronica et al., 2007; Sen et al., 2007) demonstrated increased NKCC1 protein expression, whereas other studies (Aronica et al., 2007; Munakata et al., 2007) showed decreased KCC2 protein expression and aberrant subcellular localization in dysplastic neurons from human cortical dysplasia. These studies were consistent with KCC2 downregulation in focal cortical dysplasia. Therefore, in focal cortical dysplasia with a disrupted Cl
−
-extruding system, feedforward and/or recurrent excitation could occur (Fukuda et al., 1998), leading to epileptogenesis (Fig. 13.6).



[image: image]



Figure 13.5 Modal shift of GABAA receptor–mediated actions by developmental Cl
−
 homeodynamics. In the ventricular zone and subventricular zone, ambient GABA affects neurogenesis. When postmitotic neurons migrate to the cortical plate, they are tonically depolarized by ambient GABA, which is released from tangentially migrating GABA neurons prior to forming synapses. Taurine is ingested via placental taurine transporter and taken up and released from the cortical plate, subplate and marginal zone neurons, which activate GABAA receptors in migrating cells. Vesicular release of GABA, which remains depolarizing, could contribute to synapse formation. Following establishment of GABAergic synapses and prior to hyperpolarization, GABA acts as an excitatory neurotransmitter. Up to this stage, [Cl
−
]i levels are high due to NKCC1 and KCC2. Following upregulation of KCC2 and downregulation of NKCC1, GABA acts as an inhibitory neurotransmitter. Greenish shaded area: ambient GABA; brownish shaded area: ambient taurine. 

Modified from Egawa, K., Fukuda, A., 2013. Pathophysiological power of improper tonic GABAA conductances in mature and immature models. Front. Neural. Circuits 7: 170.





Table 13.2




Differential development of Cl
−
 transporter mRNAs in the rat nervous system.


	Site
	Cell type
	mRNA
	E18
	P0–1
	P3–4
	P7–10
	P14–15
	P21
	P28
	P40
	Adult





	Cortex
	
Cortical plate

Layer II/III


	KCC1
	++
	++
	
	
	++
	
	
	+
	



	
	
	KCC2
	n.d.
	+
	+
	++
	+++
	
	+++
	+++
	



	
	
	NKCC1
	+++
	+++
	+++
	++
	+
	
	+
	+
	



	
	
	KCC1
	
	++
	
	
	++
	
	
	++
	n.d.



	
	Layer V
	KCC2
	
	+
	
	
	+++
	
	+++
	+++
	++++



	
	
	NKCC1
	
	++
	
	
	+
	
	+
	+
	n.d.



	
	VZ/SVZ
	KCC1
	++
	
	
	
	
	
	
	
	



	
	
	KCC2
	n.d.
	n.d.
	
	n.d.
	
	
	n.d.
	
	



	
	
	NKCC1
	+++
	++++
	
	+++
	
	
	++
	
	



	Visual cortex
	
Cortical plate

Layer II/III


	KCC1
	
	
	
	
	
	
	
	
	



	
	
	KCC2
	
	+
	++
	++
	+++
	
	+++
	
	



	
	
	NKCC1
	
	+++
	++
	++
	+
	
	+
	
	



	Hippocampus
	CA1
	KCC1
	n.d.
	+
	
	
	++
	
	
	++
	++



	
	
	KCC2
	n.d.
	++
	
	
	++++
	
	
	++++
	++++



	
	
	NKCC1
	n.d.
	+
	
	
	++
	
	
	++
	++



	
	
	KCC1
	n.d.
	n.d.
	
	
	+++
	
	
	+++
	+++



	
	Dentate gyrus
	KCC2
	n.d.
	+
	
	
	++++
	
	
	++++
	++++



	
	
	NKCC1
	n.d.
	n.d.
	
	
	+++
	
	
	+++
	+++



	Thalamus
	Ventral posterior thalamic nucleus
	KCC1
	n.d.
	+
	
	
	+
	
	
	+
	



	
	
	KCC2
	+++
	+++
	
	
	+
	
	
	+
	



	
	
	NKCC1
	n.d.
	+
	
	
	+
	
	
	+
	



	
	Dorsal lateral geniculate nucleus
	KCC1
	+
	
	
	
	
	
	
	
	



	
	
	KCC2
	++
	+++
	+++
	+++
	+++
	
	+++
	
	



	
	
	NKCC1
	+
	++
	++
	++
	++
	
	++



	
	




	Olfactory bulb
	Mitral cell
	KCC1
	
	++
	++
	+++
	+++
	
	
	
	+++



	
	
	KCC2
	
	+++
	+++
	+++
	++++
	
	
	
	++++



	
	
	NKCC1
	
	++
	++
	+++
	++++
	
	
	
	++++



	
	
	KCC1
	
	++
	++
	++
	+++
	
	
	
	+++



	
	Granule cell
	KCC2
	
	n.d
	n.d
	+
	+++
	
	
	
	+++



	
	
	NKCC1
	
	++
	++
	++
	++++
	
	
	
	++++



	Cerebellum
	External germinal cell
	KCC1
	
	n.d.
	
	+++
	+++
	
	
	
	



	
	
	KCC2
	
	n.d.
	
	n.d.
	n.d.
	
	
	
	



	
	
	NKCC1
	
	n.d.
	
	+++
	+++
	
	
	
	



	
	
	KCC1
	
	n.d.
	
	n.d.
	n.d.
	n.d.
	
	
	n.d.



	
	Purkinje cell
	KCC2
	
	n.d.
	
	+++
	+++
	++++
	
	
	++++



	
	
	NKCC1
	
	n.d.
	
	n.d
	n.d
	n.d
	
	
	n.d



	
	
	KCC1
	
	
	
	++
	+++
	+++
	
	
	+++



	
	Granule cell
	KCC2
	
	
	
	+
	+++
	+++
	
	
	+++



	
	
	NKCC1
	
	
	
	++
	+++
	+++
	
	
	+++
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Relative expression levels were estimated by visual comparison of exposed emulsion-coated slides: n.d., not detected; +, weak; ++, moderate; +++, strong; ++++, very strong.






Based on the previous publications: Wang, C., Shimizu-Okabe, C., Watanabe, K., et al., 2002. Developmental changes in KCC1, KCC2, and NKCC1 mRNA expressions in the rat brain. Devel. Brain Res. 139: 59–66; Wang, C., Ohno, K., Furukawa, T., et al., 2005. Differential expression of KCC2 accounts for the differential GABA responses between relay and intrinsic neurons in the early postnatal rat olfactory bulb. Eur. J. Neurosci. 21, 1449–1455; Mikawa, S., Wang, C., Shu, F., Wang, T., Fukuda, A., Sato, K., 2002. Developmental changes in KCC1, KCC2 and NKCC1 mRNAs in the rat cerebellum. Dev. Brain Res. 136, 93–100; Shimizu-Okabe, C., Yokokura, M., Okabe, A., et al., 2002. Layer-specific expression of Cl
−
 transporters and differential [Cl
−
]i in newborn rat cortex. NeuroReport 13, 2433–2437; Ikeda, M., Toyoda, H., Yamada, J., et al., 2003. Differential development of cation–chloride cotransporters and Cl
−
 homeostasis contributes to differential GABAergic actions between developing rat visual cortex and dorsal lateral geniculate nucleus. Brain Res. 984: 149–159.






13.3.3.2. Perturbed NKCC1 and/or KCC2 expressions in other human epileptic tissues

Spontaneous and synchronous interictal-like discharges initiated in the subiculum were first reported in patients with temporal lobe epilepsy (Cohen et al., 2002), comparable with interictal discharges recorded by intracranial electroencephalograms in the same patients prior to surgery. The results suggested that depolarizing GABAergic responses in a subgroup of subicular pyramidal cells in which [Cl
−
]i is elevated play a key role in the generation of interictal-like events. A subsequent study (Palma et al., 2006) elegantly demonstrated the underlying mechanism through quantitative real-time polymerase chain reaction (RT-PCR) analyses of mRNA from human temporal lobe epilepsy-associated brain regions, revealing increased NKCC1 and decreased KCC2 mRNA expressions in the hippocampal subiculum, compared with the 
hippocampus proper or temporal lobe neocortex. These results suggested abnormal transcription of Cl
−
 transporters in the temporal lobe epilepsy subiculum, likely inducing altered Cl
−
 transport in epileptic neurons and GABA excitation, which could contribute to precipitation of epileptic seizures. Immunohistological examination of NKCC1 in samples from patients with hippocampal sclerosis associated with pharmacoresistant epilepsy revealed an increased NKCC1 expression in hippocampal sclerosis but not in adjacent histologically normal cortex (Muñoz et al., 2007; Sen et al., 2007). In addition, some neuronal populations expressed NKCC1, but not KCC2 (Muñoz et al., 2007). Slices from human tissue generated spontaneous interictal-like activity that was initiated in the subiculum, which demonstrated that KCC2 mRNA expression was absent from 30% of subicular pyramidal cells (Huberfeld et al., 2007). Intracellular recordings revealed that all hyperpolarized cells during interictal events expressed KCC2, whereas the majority of depolarized cells did not.
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Figure 13.6 Cl
−
 homeodynamics hypothesis and functional switching of GABAA receptor–mediated actions result in feedforward excitation. The schematic drawing shows a GABAergic interneuron (ovals)–activating synaptic GABAA receptors on principal neurons (triangles). The principal cells are interconnected and release glutamate when excited, thereby activating postsynaptic glutamate receptors (GLU-R). Left: Normal conditions with Cl
−
 extrusion by KCC2 are more potent than Cl
−
 uptake by NKCC1. GABA hyperpolarizes principal cells by inducing an influx of Cl
−
 through GABAA receptor channels. This prevents excitation of the principal neuron and subsequent release of glutamate from the terminals. Thus, GABAergic neurons could play an inhibitory role. Right: Activated state with Cl
−
 uptake by NKCC1 is more potent than Cl
−
 extrusion by KCC2. E
Cl and E
GABA are, therefore, positive to the resting membrane potential, and activation of GABAA receptor channels results in Cl
−
 efflux and depolarization. Depolarization (and excitation) results in glutamate release to further induce excitation by GLU-R activation. GLU, glutamate; VDCC, voltage-dependent Ca2+ channel; RMP, resting membrane potential. Blue: hyperpolarizing action, red: depolarizing action. 

Adapted from Fukuda, A., Muramatsu, K., Okabe, A., et al., 1998. Changes in intracellular Ca2+ induced by GABAA receptor activation and reduction in Cl
−
 gradient in neonatal rat neocortex. J. Neurophysiol. 79, 439–446.




Human hypothalamic hamartoma exhibits intrinsic epileptogenesis. Interestingly, hypothalamic hamartoma tissue is composed predominantly of GABAergic neurons. Acutely dissociated hypothalamic hamartoma neurons were analyzed from patients using gramicidin-perforated patch recording (Wu et al., 2008). GABAA receptor activation depolarized/excited large hypothalamic hamartoma neurons but hyperpolarized/inhibited small ones. Large hypothalamic hamartoma neurons exhibited more positive E
Cl, higher [Cl
−
]i, and lower KCC2 expression compared with small hypothalamic hamartoma neurons, which was consistent with GABAA receptor–mediated excitation.

In addition, changes in Cl
−
 transporter expression and increased [Cl
−
]i, which is the immature phenotype for Cl
−
 homeostasis, could be a common etiology for human epileptiform activity, at least in part (see Fig. 13.6, as well as Tyzio et al., 2009). Molecules acting on these transporters, such as bumetanide, could be useful as antiepileptic drugs.











13.3.4. Altered Cl
−
 homeostasis during perturbed brain development

13.3.4.1. Disturbed NKCC1 and/or KCC2 which lowers [Cl
−
]i underlies abnormal synapse formation and neuronal differentiation




[Cl
−
]i levels in immature neurons are higher than the levels expected for passive distribution. Therefore, E
Cl is more positive than the resting membrane potential, resulting in depolarized immature neurons by GABA (Ben-Ari, 2002; Owens et al., 1996; Yamada et al., 2004). Higher [Cl
−
]i in immature neurons is attributed to uptake of Cl
−
 mediated by NKCC1 (Yamada et al., 2004). In addition, blockade of: GABA synthesis, GABAA receptor activation, intracellular Cl
−
 homeostasis, or L-type Ca2+ channels, results in attenuated neurite outgrowth in immature neocortical neurons (Maric et al., 2001). Therefore, dysfunctional Cl
−
 transporters could affect synaptic development through a GABAA receptor–mediated pathway. Indeed, an essential role for NKCC1 was demonstrated in PC12 cells (Nakajima et al., 2007) and injured adult sensory neurons (Pieraut et al., 2007).

To test this, the effects of a Cl
−
 uptake inhibitor on the development of synaptic activities in rat neocortical neurons were tested in vitro (Nakanishi et al., 2007). Chronic treatment with bumetanide during culture decreased the frequency of spontaneous inhibitory postsynaptic currents (IPSCs), but not spontaneous excitatory postsynaptic currents (EPSCs), indicating a decreased number of functional GABAergic synapses. Acute treatment with bumetanide decreased neuronal [Cl
−
]i, amplitude of synaptically driven rhythmic depolarizing potentials, and neuronal excitability in a bicuculline-sensitive manner. Therefore, Cl
−
 uptake by NKCC1 affects development of inhibitory synapses by promoting a depolarizing GABA-mediated response (Fig. 13.5).

In NKCC1-deficient mice, Ca2+ transients and giant depolarizing potentials were drastically reduced, and the maturation of glutamatergic and GABAergic transmission in CA1 was delayed (Pfeffer et al., 2009). In contrast, the generation of endogenous network events that were similar to giant depolarizing potentials was observed, and glutamatergic network activity and intrinsic excitability of CA3 pyramidal neurons were enhanced, as shown in a separate report (Sipilä et al., 2009). These results suggested that loss of NKCC1-dependent excitatory actions of GABA resulted in a dramatic compensatory increase in intrinsic excitability of glutamatergic neurons. In addition, brain morphology, synaptic density, and expression levels of certain developmental marker genes remained unchanged (Pfeffer et al., 2009). Through the use of in vivo NKCC1 RNA interference knockdown, Wang and Kriegstein (2008) demonstrated that GABA-induced depolarization was necessary for proper excitatory, but not inhibitory, synapse formation and dendritic development of newborn cortical neurons. These discrepancies, including the effects of bumetanide on cultured glutamatergic and GABAergic synapses, could be attributed to differences in materials. Further studies are required to determine the role of NKCC1 and excitatory GABA actions on neural circuit development.

Because depolarizing and/or excitatory GABA actions are thought to be involved in many aspects of development (Fig. 13.5), perturbed Cl
−
 homeostasis could lead to developmental disorders in the central nervous system. Earlier expression of KCC2 could result in developmental brain effects similar to NKCC1 deficiency. Indeed, elimination of excitatory GABA action in a subpopulation of rat ventricular progenitors and cortical neurons due to premature expression of KCC2 resulted in significantly impaired morphological maturation (Cancedda et al., 2007).

Direct perturbation of KCC2 expression, as well as secondary abnormalities, could be induced by conditions that modulate KCC2 expression and/or functions. In a model of nerve growth factor deficiency in the adult, results revealed depolarizing and excitatory GABA, which resulted in severe deficits in cholinergic function associated with age-dependent progressive neurodegenerative pathology resembling Alzheimer's disease (Lagostena et al., 2010). Decreased KCC2 expression was thought to be an underlying mechanism. Hypothyroidism or thyroid hormone deficiency results in disturbed Cl
−
 homeostasis and delayed onset of synaptic inhibition (Friauf et al., 2008). Interestingly, an unchanged KCC2 distribution in hypothyroidism patients suggests that thyroid hormone deficiency does not affect KCC2 gene expression but may impair the functional status of KCC2. In addition, thyroid hormone upregulated KCC2 in lesioned neurons and downregulated KCC2 in nonlesioned neurons (Shulga et al., 2009). Moreover, transient stimulation of insulin-like growth factor 1 resulted in activation of the tyrosine kinase pathway and the inactive form of KCC2 protein during subsequent neuronal maturation (Kelsch et al., 2001).




13.3.4.2. Failures in depolarizing GABAA receptor activation disturb migration

Many reports, including the pioneering in vitro works by Behar et al. (1996, 1998), demonstrated that GABA is involved in radial migration of cortical cells (
Ik-Tsen Heng et al., 2007; Luján et al., 2005; for review Luhmann et al., 2015). In addition, the continuous in vivo blockade of GABAA receptor by subdural application of GABAA receptor antagonist accelerated radial migration and resulted in abnormal cortices resembling heterotopia (Heck et al., 2007). Intraventricular 
application of GABAA receptor antagonist also accelerated radial migration: for example, GABAA receptor activation is a stop signal for radial migration in the cortical plate. In immature migrating cells, depolarizing GABAA responses are attributed to NKCC1 activity and are necessary, because Ca2+ signals via voltage-dependent Ca2+ channels are closely coupled with migration (de Lima et al., 2009; Maric et al., 2001; Soria and Valdeolmillos, 2002). Therefore, perturbation of immature Cl
−
 homeostasis could result in anomalous migration (Inoue et al., 2012). However, elimination of excitatory GABA action by premature KCC2 expression (Cancedda et al., 2007) or by NKCC1 knockdown (Wang and Kriegstein, 2008) did not significantly affect radial migration. These results suggested that depolarization might not be essential for GABAA receptor–mediated chemotaxis. Alternatively, compensatory actions could be induced, such as with NKCC1-null mice (Sipilä et al., 2009). However, in addition to GABA, the endogenous GABAergic agonist taurine is a relevant agonist controlling radial migration (Furukawa et al., 2014). Also interestingly, taurine mediates an inhibition of KCC2 function via phosphorylation in immature neurons, thus maintaining a depolarizing action of GABAA receptors in the embryonic stage (
Inoue et al., 2012; for review Kilb and Fukuda, 2017).

Tangential migration of GABA neurons is dependent on depolarizing GABAA receptor activation (Cuzon et al., 2006). Unlike radial migration, increased KCC2 expression is necessary and sufficient for reducing interneuron motility of tangential migration by decreasing depolarization following GABAA receptor activation (Bortone and Polleux, 2009). Tangential migration is facilitated by the depolarizing actions of GABA, which are supported by NKCC1 activity. In addition, KCC2 expression was noticeable only in the settled interneurons in the cortical plate but not in the migrating interneurons in the marginal zone (Inada et al., 2011). The above differences between migration modes might be attributed to differential ontogeny and subcellular localization of KCC2 and NKCC1, and/or mechanistic differences in radial and tangential migration.




13.3.4.3. Failures in depolarizing GABAA receptor activation disturb neurogenesis

During early stages of cortical neurogenesis in the rat ventricular zone, GABA depolarizes cells and inhibits DNA synthesis, indicating that endogenously released GABA decelerates neocortical progenitor cell cycle and proliferation (LoTurco et al., 1995; but see Haydar et al., 2000). GABA also exhibits a similar effect on neural progenitor populations in the subventricular zone: that is, GABA decreases proliferation (Haydar et al., 2000). GABA is responsible for postnatal (Liu et al., 2005) or adult neurogenesis by its depolarizing action, and NKCC1 expression may be critical for proliferation (Ge et al., 2006). Indeed, strong NKCC1 expression has been observed in neuroepithelium, such as ventricular zone and ganglionic eminence (see Tables 13.1 and 13.2). Global overexpression of KCC2 in newly fertilized zebrafish embryos resulted in a reversed Cl
−
 gradient, which induced glycine hyperpolarization in all the neurons. As a result, fewer motoneurons and interneurons were observed, indicating a reduction in neurogenesis (Reynolds et al., 2008). Therefore, Cl
−
-mediated excitation plays a crucial role in promoting neurogenesis from the earliest stages of embryonic development. More recently, Andäng et al. (2008) demonstrated that autocrine/paracrine GABA signaling via GABAA receptors negatively controls embryonic stem cell and peripheral neural crest stem cell proliferation. Surprisingly, activation of GABAA receptors leads to hyperpolarization due to KCC2. The Cl
−
 gradient plays a pivotal role in determining depolarization or hyperpolarization, thereby promoting or arresting proliferation, respectively. Therefore, abnormal Cl
−
 homeostasis could influence neurogenesis. Altered Cl
−
 homeostasis during development and the resulting differential roles of ambient GABA/taurine are summarized in Fig. 13.5.







13.4. Pathological models of regenerating immature Cl
−
 homeostasis induced by injury

13.4.1. Injuries induce regeneration of immature Cl
−
 homeostasis for survival and repair




Changes in GABAA receptor–mediated action occur after various types of neuronal injury and are accompanied by expressional changes in Cl
−
 transporters. Such modal shifts in GABA action, which are due to changes in Cl
−
 homeostasis, often induce changes in [Ca2+]i and membrane potential responses to GABA, as well as local neural circuitry alterations. Toyoda et al. (2003) reported that axotomy induces increased resting [Ca2+]i, spontaneous [Ca2+]i oscillation, supersensitivity to glutamate-evoked [Ca2+]i rises, and GABA-evoked [Ca2+]i elevations in facial motoneurons, which were abolished by a GABAA receptor antagonist. Interestingly, in some groups of neurons, [Ca2+]i oscillations were synchronized (Fig. 13.7). The cells might undergo reinnervation following deafferentation, because synchronized [Ca2+]i oscillation is network driven, as suggested by de Lima et al. (2009). KCC2 mRNA expression was almost abolished at 3 days after the procedure but exhibited substantial recovery at 16 weeks after transection. Therefore, increased [Cl
−
]i in 
the axotomized motoneurons was due to decreased KCC2 mRNA expression, whereas NKCC1 phosphorylation played a critical role in axotomized sensory neurons (Pieraut et al., 2007). KCC2 downregulation was also observed in autonomic motoneurons (Nabekura et al., 2002). These results suggested that Cl
−
 homeostatic changes induced by decreased KCC2 expression resulted in conversion of GABA response from inhibition to excitation in axotomized neurons, followed by spontaneous [Ca2+]i oscillations. These GABAergic excitation-mediated [Ca2+]i oscillations could be involved in neural regeneration processes (Spitzer et al., 2002).
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Figure 13.7 Tonic GABAA receptor activation is essential for induction of Ca2+ oscillations. Ca2+ transient is not evoked by GABA in the intact side (upper). GABA-evoked Ca2+ transients are induced by axotomy at 3 days after surgery and mediated by the GABAA receptor (middle). Approximately 70% of axotomized cells exhibit spontaneous intracellular Ca2+ oscillation (bottom). Note that three cells (#1–#3) are synchronized in oscillation. Bicuculline completely blocks spontaneous Ca2+ oscillations, indicating tonic activation of GABAA receptors. 

Adapted from Toyoda, H., Ohno, K., Okabe, A., et al., 2003. Induction of NMDA and GABAA receptors-mediated Ca2+ oscillations with KCC2 mRNA downregulation in injured facial motoneurons. J. Neurophysiol. 89, 1353–1362.




Similarly, Shulga et al. (2008) reported that posttraumatic decreases in KCC2 expression leads to intracellular Cl
−
 accumulation in vitro, followed by transiently GABA-induced [Ca2+]i increases in lesioned CA3 hippocampal neurons. Survival in this neuronal population following injury is brain-derived neurotrophic factor (BDNF)–dependent, and neuronal loss following BDNF withdrawals was prevented by reducing the amplitude of GABAA depolarization with bumetanide. Recovery of KCC2 expression coincides with loss of BDNF dependency for survival. It is likely that BDNF mediates bidirectional regulation of KCC2, because injured neurons also exhibited a reversed response to BDNF by upregulating KCC2.

Jin et al. (2005) demonstrated impaired Cl
−
 extrusion in undercut or axotomized corticospinal neurons in layer V. Their results demonstrated that there was no significant difference in E
Cl between neurons from control or undercut animals. However, when loaded with Cl
−
, the axotomized neurons underwent a positive E
Cl shift. These results suggested that neurons in the undercut cortex were less effective at maintaining low [Cl
−
]i during repetitive activation of GABAA receptors. Impaired Cl
−
 extrusion due to decreased KCC2 expression could reduce the strength of GABAergic inhibition and contribute to epileptogenesis. Since a similar phenomenon is observed in the KCC2-phosphomimetic mice, this subtle functional impairment may be due to phosphorylation of KCC2 (Watanabe et al., 2019).

By using various in vitro models of neuronal damage and ischemia, Wake et al. (2007) demonstrated that neuronal stress induces a rapid loss in tyrosine phosphorylation of KCC2, followed by protein translocation, loss of transport activity, and finally decreased KCC2 transcription and translation. Therefore, loss of KCC2 function, accompanied by increased [Cl
−
]i, is commonly induced by injuries. It has been suggested that this immature phenotype is an attempt to 
repair and enable targeting of neuronal projections during damage-related rewiring (Kahle et al., 2008). This is consistent with the stimulation of neurite growth in injured adult sensory neurons following NKCC1 phosphorylation (Pieraut et al., 2007) (also see Fig. 13.5).




13.4.2. Regeneration of immature Cl
−
 homeostasis may contribute to pathogenesis

Synaptic survival and remodeling could result in pathogenesis, such as neuropathic pain. Accumulating evidence suggests a role for GABAA receptors in allodynia and hyperalgesia. In neuropathic pain models, GABAA receptor activation appears to be excitatory, more depolarized, and less hyperpolarized. In addition, results have suggested depolarizing shifts in E
Cl by KCC2 downregulation and/or NKCC1 upregulation.

Trans-synaptic reduction in KCC2 expression, as well as the consequent disruption of Cl
−
 homeostasis in neurons from lamina I of the superficial dorsal horn, a primary spinal nociceptive output pathway, was pioneered by Coull et al. (2003, 2005). The shift in transmembrane Cl
−
 gradient resulted in an excitatory shift in inhibitory GABAergic synaptic input, which increased the net excitability of lamina I neurons sufficiently to cause neuropathic pain. Spinal microglia stimulated by adenosine triphosphate (ATP) contribute to tactile allodynia, and ATP stimulation evokes BDNF release from microglia. BDNF is a crucial signaling molecule that acts on lamina I neurons, causing a collapse in neuronal Cl
−
 gradient. Decreased KCC2 coincides with significantly increased BDNF protein levels. Results have shown that BDNF receptor TrkB-dependent reduction in KCC2 protein levels (Boulenguez et al., 2010; Rivera et al., 2002; Wardle and Poo, 2003) in the spinal dorsal horn is an early consequence of peripheral nerve injury (Miletic and Miletic, 2008). Decreased KCC2 elicits an early increase in dorsal horn neuronal excitability through a loss of GABAA receptor–mediated inhibition, which results in enhanced and exaggerated communication between primary afferents and dorsal horn neurons, thereby contributing to early behavioral signs of neuropathic pain (Miletic and Miletic, 2008). Peripheral irritation or inflammation induced by formalin or adjuvant, as well as spinal injury and streptozotocin diabetes, induces decreased KCC2 expression in the dorsal horn of the spinal cord, which facilitates development and/or maintenance of chronic inflammatory pain (Lu et al., 2008; Nomura et al., 2006; Zhang et al., 2008). In addition, unaltered NKCC1 expression was also reported (Nomura et al., 2006; Zhang et al., 2008). Although NKCC1 and KCC2 mRNA and protein expression are increased in the superficial dorsal horn in acute arthritis (Morales-Aza et al., 2004), KCC2 plays a role in the efficacy of inhibitory neurotransmission in the spinal cord. In addition, altered KCC2 expression levels contribute to allodynia and hyperalgesia associated with neuropathy. Disinhibition in the spinal cord, induced by decreased KCC2 expression, is a general feature of inflammatory and neuropathic pain condition (De Koninck, 2007; Kahle et al., 2008; Price et al., 2009). Interestingly, a similar mechanism exists in motoneurons: for example, trans-synaptic BDNF-TrkB-dependent early reduction in KCC2 protein levels in motoneuron membranes is associated with spasticity following spinal cord injury (Boulenguez et al., 2010). In addition, BDNF action was bidirectional, and, at 15 days following injury, KCC2 expression was increased.

In contrast to dorsal horn relay neurons, in which [Cl
−
]i is low in the adult due to strong Cl
−
 extrusion by abundant KCC2, primary afferent neurons maintain depolarizing responses to GABA into adulthood, as well as high [Cl
−
]i levels (Sung et al., 2000; Toyoda et al., 2005). The molecular basis for this GABAergic response and Cl
−
 homeostasis appears to be associated with NKCC1, which is expressed in dorsal root and trigeminal ganglionic neurons (Kanaka et al., 2001; Price et al., 2006, 2009; Toyoda et al., 2005). Interestingly, these neurons do not express KCC2 (Kanaka et al., 2001; Toyoda et al., 2005).

Cl
−
 currents in peripheral nociceptive neurons have been implicated in the generation of afferent nociceptive signals, because Cl
−
 accumulation in sensory endings establishes a driving force for depolarizing, and even excitatory, Cl
−
 currents. Granados-Soto et al. (2005) suggested that NKCC1 localized in sensory neurons at intraspinal and peripheral sites is involved in formalin-induced nociception. Dorsal root reflexes, which arise within the dorsal horn and produce neurogenic inflammation, can be blocked by spinal application of the NKCC1 inhibitor bumetanide, suggesting that NKCC1 contributes to their generation (Valencia-de Ita et al., 2006). Funk et al. (2008) demonstrated that the early rise in [Cl
−
]i levels, following application of inflammatory agents, can be induced by enhanced NKCC1 phosphorylation in dorsal root ganglion neurons. NKCC1 phosphorylation, which is induced by painful stimulation, results in membrane translocation of this protein (Galan and Cervero, 2005). These results suggest that NKCC1 phosphorylation plays a role in initiation of allodynia, whereas trafficking is involved in maintenance of an allodynic state. As expected, NKCC1–KO mice exhibit normal mechanical hyperalgesia in response to an intradermal capsaicin injection but demonstrate reduced stroking hyperalgesia or allodynia evoked by brushing (Laird et al., 2004). Morales-Aza et al. (2004) reported decreased NKCC1 expression in dorsal root ganglion neurons in arthritis. However, various types of 
inflammatory mediators increase [Cl
−
]i and NKCC1 expression, resulting in depolarized GABA. These results demonstrated that increased [Cl
−
]i levels in dorsal root ganglion neurons result in excitatory GABA signals in presynaptic terminals, that is, peripheral sensory endings. Therefore, Cl
−
 homeodynamics contribute to the generation or modulation of afferent signals, thereby playing a role in the generation of hyperalgesia and allodynia (Funk et al., 2008).



[image: image]



Figure 13.8 Cl
−
 homeodynamics underlie the etiology of trigeminal neuropathic pain. KCC2 downregulation in secondary neurons of spinal trigeminal nucleus caudalis (Sp5C) could result in an excitatory switch of GABAA inhibition, which could be crucial for pain modulation (1). NKCC1 upregulation in primary neurons at synaptic terminal may enhance primary afferent depolarization, leading to the generation of action potentials (2), and at soma may facilitate sensory conduction by auto/paracrine GABAergic depolarization (3). Therefore, collapse of Cl
−
 homeostasis in trigeminal relay and/or primary neurons could result in reduced GABAergic inhibition, which could account for hyperalgesia and allodynia. 

Modified from Wei, B., Kumada, T., Furukawa, T., Inoue, K., Watanabe, M., Sato, K., Fukuda, A., 2013. Pre- and post-synaptic switches of GABA actions associated with Cl
−
 homeostatic changes are induced in the spinal nucleus of the trigeminal nerve in a rat model of trigeminal neuropathic pain. Neuroscience 228, 334–348.




Compared with the spinal cord, few studies have focused on trigeminal systems. Through the use of a rat model of trigeminal hyperalgesia and allodynia, Wei et al. (2013) demonstrated decreased KCC2 mRNA and protein expression in secondary neurons in the spinal trigeminal nucleus caudalis but increased NKCC1 mRNA and protein expression in small and large primary neurons in the injured side of the trigeminal ganglion. These expressional changes were apparent during hyperalgesia and allodynia. GABA actions were excitatory in the injured side but inhibitory in the sham-operated side of the spinal trigeminal nucleus during this period. Decreased KCC2 expression in the spinal trigeminal nucleus could result in disinhibition by impaired GABA inhibition. In the sham-operated side, fiber activity in trigeminal sensory endings was inhibited by muscimol, a GABAA receptor agonist, but bumetanide had no effect. In the injured side, however, muscimol facilitated fiber activity, which was reversed by bumetanide. These results suggested that increased NKCC1 expression in trigeminal ganglion neurons could increase [Cl
−
]i, rendering greater depolarizing presynaptic GABAergic action or primary afferent depolarization to be excitatory (Fig. 13.8).

Primary afferent fibers interact in the spinal dorsal horn by generating primary afferent depolarization via mediation by GABAergic neurons. Enhanced primary afferent depolarization could lead to the generation of action potentials, thereby transforming inhibition to excitation. Under normal conditions, Aβ-mediated primary afferent depolarization to nociceptive afferents results in reduced pain by inhibiting (shunting) synaptic transmission. However, following injury, evoked firing in nociceptive terminals results in touch-evoked pain or allodynia (Garcia-Nicas et al., 2006). These results suggested that changes in trigeminal afferent terminal [Cl
−
]i could facilitate pain transmission, as well as cross-excitation by touch sensation (Fig. 13.8). Cl
−
 homeostatic disruption resulting in perturbation of the inhibitory system could increase pain transmission, which may underlie the pathophysiology of trigeminal neuropathic pain. Wu et al. (2009) and Li et al. (2010) reported inflammation-induced KCC2 downregulation in trigeminal systems, such as the medullary dorsal horn and trigeminal subnucleus caudalis.

Despite differences in underlying mechanisms (KCC2 vs. NKCC1), site (spinal nerve vs. trigeminal), and order (secondary relay vs. primary afferent) of a depolarizing E
Cl shift, this mechanism could contribute to pain and/or hypersensitivity associated with nerve injury, acute noxious stimuli, and persistent inflammation (Price et al., 2009). Bumetanide, an NKCC1 inhibitor, and acetazolamide, a carbonic anhydrases inhibitor (Asiedu et al., 2010), both of which induce hyperpolarizing E
GABA shifts, could be considered as therapeutic agents.











13.5. Perspectives of possible involvement of Cl
−
 homeodynamics in pathogenesis

13.5.1. Psychiatric disorders and Cl
−
 homeodynamics




Psychiatric disorders, such as schizophrenia, are hypothesized to be a consequence of neurodevelopmental disorders. Indeed, perturbed adult neurogenesis (Reif et al., 2006) and developmental hippocampal and prefrontal GABAergic dysfunction (Benes et al., 2007; Duncan et al., 2010) have been reported. Genetic and postmortem brain analyses have indicated abnormalities in GABA-related molecules, such as GAD65/67, GAT1, and GABAA receptors (Lewis et al., 2005; Lewis and González-Burgos, 2008; Lisman et al., 2008; Uhlhaas and Singer, 2010). Upregulation of the GABAA receptor α2 subunit has also been suggested in the initial axonal segments of cortical pyramidal cells. Interestingly, GABAergic input to the initial axonal segments from chandelier cells is depolarizing and excitatory, because [Cl
−
]i is high owing to the lack of KCC2 expression (Szabadics et al., 2006). Because depolarizing GABA actions and upregulated NKCC1 and/or downregulated KCC2 are considered to be involved in a variety of cortical development processes, such as neurogenesis, migration, and synaptogenesis (Behar et al., 1996, 1998; Ben-Ari, 2002; Bolteus and Bordey, 2004; Haydar et al., 2000; Heck et al., 2007; LoTurco et al., 1995; Maric et al., 2001; Nakanishi et al., 2007; Owens and Kriegstein, 2002; Pfeffer et al., 2009; Wang and Kriegstein, 2008, 2009), altered Cl
−
 homeostasis may also be responsible for the pathogenesis of schizophrenia (see Fig. 13.5). An abnormality in NKCC1/KCC2 expression ratio has been suggested as a genetic risk for schizophrenia (Hyde et al., 2011). Lewis et al. (2005) suggested that a signaling deficiency in the BDNF–TrkB neurotrophin receptor leads to reduced GABA synthesis in parvalbumin-containing subpopulations of inhibitory GABAergic neurons in the dorsolateral prefrontal cortex in schizophrenia patients. Because the BDNF–TrkB receptor pathway is critical for KCC2 expression regulation (Rivera et al., 2002) as well as for GABAergic synaptic regulation (Wardle and Poo, 2003), abnormal development of KCC2 could be speculated in schizophrenia patients. Indeed, KCC2 hypomorphic mice exhibit increased anxiety-like behavior, cognitive impairment, and reduced skin sensations, which are often associated with neuropsychiatric disorders (Tornberg et al., 2005). Later on, two variants of KCC2 were found in patients of autism and schizophrenia (Merner et al., 2015). A diminished capacity for γ-frequency synchronized neuronal activity (which is required for working memory, perception, and consciousness) as well as cognitive deficits are common symptoms of the disorder (
Lewis et al., 2005; Lewis and González-Burgos, 2008; Lisman et al., 2008; for review Uhlhaas and Singer, 2010). Parvalbumin-containing GABA neurons are key players in γ-oscillation (Uhlhaas and Singer, 2010) and GABAergic disinhibition has been shown to contribute to cognitive deficits (Liu et al., 2009), such as in schizophrenia. For example, MK-801-induced, cognitively impaired rats exhibited decreased KCC2 expression in hippocampal CA1, compared with normal rats, without further downregulation of KCC2 during induction of long-term potentiation (LTP), which is typically observed in normal rats (Liu et al., 2009). These results suggested that the lack of KCC2 homeodynamics could be an underlying mechanism for GABAergic disinhibition-induced cognitive deficits. In contrast, a genetic rat model of unipolar depression exhibited a widespread increase in KCC2 expression (Matrisciano et al., 2010), which suggested that a spontaneous depressive state is associated with amplified GABAergic transmission resulting from increased KCC2 expression.

Stress during pregnancy is considered a risk factor for subsequent development of schizophrenia. Moreover, stress in the adult is a risk factor for aggravation and pathogenesis of psychiatric disorders, such as depression. Stress increases the activity of hypothalamic parvocellular neuroendocrine neurons, which elicits a stereotypic endocrine response. These cells are normally inhibited by GABA-mediated synaptic inhibition. However, acute restraint stress in rats induced disinhibition of the inhibitory synaptic drive by downregulating KCC2 (Hewitt et al., 2009). The depolarizing shift in E
GABA resulted in ineffective GABAergic synaptic inhibition. Notably, repetitive activation of GABA synapses following stress resulted in a rapid collapse in the Cl
−
 gradient, which was sufficient to increase activity of neuroendocrine cells. These results suggested that hypothalamic neurons integrate psychological cues into the endocrine stress response by altering KCC2 expression and regulating E
Cl.




13.5.2. Potential risks of early exposure to anesthesia in childhood

As previously mentioned, increased KCC2 and decreased NKCC1 expression during fetal and neonatal development resulted in an ontogenic switch in GABA actions (excitatory to inhibitory) in a variety of animal models, as well as in humans (Dzhala et al., 2005; Hyde et al., 2011). This suggests that GABA action in human neonates could be excitatory. Therefore, if GABAA receptor–activating drugs are used to augment GABA inhibitory effects, unexpected and deleterious effects could be induced to the immature brain). A number of studies in immature animal models have demonstrated degenerative effects of several anesthetics on neuronal structure and brain functions, such as social behaviors, fear conditioning, and spatial reference memory tasks when exposed during the early stages of life 
(Jevtovic-Todorovic et al., 2003; Loepke et al., 2009; Satomoto et al., 2009; Stratmann et al., 2009a). A potential risk for developmental disorders in humans exposed to anesthetics early in life has been predicted, based on the effects to developing animal and human brains (Loepke and Soriano, 2008). A population-based, retrospective birth cohort demonstrated that early (prior to 4 years of age) exposures (multiple, not single) to anesthesia resulted in learning disabilities later in life (Wilder et al., 2009). This suggested that exposure to anesthesia was a significant risk factor for the later development of learning disabilities in children receiving anesthetics. Another retrospective study on child behavior addressed the age of exposure to anesthesia (Kalkman et al., 2009). Results demonstrated that behavioral disturbances were more severe in younger patients. These results suggested that the immature brain is more susceptible to anesthetics. Several animal studies have demonstrated that sevoflurane (Satomoto et al., 2009) and isoflurane (Sall et al., 2009; Stratmann et al., 2009b), which bind to GABAA receptors and exhibit deleterious effects on neuronal survival and neurogenesis when exposed at early periods of life. These results suggest that anesthetic agents that act on GABAA receptors could result in cytotoxic effects due to high [Cl
−
]i. In addition, hypercarbia induces deleterious effects due to the fact that 




HCO

3
−
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 is a permeable ion for GABAA receptors, thereby rendering depolarization (Farrant and Kaila, 2007; Rivera et al., 2005). Although pharmacological effects of anesthetics on Cl
−
 transporters remain poorly understood, the underlying mechanisms, including perturbation of Cl
−
 homeodynamics, should be investigated. Vigabatrin has been shown to induce increased GABA levels in the GABAergic system before and during the developmental switch in GABA function (postnatal days P1–7 and P4–14) (Levav-Rabkin et al., 2009). Vigabatrin also enhanced NKCC1 and KCC2 synthesis, followed by a long-term decrease in KCC2 oligomerization in the cell membrane of P4–14 hippocampi and cerebral cortices.

GABA exhibits tremendous influence on neural development, such as neurogenesis, migration, synaptogenesis, and excitatory transmission. Therefore, anesthetics or drugs that act on the GABAA receptor could greatly influence brain development at any stage of development. These findings provide novel insights into the deleterious consequences observed in children following prenatal and neonatal exposure to GABA-potentiating drugs.





13.6. Conclusion

The general phenotype for Cl
−
 homeostasis underlying pathogenic modal shifts of GABA actions is an immature type, with increased [Cl
−
]i attributed to a high NKCC1/KCC2 balance, thereby promoting depolarizing/excitatory GABA 
actions. Dedifferentiation is beneficial for neuronal reinnervation and survival but can also result in neurological or psychiatric disorders. On the other hand, disturbances in such immature type of Cl– homeostasis as required for normal development can also be deleterious. In conclusion, Cl
−
 homeostasis can change much more dynamically than previously believed (Fig. 13.9).



[image: image]



Figure 13.9 Cl
−
 homeodynamics play a role in developmental and pathogenic modal shifts of GABA action. In immature neurons, NKCC1 takes up Cl
−
 to maintain high [Cl
−
]i levels and promotes depolarizing GABA action by Cl
−
 efflux, which may exert excitation. Immature GABA modes play pivotal roles in neurogenesis, migration, and synaptogenesis. Following development, KCC2 extrudes Cl
−
 out of cells to maintain low [Cl
−
]i levels. Therefore, GABA hyperpolarizes postsynaptic neurons via Cl
−
 influx and acts as an inhibitory transmitter. An acute Cl
−
 overload reverses GABAergic action (inhibition to excitation). During development, as well as during pathogenesis of epilepsy, ischemia, or other injuries, Cl
−
 homeostasis and GABA actions could be reversed to an immature phenotype due to KCC2 downregulation and/or NKCC1 upregulation. 

Adapted from Fukuda, A., Muramatsu, K., Okabe, A., et al., 1998. Changes in intracellular Ca2+ induced by GABAA receptor activation and reduction in Cl
−
 gradient in neonatal rat neocortex. J. Neurophysiol. 79, 439–446.
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Abstract


GABAA receptor chloride channels are widely known to mediate inhibitory neurotransmission in matured synapses. However, during the central nervous system development, its activation causes membrane-depolarization of immature neurons because of high intercellular Cl
−
 concentrations and exhibits trophic effects. As well as dynamic changes in excitability, developmental changes in a variety of GABAA receptor subunit and phasic/tonic (extrasynaptic) actions bring the multimodality of GABAA receptor function. In this chapter, we describe the diversity of GABAA receptors, and how the multimodal functions of GABAA receptor contribute to various events of neuronal development: neurogenesis, neuronal migration, synaptogenesis during development. According to its importance during ontogeny, GABAA receptor–mediated signaling is implicated in a number of neurodevelopmental disorders such as schizophrenia, epilepsy, autism spectrum disorder, and Down syndrome. Thus, we also review the linkage between the multimodal functions of GABAA receptor and these disorders.
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14.1. Developmental shifts of GABAA receptor subunit composition

Gamma-aminobutyric acid A (GABAA) receptor, fast-activating Cl
−
 channels from the Cys-loop family of ligand-gated ion channel, is a major inhibitory neurotransmitter receptor. Indeed, GABAA receptors are expressed in most fast inhibitory synapses in the central nervous system (CNS). Functional GABAA receptors are heteropentameric complexes composed from total 19 subunits (α1–6, β1–3, γ1–3, ρ1–3, π, θ, δ ε) (see review in Fritschy and Panzanelli, 2014; Olsen and Sieghart, 2008). The most naïve receptors comprise two α subunits; two β subunits; and one γ, δ, or ε subunits. Assembly of these subunits with various combinations gives rise to the heterogeneity of multiple GABAA receptor subtypes that exhibit distinct physiological and pharmacological profiles. During the CNS development, subunit composition is changed in spatiotemporal manner.






In general, there are two types of GABAergic inhibition, phasic inhibition and tonic inhibition. The former is mediated by synaptically localized GABAA receptors with a low affinity for GABA (gamma-aminobutyric acid). These synaptic GABAA receptors mediate fast synaptic events and produce inhibitory postsynaptic potentials (IPSP). The latter is mediated by peri- or extrasynaptically located GABAA receptors with a higher affinity for GABA. Tonic GABAA receptors can be activated by “ambient GABA” (GABA released into the extracellular milieu) that spilt over from the synaptic cleft and/or released by nonvesicular manner, which result in persistent GABAergic conductance. Tonic conductance is involved in regulating neuronal excitability, local network circuitry, and synaptic plasticity in certain regions of adult CNS. In addition, activation of extrasynaptic GABAA receptors is more frequently occurred in the developing brain (even in the stage before synaptogenesis) compared to the adult and has pivotal roles for controlling the various process of CNS development (Cellot and Cherubini, 2013; Deidda et al., 2014; Egawa and Fukuda, 2013).

GABAA receptor–mediated actions shift from excitatory to inhibitory during neural development due to the change in intracellular chloride concentration as described in Chapters 38 and 39. The subunit composition can be influenced by intracellular chloride itself, which suggests the mechanism in tuning the strength of GABAergic responses by acting as an intracellular messenger (Succol et al., 2012).

Wisden and colleagues originally reported distribution of messenger RNA (mRNA) for 13 GABAA receptor subunits in developing and adult rat brains (Laurie et al., 1992; Wisden et al., 1992). The distribution of each subunit displays unique pattern in various brain areas and also changes during development. Whereas many GABAA receptor subunits are localized in certain brain regions in spatiotemporal manner, the α1, β1, and γ2 subunits are ubiquitously expressed almost throughout the adult brain. During CNS development, these subunits are upregulated at older stages. In contrast, some subunits especially involved in tonic GABAergic functions are temporally expressed during the various stages of development, as described below. Overall, the reports by Wisden's group are mostly confirmed by the data in the “Allen Brain Atlas” (http://mouse.brain-map.org), the database of gene expression profiles in mouse and human brains and by immunohistochemical studies. Furthermore, recent advances in immunohistochemical techniques enable to examine the mechanism for subcellular localization of receptor subunit proteins and provide clues for discrimination between the synaptic and the extrasynaptic receptors (review: Fritschy et al., 2012; Fritschy and Panzanelli, 2014). However, so far, there has not been so much evidence probably due to technical limitations.

Loss of function experiments using genetically engineered mice provide the useful to uncover the roles of functional GABAA receptor (subunits) in spatiotemporal manner. However, targeted deletion of a GABAA receptor subunit often lead to changes in the distribution and expression pattern of the remaining subunits, which often cause compensatory adaptations (review: Fritschy and Panzanelli, 2014). Thus, it yet remains largely unknown about the role of individual GABAA receptor subtypes with distinct combination of subunits.



14.1.1. Developmental changes in GABAA receptor subunits in neocortex

In the adult rodent cerebral cortex, 12 GABAA receptor subunits (α1-5, β1-3, γ1-3, and δ) are expressed. During corticogenesis, expression of the GABAA receptor subunits is dynamically changed in spatiotemporal manner. These changes temporally correlate with the formation of functional GABAA receptors subtypes (Fritschy and Panzanelli, 2014; Redecker et al., 2000). During prenatally and early postnatal days, cortical neurons express predominantly α2, α3, α4, α5, β2, β3, γ1, and γ2 subunits. Transcripts for α2, α3, and α5 subunits are detected throughout the developing stages.

Studies with in situ hybridization showed that transcripts for α1 subunit can be detected at around the birth and increase to steady level in the adult and aging cortex (Laurie et al., 1992). In contrast, the α3 and α5 subunits are abundantly expressed in the neocortex during the first postnatal week, and these subunits continuously decreased in the adult. All three β subunits are widely distributed in the adult brain. Whereas transcripts for these subunits can be coincidentally detected at the late embryonic week during corticogenesis, those for each β subunit increase at different rates (β3
 
>
 
β2
 
>
 
β1) to reach a peak in expression. The γ1 and γ2 subunits are at least present at a very low level at E14, and increased after birth. Transcripts for γ3 and δ subunits appear around P0 and peak at the second postnatal week, respectively (Laurie et al., 1992).

In the earliest stages of corticogenesis, GABAA receptor α4, β1, and γ1 subunits mRNAs are abundant in the inner half of the germinal matrix while neurogenesis occurs. Subsequently, GABAA receptor subunits α2, α3, α4, β1, and γ1 transcripts are detectable in the rat cerebral cortex at embryonic day (E) 14. The α3 subunit is expressed at particular high levels during prenatal development. Electrophysiological studies showed that GABAA receptor–mediated currents are recorded from even in neuroblasts and immature neurons (Owens et al., 1999). In contrast, transcripts for α1 and γ2 subunits can only be detected in cortical neurons at the stage when these neurons almost set at their final positions. In accordance, immature cortical neurons exhibit GABAA receptor–mediated currents with slow kinetics and little desensitization, high GABA affinity, and lack of synaptic GABAergic currents (Owens et al., 1999). In addition to this classical 
GABAA receptor, ρ subunit containing GABAA-rho receptors (also known as GABAC receptor), characterized by an exceptionally high GABA affinity and little desensitization, are found in the subventricular zone (SVZ), while they are lacking in cortical plate neurons (Luhmann et al., 2015).

In the later stages of development, layer II–III neurons show transient upregulation of the α4 subunit as well as developmental downregulation of the synaptic α3 subunit accompanied by upregulation of the α1 subunit (Bosman et al., 2002). The α2 subunit exhibits laminar changes in its expression. Though the α2 subunit is expressed in all cortical layers during development, its expression is disappeared in deeper layers of the adult cortex (Yu et al., 2006). Also, neonatal neurons of rat visual cortex show a predominant functional synaptic contribution of the α3 subunit but subsequently change to that of the α1 subunit (followed by the α4 subunit and to a lesser extent by the α3 subunit) in matured neurons (Bosman et al., 2002).

Cortical GABAergic interneurons arise from extracortical region called the ganglionic eminence within the basal telencephalon and migrate tangentially toward the cortex during corticogenesis. These cells become more sensitive to GABA as they leave the medial ganglionic eminence (MGE) and enter into the neocortex. Cuzon Carlson et al. (2011) profile the subunit-selective response of migrating neurons in the MGE and cortex, which are consistent with distinct expression of GABAA receptor isoforms. These experiments suggested that mRNAs for certain GABAA receptor subunits including the α1, α2, α5, γ2, and γ3 subunits are increased after neurons enter the cortical region (Cuzon Carlson et al., 2011).




14.1.2. Developmental changes in GABAA receptor subunits in hippocampus

Expression profile of GABAA receptor subunits in both developmental and adult hippocampus is different from that in the neocortex. In adult hippocampus, studies with in situ hybridization reported that the α2, α5, and γ2 subunits are abundantly expressed; the α1, β1, and β3 subunits are moderately; and the α3, α4, β2, and δ subunits are minimally expressed (Fritschy and Panzanelli, 2014; Laurie et al., 1992; Pallotto and Deprez, 2014; Wisden et al., 1992). According to the localization of subunits, distinct subtypes of GABAA receptor seem to be dominantly expressed in different regions of hippocampus; GABAA receptor α2β3γ2, containing the most prominent α2, is localized in the molecular layer of dentate gyrus; the α5β3γ2 subtype is expressed in CA1 pyramidal neurons; and dentate granule cells express the α4β3δ subtype (Pallotto and Deprez, 2014).

In the developing rat hippocampus, transcripts for GABAA receptor subunits are not detected by at least E14. At E17 and thereafter, expression of the α2, α5, and γ2 subunits can be detectable and then upregulated during the hippocampal formation. The upregulation of these subunits coincides with the establishment of inhibitory circuits (Owens et al., 1999). Expression of both of α2 and α5 mRNAs declined slightly after postnatal day (P) 12 in CA1 and CA3 regions (Laurie et al., 1992). Expression of α2 subunit mRNA is more abundant than that of α1 subunit in all other hippocampal subregions. The early upregulation of the γ2 subunits then switched into a downregulation during further aging. In the adult and aging brain, the γ2 subunit is continuously and slightly downregulated, whereas the α1, α2, α3, and α5 subunits showed a relatively stable expression. Transcripts for β3 subunit are also detected at low levels at E17 and subsequently increased rapidly. All other subunit transcripts can be detectable only in postnatal stage. Expression level of the β2 and δ subunit is low, and then the δ subunit shows gradual increase to adult level. About 1 week after birth, the expression of γ1 subunit begins to decrease, and γ3 subunit shows peak. Expression of α1, α3, α4, β1, γ3 subunits peaks around 2 weeks after birth (Laurie et al., 1992). In the hippocampal pyramidal cells and dentate gyrus granule cells, expression pattern of GABAA receptor subunits is similar to mature neural circuit soon after birth with homogeneous expression of the α1, α2, β1, β2, β3, γ1, γ2, and γ3 subunits. Whereas, the expression of α4 and α5 subunits are concentrated in CA3 region and expression of α4 and δ subunits are concentrated in dentate gyrus (Laurie et al., 1992; Wisden et al., 1992).

Neurons in hippocampal dentate gyrus is known to be generated from the limited region (called the neurogenic niche), the subgranular zone (SGZ) throughout life. In the SGZ, neural stem cells have certain functional GABAA receptor subtypes including α5β3γ2 or α4-containing receptors.




14.1.3. Developmental changes in GABAA receptor subunits in thalamus

Various expression patterns of GABAA receptor subunits are remarkable in the different thalamic nuclei of neonates and adults (Wisden et al., 1992). In situ hybridization studies showed that α4, β2, and δ subunit mRNAs are highly expressed in the thalamus, beside the α1 subunit ubiquitously expressed in the brain (Laurie et al., 1992). Tonic GABAA receptor–mediated conductance is prominent in the thalamic relay neurons of the dorsal lateral geniculate nucleus according to the high expression of δ subunit, although this conductance is absent in the ventral lateral geniculate nucleus that lacks the δ subunit (Fritschy and Panzanelli, 2014).






Distribution of GABAA receptor subunits is also changed during development of the thalamus. The α2, α3, and to a lesser extent α5 subunits are the major mRNAs for GABAA receptor α subunits in the embryonic diencephalon. These subunits are transiently expressed at early developmental stages. Expression of the α3 subunit peaks slightly at the birth, while those of the α2 and α5 subunits continued until the first postnatal week. Thereafter, these transcripts decline dramatically before the second postnatal week (Laurie et al., 1992). The α2 subunit is gradually replaced by the α1 subunit that is upregulated from the first postnatal week. Transcripts for α4 subunit gradually increase from embryonic stage and reach peak at the second postnatal week (Laurie et al., 1992).




14.1.4. Developmental changes in GABAA receptor subunits in basal ganglia

Temporal pattern of GABAA receptor subunit expression in the embryonic striatum and postnatal caudate is similar to that described for the thalamus (Laurie et al., 1992). Further, immunohistochemical studies in the basal ganglia showed that (1) the striatum, the nucleus accumbens show strong, diffuse staining of the α2, α4, β3, and δ subunits on dendrites of principal medium spiny neurons, (2) in these area, α1-, β2-, and γ2-immunoreactivity is restricted to interneurons, (3) dendrites of projection neurons in the globus pallidus, the ventral pallidum, the subthalamic nucleus, and the substantia nigra pars reticulate (the striatum innervates these area) darkly labeled for the α1, β2, and γ2 subunits (the γ1 subunit is relatively strong in comparison with other areas in a brain), (4) dopaminergic neurons in the substantia nigra pars compacta and ventral tegmental area show immunoreactivity for the α3, γ3, and/or δ subunits (Schwarzer et al., 2001).

Medium spiny neurons (MSNs) are most GABAergic projection neurons which occupy 95% or more in the striatal neurons. These striatal neurons also express GABAA receptor subunits underling tonic as well as phasic inhibition. There are two classes of MSNs, D1-MSNs expressing dopamine D1 receptor and D2-MSNs expressing dopamine D2 receptor. D1-MSNs project to substantia nigra and form the direct pathway that facilitate movement, whereas D2-MSNs project to globus pallidus and form the pallidal pathway that inhibits movement. Electrophysiological studies revealed D2-MSNs have larger response and longer opening of GABA channels than D1-MSNs in juvenile mice (Santhakumar et al., 2010). These larger currents mediated by tonic GABAA receptors in D2-MSNs are likely due to the α5 subunit containing receptor. Expression of the α5 subunit is progressively declined with increase in the α4 and δ subunits in the adult striatum. Thus, tonic GABA conductance increases in D1-MSNs but decreases in D2-MSNs with age, suggesting that developmental switch in the MSN subtype exhibiting larger tonic GABA conductance (Santhakumar et al., 2010). Target deletion of the encoding GABAA δ subunit proves that the larger tonic GABA conductance in D1-MSNs depends on δ subunit (Santhakumar et al., 2010).




14.1.5. Developmental changes in GABAA receptor subunits in cerebellum

Most GABAA receptor mRNA expression become evident after birth, while embryonic rat cerebellum exhibits homogenous and low expression of GABAA receptor α3, β3, and γ2 subunits (Laurie et al., 1992).



Purkinje cells:
 The mRNAs encoding α1, β2, β3, and γ2 subunits of GABAA receptor can be detected in the Purkinje cells at birth, and subsequently its expression is increased to the adult level by second postnatal week when the Purkinje cells align in a monolayer (Laurie et al., 1992). In adult cerebellum, Purkinje cells only express the GABAA receptor subtype containing α1 subunit. Therefore, they completely lose both phasic and tonic GABAergic conductance in α1 subunit knockout (KO) mice (Fritschy, 2015). During cerebellar development, Purkinje cells express the α3 subunit in the stage for synaptogenesis even in GABAA receptor α1 KO mice. This transient expression allows the formation of GABAergic synapse. Purkinje cell–specific deletion of GABAA receptor γ2 subunit in mice causes complete loss of synaptic GABAA receptors from Purkinje cells (Wulff et al., 2009). Although these mice show no anatomical alterations of the cerebellar circuitry, Purkinje cells show abnormal patterns of firing. Misfiring were recorded during or in the absence of evoked compensatory eye movements, proposing that feedforward inhibition, by controlling the fine-scale patterns of Purkinje cell activity, enables the induction of plasticity in neurons of the cerebellar and vestibular nuclei.



Cerebellar granule cells:
 After active proliferation of the granule cell precursors at the top of the external granular layer (EGL), postmitotic granule cells migrate tangentially in the EGL followed by inward radial migration through the molecular layer and the Purkinje cell layer toward their final destination, the internal granular layer (IGL). Although there were controversial whether dividing cerebellar granule precursor expresses GABAA receptors, physiological recording showed granule cells in the EGL or those at early postnatal stage express functional GABAA receptors (Dave and Bordey, 2009). This is corresponding to the original reports shown distribution of transcripts for GABAA receptors α2, α3, β3, γ1, and γ2 subunits (Laurie et al., 1992). These GABAA receptors remain to be expressed in migrating postmitotic granule cells (Laurie et al., 1992). As granule cells mature, expression of the α1, α6, β2, β3, γ2, and δ subunits is increased to the 
adult level, in contrast to downregulation of the α2, α3, and γ1 subunits (Laurie et al., 1992). Especially, it is known that the α1, α6, and δ genes are expressed only when granule cells arrive in the IGL (Laurie et al., 1992). Expression of the α6 subunit is often utilized as the differentiation marker of cerebellar granule cells. In addition, the α6 subunit contributes to the molecular assembly of postsynaptic receptors in cerebellar glomeruli (Tia et al., 1996).

Tonic activity of the cerebellar granule cells is generated by the accumulation of GABA by activity-dependent release in young animals, but in the adult it is independent of action potentials (Tia et al., 1996). The tonic activation of GABAA receptors in adult is produced by nonvesicular transmitter release via volume-sensitive anion channels such as Best 1 (Lee et al., 2010) and is reduced by the activity of GAT-1 and GAT-3 GABA transporters (Rossi et al., 2003). Studies on GABAA receptor subunit KO mice revealed the GABAA receptors responsible for phasic and tonic responses in the adult cerebellar granule cells: GABAA receptors incorporating a γ2 subunit together with α1–3 subunits (α1–3β2/3γ2) were the predominant receptor subtypes responsible for mediating phasic inhibition (Vithlani et al., 2011). In contrast, the α6 and δ GABAA receptor subunits mediate tonic inhibition in cerebellar granule cells (Brickley et al., 2001). Most mice lacking distinct GABAA receptor genes produced no pronounced phenotype (Fritschy and Panzanelli, 2014), suggesting several compensatory mechanisms by upregulation of other GABAA receptor genes or an increasing in ambient GABA concentrations by downregulation of GAT-1 and GAT-3 (Ortinski et al, 2006).



Stellate/basket cells:
 Stellate/basket cells, GABAergic interneurons in cerebellar cortex, express the GABAA receptor α1, β2, and γ2 subunits only in the adult cerebellum, except for a few reports that α1 subunit protein is detected after completion of migration (Laurie et al., 1992).



Bergmann glial cells:
 Bergmann glial cells provide guiding structures for migrating granule cells during cerebellar development and display intimate interactions with Purkinje cells in the adult cerebellum. Bergmann glial cells transiently upregulate expression of the GABAA receptor α2, α3, and δ subunits accompanied by alterations in membrane property during second postnatal week, suggesting a functional transition during development of the Bergmann glial cells (Muller et al., 1994). In the adult, GABAA receptors containing α2, β1, and γ1 subunits are expressed on the Bergman glial processes. These Bergman glial processes wrap Purkinje cell somata, dendritic shafts, and some dendritic spines, which are heavily innervated by inhibitory GABAergic type II synapses from basket cells and play a role in sensing GABAergic synaptic function (Riquelme et al., 2002).




14.1.6. Developmental changes in GABAA receptor subunits in spinal cord

In the ventricular zone of an embryonic rat spinal cord, mRNAs for GABA receptor α4, β1, and γ1 subunits are restricted to progenitors (Ma et al., 1993). These subunits can be detected in the short term (E13–E17) and may relate with proliferation, differentiation, and migration. The mRNAs for α5, β2, and γ3 subunits appear from E13 and disappear in the adult, though those for α2, α3, β3, and γ2 subunits persist in the adult (Ma et al., 1993). In the cervical spinal cord of rats from E12 to adult, the α6 and δ subunits are not detected, whereas the α2, α3, α5, β2, β3, γ2, and γ3 subunits present in motor neurons especially in dorsal area at E12–E13, and transcripts of α3, β3, γ2 exist in the adult motor neurons (Laurie et al., 1992; Ma et al., 1993). Although there is no obvious switch in GABA subunit expression between prenatal and postnatal stages of motor neurons, α3 mRNA in the lateral motor column decreases around birth (Ma et al., 1993). In the lumbar spinal cord of adult rats, α2 mRNA is restricted to motor neurons and adjacent cells, though the α3, β3, and γ2 subunits are detected in neurons throughout the Rexed laminae (Wisden et al., 1992). In the brainstem motor nuclei and in the lamina IX and X of the human cervical spinal cord, the α1, α2, α3, β2/3, and γ2 subunits are detected (the γ2 subunit is poor in trigeminal nucleus).




14.1.7. Developmental changes in GABAA receptor subunits in other brain regions

In the adult olfactory bulb, granule neurons express the synaptic GABAA receptor subtypes containing α2 subunit, and to a lesser extent α3 subunit and the extrasynaptic GABAA receptor subtypes containing the α5 subunit, along with the α4 and δ subunits (Pallotto and Deprez, 2014). These neurons are generated from the SVZ in the lateral ventricle and persisted to adult stage. Both synaptic and extrasynaptic GABAA receptors containing the α2, α3, α4, α5; β1–3 and γ2 subunits are expressed even in their precursor cells and neuroblast in the SVZ.





14.2. GABAA receptor function on neurogenesis

Neurons are newly generated from neural stem cells in their germinal zones, and subsequently differentiate and integrated into the neuronal circuit during CNS development. Only in restricted regions in forebrain, these processes known as 
neurogenesis persist throughout life. GABAA receptor–mediated signaling can control the multiple stages of neurogenesis in both developing and adult brains. In this section, we focus on the role of GABAA receptor on cell proliferation and fate determination.

A pioneering study by LoTurco et al. (1995) provided evidence that GABA can affect the proliferation of progenitor cells in rat embryonic neocortex. They showed that depolarizing GABA actions leads to a decrease in both DNA synthesis and the number of bromodeoxyuridine (BrdU)-labeled cells at the SVZ. GABA also increases in [Ca2+]i which can be blocked by application of La3+, suggesting that depolarizing GABA induces Ca2+ influx via Ca2+ channels (LoTurco et al., 1995). The inhibitory effect of GABAA receptor-mediated signaling on proliferation is also occurred in postnatal striatum and in adult neurogenesis. In adult brain, new neurons are only generated in the local environment known as the neurogenic niche, such as the SVZ of lateral ventricle and the SGZ of the dentate gyrus in hippocampus. In the postnatal SVZ, GABA limits the proliferation of glial fibrillary acidic protein (GFAP)-expressing progenitors thought to be stem cells (also called Type 1 cells) (Liu et al., 2005). Acute and chronic in vivo treatments with the GABAA receptor agonist muscimol decrease cell proliferation of these cells and niche size, whereas the blockade of GABAA receptor activity with bicuculline increases mitosis and the pool size of the niche. Furthermore, electrophysiological and Ca2+ imaging experiments revealed that depolarizing GABAA actions primarily increase in [Ca2+]i through the L-type and T-type voltage-gated Ca2+ channels that are high-voltage-activated dihydropyridine (DHP)-sensitive and the low-voltage-activated channels, respectively, and subsequently its signaling is amplified by Ca2+-induced Ca2+ release from internal stores possibly involving 1,4,5-trisphosphate (IP3) receptors (Young et al., 2010). In adult hippocampus, the neuronal progenitor cells at the SGZ show tonic GABAergic conductance. Genetic deletion of GABAA receptors containing α4, but not δ subunits, caused the defect in this conductance and increases in newly generated cells labeled by BrdU (Deidda et al., 2014; Duveau et al., 2011; Song et al., 2012). In addition, recent findings suggest that GABAA receptor contribute to determine the cell fate of neural stem cells (Song et al., 2016). Conditional GABAA receptor γ2 subunit KO mice increase the pool size of neural stem cells by promoting symmetrical cell division, suggesting the role of GABAA receptor including γ2 subunit (presumably associated with the α5 subunit) in maintaining adult precursor cells quiescence (Song et al., 2016). In addition, GABA influences the maturation of nestin-expressing neural precursor cells by increasing the expression of NeuroD in the SGZ (Tozuka et al., 2005). Negative effect of GABA on proliferation has also been reported in embryonic stem cells or peripheral neural crest cells as well as the progenitor cells in the CNS (Andang et al., 2008).

On the other hand, opposite effects of GABAA receptor–mediated actions are also reported in different cell type or region (Fiszman et al., 1999; Haydar et al., 2000). Although activation of GABAA receptors inhibit cell division of the progenitor cells at the SVZ in embryonic neocortex as described above, they promote proliferation of cortical progenitor cells located in different regions, ventricular zone (VZ), which probably by preventing neuroblast from exiting the proliferative cycle toward G0 phase. The opposite effects of GABA between the VZ and SVZ might be attributed to the specific GABAA receptor subtypes or the different concentration of ambient GABA (Fig. 14.1). In developing rat cerebellum, GABA or muscimol, an agonist of GABAA receptor, also causes membrane depolarization and induces proliferation of postnatal cerebellar granule progenitor cells in dissociation culture (Fiszman et al., 1999). These effects can be blocked by application of nifedipine, L-type voltage-dependent Ca2+ channel antagonist, suggesting that depolarizing GABA actions can also promote the proliferation via voltage-dependent Ca2+ channel (Fiszman et al., 1999).

As described above, extracellular GABA–mediated tonic and depolarizing actions impact on neural stem/progenitor cells. What is the endogenous source of extracellular GABA? Several mechanisms are suggested to supply GABA in adult neurogenesis. Firstly, GABA is released from neuroblasts in nonsynaptic soluble NSF attachment protein receptor (SNARE)-independent manner in SVZ (Liu et al., 2005). In this case, autocrine/paracrine activation of GABAA receptors can modulate neurogenesis (Liu et al., 2005; Nguyen et al., 2003; Young et al., 2010). In addition, recent studies suggested that neuronal activity can impact on the tonic GABAA receptor response even in the process for maintenance of neuronal niche in the adult SGZ and SVZ (see review in Song et al., 2016; Young et al., 2014). Song's group demonstrated that parvalbumin (PV)-expressing interneurons, not somatostatin (SST) or vasoactive intestinal polypeptide (VIP)-expressing interneurons, signal to quiescent neural stem cells through γ2-containing GABAA receptors in an activity-dependent fashion in the adult dentate gyrus, using the combination of optogenetics and lineage tracing experiments (Song et al., 2012, 2016). Here, they showed that optogenetic control of dentate PV-expressing neuron activity dictates the radial glia-like neural stem cell decision between quiescence and activation. Their studies suggest GABA spillover from activated PV-expressing interneuron-mature granule cell synapses indirectly regulates nearby radial stem cells. Detailed information about spatial gradients in extracellular GABA concentrations is currently not available. However, the GABAergic neuron's activity in preexisted neuronal circuits can modulate the tonic GABAA receptor–mediated responses at a distance, which is sufficient to impact on neurogenesis at certain conditions. In the SVZ, studies with patch clamp recordings or single-cell electroporation technique reveal that medial spiny or aspiny GABAergic neurons in striatum can functionally connect to 
the neuroblasts in neurogenic niche (Young et al., 2014). These findings suggest that adult neurogenesis can also be regulated by multiple GABAA receptor functions with GABAergic neuron's activity as well as with ambient GABA released by autocrine/paracrine manner (Young et al., 2010, 2014, Fig. 14.1).
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Figure 14.1 Role of multiple GABAA receptor–mediated actions on Neurogenesis.
Upper Left: GABAA receptor activation controls proliferation of neural stem/progenitor cells in region-dependent manner. The schematic drawings show developing rodent neocortical ventricular zone (VZ) and subventricular zone (SVZ). Depolarizing GABA actions promote (+) proliferation of progenitor cells in VZ, although it inhibits (−) that in SVZ. Lower Left: Distinct regulation of proliferation in different cell via multiple GABAA receptor signalings. The schematic drawings show the region of anterior SVZ of forebrain, a source of adult neurogenesis. Neuroblast cells (gray) generated from GFAP-expressing progenitors (thought to be neuronal stem cells (NSCs): lighter gray) expand and migrate along the rostral migratory stream and give rise to olfactory interneurons throughout life. Ambient GABA (graded in black) released from neuroblast cells via SNARE-independent mechanisms (circles) positively controls expansion and migration of themselves by autocrine GABAA receptor–mediated signaling, though it limits expansion of GFAP-expressing progenitors. Furthermore, neuroblasts/NSCs can functionally connect to GABAergic terminals via GABAA receptors. Thus, activity of preexisted GABAergic neurons can modulate neurogenesis (dark gray represents synaptic terminals of GABAergic neurons). Right: Possible cellular mechanisms underlying proliferation of various kinds of cells via GABAA receptor activation. Upper Right: GABAA receptor (black)-mediated depolarization via efflux of Cl
−
 (left arrow) can induce Ca2+ influx (graded in black) via voltage-gated Ca2+ channels (VDCC) and subsequently affect Ca2+-mediated downstream signaling, which can regulate cell cycle length. Upper Left: GABAA receptor (black)-mediated hyperpolarization can also regulate proliferation by alteration of surface expression of growth factor (EGF) receptors or by epigenetic mechanism via H2AX dependent manner.



Although many reports suggested that GABAA receptor–mediated signaling affects length of the cell cycle, molecular and cellular mechanisms governing neurogenesis seem to be varied (Fig. 14.1). Effect of GABA is mainly mediated by GABAA receptor–induced depolarization and calcium signaling, one of the key regulators of cell proliferation, which function in conjunction with other signaling pathways such as those regulated through a mitogen-activated protein kinase (MAPK), the cAMP response element binding protein (CREB) and Akt-phosphatidylinositol-3-OH kinase (PI-3K) (Fiszman et al., 1999; Le-Corronc et al., 2011; Liu et al., 2005; LoTurco et al., 1995; Pallotto and Deprez, 2014; Represa and Ben-Ari, 2005; Wang and Kriegstein, 2009). In addition, activation of GABAA receptor can control growth of precursor cells by modulating the surface expression of certain growth factor receptors such as brain-derived neurotrophic factor (BDNF) and epidermal growth factor (EGF) receptors. Epigenetic modulations followed by GABAA receptor activation also influence cell proliferation (Andang et al., 2008; Fernando et al., 2011; Pallotto and Deprez, 2014). Andang et al. (2008) showed that activation of GABAA receptors which is accompanied by hyperpolarization cause the phosphorylation of histone H2AX, and cellular response including cell volume increase and accumulation of stem cells in S-phase in neural stem cells. Fernando et al. (2011) supported this hypothesis to examine the role of H2AX on the adult neurogenesis in the SVZ both in vitro and in vivo. The authors show that acute treatment of agonist (muscimol) and 
antagonist (bicuculline) of GABAA receptors leads to increase or decrease in H2AX and decrease or increase in BrdU-incorporated newborn neurons, respectively. Although the evidence that immature cells which generally have higher [Cl
−
]i react by hyperpolarization to GABA needs to be carefully confirmed, several reports support the role of hyperpolarizing GABA actions on cell proliferation (Wang and Kriegstein, 2009).





14.3. GABAA receptor function on migration

14.3.1. Neocortex




In the developing neocortex, different classes of neurons, pyramidal cortical neurons and GABAergic interneurons, originate from different sources and have distinct migration routes. Glutamatergic pyramidal neurons radially migrate from the dorsal telencephalic VZ by using the radial glial scaffold toward the cortical plate. In contrast, GABAergic interneurons arising from the MGE tangentially migrate into the cerebral wall. These different modes of migration are regulated by distinct GABAA receptor signaling (Heng et al., 2007).

Barker's group originally investigated the role of GABAA receptor on migration of cortical neurons (for review, Barker et al., 1998). In vitro migration assay of dissociated cortical neurons using chemotaxis chambers suggested that the GABAergic signaling can modulate neuronal migration in concentration-dependent manner. Femtomolar concentrations of GABA stimulate the migration along a chemical gradient (chemotaxis), while micromolar GABA increases random migratory movement (chemokinesis). Both processes are mediated by [Ca2+]i increases, suggesting that GABA mediates chemotactic as well as chemokinetic migratory responses in embryonic neocortical neurons. Incubation of organotypic slice cultures of neocortex with specific GABA receptor antagonists revealed that the effect of GABA on radial migration is location- and receptor-dependent manner. An activation of GABAB receptors or GABAC receptors of neuroblasts promotes their migration out of the SVZ and the intermediate zone (IZ), while the activation of GABAA receptors of the cortical plate cells works as a stop signal (Luhmann et al., 2015). This dichotomic action can be accounted for by the gradient of extracellular GABA concentration. Although detailed information about spatial gradients in extracellular GABA concentrations are currently not available, regional differences in the amplitudes of GABAA receptor–mediated tonic currents suggest a gradient of endogenous GABAA receptor agonists in embryonic murine cortex (Furukawa et al., 2014; Luhmann et al., 2015).


In vivo application studies of the GABAA receptor antagonists revealed the pivotal role of GABAA receptor on the migration of cortical neurons in vivo. At first, continuous blockade of GABAA receptors with the GABAA antagonist gabazine (SR95531) during late embryonic stages accelerated radial migration in the murine neocortex (Furukawa et al., 2014). In addition, Heck et al. (2007) demonstrated that local in vivo application of the GABAA receptor antagonist bicuculline methiodide (BMI) by means of Elvax implants on cortical surface caused heterotopias in the most superficial cortical layers. The results confirm GABAA receptor function as a stop signal also in vivo. Interestingly, GABAA receptor agonist, muscimol has a similar effect on formation of heterotopic cell clusters due to desensitization of GABAA receptor (Heck et al., 2007). Application of BMI or muscimol induced an increase in the migration speed and an accumulation of neurons in the upper cortical layers in organotypic neocortical slices and perturbed spontaneous Ca2+ oscillation in cortical plate cells in acute brain slice, suggesting that both compounds interfere with [Ca2+]i signaling required for normal neuronal migration (Heck et al., 2007, Fig. 14.2).

Although KO mice lacking glutamate acid decarboxylase (GAD) 65 or GAD67 exhibit remarkable reduction of amount of GABA in brain, architecture of neocortex appears to be normal. However, taurine, a major endogenous agonist of GABAA receptor, can also control the radial migration via GABAA receptor signaling in embryonic murine cortex (Furukawa et al., 2014, Fig. 14.2). Ambient taurine is relatively abundant in the subplate region and is released to the extracellular space via volume-sensitive anion channels, which tonically activate GABAA receptors. Continuous blockade of taurine uptake with a taurine transporter inhibitor, 2-(guanidine)ethanesulfonic acid (GES), increased the extracellular taurine concentration and induced an inward shift of the holding currents, which is reversed by a GABAA receptor antagonist, SR95531. In this taurine-deficient mouse model, the GABAA receptor–mediated tonic currents are greatly reduced and radial migration is accelerated. This evidence should be relevant to the migration disorder in the visual cortex in the newborn kittens from taurine-depleted mothers. Considering striking difference in distributions of GABA and taurine and indifferent tonic GABAA receptor currents among genotypes of GAD67-GFP knock-in mice, taurine of maternal origin might serve as a stop signal for radially migrating cortical plate cells (Furukawa et al., 2014).

GABA also regulates the tangential migration of immature GABAergic cortical interneuron (Fig. 14.2). After GABAergic neurons generate in the ganglionic eminence, they travel into the cortex through the corticostriatal junction, detouring to avoid presumptive striatum. Cuzon et al. (2006) examined the role of GABAA receptor signaling on migration of MGE-derived neurons together with quantification of ambient GABA level along the migration route using biosensor cells expressing 
high-affinity recombinant GABAA receptor subunits (Cuzon et al., 2006; Cuzon Carlson et al., 2011). Although ambient GABA level in the corticostriatal junction is similar in the MGE, response of tonic GABAA receptor to ambient GABA is likely to be enhanced in this region, suggesting that a dynamic expression of GABAA receptor isoforms on MGE-derived cells promotes cortical entry of tangentially migrating MGE-derived cells (Cuzon et al., 2006, Fig. 14.2). After GABAergic interneurons entry into the cortex at early stage of corticogenesis, they migrate into the cortex along two distinct migratory routes where GABAB receptor activation considerably influences the choice of cortical migratory route along the VZ/SVZ or marginal zone (MZ) (Heng et al., 2007). Finally, GABAergic interneurons terminate their migration at their final destination in cortex. In this process, migrating interneurons change their responsiveness to ambient GABA from a motogenic to a stop signal by upregulation of KCC2, K+-Cl
−
 cotransporter (Bortone and Polleux, 2009 Fig. 14.2). The superficial stream of tangentially migrating GABAergic interneurons in the MZ of neonatal mice is also impaired after inhibition of GABAA receptors in vivo (Inada et al., 2011), demonstrating a direct influence of endogenous GABA also on tangential migration (Luhmann et al., 2015).
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Figure 14.2 Multimodal GABAA receptor–mediated actions on neuronal migration of cortical neurons.GABAA receptor signaling has distinct effects on radially or tangentially migrating neurons. Left Upper: The schematic drawing shows developing rodent neocortex and distinct migration routes. Glutamatergic pyramidal neurons (black) radially migrate from the dorsal telencephalic VZ toward the cortical plate (CP); in contrast, GABAergic interneurons (gray) arising from the medial ganglionic eminence (MGE) tangentially migrate into the cerebral wall (gray arrow). GABAA receptor activation promotes (+) cortical entry of tangentially migrating MGE-derived cells. Right upper: The schematic drawing shows radially migrating cortical neurons. GABAA receptor–mediated signaling acts as stop signals (−) in CP, though it stimulates (+) migration out of subventricular zone (SVZ). GABAA receptor–mediated stop signal requires Ca2+ signaling (white +). Right
bottom: The schematic drawing shows tangentially migrating interneurons. In contrast to pyramidal neurons, loss of GABAA receptor–mediated Ca2+ oscillation by downregulation of KCC2 triggers completion of migration. Left
bottom: Distinct GABAA receptor signaling of radially migrating cells in IZ, SP, and CP. Migrating neurons generally respond to GABA and taurine (black circles) via GABAA receptors (black), but via GABAC receptor (gray with thick line) in the IZ. In the SP, taurine (open circles), another endogenous agonist of GABAA receptors can modulate the neuronal migration. CP, cortical plate; CSJ, corticostriatal junction; IZ, intermediate zone; LGE, lateral ganglionic eminence; LV, lateral ventricle; MGE, medial ganglionic eminence; SVZ, subventricular zone; VZ, ventricular zone.






14.3.2. Neuronal precursor migration in the anterior subventricular zone and the rostral migratory stream

The neuronal precursors generated from the VZ–SVZ located at the border of the lateral ventricle migrate along the rostral migratory stream (RMS) to integrate in olfactory bulb as interneurons throughout life. Bordey and colleagues showed that 
GABA has differential effects on migration of these progenitor cells in concentration-dependent manner (Bolteus and Bordey, 2004). Application of low concentrations of GABA reduced the rate of cell migration in acute brain slices, whereas high concentration of GABA to desensitize GABAA receptor or blockade of GABAA receptor enhanced the migration rate significantly, suggesting that endogenous GABA tonically reduces the speed of cell migration via GABAA receptor activation (Bolteus and Bordey, 2004). The same group also reported that GABA can be released from the neuronal precursors themselves and taken up by surrounding astrocyte-like cells that ensheath neuronal precursors (Young et al., 2010), which proposes that astrocytes generate a microenvironment that controls the degree of GABAA receptor activation hence the migration of neuronal precursors. Mejia-Gervacio et al. (2011) demonstrated that migration of these cells require high [Cl
−
]i by expression of the Na+-K+-2Cl- cotransporter NKCC1. They show that NKCC1 activity is necessary for maintaining normal migratory speed in cultured postnatal mouse forebrain slices using expression system of lentiviral vectors to label neuronal precursors with GFP and to manipulate the expression levels of the NKCC1. This was confirmed also in vivo (Inada et al., 2011).




14.3.3. Hippocampus

Manent et al. (2005) examined the effect of GABAA receptors as well as glutamate receptors on migrating immature neurons which become principal neurons and interneurons using BrdU labeling and a coculture of hippocampal slices. They showed that blockade of GABAA receptor and NMDA receptor retarded the migration of hippocampal neuroblast fated to principal neurons (Manent et al., 2005), while tangentially migrating interneurons express AMPA but not GABA or NMDA receptors (Manent and Represa, 2007). These results suggest that migrating principal neurons and interneurons may be modulated by different receptors (Ben-Ari et al., 2007; Manent et al., 2005; Manent and Represa, 2007; Represa and Ben-Ari, 2005). In a series of experiments, they also revealed that ambient GABA can be provided by nonvesicular release by using a slice obtained from a Munc18 KO mouse whose vesicular release is unavailable (Manent et al., 2005).

In adult dentate gyrus, GABAA receptor also controls the migration of the neuronal progenitor cells newly generated from the SGZ. Fritschy and colleagues show that migration of neuronal progenitor cells away from the SGZ is distinctly regulated by GABAA receptors with α4 or α2 subunit with global and conditional gene targeting techniques. The α4 containing receptors impacts on cell initial migration as well as cell proliferation and early dendritic development, whereas the α2 containing GABAA receptor control positioning of newborn neurons (Duveauet al., 2011). Recently, the same group reported the downstream signaling of α2 containing GABAA receptor (de Groot et al., 2017). Collybistin (CB) is known as a GABAergic synapse-specific activator of Cdc42 and has two splice isoforms, CB1 and CB2, in adult hippocampus. Retrovirus-mediated overexpression and inactivation experiments revealed that CB1 regulates neuronal migration, while CB2 is required for the dentate outgrowth. Furthermore, CB1 rescues migration defects in GABAA receptor α2 KO mice. Although newborn neurons migrate about 60% longer distance away from the SGZ in the absence of GABAA α2 subunit, overexpression of functional domain of CB reduces the migration distance.




14.3.4. Other neurons

Certain types of hormone-releasing neurons, the gonadotropin-releasing hormone (GnRH), originated in the nasal placode migrate to their final destinations in hypothalamic region. Pharmacological studies to modulate the GABAA receptor activity suggest that GABAergic signaling inhibit the migration of these neurons (Watanabe et al., 2014).





14.4. GABAA receptor function on synaptogenesis

GABA has important roles in dendritic outgrowth and synaptogenesis. In vitro culture assay using primary cultured neurons prepared from different brain regions show that GABA induces neurite outgrowth in a variety of cultured neurons, e.g., rat hippocampal pyramidal neurons, rat cerebellar granule cells, and chick embryonic tectal neurons (Le-Corronc et al., 2011). Ca2+ imaging of cultured neurons indicate that these effects likely require depolarizing GABA actions. Manipulation of the Cl
−
 gradient by prematurely shifting the GABA reversal potential to more hyperpolarizing potential proved the pivotal roles of GABA-depolarization on dendritic growth. In vivo knockdown of NKCC1 expression or overexpression of KCC2 resulted in fewer and shorter dendrites (Cancedda et al., 2007) and less mature dendritic spines (decreased density and increased lengths) (Wang and Kriegstein, 2009) in developing neocortex. An alteration of the morphology of newly generated granule neurons in the adult hippocampus was also noted by NKCC1 knockdown (Ge et al., 2006).

It is generally known that neuronal activity can modulate synapse formation. Newly born neurons express GABAA receptors before glutamate receptors in many brain regions examined in rodents and primates (Wang and Kriegstein, 2009). In the 
neocortex, immature neurons receive GABAergic inputs before glutamatergic ones which are relatively weak initially (Ben-Ari et al., 2007; Owens and Kriegstein, 2002). Moreover, tonic activation of GABAA receptors precedes phasic activation in early development (for review, see Owens and Kriegstein, 2002 and Represa and Ben-Ari, 2005), hence it might be required for synaptogenesis during development (Fig. 14.3). The spontaneous GABA depolarizations would be the first excitatory drive required for activity-dependent synaptogenesis (Ben-Ari et al., 2007). GABA should be an ideal regulator for synaptogenesis unlike glutamate because depolarizing GABA actions can be regulated by chloride homeostasis clamping the membrane potential near the ECl

−
. Thus GABA actions could avoid the toxic Ca2+ overload (Wang and Kriegstein, 2009).

The newly generated neurons should be integrated into the preexisting functional circuitry in the adult brain. GABAA receptor signaling has pivotal roles for this process. The combination of genetic lineage tracing and electrophysiological experiments reveal that newly generated neurons in the adult hippocampus receive depolarizing synaptic GABAergic input before they receive synaptic glutamatergic input (Ge et al., 2007). It proposes that developmental sequence may drive synaptic integration of newborn neurons in adult neural circuit like in embryos (Fig. 14.3). Further studies have supported an acute role of GABA depolarization in glutamatergic synaptic integration of adult-generated dentate granule cells in hippocampus. Chancey et al. (2013) identified a developmental stage when adult-generated neurons have glutamatergic synaptic transmission mediated solely by NMDA receptors using genetic engineered mice. The authors demonstrate that pairing synaptic stimulation with postsynaptic depolarization via GABAA receptors results in synapse unsilencing that requires activation of NMDA receptor. These results suggest that GABA synaptic depolarization enables activation of NMDA receptors in the absence of AMPA receptor–mediated transmission.
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Figure 14.3 Multimodal GABAA receptor–mediated signaling on synaptogenesis.
Upper: Developmental sequence of GABAergic and glutamatergic inputs during synaptogenesis. Tonic activation of extrasynaptic GABAA receptors (black) precedes phasic activation of synaptic GABAA receptors (gray with thick line) in early neural circuit development and provides the first excitatory drive necessary for activity-dependent synapse formation. After young neurons receive GABAergic inputs, glutamatergic circuits are formed. Bottom: Current traces of a developing neuron during synaptogenesis by whole-cell voltage clamp recording. These schematic traces exhibit the current traces induced by: (top) tonic activation of GABAA receptors which unmasked by application of GABAAreceptor blocker, (middle) synaptic response of GABAAreceptor, (bottom) response to synaptic glutamate receptors.








GABAA receptor signaling is also required for synaptogenesis of adult born granule cells in olfactory bulb. Lacking of GABAA receptor α2 subunit by conditional KO technique does not affect survival of granule cells, but dramatically delayed their maturation with altered dendritic branching and spine density (Pallotto et al., 2012).

In addition to synaptic integration of new neurons into the preexisted neuronal circuits, GABAA receptor is required for postsynaptic clustering of GABAA receptors and gephyrin in at least some inhibitory synapses (Fritschy et al., 2012). Gephyrin is known as the tubulin-binding protein that anchors the inhibitory glycine receptors or GABAA receptors at postsynaptic sites. Analysis of gephyrin-KO mice uncovers the difference between at glycinergic and GABAergic synapses. Although clustering of glycine receptors requires for the gephyrin, some GABAA receptor subtypes (for example, α1- and α4-containing GABAA receptors), at least, can form the postsynaptic clustering in the absence of gephyrin. Furthermore, target deletion of an α subunit variant of GABAA receptor genes often results in the disruption of gephyrin clusters and formation of large intracellular gephyrin aggregates.

Oh et al. (2016) suggest the pivotal role of GABAergic signaling on activity-dependent de novo inhibitory synapse formation in a developing circuit. They used two-photon GABA photolysis to deliver spatiotemporally controlled patterns of GABA release in mouse dendrites and examined how local GABA release on dendrites of cortical layer II/III pyramidal neurons influences synaptogenesis. Interestingly, photolysis-induced local release of GABA can induce gephyrin puncta and dendritic spine formation via GABAA receptor activation and voltage-gated calcium channels during early postnatal development. Furthermore, bidirectional manipulation of GABA release from somatostatin-expressing interneurons can modulate the number of gephyrin puncta and dendritic spines in an opposite manner. These results suggest a noncanonical function of GABA as a local synaptogenic element shaping the early establishment of neuronal circuitry in mouse cortex.

The developing brain undergoes overproduction of synapses and then prunes excess synapses. GABAA receptor plays a role in the process of synaptic pruning (Afroz et al., 2016). For example, α4βδ subtype of GABAA receptor, an extrasynaptic inhibitory receptor, first emerges on dendritic spines at puberty in female mice. Aforz et al. (Afroz et al., 2016) show that this subtype triggers adolescent pruning, which is associated with decreased expression of kalirin-7 (Kal7), a spine protein regulating actin cytoskeleton remodeling.




14.5. GABAA receptor function on excitatory neurotransmission

It is known that axon-initial segments in neocortex and hippocampal pyramidal neurons contain a high density of the GABAA receptor α2 subunit. Although these axon initial segments are particularly enriched in axo-axonic inhibitory synapses which contact to chandelier GABAergic cell, Szabadics et al. (2006) proved that these axo-axonic synapses may be fast excitatory in the mature cortex (Fig. 14.4). Weak or no expression of KCC2 in the axon initial segments render E
GABA (reversal potentials of GABAA receptor–mediated current) much more depolarized than that in the cell body. Using local uncaging technique, Khirug et al. (2008) revealed that axo-somato-dendritic gradient in which the E
GABA values become progressively more negative from the axonal initial segments to the soma and dendrites. The depolarizing action in the axonal initial segment owes to chloride uptake mediated by NKCC1 (Fig. 14.4). Similar depolarizing GABA action is also reported in the basolateral amygdala, where single action potentials in a subpopulation of GABAergic interneuron can drive glutamatergic principal neurons to threshold, resulting in both feedforward and feedback excitation (Woodruff et al., 2006). In contrast, by using noninvasive techniques in adult rat hippocampus, Glickfeld et al. (2009) demonstrated that interneuron firing evokes hyperpolarizing postsynaptic potentials in pyramidal neurons irrespective of the location of their synapses along the somato-dendritic axis.




14.6. When does inhibitory GABAA receptor–mediated neurotransmission emerge?

As previously described, although GABA is well known as a major fast inhibitory neurotransmitter in the adult CNS, it induces depolarizing actions on immature neurons during early developmental stages. These findings were obtained using intracellular recordings. Using this technique, Ben-Ari's group originally found the developmental changes of GABAA receptor–mediated signaling in neonatal hippocampal slices (Ben-Ari et al., 1989; review: Ben-Ari et al., 2007). In their original reports in 1989, they also provided the several lines of evidence for its mechanisms; GABAA receptor actions induce membrane depolarization and excitation of immature neurons due to an increase in intracellular Cl
−
 concentrations (Ben-Ari et al., 1989). It also shows that the switch from depolarizing to hyperpolarizing GABAA signaling occurs at around P5 in CA3 pyramidal cells in the rat hippocampus. Although early studies utilized intracellular recordings to examine the depolarizing actions of GABA, this technique introduce several sources of errors (Ben-Ari et al., 2007). To overcome the problem, perforated patch recording technique with ionophores has been developed. Gramicidin-perforated patch clamp recording allows to determine the developmental changes in GABA signaling from excitatory to inhibitory (Yamada et al., 2004).
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Figure 14.4 Excitatory GABAA receptor–mediated neurotransmissions on axon initial segments.GABA generally inhibits neurotransmission by Cl
−
 influx (arrow in right bottom) via GABAA receptor (black) in mature neurons by KCC2 function. However, in the axonal initial segment, GABAA receptor mediates excitatory neurotransmission owing to chloride uptake mediated by the NKCC1.






14.6.1. Neocortex

Most GABAergic neurons are local interneurons which are classified into several basic groups, such as basket cells, chandelier cells, double bouquet cells, local plexus neurons, and neurogliaform cells (Owens and Kriegstein, 2002). As described above, these interneurons migrate from the MGE to their final destination in the distinct layer of cortex. Since electron-microscopic analysis reveals no synaptic structures in the IZ, the synaptic activation of GABAA receptors is unlikely to occur during neuronal migration. GABAA receptor–mediated spontaneous postsynaptic currents can be recorded in embryonic cortical plate neurons (Owens et al., 1999). Moreover, physiological recording shows that first detectable synapses are GABA-mediated arising from spontaneously active local GABA neurons (Owens et al., 1999). In consistent, the existence of GABA-containing synaptic contacts occurs at P4 as demonstrated by ultrastructural analyses of developing somatosensory cortex (Owens and Kriegstein, 2002). As mentioned above, the direction of Cl
−
 flux determines the activity of GABAA receptor channel. NKCC1 mRNA expression was high in early postnatal days, but decreased during postnatal development, whereas KCC2 mRNA expression displayed the opposite pattern with marked increase in expression after the first postnatal week (Yamada et al., 2004). Indeed, GABAA receptor–mediated synaptic potentials depolarize postsynaptic cells during the first few postnatal days, suggesting that fast excitatory synaptic transmission is mediated by GABAA receptors in early neocortex (Owens and Kriegstein, 2002).




14.6.2. Brainstem and spinal cord

In rat motoneuron, the switch from depolarizing to hyperpolarizing IPSPs occurs at P4-P5 in the ventral horn of rat spinal cord, in agreement with the evidence that the expression of KCC2 increases, while the expression of NKCC1 decreases during postnatal life (Stil et al., 2009). On the other hand, in the primary afferent fibers and neuronal somas in the dorsal root ganglia, the reversal potential of GABAA receptor–mediated conductance (E
GABA) exhibits more positive due to the persistent expression of NKCC1 expression in adult. Thus, activation of GABAA receptors in primary afferents increases its excitability (Delgado-Lezama et al., 2013).

Mouse pre-Bötzinger complex is a brainstem respiratory structure that drives the rhythmic activity of the hypoglossal motoneurons. Gramicidin-perforated patch-clamp recordings show that E
GABA switches from depolarizing to hyperpolarizing within the first postnatal week, e.g., between P2 and P4 (Delgado-Lezama et al., 2013).






The switch of GABAergic signaling in neurons in the rat substantia nigra pars reticularis depends on the sex-specific patterns of the animal. Kyrozis et al. (2006) showed that the switch occurs in males around P17 and in females around P10 by using the gramicidin-perforated patch-clamp recordings.





14.7. Multimodal GABAA receptor function in neurodevelopmental disorders

GABAA receptors are important therapeutic targets for psychiatric disorders such as schizophrenia, generalized anxiety disorders, epilepsy, or developmental disorders such as autism spectrum disorder (ASD) (Rudolph and Mohler, 2014). Here, we review the contribution of GABAergic system deficits including collapse of Cl
−
 homeostasis to these disorders.



14.7.1. Schizophrenia

Clinically, schizophrenia is characterized by positive symptoms (psychosis, hallucinations, and paranoia), negative symptoms (flat affect, poor attention, lack of motivation, and deficits in social function), and cognitive deficits.“Neurodevelopmental hypothesis” is one of the most major hypotheses in etiology of schizophrenia because of its high heritability and the lack of the degenerative pathology (Schmidt and Mirnics, 2015). This hypothesis suggests that both genetic and environmental factors should insult to prenatal brain development, which account for the wide range of age of onset. Indeed, signs of cognitive and behavioral dysfunction can be often seen in earlier phase before the onset of symptoms. This hypothesis has been supported by clinical, genetic, and epidemiologic studies over the past several decades and leads to identify the molecular mechanisms that might be pivotal for the emergence of the disease. Multiple reports revealed the changes in the expression of GABAergic system–related transcripts including GABA receptor subunits as well as GABA-synthesizing enzymes (GADs), marker proteins/neuropeptides for interneurons (Braat and Kooy, 2015; Deidda et al., 2014; Fatemi and Folsom, 2015; Fritschy, 2015; Rudolph and Mohler, 2014; Schmidt and Mirnics, 2015). Although the changes in different GABAA receptor subunits expression have been reported in postmortem analysis in patients with schizophrenia and animal models, results of these studies have been inconsistent (see review, Fritschy, 2015). Expression of tonic GABAA receptor subunits containing α5 and δ is also affected in the prefrontal cortex in schizophrenia patients (Egawa and Fukuda, 2013). Interestingly, both positive and negative allosteric modulators for the α5 subunit attenuate cognitive deficits in animal models of schizophrenia.

Accumulating evidence by postmortem studies of the subjects from schizophrenia patients reveals altered densities of neurons (especially, GABAergic interneuron) in different brain regions such as prefrontal cortex, auditory cortex, cingulate cortex, fusiform cortex, occipital cortex, parietal cortex, visual cortex, thalamus, hypothalamus, striatum, amygdala, and hippocampus (review in Deidda et al., 2014; Fritschy, 2015; Schmidt and Mirnics, 2015). While the majority of studies demonstrated that neuronal density is decreased in the tissues of the schizophrenia patients, there are reports showing the increase or no changes in the density. This discrepancy could be caused by variation in patient populations, brain regions, or methodologies. However, these findings at least suggest that alteration of cytoarchitecture by abnormal neurogenesis, neuronal migration, or synapse formation should be an important part of disease processes, and GABAergic system should be particularly disrupted early in development. Importantly, certain types of subpopulation of GABAergic interneurons, such as the basket and chandelier neurons which have fast-spiking properties, contain parvalbumin, and synapse on the perisomatic region of pyramidal cells, are affected in schizophrenia. Since fast-spiking parvalbumin-expressing interneurons target the spike-initiating region of neurons, these interneurons are likely to have a pivotal role in controlling the overall firing properties of the neural networks in the brain. Indeed, the generation of gamma oscillations that is associated with cognitive functions is required for these subtypes of interneurons, but it is deficient in schizophrenia.

Lewis et al. (2005) proposed a hypothesis that cognitive abnormalities in schizophrenia reflect pathology in specific cortical inhibitory circuits. GABA seems to be crucial for synchronization of pyramidal neuron activity, which is produced by the coordinated and sustained firing of subsets of dorsolateral prefrontal cortex (DLPFC) pyramidal neurons, during working memory processes (Lewis et al., 2005), since the injection of GABAA receptor antagonists into the DLPFC disrupts working memory.

The maturation of GABA signaling in PFC and hippocampus of human brain is also characterized by switches in expression of GAD (from GAD25 to GAD67 which leads to the synthesis of GABA) and of Cl
−
 transporters (from NKCC1 to KCC2 which leads to switching GABA action from excitatory to inhibitory) (Blaesse et al., 2009). Hyde et al. (2011) reported that GAD25/GAD67 and NKCC1/KCC2 ratios increase in the hippocampus of patients with schizophrenia, suggesting that abnormalities in GABA signaling maturation critical to brain development could be a genetic risk for schizophrenia.









14.7.2. Epilepsy and cortical malformations

Dysfunction of GABAergic signaling can cause imbalance between excitation and inhibition, which can result in certain types of epilepsies (Ben-Ari et al., 2007; Kaila et al., 2014). Clinically, GABAA receptors are important targets for antiepileptic drugs. Genetically, a variety of mutants in different GABAA receptor subunits including the α1, α6, β2, β3, γ2, or δ subunits were identified in both experimental models of epilepsy and patients with epilepsy (Braat and Kooy, 2015; Hirose, 2014). Although these GABAA receptor–related abnormalities in the adult neuronal circuits are very important issues, we focus on the developmental abnormality associated with GABAA receptor and etiology of epilepsy in this section.

Neocortical structural abnormalities due to developmental disturbances in the generation of cortical layers, columns, and networks are often the cause of intractable epilepsy (Chevassus-au-Louis et al., 1999). Neocortical malformations such as focal cortical dysplasia, heterotopia, and polymicrogyria that induce the presence of cortical cells in heterotopic positions during pre- and perinatal periods are generally known as neuronal migration disorders and are often associated with epileptic seizures (Luhmann et al., 2014). Perturbation of the numerous GABAergic functions during development may underlie the epitology of cortical malformation (see review, Egawa and Fukuda, 2013; Pineda and Encinas, 2016). Rodent models of cortical malformations, which are experimentally induced by chemical or physical manipulations of the developing cortex, resemble to some extent the human pathological and pathophysiological aspects in cortical epilepsy (Luhmann, 2016). The freeze lesion model in the cerebral cortex is a rodent model which can be easily established and reproduces the pathology of certain types of human migration disorder (Luhmann, 2016). The focal freeze-lesion induces microgyrus, a focal cortical malformation with a small sulcus and three- or four-layered dysplastic cortex, which resembles human four-layered microgyria. Electrophysiological studies revealed that epileptiform activity can be initiated within a few millimeters of a lesion-induced microgyrus, so the rat focal freeze-lesion model is often used to study the mechanisms of epileptogenesis in cortical malformations (Luhmann et al., 2014; Redecker et al., 2000). Widespread downregulation of GABAA receptor α1, α2, α3, α5, and γ2 subunits associated with the electrophysiological and pharmacological properties of GABAA receptors were observed in this model, suggesting that similar alterations might contribute to the widespread hyperexcitability of patients with cortical malformations such as polymicrogyria (Redecker et al., 2000). It may help explain pharmacotherapeutic characteristics of those patients. Wang et al. (2014) provided several lines of evidence that distinct alterations of GABAergic signaling affect the neuronal migration to induce cortical malformation in mice model of focal freeze-lesion: (1) whereas both GABAergic and glutamatergic neurons accumulate to surround the freeze-lesion-induced necrotic center, GABAergic neurons occupied the limited region called the inner rim that include the superficial region, (2) extracellular GABA concentration is temporarily increased in and around the freeze-lesion-induced necrotic center, which can impact on the tonic activation of GABAA receptors in both GABAergic and glutamatergic neurons, (3) this GABAA receptor–mediated actions are possibly depolarizing due to the upregulation of NKCC1 and the downregulation of KCC2 expression, which result in the modulation of the spontaneous Ca2+ oscillation in migrating neurons. These alterations mimic immature and developmental characteristics of neocortex, indicating dedifferentiation may underlie the formation process of microgyrus.

In hippocampus, ectopic granule cells in the dentate gyrus are often observed in individuals with certain types of epilepsy such as temporal lobe epilepsy (TLE). Abnormal integration of these ectopic neurons into functional hippocampal circuits may be epileptogenic. Koyama et al. (2012) demonstrate that excitatory GABAA receptor signaling is enhanced after febrile seizures and disturbs the radial migration of neonatally generated granule cells, resulting in persistent granule cell ectopia using a rat model of complex febrile seizures. They uncovered the cellular mechanism underlying hyperactivation of depolarizing GABAA receptor–mediated signaling, by migration assay of embryonic hippocampal neurons using their slice coculture system, in which GFP labeled neurons derived from donor grafts migrate into wild-type host slices. Only neurons derived from the febrile seizure-induced rats change the direction of migration to the opposite side in response to muscimol, a GABAA receptor agonist that was puff-applied to the growth cones of the leading processes. This effect was blocked by nimodipine, an inhibitor of L-type Ca2+ channels, and bumetanide, an inhibitor of NKCC1, suggesting that febrile seizure–induced excitatory GABAA receptor signaling results in a reversal in the direction of migration though influx of Ca2+.




14.7.3. Autism spectrum disorders (ASD)

Autism is a neurodevelopmental disorder known as ASD characterized by impairment in social interaction, impairment in communication, and restricted and repetitive patterns of interest and behavior. The etiology of this complex disease is highly heritable, but it likely involves environmental factors. Despite different etiologies, ASD share overlapping 
symptoms to other neurodevelopmental diseases, suggesting common deficits in some neurodevelopmental pathways (Cellot and Cherubini, 2014). Higher incidence of epilepsies are observed in children with ASD, indicating of dysfunction of GABAergic signaling within particular neuronal circuits (Ben-Ari, 2015; Braat and Kooy, 2015; Deidda et al., 2014). In support of this hypothesis, gamma oscillation, which is rhythmic activity involved in higher cognitive functions and generated largely by GABAergic interneurons, is changed in the patients with ASD. Further studies demonstrate that dysfunction of the GABAergic system including malfunction of GABAA receptor genes has been strongly implicated in pathogenesis of ASD. Genetic studies revealed that patients with ASD often have copy-number variations in chromosome loci 15q11–15q13 where genes encoding GABAA receptor subunits and ubiquitin protein ligase E3A (UBE3A) are located (Cellot and Cherubini, 2014). Interestingly, Ube3a-deficient mice, a model of Angelman syndrome, show the decrease in tonic GABAergic inhibition in cerebellar granule cells (Egawa et al., 2012).

Mariani et al. (2015) provided the evidence about the process of GABAergic system development impaired in ASD using three-dimensional neural cultures (organoids) derived from induced pluripotent stem cells (iPSCs). In their report, ASD patient-derived organoids exhibit an accelerated cell cycle and overproduction of GABAergic interneurons due to the overexpression of the transcription factor, FOXG1 (Mariani et al., 2015).

Fragile X syndrome, Rett syndrome, and tuberous sclerosis also relate to ASD. Rett syndrome is induced by mutation in the X-linked methyl-CpG-binding protein 2 (MECP2) gene. Since the density of GABA receptors is increased in human postmortem brain of Rett syndrome, increased inhibition over excitation in neurons is thought to cause the defects with Rett syndrome (Fernandez et al., 2007). Interestingly, dysfunction of GABA signaling mediates autism-like stereotypes and Rett-like phenotypes as revealed by using conditional KO mice lacking Mecp2 from GABA neurons (Chao et al., 2010). Although neurophysiological experiments show subtle disruption of GABAergic neuronal function, these mice exhibit significant functional abnormalities and neuropsychiatric features. Their study suggests a pivotal role of the GABAergic system in modulating neuropsychiatric behaviors and that manipulations of this system may be a promising avenue for therapeutic interventions.




14.7.4. Down syndrome

Down syndrome is the most common genetic disorder with the trisomy of the 21st chromosome. Down syndrome is widely known to affect neurodevelopmental abnormalities leading to intellectual disability as well as the mal-development of other multiple organs. Pathological studies reported the reductions in volume and neuronal density in certain brain areas in individuals with Down syndrome. These findings lead to the hypothesis that the defect in Down syndrome brain should be originated from the process in early brain development including neurogenesis. Establishment of rodent models of Down syndrome allows to elucidate the cellular and molecular mechanisms, and suggests that the alterations in GABAergic signaling are involved in dysfunction in Down syndrome brain (Deidda et al., 2014). Ts65Dn mice, a segmental trisomy model with an extra copy of distral region of mouse chromosome 16 (the conserved region with human chromosome 21) is the best characterized model and the most commonly used for preclinical evaluations of pharmacotherapies for Down syndrome (Rudolph and Mohler, 2014). This model recapitulates many features of human phenotypes such as cognitive deficits and pathological alterations in brain.

Electrophysiological experiments in hippocampal slices of Ts65Dn revealed the deficits to induce long-term potentiation and the enhancement of long-term depression. Deficient of long-term potentiation induction and spatial learning in Ts65Dn mice can be restored by chronic treatment of the GABAA receptor blocker picrotoxin. These studies suggest that excessive GABAergic inhibition perturbs the integration of synaptic inputs and impairs long-term alterations of synaptic efficiency (Fernandez et al., 2007; Zorrilla de San Martin et al., 2018). Also, a number of studies using Ts65Dn mice show the morphological alterations such as impaired neurogenesis in developing and adult brains as well as abnormalities in the dendritic spine morphology, a selective decrease in the number of excitatory synapses, and increased number of GABA boutons (Rudolph and Mohler, 2014). Indeed, chronic treatment with RO493851, a selective GABAA α5 negative allosteric modulator (also known as inverse agonists) of Ts65Dn mice rescues not only defects in hippocampal synaptic plasticity but also neurogenesis without inducing anxiety-like behavior (Martinez-Cue et al., 2013; Rudolph and Mohler, 2014). Although there is not severe (global) defect in neurogenesis in Ts65Dn mice, there is remarkable increase in the number of certain class of GABAergic interneurons (e.g., parvalbumin and somatostatin-positive GABAergic interneurons) in forebrain. Chakrabarti et al. (2010) demonstrated that overexpression of Olig1 and Olig2, the triplicated genes in Down syndrome and Ts65Dn mice, is responsible for the interneuron overproduction. In this study, deleting an allele of each gene prevented the interneuron overproduction and rescued the electrophysiological phenotypes in Ts65DN forebrain (Chakrabarti et al., 2010). Thus, “overinhibition hypothesis” in individuals with Down syndrome could be explained by a higher number of GABAergic neurons and/or connections. It still remains some discrepancy between the 
increased number of GABAergic interneurons and electrophysiological properties in local neuronal circuits. Electrophysiological analysis does not provide evidence for changes in the frequency of miniature inhibitory postsynaptic currents (mIPSC), release probability at GABAergic synapses, and evoked GABAA transmission in the hippocampal CA1 region of Ts65Dn mice. These results suggest that the increase of spontaneous GABAergic events observed in these mice may be due to a general enhancement in interneuron excitability rather than a specific increase in the number of GABAergic synapses (Contestabile et al., 2017). To uncover this issue, Cancedda and colleagues recently proposed that GABAA receptor signaling should act as excitatory due to increase in NKCC1, tripleted gene product, in Ds65Dn mice and Down syndrome (Deidda et al., 2015). Electrophysiological studies reveal that the reversal potential for GABAA receptor–driven Cl
−
 current is shifted toward more positive potentials in CA1 region of adult Ds65Dn mice. Interestingly, treatment with bumetanide, a NKCC1 inhibitor, can restore the alterations in reversal potential and hippocampus-dependent memory in Ds65Dn mice.





14.8. Conclusion

Although it has been known that GABAA receptor activity has trophic effects on neuronal development, its contribution seems to be diverse in different cell types or regions: GABAA receptor activation positively or negatively regulate neuronal progenitor's proliferation and neuronal migration. Tonic and following phasic GABAA receptor–mediated depolarization is required for synaptogenesis. Developmental changes in [Cl
−
]i, GABAA receptor subunit (e.g., tonic or phasic response), and ambient ligands of GABAA receptor (e.g., GABA and taurine, locally controlled by uptake or release mechanism), in a harmony enable the GABAA receptor–mediated actions to control the variety of developmental events in mode and region-specific fashion. Thus, a defect in multimodal GABAA functions during development may cause neurological disorders with malfunction of neuronal circuit.




List of acronyms and abbreviations





[Ca2+]i


   Intracellular Ca2+ concentration




[Cl
−
]i


   Intracellular Cl
−
 concentration




BMI

   Bicuculline methiodide




BrdU

   Bromodeoxyuridine




CB

   Collybistin




CNS

   Central nervous system




DLPFC

   Dorsolateral prefrontal cortex




E

   Embryonic day




EGL

   External granular layer




GABA

   γ (Gamma)-aminobutyric acid




GABAA


   GABAA





GAD

   Glutamate acid decarboxylase




GAT

   GABA transporter




GES

   2-(Guanidine)ethanesulfonic acid




GFAP

   Glial fibrillary acidic protein




GnRH

   Gonadotropin-releasing hormone




IGL

   Internal granular layer




IPSPs

   Inhibitory postsynaptic potentials




IZ

   Intermediate zone




KCC2

   K+-Cl
−
 cotransporter




KO

   Knockout




MECP2

   X-linked methyl-CpG-binding protein 2




MGE

   Medial ganglionic eminence




mRNA

   Messenger RNA




MZ

   Marginal zone




NKCC

   Na+-K+-2Cl- cotransporter




P

   Postnatal day




PV

   Parvalbumin




RMS

   Rostral migratory stream




SGZ

   Subgranular zone




SNARE

   Soluble NSF attachment protein receptor






SST

   Somatostatin




SVZ

   Subventricular zone




TLE

   Temporal lobe epilepsy




VIP

   Vasoactive intestinal polypeptide




ASD

   Autism spectrum disorders








Glossary





Ambient GABA

   GABA released into the extracellular milieu




Bicuculline (methiodide), gabazine (SR95531)

   GABAA receptor antagonists




CB (collybistin)

   a GABAergic synapse–specific activator of Cdc42




EGABA


   reversal potential for GABA response




GABAA receptor subtypes

   distinct class of GABAA receptors with different subunits




GABAergic

   GABA releasing




GAD

   GABA-synthesizing enzymes




GAT

   GABA transporter




GES (2-(guanidine)ethanesulfonic acid)

   a taurine transporter inhibitor




Muscimol

   a GABAA receptor agonist




Phasic

   activation of postsynaptic GABAA receptors by synaptically released GABA




The ganglionic eminence

   temporal brain region in developing basal telencephalon




The neurogenic niche

   the limited region that generate new neurons




Tonic

   persistent activation of extrasynaptic GABAA receptors by ambient GABA
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GABAergic signaling at newborn mossy fiber–CA3 synapses: short and long-term activity-dependent synaptic plasticity processes
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Abstract


Granule cells of the dentate gyrus, via their axons, the mossy fibers (MFs), convey information from the entorhinal cortex to the hippocampus proper. In adulthood, MFs form excitatory glutamatergic synapses with CA3 principal cells and local inhibitory interneurons. Evidence has been provided that, immediately after birth, in addition to glutamate, MFs release also GABA. As for glutamate, the release of GABA from MF terminals is regulated by metabotropic glutamate receptor agonists and undergoes frequency-dependent facilitation. GABA released from MF terminals, modulated by presynaptic kainate and GABA-B receptors, exerts on targeted neurons a depolarizing and excitatory action. These effects contribute to generate coherent network oscillations such as giant depolarizing potentials and associated calcium transients, which act as coincident detection signals for enhancing synaptic efficacy at emerging GABAergic and glutamatergic synapses. Alterations in early MF–CA3 signaling may have important implications in neurodevelopmental disorders such as schizophrenia, autism, and epilepsy.
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15.1. Mossy fiber synapses

Information from the dentate gyrus to the CA3 area of the hippocampus proper is transmitted via the axons of the granule cells, the mossy fibers (MFs). MFs make synaptic contacts not only with CA3 pyramidal cells but also with basket cells in the dentate gyrus (providing the local feedforward and feedback inhibition) and with pyramidal-like neurons, the mossy cells, in the hilus (Johnston and Amaral, 2004). These fibers were originally called “mossy” by Ramon y Cajal because of their particular appearance at the light microscopic level, which resembles, as the MFs in the cerebellum, the shape of moss on trees (Ramon y Cajal, 1911). MFs give rise to large en passant swellings (up to 5
 
μm in diameter) and terminal expansions on CA3 principal neurons or mossy cells, seen as giant boutons at the electron microscopic level. Each granule cell contacts approximately 15 pyramidal neurons, whereas each pyramidal cell receives up to 50
 
MF inputs from granule cells (Claiborne et al., 1986).The presynaptic varicosities adapt very well to the specialized postsynaptic elements present on proximal dendrites of CA3 principal cells, called thorny excrescences. The MF synaptic complex contains multiple active zones (up to 30) associated with postsynaptic densities. In addition, MFs make synaptic contacts with GABAergic interneurons present in the hilus and in the CA3 area, and these represent the majority of all MF connections (Frotscher et al., 2006). The ratio of synaptic contacts onto interneurons is approximately fourfold higher than onto principal cells.






In a seminal paper, Acsady et al. (1998) demonstrated that MF connections terminate into interneurons with small boutons or filopodial extensions. Differences in morphology between MF terminals at principal cells and interneurons may account for the distinct functional properties of these synapses, which appear to be regulated in a target-specific way (Nicoll and Schmitz, 2005). Interestingly, at principal cell synapses, giant boutons develop gradually during the first 3 postnatal weeks (Amaral and Dent, 1981). A light and electron microscopic study has shown that, immediately after birth, up to postnatal (P) day 3, immature axons terminate in very small, spherical expansions whose area is about one-tenth of that found in adults. These make symmetric and asymmetric contacts mainly with dendritic shafts. These contacts occur several days before the development of the thorny excrescences (Amaral and Dent, 1981; Stirling and Bliss, 1978). Expansions markedly increase in size by day 9 while maintaining a relatively spherical shape. At this period, pyramidal cell dendrites show a marked lateral growth and fingers, which began indenting into MF expansions. This period is also characterized by an increased number and density of synaptic vesicles.

In adults, the MF pathway that integrates the classical trisynaptic hippocampal circuit is glutamatergic. Using sharp microelectrodes and hippocampal slices, Yamamoto (1972) was the first to demonstrate that stimulation of granule cells in the dentate gyrus evokes in CA3 principal cells excitatory postsynaptic potentials (EPSPs) followed by inhibitory postsynaptic potentials (IPSPs) presumably mediated by feedback and feedforward inhibition. Glutamate acts mainly on postsynaptic α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid (AMPA) and kainate receptors (Henze et al., 2000). Blocking AMPA and N-methyl-D-aspartate (NMDA) receptors with selective antagonists prevents the EPSP/IPSP sequence, indicating that IPSPs are generated via a polysynaptic pathway (Gutiérrez, 2005). Glutamate is stored in synaptic vesicles with zinc, which, upon nerve stimulation, is coreleased with glutamate and is known to downregulate both NMDA and GABA-A receptors (Westbrook and Mayer, 1987). Besides glutamate, MFs release other substances including brain-derived neurotrophic factor (BDNF) and dynorphin, which are known to modulate glutamate release via presynaptic receptors (Weisskopf et al., 1993). Dynorphin is stored on large-dense core vesicles, which also contain other peptides such as enkephalins, cholecystokinin, somatostatin, and neuropeptide Y (Henze et al., 2000). Moreover, MFs are endowed with a variety of different receptor types whose activation has been shown to depress or enhance glutamate release. Thus, activation of A1 adenosine receptors (Moore et al., 2003), GABA-A (Ruiz et al., 2003), GABA-B receptors (Hirata et al., 1992), and type II/III metabotropic glutamate receptors (mGluR) reduces transmitter release (Kamiya et al., 1996; Shigemoto et al., 1997), whereas activation of kainate receptors enhances transmitter release (Schmitz et al., 2001).




15.2. Corelease of glutamate and GABA from mossy fiber terminals

The corelease of different transmitters from the same fiber has been well documented in several brain structures including the retina (O'Malley and Masland, 1989), the spinal cord (Jonas et al., 1998), and the auditory system (Gillespie et al., 2005; Münster-Wandowski et al., 2013; Vaaga et al., 2014). In the adult hippocampus, the primary excitatory neurotransmitter released from MF terminals is glutamate. However, in particular conditions (i.e., during seizures or activity-dependent processes), MF can in addition to glutamate release also GABA. Gutiérrez and Heinemann (2001) have convincingly demonstrated that, in kindled rats, monosynaptic bicuculline-sensitive GABAergic IPSPs can be evoked in CA3 principal cells in response to stimulation of granule cells in the dentate gyrus. This may lead to IPSP summation and reduced probability of generating action potentials as a compensatory mechanism to counterbalance the enhanced excitability induced by the epileptic activity (Jaffe and Gutiérrez, 2007).

The presence of GABA in glutamatergic MF terminals was initially described in humans and monkeys by Sandler and Smith (1991) who hypothesized that at least a component of the IPSP evoked in principal cells by stimulation of the granule cells in the dentate gyrus was of MF origin. Later, evidence was provided that, during postnatal development, MFs constitutively express GAD67 and its product GABA (Schwarzer and Sperk, 1995; Sloviter et al., 1996) as well as the mRNA for the vesicular GABA transporter VGAT (Gómez-Lira et al., 2005). Postembedding immunogold double labeling has revealed the coexistence in MF terminals of VGAT with VGLUT (the vesicular transporters for GABA and glutamate, respectively), further suggesting that GABA can be coreleased with glutamate (Zander et al., 2010). Moreover, hippocampal pyramidal neurons are able to express not only glutamate but also “mistargeted” GABA-A receptors, which, in particular conditions, may become functional (Rao et al., 2000). This suggests that MFs can use GABA as a neurotransmitter since they possess all the machinery for synthesizing, storing, releasing, and sensing it. Indeed, in juvenile animals, stimulation of granule cells in the dentate gyrus induces monosynaptic GABAergic and glutamatergic responses in CA3 principal cells (Gutiérrez et al., 2003; Walker et al., 2001). Moreover, immunogold experiments have demonstrated that AMPA and GABA-A receptors are colocalized on the same synapse in close apposition to MF terminals (Bergersen et al., 2003). However, it should be stressed that the protocol generally used to activate MFs in hippocampal slices, the 
electrical stimulation, may be inappropriate since it may activate fibers other than MF, including collaterals of local GABAergic interneurons, casting doubts on the MF origin of GABAergic responses (Uchigashima et al., 2007).

To bypass this problem, Beltran and Gutierrez (2012) used a new technique consisting in stimulating single identified MF boutons, attached to mechanically dissociated CA3 pyramidal cells, previously labeled with fluorescent rhodamine–dextranamine or with Zinpyr-1, a fluorescent sensor for zinc. Stimulation of MF boutons was able to induce in CA3 pyramidal cells corelease of glutamate and GABA, GABA (Fig. 15.1) or glutamate alone in juvenile but not in adult animals. Stimulation of nonlabeled putative GABAergic boutons elicited GABA-A-mediated currents that, unlike MF, were insensitive to mGluR agonists and underwent frequency-dependent depression (Beltran and Gutierrez, 2012; Beltran et al., 2012).




15.3. GABA is the main neurotransmitter released from immature mossy fiber terminals

GABA, the main inhibitory transmitter in the adult brain, depolarizes and excites immature neurons by an outwardly directed flux of chloride. The depolarizing action of GABA contributes to trigger network-driven oscillatory events known to play a crucial role in the refinement of neuronal networks, thus contributing to the proper formation of adult brain circuits and high cognitive functions (Ben-Ari et al., 2012). In line with the crucial role of GABAergic signaling early in postnatal development and with the sequential establishment of GABAergic synapses prior to glutamatergic ones (Hennou et al., 2002), GABA has been found to be the main neurotransmitter released from MF terminals at birth (Kasyanov et al., 2004; Safiulina et al., 2006; Sivakumaran et al., 2009). This may affect the information processing and network excitability. At this developmental stage, granule cells in the dentate gyrus are still immature, but their axons, the MFs, can be already visualized in cells intracellularly labeled with biocytin (Pedroni et al., 2014). MF projections toward stratum lucidum of the CA3 subfield express varicosities but lack classical MF boutons. Often, they give rise to collaterals terminating with growth cones.

As already mentioned, because of the complexity of dentate gyrus–CA3 circuitry (Henze et al., 2000), studying pure MF synaptic responses with electrophysiological techniques is quite difficult. The best would be to perform pair recordings from interconnected neurons. However, in the case of MF synapses, this approach is quite difficult because of the very low probability of finding interconnected granule cells and CA3 pyramidal neurons and interneurons. An alternative approach 
consists in using optogenetic tools that have the advantage of controlling, with high spatial and temporal resolution, the neuronal activity of granule cells. However, this method successfully exploited in newly generated (Toni et al., 2008) or mature (Zucca et al., 2016) granule cells in adulthood has not been applied to the neonatal brain. In our experiments, we used minimal stimulation of granule cells to evoke single MF responses. They were characterized by their constant mean amplitude and failure probability in response to stimulus intensities near threshold for their detection (Jonas et al., 1993; Allen and Stevens, 1994; Safiulina et al., 2006).
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Figure 15.1 GABAergic currents evoked in mechanically dissociated CA3 principal cells by stimulation of MF boutons. (A) A MF bouton, labeled with fluorescent rhodamine–dextranamine, attached to the proximal part of the apical dendrite of a CA3 principal cell. (B) Spike evoked in CA3 principal cell by depolarizing current injection. (C) Synaptic currents evoked at -60 mV by stimulation of the MF bouton in control (ACSF), in the presence of NBQX and APV and bicuculline. Responses were insensitive to NBQX and APV but were completely blocked by bicuculline. ACSF, artificial cerebrospinal fluid; APV, D-(−)-2-amino-5-phosphonopentanoic acid; MF, mossy fiber; NBQX, 2,3-dioxo-6-nitro-1,2,3,4-tetrahydrobenzo[f]quinoxaline-7-sulfonamide. 

Modified from Beltrán, J.Q., Gutierrez, R., 2012. Co-release of glutamate and GABA from single, identified mossy fiber giant boutons. J. Physiol. 590, 4789–4800.




As illustrated in Fig. 15.2, minimal stimulation of granule cells in the dentate gyrus evokes in CA3 principal cells monosynaptic currents that completely fulfill the criteria for MF identification (see Section 15.4). These currents are insensitive to AMPA receptor antagonists (Caiati et al., 2010) but are readily blocked by picrotoxin, bicuculline, or gabazine, suggesting that they are mediated by GABA acting on GABA-A receptors. As expected for GABA-A-mediated postsynaptic currents (GPSCs), these can be potentiated by flurazepam, an allosteric modulator of GABA-A receptors (Fig. 15.3), or by NO-711 [1-(2-(((diphenylmethylene)amino)oxy)ethyl)-1,2,5,6-tetrahydro-3-pyridinecarboxylic acid], a selective GAT-1 GABA transporter antagonist (Safiulina et al., 2006).

Depolarizing the cell to positive potentials (+40
 
mV) unveils bicuculline-sensitive outward currents with latency, onset, and deactivation kinetics similar to those obtained at -70 mV, further indicating that they are mediated by GABA-A receptors. Additional evidence in favor of GABA as a neurotransmitter at MF–CA3 synapses is given by the experiments in which chemical application of glutamate to dendrites of granule cells in stratum moleculare (in the presence of the AMPA/kainate receptor antagonists to prevent the recruitment of GABAergic interneurons) depolarizes via activation of NMDA receptors granule cells and induces in CA3 principal cells barrages of 2-amino-4-phosphonobutyric acid (L-AP4)–sensitive currents completely abolished by picrotoxin. Moving the pressure pipette a few micrometers away toward the hilus to activate hilar interneurons causes a barrage of synaptic currents insensitive to L-AP4 but blocked by picrotoxin, implying that they are mediated by the release of GABA from GABAergic interneurons (Safiulina et al., 2006).

Perforated patch experiments, to preserve the anionic conditions of the recorded cells, have revealed that GABA released from MF terminals exerts a depolarizing action on targeted cells (Sivakumaran et al., 2009). Thus, MF GABA-mediated postsynaptic potentials (GPSPs) reversed at a potential more positive than the resting membrane potential (on average the E
GPSP and the V

R
 values were −47.6
 
±
 
3.3 and −56
 
±
 
2.2
 
mV, respectively). Additional experiments demonstrated that accumulation of chloride inside the cell via the cation chloride cotransporter NKCC1 was responsible for the depolarizing action of GABA, since the E
GPSP shifted toward more negative values when slices were exposed to bumetanide, a selective inhibitor of NKCC1 (Dzhala et al., 2005; Sipilä et al., 2006). In the presence of bumetanide, E
GPSP 
and V

R
 were −71.5
 
±
 
3.09 and −63.6
 
±
 
2.3
 
mV, respectively. Therefore, these data confirm the general rule that GABA depolarizes immature neurons because of a reversed chloride gradient (Ben-Ari et al., 1989, 2012). Interestingly, the E
GPSP value, very close to the threshold for action potential generation (−49.3
 
±
 
2.4
 
mV), suggests that GABA may also be excitatory. However, experiments performed in the cell-attached mode (to keep the intracellular milieu intact) revealed that, in spite of its depolarizing action, GABA released from MF terminals is only rarely able to trigger action potentials in pyramidal cells, suggesting that the shunting effect of GABA may sometimes overcome the excitatory one (Safiulina et al., 2010). Toward P4–P6, stimulation of granule cells in the dentate gyrus induces the recruitment of additional fibers, releasing both glutamate and GABA onto CA3 principal cells (Fig. 15.4). Therefore, at this postnatal age, single fiber–evoked synaptic currents fluctuate between outward, biphasic, and inward (Safiulina et al., 2006). Although, with respect to GPSCs, mixed GABAergic and glutamatergic currents occur with a shorter latency, they involve MF synapses as they are sensitive to L-AP4.
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Figure 15.2 AMPA receptors do not contribute to unitary postsynaptic currents evoked in CA3 principal cells by minimal stimulation of granule cells in the dentate gyrus. (A) MF GPSCs recorded from a principal cell (at P3) in the presence of GYKI. Note that L-AP4 (10
 
μM) strongly reduced the amplitude of MF GPSCs and PTX (100
 
μM) abolished them. Each trace is the average of 30 individual responses. (B) Summary data obtained from 15 neurons, ∗∗P

 
<
 
.01. (C) Unitary synaptic currents evoked in a CA3 pyramidal cell at P4 with three different stimulation intensities before (control) and during application of GYKI 52466 (30
 
μM). Each trace is the average of 15–20 responses (including failures). (D) Peak amplitudes of synaptic currents represented in (C) are plotted as a function of stimulus intensities. Bars are SEM; dashed lines represent the averaged amplitude of GPSCs. AMPA, α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid; GPSC, GABA-A-mediated postsynaptic current; GYKI 52466, 4-(8-methyl-9H-1,3-dioxolo[4,5-h][2,3]benzodiazepin-5-y L)-benzenamine hydrochloride; L-AP4, 2-amino-4-phosphonobutyric acid; MF, mossy fiber; PTX, picrotoxin. 

Modified from Safiulina, V.F., Caiati, M.D., Sivakumaran, S., Bisson, G., Migliore, M., Cherubini, E., 2010. Control of GABA release at single mossy fiber-CA3 connections in the developing hippocampus. Front. Synaptic Neurosci. https://doi.org/10.3389/neuro.19.003.2010.






[image: image]



Figure 15.3 Minimal stimulation of granule cells in the dentate gyrus evokes GABA-A-mediated monosynaptic responses in CA3 pyramidal cells. (A) Amplitudes of GPSCs (dots) evoked by stimulation of granule cells in the dentate gyrus are plotted against time in control, during bath application of flurazepam (3
 
μM, FLZM), L-AP4 (10
 
μM), and picrotoxin (100
 
μM, PTX). The inset above shows examples of average traces taken in different experimental conditions (each trace is the average of at least 20 individual responses including failures). Note that the synaptic currents are enhanced by FLZM, reduced by L-AP4, and blocked by PTX. (B) Normalized responses obtained in the absence or presence of FLZM. Note the slowdown of the deactivation kinetics of synaptic currents in FLZM. (C) Each column represents the mean amplitude (±SEM) of MF-evoked GPSCs recorded from five CA3 principal cells in control and in the presence of FLZM, L-AP4, and PTX. (D) Decay kinetics (τ mean) of synaptic currents recorded in control and in the presence of FLZM (n
 
=
 
5), ∗P

 
<
 
.05. FLZM, flurazepam; GPSC, GABA-A-mediated postsynaptic current; L-AP4, 2-amino-4-phosphonobutyric acid; MF, mossy fiber; PTX, picrotoxin. 

Modified from Safiulina, V.F., Fattorini, G., Conti, F., Cherubini, E., 2006 GABAergic signaling at mossy fiber synapses in neonatal rat hippocampus. J. Neurosci. 26, 597–608.




In contrast to MF responses, synaptic currents mediated by GABA released from GABAergic interneurons are insensitive to mGluR agonists (Doherty et al., 2004; Gutiérrez, 2005; Kasyanov et al., 2004; Walker et al., 2001, Fig. 15.5). These responses are likely generated by interneurons projecting into principal cells or interneurons sending collaterals to the granule cells into the dentate gyrus since they are insensitive to L-AP4 (Safiulina et al., 2006; Walker et al., 2001). They typically occur with high probability and exhibit a strong paired-pulse depression in response to two closely spaced stimuli (Fig. 15.5). However, it is worth noting that L-AP4-sensitive interneurons have been described in the guinea pig hippocampus (Semyanov and Kullmann, 2000), raising the possibility that different mGluR subtypes are expressed in different animal species.

In addition, unlike putative MF responses that occur with very low probability and exhibit short-term frequency-dependent facilitation, those generated by GABA released from GABAergic interneurons (such as those reported by Uchigashima et al., 2007) display only a moderate facilitation upon repeated stimuli or even depression.
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Figure 15.4 Glutamatergic and GABAergic currents evoked in principal cells by stimulation of the granule cells in the dentate gyrus at room temperature (to avoid the activation of GDPs; see Ben-Ari, Y., Cherubini, E., Corradetti, R., Gaiarsa, J.L., 1989. Giant synaptic potentials in immature rat CA3 hippocampal neurones. J. Physiol. 416 303–325). (A) Average responses evoked at three different holding potentials (indicated at the left) in a CA3 pyramidal cell recorded with a low-chloride intrapipette solution (ECl −90
 
mV). Note the biphasic currents at -50
 
mV and the isolated GABAergic and glutamatergic components at −30 and −80
 
mV, respectively. The two components were reduced in amplitude by L-AP4 and were selectively blocked by the AMPA and GABA-A receptor blockers, SYM-2206 (20
 
μM) and PTX (100
 
μM), respectively. (B) Individual traces from one single cell recorded at −50
 
mV showing inward, outward, and biphasic responses and response failures. (C) Summary data (n
 
=
 
5) showing the mean amplitude of GABAergic (black columns) and glutamatergic (white columns) currents recorded in control, in the presence of L-AP4, in L-AP4 plus SYM, and in L-AP4 plus SYM and picrotoxin. (D) Each column represents the relative frequency of each type of response for three cells. AMPA, α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid; GDP, giant depolarizing potential; L-AP4, 2-amino-4-phosphonobutyric acid; PTX, picrotoxin. 

Modified from Safiulina, V.F., Fattorini, G., Conti, F., Cherubini, E., 2006 GABAergic signaling at mossy fiber synapses in neonatal rat hippocampus. J. Neurosci. 26, 597–608.
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Figure 15.5 L-AP4-insensitive synaptic currents likely generated by stimulation of GABAergic interneurons. (A) Left: Diagram showing a GABAergic interneuron impinging on a CA3 pyramidal cell. Right: Average of 20 individual responses (including failures) to paired stimuli. Note the paired-pulse depression. (B) Average of 20 individual traces evoked in control conditions, in the presence of DNQX, DNQX plus L-AP4, and DNQX, L-AP4, plus PTX. Note lack of effect of L-AP4. (C) Average of 20 individual traces from another pyramidal cell obtained in control or in the presence of FLZM. On the right, the two normalized traces are superimposed. (D) Summary data showing the amplitude of synaptic currents obtained from four pyramidal cells in different experimental conditions normalized to the respective controls (dashed line). DNQX, 6,7-dinitroquinoxaline-2,3-dione; FLZM, flurazepam; L-AP4, 2-amino-4-phosphonobutyric acid. 

Modified from Safiulina, V.F., Fattorini, G., Conti, F., Cherubini, E., 2006. GABAergic signaling at mossy fiber synapses in neonatal rat hippocampus. J. Neurosci. 26, 597–608).









15.4. Criteria for identifying single MF–CA3 responses

In adulthood, glutamatergic MF–CA3 synapses can be identified on the basis of their sensitivity to group II metabotropic receptor agonists and their ability to undergo paired-pulse and short-term frequency-dependent facilitation. The latter, known to occur at low frequency range, would increase the signal-to-noise ratio of mossy fiber transmission, thus influencing CA3 network activity according to both spatial and temporal patterns of granule cell activity (Salin et al., 1996). Interestingly, unitary GABAergic responses recorded from neonatal CA3 principal cells exhibited as in adulthood: (1) strong paired-pulse facilitation; (2) short-term frequency-dependent facilitation; and (3) sensitivity to metabotropic glutamate receptor agonist of group II and/or III.



15.4.1. Paired-pulse facilitation

MF–CA3 principal cell connections differ from other synapses in their responses to repetitive activation. They exhibit large paired-pulse facilitation with a ratio >3 (Fig. 15.6). The strong paired-pulse facilitation largely depends on the basal release probability, which is very low in spite of the number of release sites (Chicurel and Harris, 1992). This differs from MF–interneurons synapses, which usually exhibit paired-pulse inhibition due to a larger release probability and a small number of release sites (Lawrence et al., 2004). A comparison of quantal transmission between MF–CA3 and MF–interneuron synapses suggests major differences at these two synapse types. While, at MF–principal cell synapses, the number of release sites varies between 8 and 21 in adults (Jonas et al., 1993; Yamamoto et al., 1991) and between 1 and 4 in neonates (Safiulina et al., 2010), at interneurons, it varies between 1 and 2 (Lawrence et al., 2004). This is consistent with electron microscopic data indicating that MFs typically innervate CA3 interneurons with a single or very few active zones (Acsady et al., 1998).




15.4.2. Short-term frequency-dependent facilitation

Short-term frequency-dependent facilitation is probably related to the enhanced probability of neurotransmitter release that follows the large rise of intraterminal calcium concentration and activation of calcium/calmodulin-dependent kinase II 
(Salin et al., 1996). The patch clamp technique directly applied to large MF boutons has allowed studying presynaptic action potentials and their modulation by voltage-gated ion channels (Geiger and Jonas, 2000). Using this method, it has been demonstrated that high-frequency stimulation widens the spikes through the rapid inactivation of voltage-gated potassium channels. Spike broadening may at least in part contribute to the strong frequency-dependent facilitation of transmitter release occurring at these synapses (Bischofberger et al., 2006). Calcium entry through voltage-dependent calcium channels may further enhance transmitter release via calcium-induced calcium release mechanisms (Scott and Rusakov, 2006). It is worth noting that the progressive saturation of the endogenous fast calcium buffer calbindin, which is highly expressed in MF terminals, may produce a gradual increase in calcium concentration at releasing sites, leading to a further facilitation of transmitter release (Blatow et al., 2003). A moderate shift in stimulation frequency (from 0.05 to 0.3
 
Hz) is able to induce a strong synaptic facilitation in immature neurons (Fig. 15.6).
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Figure 15.6 Paired-pulse facilitation and short-term frequency dependent facilitation at immature MF–CA3 synapses. (A) Synaptic currents evoked at −70 mV in a CA3 pyramidal cell (at P5) by pair of stimuli (50
 
ms apart) delivered to granule cells in the dentate gyrus (average of 50 individual traces including failures). Note the strong paired-pulse facilitation. (B) Averaged responses (including failures) obtained at 0.05 and 0.33
 
Hz from the same neuron shown in (A). (C) The mean amplitude of synaptic currents evoked in six pyramidal cells at 0.05 and 0.33
 
Hz (horizontal bars) is plotted against time. Note the slow buildup of facilitation of synaptic responses at 0.33
 
Hz that completely reversed to control values after returning to 0.05
 
Hz stimulation. Vertical bars represent SEM. MF, mossy fiber. 

Modified from Safiulina, V.F., Fattorini, G., Conti, F., Cherubini, E., 2006. GABAergic signaling at mossy fiber synapses in neonatal rat hippocampus. J. Neurosci. 26, 597–608).




The magnitude of synaptic facilitation largely depends on the age of the animals. While at P2–P3 it is rather modest (the amplitude of synaptic responses reaches ∼200% of control values (before enhancing the stimulation frequency; Safiulina et al., 2010), at P5–P6 it is more consistent (the amplitude of synaptic responses reaches ∼400% of control values). The depolarizing and excitatory action of GABA may contribute to enhance [Ca2+]i via activation of voltage-dependent calcium channels and NMDA receptors. In contrast to MF–CA3 synapses, at commissural–associational synapses where the probability of transmitter release is higher, frequency-dependent facilitation is weaker (Salin et al., 1996). When MFs start releasing glutamate (around P3), synaptic responses mediated by AMPA receptor activation do not show frequency-dependent facilitation. This starts appearing around P6 and reaches adult values by the end of the second–third postnatal week (Marchal and Mulle, 2004) in concomitance with the functional expression of presynaptic kainate receptors (Lanore et al., 2012).




15.4.3. Sensitivity to group II and III metabotropic glutamate receptor agonists

MF inputs to principal cells can be identified on the basis of their sensitivity to group III metabotropic glutamate receptor (mGluR) agonist L-AP4 (Fig. 15.2–15.4). In this regard, immature MF–CA3 synapses behave differently from adults, which are sensitive to (2S,2′R,3′R)-2-(2′,3′-dicarboxycyclopropyl)glycine (DCG-IV) but insensitive to L-AP4 (Lanthorn et al., 1984). It should be stressed, however, that both group II and III mGluRs have been found on rat MF terminals: group III mGluRs predominantly in presynaptic active zones and group II in preterminal rather than terminal portions of axons (Shigemoto et al., 1997). The inability of DCG-IV in modulating MF responses in immature neurons can be attributed to the different expression and/or location of group II/III mGluRs early in postnatal development.





15.5. Presynaptic modulation of GABA release

The strength of synaptic inhibition can be enhanced or reduced by presynaptic receptors, mostly of the metabotropic type, activated by GABA released from GABAergic terminals (autoreceptors) or by ligands coming from other sources (heteroreceptors). MFs, as other nerve terminals, are endowed with a variety of different receptor types, which control transmitter release. For the purpose of this review, only glutamate, GABA-A and GABA-B receptors are considered.



15.5.1. Glutamate receptors

In addition to type III mGluR (Safiulina et al., 2006), adult MFs express also kainate receptors that exert a powerful control on glutamate release (Lerma, 2003). The increased calcium concentration in presynaptic boutons or axon terminals following kainate-induced membrane depolarization (Scott et al., 2008) facilitates transmitter release, thus contributing to short-term frequency-dependent facilitation (Contractor et al., 2001). In newborns, kainate receptors have been shown to reduce GABA release from MF terminals (Caiati et al., 2010) and to regulate correlated network activity such as giant depolarizing potentials (GDPs, Lauri et al., 2005), generated by the synergistic action of glutamate and GABA and considered a hallmark of developmental circuits (Ben-Ari et al., 2007). Among the five different kainate receptor subtypes (GluK1-5), GluK1 is highly expressed in the immature hippocampus. Blocking GluK1 receptors with (S)-1-(2-amino-2-carboxyethyl)-3-(2-carboxybenzyl)pyrimidine-2,4-dione (UBP 302), a specific GluK1 antagonist, in the presence of AMPA receptor blockers enhances the amplitude of GPSCs (Fig. 15.7).

As expected for a presynaptic type of action, this effect is associated with an increase in success rate in CV
−2 and a decrease in paired-pulse ratio (PPR). In addition, in “presynaptically” silent neurons, UBP 302 induces the appearance of synaptic responses to the first stimulus, suggesting that endogenous activation of GluK1 contributes to switching off conductive synapses (Caiati et al., 2010). How could presynaptic GluK1 receptors be activated if the main neurotransmitter 
released from MFs is GABA? One possibility is that these receptors are constitutively activated by ambient glutamate present in the extracellular medium, which in neonates is maintained at high levels by a less efficient glutamate transport mechanism and a poorly developed diffusional barrier (Danbolt, 2001). Indeed, enhancing the clearance of glutamate from the extracellular space, using an enzymatic glutamate scavenger system, prevents the activation of presynaptic kainate receptors by glutamate and, similar to UBP 302, induces an increase in amplitude of GPSCs. Kainate receptors have been shown to exert both ionotropic and metabotropic types of action (Lerma, 2006). In particular, the depressant action of kainate on transmitter release seems to occur via G protein–coupled receptors. The signaling pathway likely involves the release of calcium from intracellular stores and the activation of phospholipase C (PLC) and protein kinase C (PKC), with consequent inhibition of voltage-dependent calcium channels (Rodríguez-Moreno and Sihra, 2007). Interestingly, the depressant effects of GluK1 on GABA release from MFs are prevented by pertussis toxin, which blocks G
i/o protein–coupled receptors and by 1-[6-[[(17b)-3-methoxyestra-1,3,5(10)-trien-17-yl]amino]hexyl]-1H-pyrrole-2,5-dione (U73122), a selective inhibitor of PLC, along the transduction pathway downstream to G protein activation, suggesting that it is mediated via a metabotropic type of action (Caiati et al., 2010).
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Figure 15.7 Endogenous activation of presynaptic GluK1 kainate receptors depresses GABA release from MF terminals. (A) Superimposed individual traces of MF GPSCs evoked in the presence of GYKI 52466 (30
 
μM; control) and GYKI 52466 plus UBP 302 (10
 
μM). Below: Averaged traces (successes plus failures). Note that UBP 302 enhanced the amplitude of the first response and reduced the number of synaptic failures. (B) Summary plot showing the mean amplitude of GPSCs obtained in 19 cells in the presence of UBP 302, L-AP4, and PTX. Vertical bars denote the SEM. The horizontal dashed line refers to the mean amplitude of MF GPSCs measured before the application of UBP 302. GPSCs, GABA-A-mediated postsynaptic currents; GYKI 52466, 4-(8-methyl-9H-1,3-dioxolo[4,5-h][2,3]benzodiazepin-5-y L)-benzenamine hydrochloride; L-AP4, 2-amino-4-phosphonobutyric acid; MF, mossy fiber; PTX, picrotoxin. 

Modified from Caiati, M.D., Sivakumaran, S., Cherubini, E., 2010 In the developing rat hippocampus, endogenous activation of presynaptic kainate receptors reduces GABA release from mossy fiber terminals. J. Neurosci. 30, 1750–59.







15.5.2. GABA-A and GABA-B receptors

The presence of ionotropic GABA-A receptors on adult MF terminals has been unambiguously demonstrated by Alle and Geiger (2007) who, using patch clamp recordings from single MF boutons, detected GABA-A-activated currents following local application of GABA from a puff pipette. Whereas, in 3- to 4-week-old guinea pigs, activation of presynaptic MF GABA-A receptors by ambient GABA or GABA spillover from neighboring interneurons leads to a reduction of MFs' excitability (Ruiz et al., 2003), in juvenile rats, it leads to a depolarization of MF terminals by the outward flux of chloride and to an increase in cell firing (Nakamura et al., 2007). Whether a similar effect occurs also immediately after birth when MFs release only GABA is still unknown.

Postsynaptic GABA-B receptors are developmentally regulated and are poorly expressed early in postnatal life. In contrast, presynaptic GABA-B receptors are already present and functional at birth (Gaiarsa et al., 1995; Lei and McBain, 2003). Presynaptic GABA-B receptors reduce transmitter release mainly by inhibiting P/Q and N types of voltage-dependent calcium channels (Poncer et al., 1997). As shown in Fig. 15.8, application of the selective GABA-B receptor antagonist (2S)-3-[[(1S)-1-(3,4-dichlorophenyl)ethyl]amino-2-hydroxypropyl](phenylmethyl)phosphinic acid hydrochloride (CGP 55845) enhances the probability of GABA release from immature MF terminals and switches on “presynaptically” silent synapses, suggesting that the constitutive activation of GABA-B receptors by the spillover of GABA from MF terminals contributes to synapse silencing (Safiulina and Cherubini, 2009). In contrast, the GABA-B receptor agonist baclofen induces a powerful depression of MF GPSCs, an effect that is associated with a significant increase in transmitter failures and in the paired-pulse ratio. The IC50 value for baclofen (400
 
nM) is at least one order of magnitude lower than that found at GABAergic synapses in CA3 stratum radiatum interneurons (Lei and McBain, 2003). This may be related to differences in GABA-B receptors expression, distribution, and/or affinity among various cell types and suggests a target-specific modulation of GABAergic signaling by GABA-B autoreceptors.
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Figure 15.8 Block of GABA-B receptors with CGP 55845 enhances the probability of GABA release from MF terminals. (A) Peak amplitude of MF GPSCs, in control, during application of CGP 55845 (1
 
μM), CGP plus L-AP4 (10
 
μM), and CGP plus L-AP4 and picrotoxin (100
 
μM, vertical dashed lines). Note the reduction in the number of failures in CGP. Current responses were reduced in amplitude by L-AP4 and were blocked by picrotoxin. Insets above the graph represent averaged traces (20 individual samples including failures taken in different experimental conditions). (B) A presynaptically silent neuron before (upper trace) and during bath application of CGP 55845 (1
 
μM, lower trace). Note the appearance of a synaptic current in CGP (each trace is the average of 20 individual samples). (C) Summary plots of mean amplitude, success rate, paired-pulse ratio (PPR), and inverse squared of CV in control (open symbols) and during bath application of CGP (closed circles). Averaged values are represented on the left and the right of individual responses; ∗P

 
<
 
.05. Amplitude and successes refer to silent and nonsilent neurons (n
 
=
 
10). PPR and CV
−2 refer only to nonsilent cells (n
 
=
 
7). CV, coefficient of variation; CGP 55845, (2S)-3-[[(1S)-1-(3,4-dichlorophenyl)ethyl]amino-2-hydroxypropyl](phenylmethyl)phosphinic acid hydrochloride; GPSCs, GABA-A-mediated postsynaptic currents; L-AP4, 2-amino-4-phosphonobutyric acid; MF, mossy fiber. 

Modified from Safiulina, V.F., Cherubini, E., 2009. At immature mossy fibers-CA3 connections, activation of presynaptic GABA-B receptors by endogenously released GABA contributes to synapses silencing. Front. Cellular Neurosci. 3, 1–11.





Interestingly, using pair recordings from interconnected neurons in 2-week-old organotypic hippocampal slices (obtained from GAD 67-EGFP transgenic mice), Cabezas et al. (2012) found that photolysis of caged glutamate on visually identified granule cells expressing GAD 67 evoked in CA3 principal cells synaptic currents mediated by AMPA/kainate but not GABA-A receptors. However, GABA released from GAD 67-positive granule cells was shown to activate presynaptic GABA-B receptors to reduce MF excitability, suggesting that, in juvenile animals, a transient MF GABAergic phenotype is important for instructing presynaptic rather than postsynaptic elements (Cabezas et al., 2012). The apparent discrepancy between these data and ours can be attributed to the different preparations used: organotypic cultures (Cabezas et al., 2012) versus acute hippocampal slices (
Walker et al., 2001; Gutierrez et al., 2003; Safiulina et al., 2006
). It is well known that organotypic hippocampal slices kept in culture for 1–2
 
weeks are not suitable for studying developmental processes. Although cultured slices maintain some local circuits intact, they exhibit an enhanced glutamatergic connectivity (de Simoni et al., 2003; Caiati, 2013) that may account for the observed effects.




15.5.3. Tonic GABA

Early in postnatal development, GABA released from MF terminals and adjacent interneurons activates not only GABA-A receptors facing the presynaptic release sites but also extrasynaptic GABA-A receptors, which have the characteristic to bind GABA with high affinity and to exhibit a very low desensitization rate (Farrant and Nusser, 2005). These receptors, persistently exposed to low concentrations of GABA, mediate a persistent conductance that plays a crucial role in regulating the membrane potential and cell excitability. In particular, in the perinatal period, prior to synapse formation, GABA, released by growth cones and astrocytes, diffuses away to activate in a paracrine fashion GABA-A receptors located away from the release sites (Demarque et al., 2002). The existence of this conductance can be estimated by the shift in the baseline current obtained by blocking GABA-A receptors with selective antagonists. Immediately after birth, CA3 principal cells, but not stratum radiatum interneurons, exhibit a sustained tonic conductance mediated by α5, β2/β3, and γ2 GABA-A receptor subtypes (Marchionni et al., 2007) (Fig. 15.9).










[image: image]



Figure 15.9 A tonic GABA-A-mediated current is present in CA3 pyramidal cells. Left: Representative traces of spontaneous GABA-A-mediated synaptic currents recorded from a CA3 principal cell in control conditions and in the presence of gabazine (GBZ, 0.5
 
μm) and gabazine plus picrotoxin (PTX, 100
 
μm). Holding potential is −60
 
mV. Right: Summary data of tonic currents obtained from 14 CA3 pyramidal cells in the presence of different concentrations (0.2, 0.3, and 0.5
 
μm) of gabazine and 100
 
μm of picrotoxin. Error bars indicate SEM. 

Modified from Marchionni, I., Omrani, A., Cherubini, E., 2007. In the developing rat hippocampus a tonic GABAA-mediated conductance selectively enhances the glutamatergic drive of principal cells. J. Physiol. 581, 515–528.





Due to the depolarizing action of GABA at early developmental stages, this conductance has been found to enhance CA3 principal cells excitability by reducing the threshold for action potential generation, thus contributing to spontaneous network-driven events such as GDPs (Marchionni et al., 2007; Cellot and Cherubini, 2013). The more pronounced GABA-mediated tonic conductance in neonates respect to adults has been attributed to the relatively poor clearance of GABA from the extracellular space by the low expression of GABA transporters. However, at least GAT-1 has been found to be present and functional already at birth (
Safiulina et al., 2006; Sipila et al., 2007).





15.6. Activity-dependent changes in synaptic efficacy at immature MF–CA3 synapses

Activity-dependent changes in synaptic strength such as long-term potentiation (LTP) or long-term depression (LTD) are critical for information storage in the brain and for the development of proper neuronal circuits. One interesting question is whether, early in postnatal development, MF GPSCs can undergo activity-dependent modifications in synaptic efficacy. Immature neurons are characterized by an elevated number of “silent” synapses (Durand et al., 1996). These are synapses that do not conduct at rest because the neurotransmitter is not released when the presynaptic terminal is invaded by an action potential (presynaptically silent) or because they are unable to detect the release of the neurotransmitter due to the lack of the respective receptors on the subsynaptic membrane (postsynaptically silent). Silent synapses can be converted into active ones by activity-dependent processes, and this represents the most common mechanism for LTP induction, not only during development but also in the mature brain (Voronin and Cherubini, 2004).



15.6.1. Functional role of giant depolarizing potentials–associated calcium transients

We developed a pairing procedure to test the hypothesis that, early in postnatal development, correlated network activity such as GDPs may act as coincident detector signals for enhancing, in an associative type of manner, synaptic efficacy at poorly developed MF–CA3 synapses (Kasyanov et al., 2004). In the immature hippocampus, the synergistic actions of GABA and glutamate, both depolarizing and excitatory, are instrumental for triggering GDPs, which represent a primordial form of synchrony between neurons preceding more organized forms of activity such as the theta and the gamma rhythms. GDPs and associated calcium transients lead to the activation of intracellular signaling pathways, known to play a key role in several developmental processes including DNA synthesis, cell migration, differentiation, and synaptogenesis (Owens and Kriegstein, 2002).

Pairing consisted in triggering MF stimulation with the rising phases of GDPs in such a way that calcium transients associated with GDPs occurred simultaneously with MF GPSPs. After a control period of 5–10
 
min in which GPSCs were evoked by stimulation of granule cells in the dentate gyrus at 0.05
 
Hz, the patch was switched from voltage clamp to current clamp mode, and MF responses were evoked by spontaneously occurring GDPs (pairing typically lasted 5
 
min; Fig. 15.10). After this period, the patch was switched back to voltage clamp mode, and synaptic currents were recorded as in control. As illustrated in Fig. 15.10, in the case of presynaptically silent synapses, the pairing protocol caused the appearance of responses to the first stimulus and increased the number of successes to the second one.

In the case of nonsilent low probability synapses, the pairing procedure produced a strong and persistent potentiation of MF responses associated with a significant increase in the number of successes and, in double-pulse experiments, with a 
significant reduction in the paired-pulse ratio and a significant increase in the inverse squared value of the coefficient of variation. This suggests that an increased probability of transmitter release accounts for the persistent increase in synaptic efficacy.
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Figure 15.10 Pairing-induced appearance of synaptic responses in silent neurones. (A) Schematic representation of the experimental design. (B) GDPs recorded from a CA3 pyramidal cell in current clamp mode from the hippocampus of a P2 old rat. On the right, a single GDP is shown on an expanded time scale. Note the absence of spikes riding on the top of GDP due to blocking of the sodium channel with QX 314. The rising phase of GDPs (between the dotted lines) was used to trigger synaptic stimulation (Stim). (C) Amplitudes of synaptic responses (dots) evoked by minimal stimulation of MF before and after pairing (arrow at time 0) are plotted against time. The traces above the graph represent individual responses evoked before and after pairing in different experimental conditions as indicated. This synapse was considered “presynaptically” silent because it did not exhibit any response to the first stimulus over 48 trials (at 0.1
 
Hz) but occasional (two) responses to the second one. For clarity, after pairing, only synaptic responses evoked by the first stimulus are shown. GDP, giant depolarizing potential; MF, mossy fiber. 

Modified from Kasyanov, A.M., Safiulina, V.F., Voronin, L.L., Cherubini, E., 2004 GABA mediated giant depolarizing potentials as coincidence detectors for enhancing synaptic efficacy in the developing hippocampus. Proc. Nat. Acad. Sci. USA 101, 3967–3972.




In the absence of pairing, no significant changes in synaptic efficacy occurred. Moreover, when the interval between GDPs and MF stimulation was progressively increased, the potentiation declined and reached the control level when presynaptic signals were activated 2–3
 
s after GDPs (Kasyanov et al., 2004). In addition, pairing-induced long-lasting increase in synaptic efficacy was prevented when cells were loaded with the calcium chelator 1,2-bis(2-aminophenoxy)ethane-N,N,N′,N′-tetraacetic acid (BAPTA) or when nifedipine was added to the extracellular medium. In contrast, the NMDA receptor antagonist D-(−)-2-amino-5-phosphonopentanoic acid (D-APV) failed to prevent pairing-induced potentiation, indicating that calcium rise through voltage-dependent calcium channel is the common trigger for activity-dependent changes in synaptic efficacy at GABAergic MF–CA3 synapses.

In conclusion, during development, coincident detection signals provided by GDPs are crucial for enhancing synaptic transmission at emerging MF–CA3 connections. How this contributes to the establishment of appropriate synaptic connections remains to be established.




15.6.2. The direction of synaptic plasticity is controlled by the prion protein PrPC


PrPC is the cellular form of the prion protein, highly expressed in the brain where it is thought to control synaptic transmission and plasticity. The conversion of PrPC into its abnormally folded isoform PrPSc causes neurodegenerative 
disorders in mammals, including Creutzfeldt–Jakob disease in humans (Colby and Prusiner, 2011). Interestingly, PrPC is developmentally regulated, and in the hippocampus, developmental changes in PrPC immunoreactivity parallel those of MF terminals (Salès et al., 2002). Therefore, we took advantage of PrPC-deficient mice (Prnp

0/0
) to assess the functional role of PrPC in synaptic plasticity processes at immature GABAergic MF–CA3 synapses (Caiati et al., 2013). As in previous experiments, the rising phase of GDPs was used to trigger MF stimulation in such a way that coherent network activity was coincident with MF stimulation. While this procedure caused LTP in wild-type (WT) animals, it induced LTD in Prnp

0/0
 mice (Fig. 15.11).

While in WT animals, the induction of LTP was postsynaptic and required the activation of cAMP-dependent protein kinase A (PKA), in Prnp

0/0
 mice, LTD was presynaptic and required the activation of G protein–coupled GluK1 receptor and protein lipase C. In WT animals, LTP was blocked when the postsynaptic cell was loaded with the PKA inhibitor PKI 6–22, indicating that the PKA signaling pathway is critical for modifying synaptic strength, possibly via GABA-A receptor phosphorylation (Cherubini and Conti, 2001) and/or elevation of intracellular calcium levels and second messengers cascades (Obrietan and van den Pol, 1997). These data highlight the functional role of PrPC in controlling, through cAMP-dependent PKA, synaptic plasticity, and information processing at immature MF–CA3 synapses.




15.6.3. Functional role of spike-time-dependent plasticity

Another form of synaptic plasticity extensively studied at glutamatergic synapses is spike time–dependent plasticity (STDP). This is a particular form of Hebbian type of learning, which consists in bidirectional modifications of synaptic strength according to the temporal order of pre- and postsynaptic spiking (Dan and Poo, 2006). Thus, positively correlated pre- and postsynaptic spiking (pre before post) within a critical window leads to LTP, whereas a negative correlation (post before pre) leads to LTD.

In a recent study (Sivakumaran et al., 2009), it was found that pairing single postsynaptic spikes with unitary MF–GPSPs consistently up- or downregulated synaptic strength according to the temporal order of stimulation. STDP was induced in current clamp mode by pairing 10 postsynaptic spikes (at 0.1
 
Hz) with afferent stimulation, varying the relative timing of pre- and postsynaptic activity. A strong potentiation of MF GPSPs was obtained when antidromic spikes coincided with the peak of synaptic potentials (15
 
ms after the onset of MF stimulation). The increased GPSP amplitude and success rate continued without decrement for more than 40
 
min, indicating that changes in synaptic efficacy were persistent as in LTP. These effects were associated with a significant reduction in PPR and a significant increase in the inverse squared value of the coefficient of variation of responses amplitude, suggesting a presynaptic site of expression. In addition, in current clamp conditions, using a gramicidin-perforated patch to preserve the intracellular chloride concentration, LTP was associated with a persistent increase in GPSP slope and in the probability of cell firing (Fig. 15.12).
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Figure 15.11 Pairing GDPs with MF stimulation induces LTP in WT mice and LTD in Prnp

0/0
 mice. Left: The mean amplitude of MF GPSCs recorded in WT animals (n

 
=
 
13) before and after pairing (arrow at time 0) is plotted versus time, in the absence or in the presence (bars) of L-AP4 and picrotoxin (PTX). Insets above the graph represent individual traces of GPSCs evoked before and after pairing, after addition of L-AP4 and PTX. Right: As in the left but from Prnp

0/0
 mice (n

 
=
 
15). Vertical bars refer to SEM. GDP, giant depolarizing potential; LTD, long-term depression; LTP, long-term potentiation; L-AP4, 2-amino-4-phosphonobutyric acid; MF, mossy fiber; GPSCs, GABA-A-mediated postsynaptic currents; WT, wild-type. 

Modified from Caiati, M.D., Safiulina, V.F., Fattorini, G., Sivakumaran, S., Legname, G., Cherubini, E., 2013 PrPC controls via protein kinase A the direction of synaptic plasticity in the immature hippocampus. J. Neurosci. 33, 2973–2983.
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Figure 15.12 Pairing-induced increase in GPSP's slope was associated with enhanced firing probability. (A) Schematic representation of the experimental design. (B) The stimulation of granule cells in the dentate gyrus (pre) preceded the postsynaptic spike (post) by 15
 
ms (Δt). (C) Superimposed traces from a single neuron before and after pairing. (C) Each symbol represents the mean value of GPSP's slope obtained from individual cells before (control, open symbols) and 15
 
min after pairing (closed symbols). Larger symbols represent averaged values (n
 
=
 
7), ∗∗P

 
<
 
.01. GPSP, GABA-mediated postsynaptic potential. 

Modified from Sivakumaran, S., Mohajerani, M.H., Cherubini, E., 2009. At immature mossy-fiber-CA3 synapses, correlated presynaptic and postsynaptic activity persistently enhances GABA release and network excitability via BDNF and cAMP-dependent PKA. J. Neurosci. 29, 2637–2647.





Interestingly, in silent neurons, the pairing protocol enhanced the probability of GABA release, thus making these connections active. As for GDPs, spike time–dependent (STD) LTP required for its induction a rise of calcium in the postsynaptic cell via voltage-dependent calcium channel. These data clearly show that, in spite of its postsynaptic induction mechanism (LTP could be prevented by chelating calcium in the postsynaptic cell with BAPTA), the expression of STD-LTP is presynaptic, as demonstrated by the increased probability of GABA release. Therefore, the postsynaptic cell should provide a transcellular retrograde signal to the presynaptic neuron. One attractive candidate is the BDNF, which can be released in a calcium-dependent way by depolarization of the postsynaptic cell (Kuczewski et al., 2008) and has been shown to be the retrograde messenger required for increasing the probability of GABA and glutamate release at GABAergic and glutamatergic synapses, respectively (Gubellini et al., 2005; Mohajerani et al., 2007). In line with this hypothesis, BDNF was found to be the signaling molecule responsible for increasing via TrkB receptors GABA release at MF terminals.

These experiments were routinely performed in the presence of D-APV and 6,7-dinitroquinoxaline-2,3-dione (DNQX) to block NMDA and AMPA/kainate receptors, respectively. To see whether kainate receptors are able to control STD-LTP, experiments were repeated in the presence of 4-(8-methyl-9H-1,3-dioxolo[4,5-h][2,3]benzodiazepin-5-y L)-benzenamine hydrochloride (GYKI 52466) to prevent the activation of AMPA but not kainate receptors. In these conditions, pairing induced a persistent reduction in amplitude of GPSCs. STD-LTD was associated with a significant decrease in success rate, in the inversed square of the coefficient of variation of responses amplitude, and with a significant increase in PPR, indicating that its expression was presynaptic in origin (Caiati et al., 2010).

STD depression was mediated by GluK1 receptor subtypes. When the selective GluK1 antagonist UBP 302 was added to GYKI 52466, STD-LTD shifted to STD-LTP (Fig. 15.13). In addition, this activity-dependent form of synaptic plasticity involved the activation of a G protein and PLC since it was prevented by the selective PLC blocker U73122.

The possibility to switch STD depression into potentiation with UBP 302 suggests that, at immature MF–CA3 synapses, presynaptic GluK1 receptors, activated by ambient glutamate, control the direction of STD-LTD. However, in the presence of kainate receptor antagonists, negative pairing (postsynaptic spiking preceding MF stimulation) induces a form of LTD (STD-LTD) similar in all respect to that induced in the presence of DNQX (Sivakumaran et al., 2009), independent of kainate receptors activation.

STD-LTD induced by negative pairing is mediated by endocannabinoids, since it is prevented by the CB1 receptor antagonist AM251 and is absent in CB1 knockout mice (Caiati et al., 2012) (Fig. 15.14).

Several lines of evidence suggest that anandamide is the endogenous ligand that activates CB1 receptors possibly present at this developmental stage on MF terminals. Anandamide, produced and released by CA3 principal cells during 
membrane depolarization induced by postsynaptic spikes, would diffuse retrogradely to activate CB1 receptor present on MF terminals. Consistent with this hypothesis, in situ hybridization experiments have unveiled detectable level of CB1 mRNA in granule cells layer at P3 but not at P21. In keeping with this, at late developmental stages when MFs release into their targets glutamate, negative pairing fails to induce cannabinoid-mediated STD-LTD. Interestingly, recent data have demonstrated that astroglial CB1 receptors control different forms of synaptic plasticity and cognitive processes (Han et al., 2012; Robin et al., 2018). Astrocytes would provide synaptic D-serine level required to activate NMDA receptors. Therefore, as a matter of speculation, the possibility that, at immature MF–CA3 synapses, STD-LTD relies on astroglial CB1 receptors cannot be excluded. However, the observation that synaptic depression may occur also in the presence of NMDA receptor antagonists makes this hypothesis unlikely.
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Figure 15.13 At immature MF–CA3 synapses, presynaptic kainate receptors control the direction of STDP. Left: Summary plot of the mean peak amplitude of GPSCs recorded in the presence of GYKI 52466 before and after pairing (arrow at time 0; n
 
=
 
11). The dashed line represents the mean amplitude of GPSCs before pairing. Right: Summary plot of MF GPSCs amplitude obtained in the presence of UBP 302 (n
 
=
 
9). Note that, in this case, pairing induced synaptic potentiation. GPSC, GABA-A-mediated postsynaptic current; GYKI 52466, 4-(8-methyl-9H-1,3-dioxolo[4,5-h][2,3]benzodiazepin-5-y L)-benzenamine hydrochloride; MF, mossy fiber; STDP, spike time–dependent plasticity. 

Modified from Caiati, M.D., Sivakumaran, S., Cherubini, E., 2010. In the developing rat hippocampus, endogenous activation of presynaptic kainate receptors reduces GABA release from mossy fiber terminals. J. Neurosci. 30, 1750–59.
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Figure 15.14 STD-LTD requires the activation of CB1 receptors. (A) Schematic representation of the experimental design. (B) The stimulation of granule cells in the dentate gyrus followed the postsynaptic spike by 50
 
ms. (C) MF GPSCs evoked before, after pairing, after addition of L-AP4 or L-AP4 plus picrotoxin (PTX), in the absence (Control) or in the presence of AM251 (each trace is the average of 30–60 trials including failures). (D) Mean GPSCs amplitude (before and after pairing, arrows at time 0) is plotted against time. Open circles: control (n
 
=
 
44); closed circles: in the presence of AM251 (n
 
=
 
12); vertical bars are SEM. (E) and (F) as in (B) and (C) but for WT (Controls, open circles) and CB1 knock-out mice (closed circles). Here, the MF origin of GPSCs was assessed by LCCG1, another group II mGluR agonist. GPSCs, GABA-A-mediated postsynaptic currents; MF, mossy fiber; STD-LTD, spike time–dependent long-term depression; WT, wild-type. 

Modified from Caiati, M.D., Sivakumaran, S., Lanore, F., et al., 2012. Developmental regulation of CB1-mediated spike-time dependent depression at immature mossy fiber-CA3 synapses. Sci. Rep. 2, 285. https://doi.org/10.1038/srep00285.









15.7. Neurodevelopmental disorders associated with alterations of GABAergic signaling at MF–CA3

Immediately after birth, GABA, released from MF terminals, exerts a depolarizing and excitatory action on targeted neurons, thus contributing to generate coherent network oscillations or GDPs. These precede more organized forms of activity such as theta and gamma rhythms (Buzsaki and Draguhn, 2004), known to play a key role in high cognitive processes. Although GDPs occur all over the hippocampus, they are particularly prominent in the CA3 area, where their occurrence is facilitated by the extensive network of excitatory collaterals and by the presence of intrinsic bursts that can drive other neurons to fire (
Safiulina et al., 2008; Sipila et al., 2005). In this region, network activity is also facilitated by GABAergic interneurons which, through their extended axonal arborizations, operate as functional hubs to synchronize a vast ensemble of cells (Bonifazi et al., 2009). The granule cells of the dentate gyrus, via their axons the MFs, convey sensory information from the entorhinal cortex to the hippocampus proper, acting as an important processor of sensory input for integration in the hippocampal network. Therefore, it is conceivable that alterations in this signaling pathway affect neurodevelopmental processes, leading to neuropsychiatric disorders such as schizophrenia, autism, ,and epilepsy. Indeed, recent studies, using postmortem human brain tissues and experimental animals, have unveiled the critical role of dentate gyrus and its output, the MFs, in the pathophysiology and treatment of psychiatric disorders (Kobayashi, 2009). However, the potential contribution that early dysfunctions of MF signaling and GDPs may have on neurodevelopmental disorders has been rarely addressed.

Mutations in genes involved in synaptic functions have been described in several forms of neurodevelopmental disorders. Some of them selectively affect MF terminals. For instance, mutations in the gene encoding for Kirrel3 (a protein required for the development of MF filopodia, the structure connecting the dentate gyrus to GABA neurons), found in patients affected by intellectual disabilities and autism, lead to enhanced cell excitability in the CA3 area of the hippocampus due to the imbalance between MF targeting principal cells and interneurons (Martin et al., 2015). Likewise, mutations in Disc1, a gene encoding for a protein abundantly expressed in dentate granule cells early in postnatal development, predisposing to schizophrenia and bipolar disorders, lead to mistargeted MF synapses and reduced dendritic arborizations similar to those observed in schizophrenic patients, accompanied by changes in short-term plasticity and enhanced cell excitability at the level of MF–CA3 circuit (Kvajo et al., 2011).

In a small number of cases, autism spectrum disorders are associated with single mutations in genes involved in synapse function (Südhof, 2008). Some of these involve adhesion molecules of the neuroligin (NL)/neurexin (NRX) families, which ensure the cross-talk between the post- and presynaptic specializations. Neonatal mice carrying the R451C mutation of NL3 (NL3R451C knock-in mice) show an increased frequency of GDPs, probably dependent on the enhanced excitatory GABAergic drive to principal cells (Pizzarelli and Cherubini, 2013). In another mouse model of idiopathic autism (BTBR T
 
+
 
tf/J), whose genetic background is still under investigation (Jones-Davis et al., 2013), the reduced neuronal excitability within the CA3 hippocampal circuit leads to a reduced frequency of GDPs and a persistent deficit in behavioral functions (Cellot et al., 2016).

A reduced frequency of GDPs has been detected also in the CA3 region of the hippocampus of neonatal mice carrying the human mutation (R43Q) of the γ2 subunit of GABA-A receptors, known to have long-lasting effects on seizure susceptibility during a critical developmental period (Chiu et al., 2008). As compared with controls, mice heterozygous for this mutation show a significant decrease in GDP frequency associated with a reduction in amplitude and frequency of spontaneous GABAergic and glutamatergic postsynaptic currents (Vargas et al., 2013). Interestingly, systemic administration of bumetanide to control animals mimicked the effects of the γ2 R43Q epilepsy mutation and lowered the threshold for thermal seizures (Hill et al., 2011) as in patients affected by febrile convulsions (Wallace et al., 2001).









15.8. Conclusions

In the adult hippocampus, MFs provide a strong excitatory input to CA3 pyramidal cells. Under certain conditions, they may act as “conditional detonators” able to discharge principal cells in a temporally and spatially precise way, their relative strength being dynamically regulated by the activity of granule cells, CA3 pyramidal neurons, and cells in the entorhinal cortex (Henze et al., 2000; Urban et al., 2001). Excitation may be limited by the inhibitory influence of GABA released by the large population of interneurons innervated by MF.

Early in postnatal development, in spite of its shunting action, GABA released from MF terminals is able to elicit action potentials in targeted neurons and to convey information into the autoassociative CA3 network. GABA-induced excitation may provide the basis for enhancing synaptic efficacy at emerging synapses in a Hebbian type of way (pairing GDPs with MF stimulation), thus contributing to synaptogenesis and to the establishment of the adult neuronal circuit. The downregulation of GABA release exerted by activation of GABA-B, kainate, and CB1 receptors localized on MF terminals would in turn limit the excessive activation of the autoassociative CA3 network by the excitatory action of GABA, thus preventing the development of seizures. These properties are likely to be critical for information processing and for the proper development of the adult hippocampal circuitry. Finally, the nature of MF-evoked monosynaptic GABAergic responses, observed at early stage of postnatal development in CA3 pyramidal cells, could be further investigated by using optogenetic tools with high precise spatial and temporal resolution. To this aim, channelrhodopsin, targeted to granule cell progenitors via in utero electroporation of retroviral vectors, would allow identifying via photoactivation synaptic MF responses.
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Abstract


Developing retinal ganglion cells fire periodic bursts of action potentials that propagate across the retina and provide a source of highly patterned activity prior to the onset of vision. This activity—termed retinal waves—occurs during a period of development when neural circuits within the retina and retinal projections to the brain undergo extensive refinement. This chapter describes the details of the spatiotemporal correlations of retinal waves and reviews the evidence that addresses which aspects of visual system development rely on patterned activity.
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16.1. Introduction

In mammals, retinal ganglion cell (RGC) axons reach their targets before the eyes open and even before the retina has functional photoreceptors. During these early stages of development when light responses are absent, retinas are spontaneously active. These early activity patterns are called “retinal waves” because they propagate laterally in the ganglion cell layer, correlating the firing of tens to hundreds of RGCs. The synaptic circuits that mediate retinal waves are transient, with retinal waves disappearing as light responses develop. These circuits will be described in another chapter entitled “Spontaneous activity patterns in developing circuits.” Here, we describe the role that retinal waves play in establishing circuits in the developing visual system. We focus primarily on mammalian retinal waves, the roles of which may be distinct from those in nonmammalian species.

During the time of retinal waves, circuits in the visual system form and undergo extensive refinement. The retina, which at the onset of waves contains a large ventricular zone of differentiating cells, transforms into a fully functioning circuit with well-defined layers of neurons and precise synaptic connections. Meanwhile, retinal projections grow to their primary targets, the superior colliculus (SC) and dorsal–lateral geniculate nucleus (dLGN) of the thalamus, and elaborate and refine terminal arbors.

The spatiotemporal properties of waves have been characterized using two primary methods: multielectrode array recordings (MEAs) (Meister et al., 1991, 1994) and calcium imaging (Feller et al., 1996; Wong et al., 1995). MEA recordings have been used to characterize the spontaneous spiking activity of RGCs. During waves, RGCs fire short bursts of action potentials separated by periods of silence. The underlying depolarizations propagate across the developing retina and cause highly correlated firing among neighboring cells with correlation falling off with increasing distance between the cells. Recent development of large-scale MEAs allow for quantification of spiking patterns across large regions of the retina (Maccione et al., 2014; Stafford et al., 2009).

Calcium imaging has also been used to analyze the spatial and temporal properties of waves (Feller et al., 1996; Wong et al., 1995). A plethora of sensitive calcium dyes and genetically encoded calcium indicators are available that respond to depolarizations with large fluorescence changes. Although calcium imaging has lower temporal resolution than MEA recordings, calcium imaging allows for more comprehensive sampling of retinal activity, including from nonspiking neurons and neurons located deeper in the retina (Firl et al., 2013; Ford et al., 2012).






Using MEA recordings and calcium imaging, investigators have carefully characterized the spatiotemporal properties of waves at different stages of retinal development, measuring the frequency, speed of propagation, spatial extent of propagation, within-burst spike frequency, intraretina distance-dependent correlations, and intereye correlations. This thorough description allows for quantitative comparison of waves in retinas subject to pharmacological or genetic manipulations. In vivo optical recordings of retinal ganglion cell axon terminals and neurons in SC and primary visual cortex (V1) indicate that spatiotemporal properties of retinal waves are preserved in central targets (Ackman et al., 2012; Colonnese and Khazipov, 2010).

Manipulations of retinal waves affect several features of early visual circuits, indicating that spontaneous retinal activity plays a critical role in driving activity-dependent processes during visual system development (Cang and Feldheim, 2013; Huberman et al., 2008; Wong, 1999). However, waves have complex spatial and temporal properties, and not all manipulations lead to changes in the visual circuits. Hence the goal is to determine whether retinal waves play a “permissive” or an “instructive” role (Chalupa, 2009; Crair, 1999; Feller, 2009). “Permissive” implies that the presence of activity itself is requisite, i.e., it functions as a switch for a downstream signaling event to drive map refinement. In contrast, “instructive” implies that the spatial and temporal properties of the activity determine the organizational features of the circuit. For example, since propagating waves ensure that neighboring cells are more likely to fire in a correlated manner than distant cells, these waves provide instructional information for establishing a retinotopic map. It is often difficult to prove unambiguously that activity plays an instructive role in a system because the simplest experiments involve blocking activity and thus cannot distinguish between instructive and permissive roles. Here, we review the evidence for both instructive and permissive roles for retinal waves in development of circuits throughout the developing visual system.





16.2. Spatiotemporal patterns of retinal waves

16.2.1. Discovery of retinal waves




The characteristic features of retinal waves were discovered sequentially, as techniques for increasingly parallel recordings of RGC activity became available. In 1977, single electrode measurements of isolated neonatal rabbit retinas revealed spontaneously generated periodic bursts of action potentials in individual RGCs (Masland, 1977). These bursts, which appear during embryonic development (Galli and Maffei, 1988), last a few seconds and are separated by several minutes of silence (Masland, 1977). Similar activity patterns had been observed before in SC and the dLGN of the thalamus (Rapisardi et al., 1975; Spear et al., 1972), the two main targets of RGC axons, leading to the hypothesis that spontaneous bursting of RGCs may drive activity in subcortical visual circuits prior to vision (Masland, 1977). This hypothesis was later confirmed (Ackman et al., 2012; Mooney et al., 1996; Murata and Colonnese, 2016; Weliky and Katz, 1999) and extended to include propagation of spontaneous retinal activity from dLGN to V1 (Ackman et al., 2012; Colonnese et al., 2017; Hanganu et al., 2006; Murata and Colonnese, 2016; Siegel et al., 2012).

The development of MEAs (Meister et al., 1994) enabled simultaneous recordings of tens to hundreds of RGCs and thus the observation, initially in ferrets and cats, that regions of increased activity periodically sweep across the developing retina in a wavelike manner (Meister et al., 1991). Similar to the earlier single-unit recordings, bursts of each neuron lasted a few seconds and were preceded and followed by 1–2
 
mins of quiescence. Because activity during waves propagates across the retina, the correlation of spike trains decreases gradually with increasing distance between RGCs (Meister et al., 1991), making their activity a suitable source of information for the refinement of retinotopic maps in the developing brain (Butts and Rokhsar, 2001; Wong et al., 1993). A data repository for MEA recordings of retinal waves conducted by several labs and in several transgenic and knockout mice have been utilized to develop quantitative approaches for comparing firing patterns (Eglen et al., 2014). Eventually, waves were monitored over still larger regions of the retina by calcium imaging (Wong et al., 1995) and larger MEAs (Maccione et al., 2014; Stafford et al., 2009). These studies revealed that sequentially active domains of the retina tile its surface (Feller et al., 1996, 1997). Over time, the boundaries of these domains shift, supporting the notion that distributed network mechanisms initiate and propagate retinal waves (Feller et al., 1996, 1997). In addition, calcium imaging and patch clamp recordings allowed the wave participation of neurons in different layers of the developing retina to be characterized (Akrouh and Kerschensteiner, 2013; Catsicas et al., 1998; Firl et al., 2013; Rosa et al., 2015; Syed et al., 2004a; Wong, 1995; Wong et al., 1995; Zheng et al., 2006, 2004).




16.2.2. Development of retinal wave patterns

Retinal waves have been recorded in many species, including zebrafish (Zhang et al., 2016), turtle (Sernagor and Grzywacz, 1999), chicken (Catsicas et al., 1998; Wong et al., 1998), ferret (Feller et al., 1996; Meister et al., 1991; Wong et al., 1993)
, mice (Ackman et al., 2012; Demas et al., 2003; Maccione et al., 2014), rabbit (Syed et al., 2004b), zebrafish (Zhang et al., 2016), and monkey (Warland et al., 2006) though not xenopus (Demas et al., 2012). In most species, retinal waves develop in three stereotypic stages (I–III), in which different circuit mechanisms generate activity patterns with distinct spatiotemporal properties (Blankenship and Feller, 2010; Kerschensteiner, 2014; Wong, 1999). Stage I waves propagate rapidly (approximately 400
 
μm
 
s
−1) and have no discernible refractory period, and as a result, wavefronts superimpose when they meet (Singer et al., 2001; Syed et al., 2004a). Stage I is a relatively transient period of wave development; the respective activity patterns are restricted to embryonic day 22 (E22) in rabbits and last from E17 to birth in mice (i.e., 4
 
days) where they overlap with stage II waves (Bansal et al., 2000; Syed et al., 2004b). By contrast, stage II waves in ferrets, rabbit, and mice persist for about 2
 
weeks after birth (Bansal et al., 2000; Maccione et al., 2014; Syed et al., 2004b; Wong et al., 2000). They propagate more slowly across the retina (100–300
 
μm/s), have long silent interwave intervals and, because of the refractoriness of the underlying wave mechanism, annihilate when they collide (Feller et al., 1997; Syed et al., 2004b). Several days before eye opening, activity patterns shift again: waves propagate over shorter distances and occur in clusters separated by relatively brief silent periods (Bansal et al., 2000; Blankenship et al., 2009; Demas et al., 2003; Maccione et al., 2014; Syed et al., 2004b). Whereas stage I and II waves recruit all ganglion cells similarly, differences in the firing patterns of RGCs emerge during stage III waves. Most notably, the spontaneous activity of ON and OFF RGCs, which respond to increases and decreases in light, respectively, begins to diverge (Kerschensteiner, 2016; Kerschensteiner and Wong, 2008; Lee et al., 2002; Myhr et al., 2001; Wong and Oakley, 1996). Both in mice and ferrets, ON RGCs participate only in a subset of stage III waves (Kerschensteiner and Wong, 2008; Wong and Oakley, 1996), leading to a lower average activity of ON compared with OFF cells. In addition, in mice, the firing pattern of ON and OFF cells within each wave becomes asynchronous, such that neighboring cells fire repetitive nonoverlapping bursts in fixed order: ON before OFF (Akrouh and Kerschensteiner, 2013; Kerschensteiner and Wong, 2008). Besides differences between ON and OFF RGCs, the firing rate of morphologically distinct RGC types of the same response sign (i.e., ON or OFF) appears to diverge during stage III waves (Liets et al., 2003). While eyes are closed during stage III waves, photoreceptor signals start to be transmitted to RGCs, and light responses can be evoked through closed eyelids. As a result, spontaneously and visually patterned activity coexists during this time (Akerman et al., 2002) and light stimulation alters the intiation rate though not propagation properties of stage III waves (Tiriac et al., 2018). Shortly after eye opening in ferrets and mice, retinal waves disappear (Demas et al., 2003; Wong, 1999). Interestingly, the decline in retinal waves is not dependent on normal visual experience and occurs unaltered in dark-reared mice (Demas et al., 2003) (Fig. 16.1).

The distribution and lateral propagation of retinal waves have been analyzed in detail. Waves can initiate throughout the retina and propagate over a finite region (Feller et al., 1997; Maccione et al., 2014; Meister et al., 1991; Stafford et al., 2009; Wong et al., 1998). The length constant of the average radial distribution of stage II waves in ferrets was estimated at ∼350
 
μm (Feller et al., 1997). During stage II (and III) waves, sequentially active domains tile the surface of the retina, as circuits become refractory to wave propagation for approximately 1
 
min after each burst (Feller et al., 1997). Stage II and III waves initiate preferentially in the ventral–temporal retina, which represents the binocular portion of the visual field, and propagate toward the dorsal–nasal pole (Ackman et al., 2012; Elstrott and Feller, 2010; Stafford et al., 2009). Interestingly, direction-selective ganglion cells participate indistinguishably in waves of every direction and do not rely on normally patterned stage II waves to develop their direction-selective light responses (Elstrott and Feller, 2010; Elstrott et al., 2008).

In comparison with lateral wave propagation, relatively little is known about the spread of activity throughout the depth of the retina. This is due in part to the prevalent use of MEAs, which mostly detect signals originating in the ganglion cell layer, in the study of retinal waves. This limitation can be overcome by optical imaging of fluorescent calcium indicators. Using this technique, stage II waves in ferrets early on were shown to involve some, but not all, amacrine cells in the inner nuclear layer (Wong et al., 1995). The importance of starburst amacrine cells in particular to the generation and propagation of stage II waves was later demonstrated (Burbridge et al., 2014; Feller et al., 1996; Xu et al., 2016; Zheng et al., 2006, 2004). Moreover, stage I and II waves in rabbits and chicken were found to encompass the ventricular zone (Catsicas et al., 1998; Syed et al., 2004a), a region of proliferating and differentiating cells near the outer surface of the retina (Robinson, 1991). Ventricular zone waves are abolished by all drugs that block waves in the inner retina (Syed et al., 2004a). By contrast, only ventricular zone waves are blocked by antagonists of muscarinic acetylcholine receptors (mAChRs), and eliciting waves in the inner retina with puffs of nicotine or NMDA receptor agonists can trigger spatially coextensive waves in the ventricular zone (Syed et al., 2004a). Thus, it seems that stage I and II waves, in addition to propagating laterally, spread from the inner to the outer retina. Stage III wave originates in bipolar cells, propagates through networks of bipolar cells, amacrine cells, and RGCs, and activates Müller glia (Akrouh and Kerschensteiner, 2013; Blankenship et al., 2009; Firl et al., 2013; Kerschensteiner, 2016; Rosa et al., 2015).
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Figure 16.1 Activity patterns during retinal waves. (A) Propagation of a retinal wave in 1 s intervals from a P3 WT retina visualized with fluorescence imaging of the calcium indicator fura-2AM. Black corresponds to increases in intracellular calcium concentration. (B) To illustrate the propagation of activity during retinal waves (stage III, P12 mouse), the normalized firing rate on each electrode of a MEA is represented by the diameter of a circle at its position. Six snapshots of consecutive 1-s activity bins show a wave propagating from right to left across the array. (C) Raster plots of the spike trains of six RGCs recorded on neighboring electrodes illustrate the rhythmic nature of waves (stage II, P8 mouse) in which bursts of activity are separated by ∼1 min of silence. (D) Spike train correlation as a function of distance between electrodes on which they were recorded. Because activity propagates across the surface of the retina the correlation of RGC spike trains declines gradually as a function of interelectrode distance.








16.3. Influence of waves on retinal development

The recruitment of cells in the ventricular zone into stage I and II waves raises the question whether patterned spontaneous activity regulates the differentiation of neurons in the retina. Altering the frequency of spontaneous calcium spikes in spinal neurons of Xenopus embryos was found to bias their choice of neurotransmitter system in a seemingly homeostatic manner (Borodinsky et al., 2004). Thus, when activity is low, more neurons express proteins associated with the production and release of glutamate and acetylcholine (i.e., excitatory neurotransmitters), whereas increased activity pushes neurons toward GABAergic and glycinergic (i.e., inhibitory) transmission. These changes in transmitter systems occur in neurons with otherwise normal expression of marker proteins and preserved morphology (Borodinsky et al., 2004), suggesting a selective role for activity in regulating the neurotransmitter repertoire of neurons in the developing Xenopus spinal cord. Whether calcium spikes in the ventricular zone hold sway over the choice of transmitter systems in differentiating retinal neurons remains unknown. The observation that calcium elevations in the ventricular zone depend on signaling through M1-type mAChRs (Syed et al., 2004b; Wong et al., 1995) is of interest, because this receptor subtype has been shown to regulate DNA synthesis and cellular proliferation in cultured neurons (Ashkenazi et al., 1989; Gutkind et al., 1991). In 
addition to influencing the generation of neurons, retinal waves may promote their survival, as elevations of cAMP, which are known to occur during stage II waves (Dunn et al., 2006), can prevent RGC death in culture (Meyer-Franke et al., 1995).

Following their specification, retinal neurons elaborate dendrites and axons—or in the case of horizontal and amacrine cells, bifunctional neurites—and begin to form synapses. The patterns of axons, dendrites, and synapses undergo extensive refinement to establish precisely wired circuits. Much of this remodeling occurs when stage II and III waves are the dominant form of activity in the retina. Accordingly, considerable attention has focused on whether stage II and III waves regulate retinal circuit assembly. Stage II waves rely on cholinergic neurotransmission (Feller et al., 1996). Genetic removal of the β2 subunit of the nicotinic acetylcholine receptor (nAChR) or choline acetyltransferase (ChAT), an enzyme required for acetylcholine synthesis, blocks stage II waves (Bansal et al., 2000; Stacy et al., 2005; Xu et al., 2016). Dendritic maturation of RGCs is slightly delayed in β2


−/−

 mice, whereas both RGC dendrites and amacrine cell neurites develop normally in retina-specific ChAT 

−/−

 mice. Irrespective of these differences, in both mice, retinal neurons attain normal structure at maturity. Interestingly, while cholinergic transmission triggers calcium signals that stabilize dendritic filopodia in developing chick RGCs, this effect is restricted to local dendritic calcium elevations and is not observed for the global rises in intracellular calcium associated with stage II waves (Lohmann et al., 2002). Finally, the asymmetric connectivity patterns between starburst amacrine cells and direction-selective ganglion cells, which arise during the period of stage II waves (Wei et al., 2011; Yonehara et al., 2011), develop normally when this activity is modified (Elstrott et al., 2008; Wei et al., 2011). Together, these studies suggest that stage II waves likely play only a minor role in retinal circuit assembly. The two main caveats to this statement are that no study has yet directly examined the effects of blocking stage II waves on synaptogenesis and that, in both β2 

−/−

 and ChAT 

−/−

 mice, spontaneous activity mediated by gap junctions (i.e., similar to stage I waves) replaces cholinergic waves and might supply the activity necessary for normal circuit assembly (Burbridge et al., 2014; Kirkby and Feller, 2013; Stacy et al., 2005; Stafford et al., 2009; Sun et al., 2008a; Xu et al., 2016).

Several strategies have been used to interfere with stage III waves. Their effects on circuit development have varied, in particular with regard to the stratification of RGC dendrites. In the mature retina, dendrites of ON and OFF RGCs are restricted to narrow bands (or strata) in the inner and outer halves, respectively, of the inner plexiform layer (IPL) (Masland, 2001; Wässle, 2004). The timing and rearrangements by which developing RGC dendrites attain their mature stratification patterns differ considerably between species and RGC types (Bodnarenko and Chalupa, 1993; Kim et al., 2010; Liu and Sanes, 2017; Mumm et al., 2006; Stacy and Wong, 2003). However, in many cases, initial distributions of RGC dendrites in the IPL are imprecise, and their refinement occurs during the period of stage II and III waves. Intraocular injection of L-2-amino-4-phosphonobutyric acid (L-APB) was found to block stratification of RGC dendrites in kittens (Bodnarenko and Chalupa, 1993; Bodnarenko et al., 1995) (Fig. 16.2C). L-APB, an agonist of type III metabotropic glutamate receptors (mGluRs), in the mature retina selectively hyperpolarizes ON bipolar cells (Slaughter and Miller, 1981), arguing that normal bipolar cell input may be required for the stratification of RGC dendrites. However, a later study found that L-APB suppressed activity of both ON and OFF RGCs in developing ferrets (Chapman, 2000). Moreover, selective silencing of ON bipolar cells by expression of tetanus toxin in transgenic mice did not affect RGC stratification (Kerschensteiner et al., 2009). In addition to direct effects of L-APB on developing RGCs and uncertainty about the effects of tetanus toxin expression in ON bipolar cells on stage III waves, differences between species and in the complement of cell types analyzed may account for these disparate observations. In mice, most RGCs appear to stratify their dendrites before or around the onset of stage III waves (Coombs et al., 2007; Kim et al., 2010; Liu and Sanes, 2017). Mice lacking CD3ζ, a component of the MHC I receptor, show less frequent stage III waves (Xu et al., 2010). This is accompanied by a delay of dendritic stratification and a decrease in branch motility during development. The reduced branch motility is recapitulated by acute pharmacological blockade of glutamatergic neurotransmission (Xu et al., 2010). However, MHC I receptor signals can also influence developmental rewiring without changing activity, and CD3ζ may exert part of its effects through activity-independent pathways (Huh et al., 2000). In addition, expression of matching cell adhesion molecules by neurons that costratify and expression of repulsive receptor–ligand pairs by neurons with nonoverlapping stratification patterns have emerged as major determinants of RGC dendritic lamination (Deans et al., 2011; Duan et al., 2014; Fuerst et al., 2010; Matsuoka et al., 2011a, 2011b; Ohta et al., 1992, 1995; Yamagata and Sanes, 2008; Yamagata et al., 2002), and the transcriptional programs that control expression of these cues in specific RGC types are beginning to be uncovered (Liu et al., 2018; Peng et al., 2017). Future experiments are needed to define how stage III waves interact with cell surface cues to guide the formation of laminar circuits in the inner retina.

Glutamatergic activity regulates synaptogenesis in the inner retina (Johnson and Kerschensteiner, 2014; Kerschensteiner et al., 2009; Morgan et al., 2011; Okawa et al., 2014; Soto et al., 2012). Reducing glutamate release from ON bipolar cells selectively lowers the rate at which new synapses form between bipolar cells and RGCs but not affect the 
stability of these connections (Johnson and Kerschensteiner, 2014; Kerschensteiner et al., 2009; Morgan et al., 2011; Okawa et al., 2014), whereas increasing glutamate release promotes synaptogenesis (Soto et al., 2012).
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Figure 16.2 Function of retinal waves in patterning connections in the developing visual system. Modified from Firth SI, Wang CT, and Feller MB (2005) Retinal waves: Mechanisms and function in visual system development. Cell Calcium 37: 425–432. (A) Schematics of the termination zones of retinocollicular and corticocollicular projections, in sections of the superior colliculus, in control (left) and mice treated with intraocular injections of the nAChR agonist epibatadine or β2-nAChR
−/−
 mice (right) that have significantly altered firing patterns during the first postnatal week. D, dorsal; M, medial; L, lateral; V, ventral; R, rostral; and C, caudal. (B) Schematics of the normal anatomical patterning of retinogeniculate terminals in sections of the dorsal lateral geniculate, in control (left) and manipulated (right) conditions for mice and ferrets. Patterns of retinogeniculate projections are shown for ipsilateral dominant (black) and contralateral dominant (white) or mixed (gray) projections. (C) Schematic of RGCs in vertical section showing the ON and OFF sublamina of RGC dendrites, in control (left) and after P10 in cats in which late-stage (glutamatergic) waves were blocked (right).






16.4. Retinal waves and retinotopic refinement

RGCs project to two primary targets in the brain: SC and dLGN. At these targets, RGCs establish an arrangement of connections in target fields. These fields form retinotopic maps that reflect the spatial arrangement of the RGCs in the 
retina. These fields are also arranged into eye-specific maps such that inputs from the two retinas are layered into neighboring but nonoverlapping regions.

The precise retinotopic and eye-specific targeting of RGC axons observed in the adult emerges from a population of projections that are diffuse and overlapping prior to visual experience. Establishment of these maps is clearly driven by both neural activity and molecular factors, such as the ephrins and their corresponding receptors. However, the relative importance of the two throughout the process of axon targeting and refinement is unknown and is the subject of ongoing research (Feldheim and O'Leary, 2010; Huberman et al., 2008; Thompson et al., 2017; Triplett and Feldheim, 2012).

The characteristics of retinotopic maps can be assayed using different techniques. Some studies relied on small focal injections of anterograde tracers (such as DiI) into the retina to visualize the axonal arbors in the SC/tectum (referred to as the termination zone) or genetic approaches to label individual RGCs (Dhande et al., 2011). Other studies use focal injections of retrograde tracers into the SC to label the spatial distribution of RGCs projecting to that area. In addition, physiological measures from in vitro slices containing the optic tract and SC can assay the number of functional retinal inputs onto an individual SC neuron (Furman and Crair, 2012). Moreover, in vivo physiological measurements of receptive field sizes of SC neurons indicate the physiological consequences of topographic refinement (Chandrasekaran et al., 2005).

During the development of retinocollicular maps in mammals, RGC axons overshoot their targets along the anterior–posterior axis. Axonal branching occurs in the appropriate retinotopic location along the RGC axonal shaft, but these sites are anterior to the growth cone. Then, in what appears to be a distinct process, the overshooting axon and, in some cases, entire axonal branches are eliminated. The bulk of this refinement in mammals occurs during the developmental period that exhibits early-stage retinal waves (Bisti et al., 1998; Godement et al., 1984; McLaughlin et al., 2003; Simon and O'Leary, 1992). Note that this pattern of refinement is distinct from frogs and fish, preparations where the role of early visual activity in axon refinement has been extensively studied (Kutsarova et al., 2016).

To demonstrate a role for correlated retinal activity prior to eye opening in retinotopic refinement, several pharmacological and genetic manipulations that alter the pattern of activity have been utilized (Kirkby et al., 2013). The strongest and best characterized disruption in retinotopic maps has been the β2


−/−

 described previously (Fig. 16.2A). The β2


−/−

 mouse exhibits retinal activity in which RGCs spike in a pattern distinct from that of wild-type mice. Initially, this firing pattern was described as random, with little correlation between the spike trains of neighboring RGCs (Bansal et al., 2000; McLaughlin et al., 2003). However, subsequent studies have revealed that the firing patterns of β2


−/−

 mice are highly sensitive to recording conditions. Under conditions that promote excitation, these mice do exhibit propagating patterned activity, but with properties distinct from those of wild-type (WT) mice (Stafford et al., 2009; Sun et al., 2008a). Interestingly, the frequency of waves in β2


−/−

 retina is greatly increased by the presence of light, indicating a role for intrinsically photosensitive RGCs (Kirkby and Feller, 2013). By imaging RGC axon terminals in the SC in vivo (Burbridge et al., 2014), it was demonstrated that, for the first postnatal week, waves in β2


−/−

 mice were less frequent and significantly faster and covered larger territory, similar to in vitro observations. Interesting, it was also observed that the β2


−/−

 waves had a stronger directional bias, which was different than what was observed in vitro (Stafford et al., 2009), and, moreover, were more correlated between the two eyes than was observed in wild-type mice.


β2


−/−

 mice exhibit less retinotopic refinement of retinocollicular projections than wild-type mice (Chandrasekaran et al., 2007; McLaughlin et al., 2003; Shah and Crair, 2008a). Indeed, this is also true for corticocollicular projections (Triplett et al., 2009). Thus, this irregular refinement has been attributed to the absence of normal retinal waves. Unrefined maps have also resulted from intraocular injections of epibatidine, an nAChR agonist that blocks signaling via desensitization and leads to a disrupted firing pattern similar to that seen in β2


−/−

 mice (Sun et al., 2008b). Thus, it seems that disruption of retinal waves prevents the retinotopic refinement of retinocollicular projections (Chandrasekaran et al., 2007; Shah and Crair, 2008a). It is important to note that β2


−/−

 mice are not simply lacking plasticity. They exhibit normal retinal waves in the second postnatal week (Bansal et al., 2000; McLaughlin et al., 2003), and this restored activity drives additional retinotopic refinement (Chandrasekaran et al., 2005). Moreover, mice in which the β2


−/−

 subunit of nAChR was knocked out of retina alone recapitulated the phenotypes seen in the germline knockout (Xu et al., 2016).

What are the plasticity mechanisms that transform the firing patterns associated with retinal waves into axonal refinement? The primary model is based on Hebbian competition (Kirkby et al., 2013). Since the propagating nature of waves assures that neighboring cells are more correlated in their firing than distant cells, retinotopic information is contained within the spontaneous firing pattern of the retina (Butts and Rokhsar, 2001; Demas et al., 2003; Godfrey et al., 2009). Hence, neighboring cells are more likely than distant cells to strengthen their synapses onto a single postsynaptic target. Support for this argument was provided by a study in which it was demonstrated that disrupting nAChR-mediated firing delays the maturation of retinocollicular glutamatergic synapses. This in turn alters the ability of these synapses to undergo synaptic strengthening (Furman and Crair, 2012; Shah and Crair, 2008a, 2008b).






One of the interesting aspects of retinotopic refinement is that the axis most sensitive to activity disruptions lies along the ephrin-A gradient. This gradient is dorsoventral in dLGN, anteroposterior in the SC, and X–Y in V1. In all three areas, dLGN (Grubb et al., 2003), SC (Cang et al., 2008a; Chandrasekaran et al., 2005; Plas et al., 2005), and V1 (Cang et al., 2008b), there is a more significant disruption of retinotopy along the ephrin-A axes. The functional implications can be seen in β2


−/−

 mice. These mice have receptive fields that are more dramatically enlarged and irregular along the ephrin-A axis (Chandrasekaran et al., 2007). Correspondingly, their ability to perform visual tracking tasks mediated by SC is degraded along the ephrin-A axis, but not the other (Wang et al., 2009). It is speculated that this asymmetry in sensitivity reflects a bias in wave propagation direction. In WT mice, more waves propagate along the nasal–temporal axis of the retina (that aligns with the ephrin A gradient in the target tissue) than along the dorsal–ventral axis (Ackman et al., 2012; Elstrott and Feller, 2010; Stafford et al., 2009). Indeed, this hypothesis is consistent with recent findings that, in amniotes, optic flow induced by swimming is critical for establishing retinotopy (Hiramoto and Cline, 2014). Hence, retinal waves may be an evolutionarily conserved mechanism for sequential activation of RGCs with a nasal–temporal propagation bias, which mimics optic flow.




16.5. Retinal waves and eye-specific segregation

Projections from opposing eyes are initially intermixed in the dLGN and become segregated during the developmental period when retinal waves are present (Godement et al., 1984). Though there is clearly a role for both molecular cues in targeting ipsilateral retinogeniculate projections to the correct regions of the dLGN, several experiments support the hypothesis that segregation of retinogeniculate projections into eye-specific layers requires neural activity in the retina (Leamey et al., 2009; Seabrook et al., 2017). In cat, blocking transmission to the dLGN with a continuous infusion of tetrodotoxin (TTX) above the optic chiasm prevents the segregation of these retinogeniculate afferents (Shatz and Stryker, 1988). Segregation is prevented when retinal waves are blocked from P0 to P8 by repeated binocular intravitreal injections of the noncompetitive nAChR agonist, epibatidine in ferret (Huberman et al., 2002; Penn et al., 1998) and in mice (Chandrasekaran et al., 2005; Rossi et al., 2001) (Fig. 16.2B). Epibatidine has a multitude of effects on different RGCs, blocking activity in approximately 50% of all RGCs and maintaining uncorrelated firing in the remaining 50% (Sun et al., 2008b). In contrast, intraocular injection of TTX either mono- or binocularly reduces but does not completely prevent eye-specific segregation of the retinogeniculate afferents in ferret (Cook et al., 1999). Since TTX blocks action potentials but not all calcium transients induced by retinal waves (Stellwagen et al., 1999), one interpretation of these results is that periodic calcium transients and not action potentials are the relevant feature of retinal waves that drive eye-specific refinement (as discussed by Huberman et al., 2003). However, another interpretation is that a disrupted activity pattern, such as that induced by epibatidine, is more effective in preventing segregation than the total lack of activity induced by TTX.

Evidence also suggests that eye-specific segregation in the dLGN is due to activity-dependent competition between the RGCs projecting from opposing eyes. Monocular injection of epibatidine prevents eye-specific layers from forming and dramatically increases the area of the dLGN covered by the more active eye (Penn et al., 1998). Indeed, altering the patterns of activity with epibatidine injection prevents the segregation of RGC axons that are mistargeted to a distinct region of the dLGN. In a different experiment, Stellwagen and Shatz, (2002) increased the frequency, velocity, and domain size of retinal waves in one retina by elevating cAMP levels. They found that the dLGN territory covered by the more active retina was larger, but eye-specific segregation was normal. When they elevated the activity in both eyes, there was no change in the extent of eye-specific segregation or in the size of the ipsilateral and contralateral domains in the dLGN (Stellwagen and Shatz, 2002).

Studies using β2


−/−

 mice suggest that normal eye-specific segregation of retinogeniculate axons does require patterned activity in the retina. During the first postnatal week while retinal activity is disrupted, the retinogeniculate axons of these mice fail to segregate (Muir-Robinson et al., 2002; Rossi et al., 2001). However, glutamatergic-driven retinal waves during the second postnatal week can drive eye-specific segregation into an unlayered, patchy pattern (Grubb et al., 2003; Muir-Robinson et al., 2002). This result indicates that although activity-dependent plasticity can still occur in β2


−/−

 mice, the first postnatal week constitutes a critical period for segregation into the stereotypical layered pattern.

The above results support the idea that activity-dependent competition between retinal projections is important for axon refinement in the dLGN. However, they also suggest that the precise pattern of firing induced by retinal waves is not critical for driving eye-specific segregation. Support for this latter hypothesis lies in an experiment by Zhang et al. (2011), in which optogenetics was used to control the interretinal correlations during development. In these studies, correlated activity between the two retinas reduced eye-specific segregation, whereas anticorrelated activity preserved it and even partially rescued segregation in β2


−/−

 mice.






This suggests that firing of action potentials, even when disrupted to reduce nearest neighbor correlations, is still sufficient to drive eye-specific segregation in the dLGN. Indeed, this is even the case for retinogeniculate axons that are mistargeted to the incorrect regions of the dLGN (Rebsam et al., 2009). Moreover, the optogenetic experiments described earlier and other experimental manipulations, such as transgenic mice with smaller retinal waves (Xu et al., 2015), were able to disambiguate what aspects of retinal wave firing patterns were critical for each map refinement: Large-scale asynchronous activity between the two eyes instructs eye-specific segregation but not retinotopy, whereas local intraretinal correlates induced by slowly propagating activity instruct retinotopy but not eye-specific segregation.

Though the bulk of eye-specific segregation occurs during the first postnatal week, there is some additional segregation that occurs during the second postnatal week (Muir-Robinson et al., 2002). Indeed, several manipulation of glutamatergic waves (Blankenship et al., 2011; Hamby et al., 2015; Xu et al., 2010) have reduced eye-specific segregation of retinogeniculate afferents, including dark rearing (Tiriac et al., 2018).

Maintenance of eye-specific segregation of retinogeniculate afferents is also an activity-dependent process. Intraocular injections of L-APB, which significantly reduces stage III waves, leads to a rewiring of ipsi-projecting retinogeniculate afferents into the contradominate layer in ferret dLGN (Chapman, 2000). In the no b-wave (nob) mouse, which has a spontaneous mutation in a protein that is critical for mediating responses in ON cone bipolar and rod bipolar cells (Gregg et al., 2003), there is a pronounced increases in correlated spontaneous activity that starts around the time of eye opening (Demas et al., 2006). Nob mice exhibit synchronous increases in firing rate across all RGCs with an interevent interval on the order of seconds—a firing pattern that is likely to correlate the firing between the two eyes. Though the nob mouse has normal eye-specific segregation at P14, retinogeniculate afferents quickly desegregate, a process that occurs independent of visual activity. Hence, normal firing patterns are required for the maintenance of eye-specific segregation (but see Soto et al., 2012).

However, the question still remains: Is patterned activity required for eye-specific segregation? The resolution of this controversy may rely on determining which aspect of the highly correlated activity is critical for driving refinement. The information required for activity-dependent segregation might be encoded in the slow periodic firing generated in individual neurons by waves. These periodic bursts of action potentials lead to a substantial increase of intracellular calcium concentration in the participating neurons. There is growing evidence that periodic changes (on the order of minutes) of intracellular calcium can influence profoundly a variety of intracellular processes by activating second messenger systems (Dunn et al., 2009). For example, periodic increases of the cAMP concentration in RGC growth cones are critical for their repulsive response to guidance molecules (Ming et al., 2001; Nicol et al., 2006, 2007). Thus, the periodicity of circuit activation may be tuned to the periodicity of intracellular signaling that is required to ensure the normal maturation of neurons in the retina or the segregation of retinal inputs in the dLGN.

Aside from the temporal characteristics, important information might be encoded in the spatial pattern of retinal activity. Synchronous activation of cells contains no distinct spatial information regarding the relative position of cells involved in each event. However, the propagating activity seen in the retina synchronizes the activity of subsets of cells and thereby encodes their relative positions. A single retinal wave synchronizes the firing of cells along a wavefront with a particular orientation on the retina. This generates an activity pattern that could be used to establish orientation selectivity in visual cortical neurons. Activity patterns averaged over a large number of waves would lose orientation information. However, it would maintain highly correlated firing among neighboring neurons and thus would provide information useful for establishing topographic projections.

A deeper understanding of the cellular mechanisms underlying plasticity will enable more targeted disruptions of spontaneous retinal activity. Indeed, there is strong evidence of activity-dependent strengthening and weakening of retinogeniculate afferents during this critical period of development (Butts et al., 2007; Guido, 2008; Hooks and Chen, 2007; Mooney et al., 1993; Ziburkus et al., 2009). Indeed, a variety of mutant mice with altered signaling at retinogeniculate synapses have altered eye-specific refinement (mouse lines are reviewed in Kirkby et al., 2013). However, how these activity-dependent synaptic modifications translate into axon remodeling remains to be determined. Elucidation of these mechanisms will be critical for a resolution of the question as to whether retinal waves are instructive or permissive for map refinement (Chalupa, 2009; Feller, 2009; Leamey et al., 2009).




16.6. Retinal waves and ON/OFF segregation in the dLGN

The majority of neurons in the dLGN are driven by either ON or OFF RGCs (Grubb et al., 2003; Piscopo et al., 2013; Stryker and Zahs, 1983; Tavazoie and Reid, 2000; Tschetter et al., 2018). In ferrets, ON and OFF responsive neurons are separated into distinct sublaminae of the dLGN (Stryker and Zahs, 1983), whereas in cats and mice, functional segregation is established in spite of anatomical mingling (Grubb et al., 2003; Stryker and Zahs, 1983). ON/OFF segregation in the 
dLGN emerges gradually during stage III waves (Hahm et al., 1991; Morgan and Thompson, 1993) and is blocked when retinal activity (Dubin et al., 1986) or its transmission to dLGN neurons (Cramer and Sur, 1997; Hahm et al., 1991) are inhibited. While these findings suggest that stage III waves are required to separate the axons of ON and OFF RGCs, they do not indicate whether activity plays a permissive or instructive role in this process. How could stage III waves instruct the segregation of ON and OFF RGC axons in the dLGN? Calcium imaging and paired extracellular recordings in ferrets revealed that, with the onset of stage III waves, OFF RGCs begin to burst more frequently than ON RGCs (Lee et al., 2002; Wong and Oakley, 1996). This is caused by a selective decrease in the spike threshold and increase in synaptic drive to OFF but not ON RGCs during this period of development (Myhr et al., 2001). In addition, while RGCs of different type fire synchronously in ferrets, the correlation of cells with the same response sign (ON–ON, OFF–OFF) is higher than that of opposite sign (ON–OFF) RGC pairs (Lee et al., 2002). By contrast, in mice, ON and OFF RGCs begin to fire asynchronously during stage III waves. Similar to ferrets, OFF cells participate in stage III waves more frequently than ON cells in mice. In addition, however, neighboring ON and OFF RGCs recruited into the same wave fire repetitive nonoverlapping bursts in a fixed order: ON before OFF (Kerschensteiner and Wong, 2008). Stage III wave propagation and ON/OFF asynchronicity are mediated by intersecting lateral excitatory and vertical inhibitory networks, respectively (Akrouh and Kerschensteiner, 2013; Blankenship et al., 2009). The activity patterns of same and opposite sign pairs match the burst-based plasticity rule that was recently shown to guide the synaptic development of RGC projections in the dLGN (Butts et al., 2007). According to this rule, asynchronous bursts of pre- (RGC) and postsynaptic (dLGN) neurons, irrespective of their order, weaken connections between these cells, whereas coincident bursts strengthen them (Butts et al., 2007). Modeling studies demonstrated that the divergent activity patterns of ON and OFF RGCs in both ferrets and mice in conjunction with the experimentally observed synaptic learning rule can drive the unmixing of ON and OFF retinogeniculate projections (Gjorgjieva et al., 2009; Lee et al., 2002). While this means that stage III wave can in theory instruct ON/OFF segregation in the dLGN, it remains to be experimentally tested whether in fact they do. One piece of evidence for such an instructive role comes from the observation that retinofugal projections in β2


−/−

 mice, which have precocious stage III waves (Bansal et al., 2000), oversegregate. Thus, neurons in SC that normally respond to both ON and OFF phases of a light stimulus respond to only one in β2


−/−

 mice (Chandrasekaran et al., 2007). In addition, ON and OFF responsive dLGN neurons, which normally are intermixed, form clusters (Grubb et al., 2003).

During stage III waves, photoreceptor signals begin to reach the inner retina, and RGC light responses can be elicited through closed eyelids (Akerman et al., 2002). In ferrets, dark rearing during stage III waves was shown to affect ON/OFF segregation (Akerman et al., 2002). Thus, visually evoked and spontaneously generated activity patterns may collaborate to instruct the separation of ON and OFF RGC axons in the dLGN (Akerman et al., 2002; Akrouh and Kerschensteiner, 2013; Kerschensteiner, 2016; Kerschensteiner and Wong, 2008; Lee et al., 2002).

In ferrets, the spontaneous activity of ON and OFF LGN neurons during stage III waves shows similar features to that of ON and OFF RGCs, in particular the higher correlation of same compared with opposite sign pairs (Weliky and Katz, 1999). V1 neurons receive convergent input from ON and OFF dLGN neurons (Hubel and Wiesel, 1962). The axons of thalamocortical projections are organized into ON and OFF columns (Jin et al., 2008), and receptive fields of ON and OFF thalamic inputs to V1 neurons are spatially offset (Lien and Scanziani, 2013), in a manner predicted by stage III wave patterns acting on burst time–dependent plasticity (Kerschensteiner, 2016). Thus, in addition to ON/OFF segregation in thalamus, stage III waves may contribute to the refinement of orientation-selective receptive fields in V1 (Kerschensteiner, 2016).




16.7. Retinal waves influence the developing V1

During the period of retinal wave activity, thalamic inputs reach V1 where retinotopy, ocular dominance, and orientation selectivity are established prior to visual experience (Huberman et al., 2008; Katz and Crowley, 2002; White and Fitzpatrick, 2007). Retinal waves drive activity bursts in dLGN that are then transmitted to V1 where they can trigger spindle waves (Ackman et al., 2012; Colonnese and Khazipov, 2010; Hanganu et al., 2006; Siegel et al., 2012). Transmission of retinal waves to V1 is promoted by transient excitatory feedback loops from V1 to dLGN (Murata and Colonnese, 2016). Note, it is not thought that cortical spindle waves mirror the propagation of retinal waves, but rather that they are triggered by retinal waves and propagate via intracortical circuitry (Colonnese and Khazipov, 2010; Colonnese et al., 2017), although the relative importance of retinal versus V1 influences may vary with anesthesia (Siegel et al., 2012).

Do retinal waves play a role in the formation and refinement of cortical maps and receptive fields? Several experiments indicate that blocking spontaneous retinal activity alters the early formation of maps in the V1. Retinotopy along the ephrin-A axis is disrupted in β2


−/−

 mice and by epibatidine injections (Cang et al., 2005, 2008b). Similarly, binocular injections of epibatidine prevented the normal formation of ocular dominance columns in ferrets (Huberman et al., 2006), 
though evidence that retinal waves are instructive for formation ocular dominance columns remains controversial (Huberman et al., 2008; Katz and Crowley, 2002). Orientation selectivity of primary visual cortical neurons also depends on spontaneous firing patterns. In ferrets, blockade of ON RGC activity prevents development of cortical orientation selectivity (Chapman, 2000) as does increasing synchronous firing of all RGCs (Weliky and Katz, 1997). Based on these results, it has been postulated that the development of orientation selectivity requires anticorrelated firing between ON- and OFF-centered RGCs (Miller, 1994), a firing pattern induced by stage III waves (Kerschensteiner, 2016; Kerschensteiner and Wong, 2008).




16.8. Conclusions

Retinal waves provide a robust source of correlated firing throughout the developing nervous system. This activity has been shown to be critical for the anatomical and functional topographic and eye-specific refinement of retinal projections to the brain. Several other aspects of development appear to be influenced by retinal waves including the connectivity of interneurons in dLGN (Golding et al., 2014), cortical neurogenesis (Bonetti and Surace, 2010), and the cortical innervation of dLGN (Seabrook et al., 2013). Work in the Xenopus visual system has yielded important insights into how correlated activity is translated into axonal rearrangements that underlie the establishment and refinement of maps (Kutsarova et al., 2016). A complete understanding of the cellular mechanisms that underlie activity-dependent rearrangements is required to fully determine which spatial and temporal features of retinal waves are utilized for the refinement of specific features of visual circuits.
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Abstract


The transmitter phenotype of a neuron is a critical determinant of neuronal network processing and neurotransmitters have been thought to be stably expressed and unchanging during the life of a neuron. However, neurotransmitter phenotypes are determined by interactions between intrinsic components such as transcription factors and extrinsic components such as those that regulate electrical activity and calcium signaling. These interactions lead to plasticity in the profile of neurotransmitter expression in a given neuron, both during development and in response to changes in activity in the adult. These mechanisms constitute an unsuspected level of regulation of network homeostas, the neurotransmitter phenotype plasticity (NPP). This chapter reviews the current knowledge of this plasticity from the molecular mechanisms involved to its functional relevance.
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17.1. Introduction

Maturation of neuronal networks is a biological process of fascinating complexity. Cells have to proliferate, migrate over long distances, and receive contacts from and establish contacts with several hundreds of other neurons to eventually constitute highly organized networks communicating through specific neurotransmitters and matching transmitter receptors.






Although each individual neuron contains within its nucleus all the genetic material for the synthesis of the proteins required for its growth and maturation, the correct unfolding of developmental stages relies on interactions with the environment.

Multiple factors such as local gradients of morphogens modulate the behavior of neurons during their maturation. Early forms of this interneuronal communication exist before the full maturation of the system and provide key developmental signals. Neurotransmitters are released before the establishment of synapses, diffusing in the extracellular space and activating neurotransmitter receptors already expressed at the surface of developing cells. Calcium influx is also involved in developmentally regulated signals that precede the establishment of synaptic input-driven activity. Calcium spikes are characterized by low-frequency, transient, global increases in intracellular calcium concentration. Receptors and ion channels inserted in the cell membrane act like windows to the world and enable interactions of the neuron with its surroundings. Cell proliferation, migration, and differentiation are all regulated by electrical activity. Recently, the specification of the neurotransmitter that a neuron expresses has been added to the list of processes modulated by activity during development in vertebrate nervous systems.

Neurons can express and release several neurotransmitters, and the nature of these transmitters can change over time both during the differentiation phase of development and during adulthood in some circumstances. This appears more and more clearly and more and more frequently than anticipated several decades ago.

Experimental modifications of the normal pattern of expression of calcium spikes have been shown to change the number of neurons expressing a given neurotransmitter. This neurotransmitter phenotype plasticity (NPP) is an activity-dependent process that follows a homeostatic logic. In several regions of the Xenopus brain, when activity is decreased, more neurons express an excitatory transmitter, and fewer neurons express an inhibitory transmitter. In contrast, when activity is increased, fewer neurons express an excitatory transmitter, and more neurons express an inhibitory transmitter.

More recent experiments demonstrated the presence of synaptically driven neurotransmitter changes in the adult brain, including in mammals. This highlights the existence of a newly identified level of activity-dependent modulation of mature neuronal network dynamics.

Our knowledge of the mechanisms governing this evolutionarily conserved plasticity of the neurotransmitter phenotype has been progressing rapidly since the first edition of this chapter. Details on the developmental mechanisms involved in NPP as well as the conditions in which NPP can be triggered in mature networks have been understood.

“Neurotransmitter switching” has emerged as a new concept. In several instances, the plasticity of the neurotransmitter phenotype involves a switch from one neurotransmitter to another in the same individual neuron, often producing a change in the sign of the synapse, from inhibitory to excitatory or from excitatory to inhibitory. The impact of NPP on network dynamics and on behavioral output also begins to be better understood.

In this context, we review the basic knowledge of NPP, from the calcium signals triggering it to its functional consequences, both during development and in the mature brain. We discuss new perspectives opening up in the fields of neuronal development, neurodegenerative disease, and brain aging.




17.2. Calcium spiking

Calcium is a ubiquitous ion involved in the modulation of numerous intracellular events, and therefore, its intracellular concentration is typically low and tightly regulated. In different species, from invertebrates to mammals, different signals are able to temporarily increase the intracellular calcium concentration in neurons, with different spatial and temporal characteristics. Because of the ability of calcium signals to modulate transcription and reorganize the cytoskeleton, these signals have been extensively characterized, and their roles in the modulation of neuronal development have been analyzed (Spitzer, 2006).



17.2.1. Calcium spikes in the Xenopus brain

Several classes of calcium transients have been described in the developing Xenopus brain. In spinal cord neurons, three main calcium transients are expressed: calcium spikes, growth cone transients, and filopodial transients (Gu et al., 1994; Gomez et al., 2001). These signals have different kinetics, different pharmacologies, and different spatial and temporal properties. Growth cone and filopodial calcium transients regulate the rate of axon extension and growth cone turning. Calcium spikes are global events, with transient increases of intracellular calcium affecting the entire cell (Fig. 17.1A). They also have been observed in the hindbrain and the midbrain (Dulcis and Spitzer, 2008; Demarque and Spitzer, 2010). Their incidence and frequency have been specifically implicated in the modulation of transmitter specification.
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Figure 17.1 Characteristics of calcium spikes in embryonic Xenopus spinal neurons. (A) Time-lapse imaging of a Fluo3-AM-loaded neuron at 7
 
h in culture. Calcium spikes propagate throughout the entire cell. Images were acquired at 33
 
Hz and displayed at 0.2
 
s intervals. Scale bar, 25
 
μm. (B) Computer model–determined threshold of the action potential, in the control condition, in the absence of low-voltage-activated (LVA) calcium current, and in the absence of sodium current. Pharmacological blockade of LVA calcium channels or sodium channels decreases the incidence of spiking in vitro. (C) Digitized temporal profile of calcium concentration in a Fluo3-AM-loaded neuron at 7
 
h in culture. Calcium spike decay time is slow and can be fitted by a double exponential, suggesting two mechanisms for calcium sequestration. 

Reproduced from Gu, X., Olson, E.C., Spitzer, N.C., 1994. Spontaneous neuronal calcium spikes and waves during early differentiation. J. Neurosci. 14, 6325–6335.








17.2.2. Characteristics of calcium spikes

Initial activation of T-type low-voltage-activated channels depolarizes neurons and contributes to the activation of high-voltage-activated calcium channels that generate calcium-dependent action potentials. These, in turn, stimulate the release of calcium from intracellular stores in the endoplasmic reticulum, which are the principal source of calcium during calcium spikes (Holliday et al., 1991; Gu et al., 1994) (Fig. 17.1B). As a result, they are slow events, with a rise time of 1
 
s and a decay time with two time constants, an initial fast one of 10
 
s and a second longer one of 3
 
min (Fig. 17.1C). The frequency of calcium spikes is low, in the range of 1–25 spikes per hour, and depends on the cell type considered. The incidence also depends on the cell identity and is relatively low in recordings performed over 1-h periods. The incidence of spiking increases, however, when the period of recording is extended (Gu et al., 1994; Gu and Spitzer, 1995), strongly suggesting that most cells generate calcium spikes during an early period of development. Calcium spikes occur spontaneously in the embryonic Xenopus spinal cord (Fig. 17.2A). They have been observed in vivo in four classes of neurons in the dorsal and ventral spinal cord and in neurons in the hindbrain and the midbrain, and persist in vitro.




17.2.3. Temporal expression of calcium spikes

As already noted, different neuronal populations exhibit different patterns of spiking at different time points, and these patterns also evolve differently over the time window of expression. For instance, both the incidence and frequency of calcium spikes in dorsolateral interneurons increase over time. In contrast, Rohon Beard sensory neurons have a relatively stable firing pattern over the same period (Fig. 17.2B). The ability to generate calcium spikes is a transient property of 
neurons, present only during a restricted period of time. Cultured Xenopus spinal neurons display spontaneous calcium spikes during a 6-h period of time after plating. This period is about 15
 
h in duration in vivo during the second postnatal day for the spinal neurons (Borodinsky et al., 2004). Neurons in the rhombencephalon spike at later stages and for a longer time period (Demarque and Spitzer, 2010).



[image: image]



Figure 17.2 Incidence and frequency of calcium spikes in the embryonic Xenopus spinal cord. (A) Time-lapse imaging of Fluo4-AM-loaded dorsal (top panel) and ventral (bottom panel) spinal cord. (B) Same preparations after immunostaining for HNK-1 (top panel) identifying Rohon Beard neurons and for Lim-3 (bottom panel) identifying motor neurons. Insets show the spike activity during 1-h periods in the corresponding cells. (C) Incidence and frequency of calcium spiking in four classes of spinal neurons at three developmental stages: 20/22; 23/25; 26/28. Note that the evolution of calcium spiking over time is not homogeneous for the different cell populations. 

(A)–(B) Reproduced from Borodinsky, L.N., Root, C.M., Cronin, J.A., Sann, S.B., Gu, X., Spitzer, N.C., 2004. Activity-dependent homeostatic specification of transmitter expression in embryonic neurons. Nature 429, 523–530.




The mechanisms responsible for the onset and the termination of this critical period for calcium spike expression have been analyzed. The developmental expression of a specific subunit of the Na+/K+-ATPase determines the propensity for calcium spiking (Chang and Spitzer, 2009). The Na+/K+-ATPase is an electrogenic pump that directly affects the ion gradients involved in setting the membrane potential. This heteromeric pump requires one alpha and one beta subunit to be functional. Among the three beta subunits, beta3 displays transient up- and downregulation immediately prior to the onset of calcium spiking. Knockdown experiments targeting the expression of this beta subunit decrease the incidence and frequency of calcium spikes, demonstrating its involvement in enabling calcium spiking (Fig. 17.3A). Over time, there is a 
gradual maturation of inward rectifying potassium channels, leading to shortening of the action potentials triggering calcium spikes. At some point, the action potential is too brief to activate kinetically slower calcium channels, and there is a shift to sodium-dependent spikes. Interestingly, this shift is concomitant with synapse formation (Desarmenien and Spitzer, 1991; Desarmenien et al., 1993).



[image: image]



Figure 17.3 Physiological determinants of calcium spiking in the embryonic Xenopus spinal cord. (A)–(C) Contribution of the Na+, K+-ATPase. (A) In vivo imaging of the Fluo4-AM-loaded spinal cord (top panel) of an embryo with unilateral targeting of a morpholino (MO) to the beta3 subunit of the Na+, K+-ATPase (middle panel). Quantitative analysis of the incidence (B) and frequency (C) of spiking in unilaterally targeted embryos at two developmental stages. Downregulation of beta3 subunit expression decreases the incidence and frequency of spiking. (D)–(F) Contribution of GABA and glutamate receptor activation. (D) Transverse sections of the spinal cord stained for VGluT1 (glutamatergic neurons, in green) and GABA (GABAergic neurons, in red) at three developmental stages. (E and F) Decrease in the incidence of spiking in vivo in response to application of GABA and glutamate receptor antagonists (E) or to injection of GAD MOs (F). (G) and (H) Contribution of target-derived factors. (G) Schematic of the experimental culture of neurons with or without muscle cells, followed by 30-min calcium imaging 4–8
 
h after plating. (H) Quantification of the incidence of spiking neurons in the different conditions. Neurons growing on the muscle side of neuron–muscle cocultures display a lower frequency of spiking than neurons on the blank side or neurons cultured without muscle cells. Scale bars: (A) 50
 
μm; (D) 20
 
μm. 

(A)–(C) Reproduced from Chang, L.W., Spitzer, N.C., 2009. Spontaneous calcium spike activity in embryonic spinal neurons is regulated by developmental expression of the Na+, K+ -ATPase beta3 subunit. J. Neurosci. 29, 7877–7885. (D)–(F) Reproduced from Root, C.M., Velazquez-Ulloa, N.A., Monsalve, G.C., Minakova, E., Spitzer, N.C., 2008. Embryonically expressed GABA and glutamate drive electrical activity regulating neurotransmitter specification. J. Neurosci. 28, 4777–4784. (G) and (H) Reproduced from Xiao, Q., Xu, L., Spitzer, N.C., 2010. Target-dependent regulation of neurotransmitter specification and embryonic neuronal calcium spike activity. J. Neurosci. 30, 5792–5801.








17.2.4. Physiological triggers of calcium spiking

Calcium spikes are expressed during a restricted period of time during development, and their incidence and frequency influence the neurotransmitter specification process. What then are the physiological parameters influencing this pattern of calcium spiking in vivo?

At the time of neural tube closure and prior to synapse formation, GABA and glutamate are more widely expressed in the presumptive spinal cord than they will be in the mature spinal cord, and both ionotropic and metabotropic receptors are present. Although ionotropic receptors are expressed, application of specific antagonists of these receptors has no effect on the incidence and frequency of calcium spikes. In contrast, antagonists of metabotropic receptors for GABA and glutamate induce severe modifications of the spiking pattern on both the ventral and dorsal sides of the spinal cord. Chronic alterations of GABA and glutamate signaling during the critical period of calcium spike generation alter the number of neurons expressing different neurotransmitters (Root et al., 2008; Fig. 17.3B). Thus, the activation of GABA and glutamate metabotropic receptors by endogenous neurotransmitters is important for the expression of calcium spikes. Physiological signals that modulate the release of GABA and glutamate at early stages of development remain to be determined.

In the rodent hippocampus, GABA and glutamate receptors are expressed by migrating neurons (see Rubenstein and Rakic, 2013) and are activated by diffusion of endogenous transmitters (Demarque et al., 2002; Manent et al., 2005). The absence of synapses on these cells has been confirmed by both morphological and electrophysiological evidence (Tyzio et al., 1999; Demarque et al., 2002). In an organotypic culture assay, blockade of GABAA and glutamate receptors reduces the number of pyramidal neurons and interneurons able to reach their final destination (Manent et al., 2005, 2006). Antiepileptic drugs targeting the GABAergic system have been shown to induce defects in cortical development (Manent et al., 2007).

Target-derived factors are also important for setting the incidence and frequency of calcium spikes. Muscle-derived factors play important roles in many aspects of neuronal development, including neuronal survival, axon and dendrite outgrowth, neuronal differentiation, and synaptogenesis (Zweifel et al., 2005). Using an elegant neuron–muscle coculture assay, Xiao et al. have shown that muscle-derived factors can stop calcium spiking. When muscle cells are omitted from cultures, neurons exhibit a much higher spike frequency (Xiao et al., 2010; Fig. 17.3C).




17.2.5. Calcium spikes in the mammalian brain

Electrical activity and neurotransmitters are also present before synapse formation in the mammalian brain. Synaptic activity driven by mature inputs is preceded by a sequence of developmentally specific activity profiles with different kinetics that involve different neurotransmitters (Crepel et al., 2007; Blankenship and Feller, 2010). Expression of intrinsic calcium transients is one of the first forms of activity and constitutes one of the earliest forms of excitability in the rat brain. For example, cells in the developing retina, ventricular zone, and hippocampus have been shown to display action potential-driven calcium spikes (Owens and Kriegstein, 1998; Crepel et al., 2007; Blankenship and Feller, 2010). The spikes in the mammalian nervous system are of very low frequency compared with those elicited by synaptic activity but an order of magnitude higher in frequency than the calcium spikes observed in the Xenopus nervous system. In the rat hippocampus, two-photon confocal imaging revealed that calcium spikes occur from E16 to E19 at the end of the embryonic period (Crepel et al., 2007). In the mouse and chick hindbrain, a subpopulation of serotonergic neurons generates pacemaker activity during a restricted period of time from E11.5 to E13.5 (Bosma, 2010).










17.3. Neurotransmitter phenotype specification: intrinsic determinants

Networks of transcription factors are key determinants of the transmitter identity of a neuron. A combinatorial code of transcription factor expression, triggered by secreted morphogenetic proteins, has been shown to control the differentiation of different neuronal phenotypes in the developing spinal cord and brain (Pierani et al., 2001; Thaler et al., 2002; Gunhaga et al., 2003; Novitch et al., 2003).

However, the simple presence of a given transmitter in a neuron is not sufficient to identify its transmitter phenotype. Glutamate is probably the best illustrative example since this molecule is present in almost all neurons, but a substantial fraction of them do not use it as a neurotransmitter. A neurotransmitter phenotype is defined by the presence of several key proteins enabling the synthesis of the transmitter, its transport into vesicles, its release, and its inactivation. Intrinsic networks of transcription required for expression of excitatory and inhibitory transmitters and neuromodulators have been described, and disruption of this code leads to ectopic neurotransmitter expression (Tanabe et al., 1998; Cheng et al., 2003). These networks seem to control the production of several proteins required for the expression of a given phenotype (Flames and Hobert, 2009).

Key transcription factor networks involved in the specification of several neurotransmitters used in the brain have been identified, and ongoing genetic studies will help further describe them and identify other ones. Here, we review briefly the transcriptional networks involved in the specification of four major transmitters, GABA, glutamate, dopamine (DA), and serotonin (5-HT), which have been demonstrated to express NPP.



17.3.1. GABA and glutamate

GABA and glutamate are, respectively, the most abundant inhibitory and excitatory transmitters, in the vertebrate brain. Despite their opposing actions, they are closely related molecules; only a single enzyme, glutamic acid decarboxylase (GAD) in the GABA synthetic pathway, is involved in the conversion of one to the other. Studies of GABA and glutamate specification revealed that progenitors are making a choice between the two phenotypes during their maturation. The choice between the two fates depends on the activity of transcription factors acting as molecular switches. In Dbx1-mutant mice, neural progenitors from the Dbx1 domain give rise to interneurons with an inappropriate GABAergic phenotype (Pierani et al., 2001). Gain- and loss-of-function experiments with homeodomain transcription factors in Caenorhabditis elegans and Drosophila lead to misexpression of GABA and loss of DA and 5-HT synthesis (Jin et al., 1994; Thor and Thomas, 1997). Lbx1 favors the GABAergic phenotype, whereas tlx3 favors the glutamatergic phenotype (Marek et al., 2010 and see Rubenstein and Rakic, 2013).




17.3.2. Dopamine

DA is a monoamine derived from tyrosine that influences a good deal of behavior and notably rewards center physiology. The transcriptional regulation of its specification is well described and has been extensively reviewed (Smidt and Burbach, 2007, 2009). For midbrain dopaminergic neurons, as for 5-HT, transcription factors, such as Lmx1a, Lmx1b, Foxa1, Foxa2, Otx2, or Nurr1, have been shown to determine the fate of precursors. Others, such as Pitx3, are closer to the phenotype and influence later aspects of specification and differentiation (Saucedo-Cardenas et al., 1997; Smits et al., 2003; Puelles et al., 2004; Nakatani et al., 2010; discussed extensively in Rubenstein and Rakic, 2013). The molecular anatomy of the dopaminergic neurons has also been studied in Xenopus and is partially conserved (
Dulcis and Spitzer, 2008; Velazquez-Ulloa, Spitzer and Dulcis, 2011).




17.3.3. Serotonin

5-HT is another monoamine derived from an amino acid, tryptophan. Although only a small number of neurons in the brain express 5-HT, they have long projections with extensive branching, and almost all regions of the nervous system, from the olfactory bulb to the spinal cord, are influenced by 5-HT. The transcriptional network involved in the specification of serotonergic neurons has been studied extensively (Cordes, 2005; Scott et al., 2005; Alenina et al., 2006; Lillesaar et al., 2007). Briefly, diffusible signaling proteins such as Shh, FGF8, or FGF4 activate transcription factors including Mash1, Nkx2.2, Nkx6.1, GATA2, and GATA3, which are important to orient the fate of precursors toward the serotonergic phenotype. Early in the network, Nkx2.2 is transiently expressed in some precursors, and transgenic mice lacking this factor lack most serotonergic neurons (Briscoe et al., 1999; Cheng et al., 2003; Ding et al., 2003). Lmx1b and Pet1 are expressed later, persistently, and are required for maintenance of 5-HT expression in the central nervous system (CNS) (Cheng et al., 2003; Ding et al., 2003; Zhao et al., 2006; Song et al., 2011). The importance of the transcription network for 
5-HT specification is underlined by its high conservation in zebrafish (Lillesaar et al., 2007). Knockdown and overexpression experiments confirmed the central role of Lmx1b in 5-HT specification in raphe neurons in Xenopus (Demarque and Spitzer, 2010).





17.4. Neurotransmitter phenotype plasticity: from neurotransmitter respecification to neurotransmitter switching

Much as the language we speak depends on “intrinsic factors” such as the place we are born and the country of origin of our parents, and “extrinsic factors” such as the travel we do or the job we have, transmitter specification depends on the interactions between intrinsic determinants as well as extrinsic determinants such as electrical activity. Here, we begin by reviewing the historical indications of the presence of transmitter phenotype plasticity. This sets the stage for consideration of the studies in Xenopus laevis and in the mammalian brain. The section concludes with a focus on recent discoveries of neurotransmitter switching.



17.4.1. Early indications of neurotransmitter phenotype plasticity

The first evidence for the ability of neurons to change the transmitter they express dates from the 1970s. Walicke et al. (1977) observed different proportions of cholinergic versus adrenergic neurons in cultures of dissociated sympathetic neurons following stimulation with a high concentration of KCl or treatment with veratridine. Cytokines and neurotrophic factors can regulate transmitter expression and drive the expression of acetylcholine instead of norepinephrine in rat sympathetic ganglion neurons both in culture and in vivo (Furshpan et al., 1976; Landis and Keefe, 1983; Nawa and Patterson, 1990; Rao and Landis, 1990). Clues to their mechanism of action were provided by the demonstration that imposition of activity can regulate this choice of transmitter in cultured neurons via calcium influx (Walicke et al., 1977; Walicke and Patterson, 1981). More recently, the specification of 5-HT was also found to be plastic and modulated by epigenetic factors. In vitro, application of ciliary neurotrophic factor induces a switch of RN46A cells from a serotonergic to a cholinergic phenotype, whereas application of brain-derived neurotrophic factor (BDNF) or dibutyryl cAMP to primary cultures of E14 rat embryonic rostral raphe upregulates the serotonergic phenotype (Rudge et al., 1996; Rumajogee et al., 2002). Despite these initial observations, the specification of neurotransmitter in vivo was not considered to be subject to changes. Recent work on the Xenopus nervous system combined with numerous observations of cotransmission and developmental changes of neurotransmitter profile in the mammalian brain has seriously challenged this view; we are now starting to better understand the role of activity in neurotransmitter specification.




17.4.2. Neurotransmitter phenotype plasticity in the developing Xenopus central nervous system

Despite the knowledge that the transmitter phenotype of mammalian neurons is not static and can change over time during development and in response to activity, no further studies focused on this issue for many years. Progress in our understanding of NPP has been reawakened with recent studies of the developing Xenopus nervous system. Pharmacological and molecular tools were used to modulate the incidence and frequency of calcium spikes in vitro and in vivo to analyze their contribution to specification of four neurotransmitters in the spinal cord and two monoamines in the brain.

In vitro, pharmacological approaches were easy to undertake by simply adding pharmacological agents to the culture medium. In vivo, local delivery of pharmacological agents was achieved by implanting agarose beads loaded with drugs in the vicinity of the region of interest (Dulcis and Spitzer, 2008; Root et al., 2008; Fig. 17.4A). Xenopus embryos develop externally, rendering them accessible for molecular manipulations at very early stages. Knockdown of the expression of specific proteins is generally obtained by the injection of morpholinos at the one- or two-cell stage. Misexpression of specific proteins is achieved by similarly injecting mRNA at the one- or two-cell stage of development (Fig. 17.4B). Typically in the case of calcium spikes, mRNA coding for rat brain sodium channels, rNav1.2 α and β subunits, has been used to increase calcium spiking. This leads to the presence of exogenous sodium channels in the plasma membrane, and calcium imaging confirms the higher incidence and frequency of calcium spikes in 1-day-old larvae. mRNA coding for the human inward rectifier potassium channel, hKir2.1, has been used to misexpress potassium channels in the plasma membrane that hyperpolarize the cell and decrease the incidence and frequency of calcium spiking. These strategies enabled studies of the effect of calcium spiking in vivo in the spinal cord, the rhombencephalon, the hypothalamus, and the accessory olfactory bulb (Borodinsky et al., 2004; Dulcis and Spitzer, 2008; Demarque and Spitzer, 2010; Dulcis et al., 2017). The expression of four classical transmitters, excitatory glutamate, acetylcholine, inhibitory GABA, and glycine, has been studied during the development of the X. laevis spinal cord. Glutamate and GABA have a broad domain of expression at early stages of 
development, which is then refined during maturation. This refinement is influenced by spontaneous calcium spike activity that occurs during a critical period of development. The activity-dependent changes in neurotransmitter expression follow a homeostatic principle. When spike activity is increased, the number of neurons expressing an excitatory transmitter is decreased, and the number of neurons expressing an inhibitory transmitter is increased. The opposite is true when activity is 
decreased, with more neurons expressing excitatory transmitters and fewer neurons expressing inhibitory transmitters. When activity is increased via misexpression of mRNA encoding rNav1.2 sodium channels, some motor neurons coexpress GABA and glycine along with acetylcholine (Borodinsky et al., 2004; Root et al., 2008).
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Figure 17.4 Neurotransmitter phenotype plasticity (NPP) at different levels along the rostrocaudal axis of the developing Xenopus nervous system. (A) Schematic of pharmacological manipulations of calcium spiking. Agarose beads are loaded in buffers containing pharmacological agents and then implanted in a region of interest. Calcium imaging reveals the effect of the drugs on calcium spiking, whereas immunostaining of transverse sections allows quantification of NPP. (B) Schematic of the molecular manipulations of calcium spiking. One or two blastomere(s) of two-cell stage embryos are injected with hKir2.1 or rNav 1.2mRNA. Procedures similar to those described above are used to assess the effect of channel misexpression on calcium spiking and NPP. (C) Immunostaining of the labeled proteins on 10-μm transverse sections of the nervous system at the indicated level in control larvae and in Nav or Kir misexpressing larvae, demonstrating changes in transmitter expression. Scale bars, 40
 
μm (top and middle row) and 20
 
μm (bottom row). 

(A) and (B) Reproduced from Borodinsky, L.N., Root, C.M., Cronin, J.A., Sann, S.B., Gu, X., Spitzer, N.C., 2004. Activity-dependent homeostatic specification of transmitter expression in embryonic neurons. Nature 429, 523–530. (C) Reproduced from Demarque, M., Spitzer, N.C., 2010. Activity-dependent expression of Lmx1b regulates specification of serotonergic neurons modulating swimming behavior. Neuron 67, 321–334.




The Xenopus spinal cord also provides an example of naturally occurring neurotransmitter respecification. During metamorphosis in Xenopus, the neuromuscular junctions of the emerging hindlimbs are initially glutamatergic before switching to the typical cholinergic signaling. This context-dependent switch includes transient release of glutamate from the motoneurons and transient expression of glutamate receptors on the surface of the muscle cells (Lambert et al., 2018). This temporary phenotype is hypothesized to be important for maturation of the motoneurons controlling the appendicular musculature in a context where the cholinergic innervation of the trunk musculature is already functional.

NPP has also been described for neuromodulators. The number of neurons expressing the monoamines, DA and 5-HT, increases or decreases in response to different changes in the frequency of spontaneous calcium spikes. For these monoamines, the homeostatic model also applies. Dopaminergic neurons generate inhibitory inputs to the targets studied, and enhancement of activity leads to an increase in the number of dopaminergic neurons. 5-HT has a global excitatory effect on the release of proopiomelanocortin or on the intensity of motoneuron bursting, and the incidence of serotonergic neurons increases following the suppression of activity (Dulcis and Spitzer, 2008; Demarque and Spitzer, 2010; Fig. 17.4C).




17.4.3. Neurotransmitter phenotype plasticity in the developing mammalian central nervous system

Since the initial observation that activity could change the proportion of sympathetic neurons in culture, other observations have confirmed the existence of activity-dependent control of the specification of NPP in the mammalian brain both in vitro and in vivo during development.

The cholinergic phenotype of developing rat hypothalamic neurons is regulated by activity. Chronic blockade of NMDA receptors, both in vitro and in vivo, upregulates the expression of choline acetyltransferase in rodent hypothalamic neurons (Belousov et al., 2002; Liu et al., 2008). Inactivation of NMDA receptors also induces cholinergic synaptic activity in hypothalamic cultures. Physiological patterns of electrical stimulation lead to an increase in the percent of neurons expressing tyrosine hydroxylase mRNA and protein in fetal-dissociated rat primary sensory neurons (Brosenitsch and Katz, 2001). Activity-dependent expression of the dopaminergic phenotype in embryonic and postnatal sensory neurons appears to depend on expression of Phox2a/2b transcription factors both in vitro and in vivo (Brosenitsch and Katz, 2002).

Another example of naturally occurring neurotransmitter respecification is provided by the mouse auditory system. Neurons from the medial nucleus of the trapezoid body MNTB) provide synaptic inputs to neurons of the lateral superior olive (LSO). These inputs are important for encoding the interaural difference by the LSO neurons. While these inputs are glycinergic and inhibitory in the mature network, during a transient developmental phase, before hearing onset, these MNTB terminals release not only glycine but also GABA and glutamate. In this case, the function of the transient glutamatergic phenotype has been identified experimentally. By comparing the refinement of the MNTB/LSO pathway in mice in the presence or absence of expression of vesicular glutamate transporter 3, glutamatergic transmission was shown to contribute to normal synapse elimination and strengthening of maintained connections (Gillespie et al., 2005).




17.4.4. Activation of neurotransmitter phenotype plasticity through synaptic activity in the Xenopus brain

Initial experiments investigating NPP of dopaminergic neurons in Xenopus showed that the number of dopaminergic neurons is modulated by the incidence and frequency of developmental calcium spiking (see earlier discussion). The authors showed that the plasticity of the dopaminergic phenotype could be triggered in the postembryonic brain and produced by perturbations of synaptic activity (Dulcis and Spitzer, 2008). Dopaminergic neurons in the ventral suprachiasmatic nucleus (VSC) of the hypothalamus receive an excitatory drive from visual inputs. Increase in light intensity or exposure to a white background induces an increase of synaptic drive to these dopaminergic neurons, whereas a dark background or low-intensity light reduces the excitatory drive. Placing larvae on different backgrounds rapidly induces a change in the number of dopaminergic neurons in the VSC. The 30% amplitude of the change in number of dopaminergic neurons is similar to the changes in incidence observed with ion channel misexpression that alters the frequency of calcium spiking.




17.4.5. Activation of neurotransmitter phenotype plasticity through synaptic activity in the mammalian brain

More recent data confirm the existence of NPP in the mammalian brain and indicate the conserved ability of synaptic activity to trigger this plasticity in mature networks.






The number of dopaminergic neurons changes in the rodent brain in response to changes in the length of the daylight period. A short light period that is less stressful for nocturnal animals such as rats correlates with a higher number of hypothalamic dopaminergic neurons, whereas, in contrast, a long light period leads to a lower number of hypothalamic dopaminergic neurons (without change in proliferation or cell death). The number of somatostatin (SST) neurons also changes in these conditions in an inverse relationship to the number of TH neurons, with evidence that a shift from DA to SST or from SST to DA happens in individual cells (Dulcis et al., 2013). In the paraventricular nucleus of the hypothalamus, the change in dopaminergic phenotype happens in a specific subpopulation, the neurons that coexpress vesicular glutamate transporter 2 (VGLUT2) (Meng et al., 2018).

Other neurotransmitters in other regions have also been modified by changes in synaptic activity. Classically, the adult granule cells in the dentate gyrus of the hippocampus are glutamatergic. They receive inputs from the entorhinal cortex and project their axons, the mossy fibers, onto CA3 pyramidal dendrites. Morphological evidence suggests that these neurons express a dual transmitter phenotype during the first 2 postnatal weeks. Electrophysiological recordings reveal postsynaptic GABAergic input from mossy fibers to CA3 pyramidal cells during this period (Gutierrez, 2002; Gutierrez and Heinemann, 2006). Interestingly, in response to chemically induced epileptic activity, mature hippocampal granule cells reexpress GABAergic markers (along with axonal sprouting). This phenotypic plasticity is believed to be one of the compensatory mechanisms triggered to balance pathologically increased activity. Long-term potentiation–like stimulation is also sufficient to induce reappearance of the GABAergic phenotype. These changes are likely to occur through synaptic calcium-dependent regulation of gene expression since blockade of protein synthesis during the induction of the increased activity prevents the reexpression of the GABAergic phenotype (Gomez-Lira et al., 2005).




17.4.6. Neurotransmitter switching

As mentioned earlier, the activity-dependent changes in neurotransmitter expression follow a homeostatic principle. With time, it gradually became evident, both during development and in the mature brain, that the balance is maintained at the scale of individual cells. The first experiments reported respecification of single transmitters. Later, simultaneous gain or loss of different transmitters was detected in populations of neurons, without knowing whether the changes were occurring in the same neurons. There is now clear evidence that triggering NPP produces the gain of one neurotransmitter and the loss of another in the same neuron, hence changing the sign of the associated synapses, from excitatory to inhibitory or from inhibitory to excitatory.

A noticeable exception may be the motor neurons, most likely because the maintenance of constant output functions is necessary. In the Xenopus spinal cord, triggering NPP can induce the expression of inhibitory or excitatory transmitter in motoneurons, but the original transmitter, acetylcholine, is still expressed in these cells in the scenarios examined to date.

Transmitter switching is an additional mechanism in the toolbox of network activity homeostasis along with Hebbian and homeostatic plasticity. In Hebbian plasticity, repeated synaptic activity leads to the increase of the activated connections. In homeostatic plasticity, repeated synaptic activity leads to a decrease of the activated connections, to maintain the network in a functional dynamic range. In neurotransmitter switching, repeated synaptic activity also contributes to maintain the network in a functional dynamic range, but while the two first mechanisms of plasticity (Hebbian and homeostatic) maintain the sign of the synapse, neurotransmitter switching can reverse the sign of synapses from excitation to inhibition or inhibition to excitation.

One of the key differences between these forms of plasticity is the timescale of activation, which is short for Hebbian, intermediate for homeostatic, and long for neurotransmitter switching. Transmitter switching occurs only in response to chronic stimulation over days to weeks (Meng et al., 2018). Stimulation over shorter periods of time or acute stimuli over seconds or minutes triggering Hebbian plasticity is not effective.

As summarized in a recent review: “Neurons that fire together, wire together” encapsulates Hebbian plasticity. “Neurons with chronic firing, reverse wiring” summarizes the impact of transmitter switching (Spitzer, 2017).






17.5. Molecular mechanisms

17.5.1. Calcium-dependent regulation of transcription




The molecular mechanisms allowing electrical activity to influence transmitter specification are beginning to be understood. Activity appears to act on some of the transcription factors controlling a given neurotransmitter phenotype, but not on all of them. Activity-dependent transcription factors are decision-making crossroads for neuronal maturation. They contribute to the further differentiation of precursors or immature neurons into one class of neurons or another. The 
functions that they direct, which can include the regulation of calcium spiking activity, have been designated “phenotypic checkpoints” (Ben-Ari and Spitzer, 2010). The network of specification of serotonergic neurons in the raphe of Xenopus larvae provides an example of both types of transcription factors (see section 3.3). Nkx2.2 is involved early in the network, and its expression is independent of activity. The number of Nkx2.2-positive cells in the hindbrain does not change in response to changes in calcium spiking. In contrast, the expression of the Lmx1b transcription factor, closer to the final phenotype, is activity dependent, and Lmx1b is required for the expression of tryptophan hydroxylase that synthesizes 5-HT (Demarque and Spitzer, 2010). The suppression of early activity increases the number of neurons expressing Lmx1b, and the increase of early activity decreases the number of neurons expressing Lmx1b. Furthermore, the increase in the number of serotonergic neurons induced by suppression of activity is not observed if the suppression of activity is coupled to the knockdown of Lmx1b expression, and the overexpression of Lmx1b increases the number of serotonergic neurons even when activity is increased. In mice, the expression of Lmx1b persists in adult serotonergic neurons, and a conditional knockout that suppressed the expression of Lmx1b in the adult brain showed that Lmx1b is required for maintenance of the serotonergic phenotype (Song et al., 2011). These observations raise the interesting possibility that appropriate synaptic activity can trigger either downregulation or induce the expression of Lmx1b in subsets of mature neurons and thus modulate the incidence of serotonergic neurons in the adult brain.

One mechanism by which calcium transients trigger changes in the activity of a transcription factor has been understood by studying the expression of tlx3 in Xenopus. tlx3 is a selector gene that directs the choice of neurotransmitter toward the glutamatergic phenotype rather than the GABAergic one in mouse, chick, and Xenopus (Cheng et al., 2004, 2005; Marek et al., 2010). cJun is a transcription factor that binds to a noncanonical cAMP response element (TGATGTCA) in the tlx3 promoter that then inhibits the expression of tlx3. The binding of cJun to the tlx3 promoter is facilitated by the phosphorylation of cJun. Calcium spikes trigger the phosphorylation of cJun, decreasing the expression of tlx3 and consequently favoring the GABAergic phenotype over the glutamatergic one (Marek et al., 2010, Fig. 17.5). These results identified a molecular cascade by which sustained activity leads to an increase in the number of neurons expressing an inhibitory transmitter and a decrease in the number of neurons expressing an excitatory transmitter.




17.5.2. Physiological regulation of calcium spiking: non–cell-autonomous mechanisms

As described in the previous sections, modifications of the incidence and frequency of calcium spiking are able to induce changes in the expression of neurotransmitter phenotype. However, suppressing calcium spiking in single individual neurons of the developing Xenopus spinal cord did not stimulate the glutamate-to-GABA switch observed when calcium spiking occurred in populations of neurons (Guemez-Gamboa et al., 2014, Fig. 17.6A and B). Instead, the number of GABAergic neurons increased in proportion to the number of silenced neurons in cultures, suggesting a non–cell-autonomous population-dependent effect (Fig. 17.6C and D). Further experiments in the Xenopus spinal network showed that calcium spiking induces the release of BDNF that in turn activates trkB receptors and a MAPK signaling pathway that initiates the switch in neurotransmitter phenotype. Further experiments are required to identify the molecular trigger of NPP in mature networks.




17.5.3. Regulation of neurotransmitter phenotype plasticity by microRNAs

MicroRNAs (miRNAs) are the focus of a growing interest since they have been identified as key regulators of many signaling pathways. In search for molecular mechanisms supporting NPP, two miRNAs coordinating neurotransmitter phenotype plasticity have been identified. Dulcis et al. sequenced small RNAs extracted from the accessory olfactory bulb following induction of NPP. They identified two miRNAs differentially expressed in larvae after induction of NPP, mir-375 and mir-200b that regulate the expression of pax6 and bcl11b, genes involved in DA and GABA phenotype specification (Dulcis et al., 2017). Inhibiting the activity of these miRNAs induced changes in the expression of the GABAergic and the dopaminergic phenotype demonstrating their direct implication in neurotransmitter switching.




17.5.4. The reserve pool hypothesis

The newly respecified neurons of a given transmitter phenotype are observed in the vicinity of those originally present, although sometimes in a different nucleus or structure. These observations suggest that plasticity of a given neurotransmitter involves molecular prerequisites that are not expressed in all neurons. These neurons potentially have a small repertoire of neurotransmitter phenotypes they can express based on their activity. Consistent with this hypothesis, not all the neuronal populations tested change their transmitter in response to changes in activity. For instance, not all neurons in 
the Xenopus spinal cord (Borodinsky et al., 2004), in the ventral suprachiasmatic nucleus (Dulcis and Spitzer, 2008), or in the rhombencephalon (Demarque and Spitzer, 2010) change their transmitter in response to changes in activity, and the population of dopaminergic neurons in the posterior tuberculum of Xenopus larvae remains stable despite alterations of calcium spiking (Velázquez-Ulloa et al., 2011). These observations suggest that activity interacts with intrinsic factors to delimit the domain of potential expression of each transmitter. Subsets of neurons innervating the same targets appear to have the potential to express different neurotransmitters in an activity-dependent manner, a concept coined as “the reserve pool hypothesis” (Dulcis and Spitzer, 2012). A better characterization of the molecular regulation of each transmitter system will help to better understand the rules defining the transmitter phenotype a given neuron can express.
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Figure 17.5 Calcium spikes modulate the interactions between cJun and tlx3 that influence the incidence of the GABAergic and glutamatergic phenotypes in the embryonic Xenopus spinal cord. (A) Luciferase assay quantifying the relative luminescence of different reporters in different conditions. Constitutively active cJun induces an increase in the wild-type reporter through phosphorylation of the CRE site. (B) Transverse sections of stage 41 control larvae and larvae misexpressing a constitutively active form of cJun. Scale bar, 100
 
μm for insets, 25
 
μm for magnified panels. (C) Quantification of the numbers of GABA (top panel) and VGluT1 (bottom panel) immunoreactive neurons. The number of GABAergic neurons is decreased, whereas the number of glutamatergic neurons is increased. 

Reproduced from Marek, K.W., Kurtz, L.M., Spitzer, N.C., 2010 cJun integrates calcium activity and tlx3 expression to regulate neurotransmitter specification. Nat. Neurosci. 13, 944–950.







17.5.5. Neurotransmitter receptor expression plasticity

To efficiently communicate information to a fellow human being, we need to use language appropriately, and our interlocutor has to be able to understand it. This requires that someone has to know a language and its specific rules and be able to speak it out loud. In return, the interlocutor has to know the language as well and needs to hear it properly. In efficiently exchanging information, neurons face a similar challenge: they need to release a given neurotransmitter, and postsynaptic neurons have to express the appropriate transmitter receptors. The evidence reviewed so far demonstrates the ability of NPP to induce the appearance of a new neurotransmitter phenotype, similar to a new language. To be functionally relevant, a change of neurotransmitter expression in a presynaptic terminal should be coupled to the ability to release the 
newly specified transmitter, the expression of appropriate receptors postsynaptically, and the functional activation of the receptor by the neurotransmitter. The integrity of electrochemical communication relies on the correct establishment of this important receptor matching; without it, communication would be impaired, and signals would be lost.
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Figure 17.6 Calcium-induced respecification of transmitter phenotype occurs by a non–cell-autonomous mechanism. (A) and (B) Manipulations of calcium spiking in single cells by misexpression of hKir2.1 do not induce respecification of transmitter expression. Scale bar, 25
 
μm. (C) and (D) The number of GABA-immunoreactive cells decreases proportionally to the number of silenced neurons in vitro. Scale bars, 20
 
μm for the three left panels, 50
 
μm for the right panel. 

Reproduced from Guemez-Gamboa, A., Xu, L., Meng, D., Spitzer, N.C., 2014. Non-cell-autonomous mechanism of activity-dependent neurotransmitter switching. Neuron 82 (5), 1004–1016.




To assess whether newly specified transmitters could be released from neurons, myoballs expressing either acetylcholine or glutamate receptors were brought into contact with neuronal growth cones in culture known to release transmitter (Hume et al., 1983; Young and Poo, 1983). Growing the neurons in medium containing either 2 or 0
 
mM calcium affected the percentages of glutamatergic versus cholinergic spontaneous synaptic currents recorded. These changes were in agreement with the concomitant changes in the incidence of cholinergic and glutamatergic neurons (Borodinsky et al., 2004).

To determine whether the expression of receptors in the postsynaptic membrane is affected by NPP, immunohistochemical staining and ligand binding were used to examine the Xenopus neuromuscular junction (see Rubenstein and Rakic, 2013). Early in development, muscle cells express both cholinergic receptors and several subtypes of 
noncholinergic receptors. Later on, innervation of muscle cells by axons of motor neurons leads to the disappearance of noncholinergic receptors. However, after an increase in calcium spike activity, when motor neurons express GABA and glycine, the expression of GABA and glycine receptors is preserved in these muscle cells. Conversely, when activity is decreased and motor neurons express glutamate, the expression of glutamate receptors is stabilized (Borodinsky and Spitzer, 2007).

Whole cell recordings from muscle cells of the axial musculature demonstrated that the matching receptors expressed following NPP are endogenously activated by the presynaptic transmitter. In control conditions, cholinergic miniature postsynaptic events can be recorded from the muscles. They are suppressed by bath application of the nicotinic cholinergic receptor antagonist pancuronium. When sodium channels are misexpressed, some motor neurons become glycinergic, and glycinergic miniature postsynaptic currents are recorded from the muscles; events that persist in the presence of pancuronium are blocked by strychnine (Borodinsky and Spitzer, 2007, Fig. 17.7).

These immunocytochemical and electrophysiological studies support the idea that receptors for different neurotransmitters, such as transmitter phenotypes, are initially broadly expressed, and their expression is refined, based on the neurotransmitter expressed presynaptically (Borodinsky and Spitzer, 2007).

In seizure-prone gerbils, 5-HT1A receptor immunoreactivity is decreased in CA1 interneurons compared with the expression in seizure-resistant animals. The changes are not observed early during development and are therefore hypothesized to result from compensatory mechanisms triggered by repeated seizure activity. Because changes in transmitter specification lead to changes in postsynaptic receptor expression (Borodinsky and Spitzer, 2007; Dulcis and Spitzer, 2008), this change in receptor expression raises the possibility of downregulation of the serotonergic phenotype in the innervating neurons (Kim et al., 2007). These changes in receptor specification are consistent with homeostatic logic, with a decrease of excitation occurring to balance the hyperactivity of the system. Further studies are needed to test this hypothesis, examining the effect of graded levels of activity on specification of excitatory and inhibitory transmitters.

Neurotrophin–receptor matching has also been reported in the mammalian brain (Dulcis et al., 2013). The signals triggered by receptor activation that maintain receptor expression are not yet known. There may be a transcription repression signal inhibited by receptor activation. Further studies are required to determine how this matching is regulated at the molecular level.
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Figure 17.7 Manipulations of calcium spiking that respecify transmitter expression lead to changes in receptor expression in Xenopus muscle cells. (A) In situ recordings of miniature postsynaptic currents (mpscs) in control conditions (left panel) and after activity suppression (middle panel) or enhancement (right panel). While a cholinergic receptor blocker suppresses all the spontaneous events in control conditions, addition of a glutamate receptor blocker (activity suppression) or a glycine receptor blocker (activity enhancement) is required to block all mpscs in activity-manipulated conditions. (B) and (C) Quantification of the incidence and frequency of events mediated by different classes of receptors. AMPA and NMDA receptor–mediated mpscs are detected when activity is suppressed, and glycine and GABA receptor–mediated events are detected when activity is enhanced. 

Reproduced from Borodinsky, L.N., Spitzer, N.C., 2007. Activity-dependent neurotransmitter-receptor matching at the neuromuscular junction. Proc. Natl. Acad. Sci. USA 104, 335–340.














17.6. Functional relevance of neurotransmitter phenotype plasticity

17.6.1. Functional relevance of neurotrophic phenotype: serotonin and dopamine in the Xenopus central nervous system




In Xenopus larvae, functional roles of NPP have been demonstrated for DA and 5-HT in the modulation of two survival behaviors, camouflage and swimming, as well as for regulation of social preference.

Swimming is essential for finding food and escaping predators. Mimicking the shadow of a flying predator by dimming the light can trigger a swimming episode even in the 3-day-old larvae that do not yet swim spontaneously. Low-intensity electrical stimulation of the tail triggers swimming episodes in anesthetized 3-day-old larvae. This enabled recordings of the discharge of motor neuron axons with extracellular glass electrodes to monitor the pattern of fictive swimming episodes. These episodes are short and end because of hyperpolarization of neurons by progressive activation of calcium-sensitive potassium channels (KCa) (Dale and Kuenzi, 1997). Serotonergic descending fibers modulate swimming, and bath application of 5-HT increases the swim episode burst duration and intensity (Sillar et al., 1998). This hastens the accumulation of intracellular calcium, stimulating more rapid activation of KCa channels and faster hyperpolarization of interneurons, leading to a quicker arrest of swimming episodes. The expression of Lmx1b is activity dependent, and a decrease in calcium spike activity induces an increase in the incidence of Lmx1b expression, the generation of more 5-HT-immunoreactive neurons, and shorter swimming episodes. Local downregulation of Lmx1b expression by electroporation of a specific translation-blocking morpholino decreases the number of 5-HT-immunoreactive neurons, and animals swim for longer periods (Demarque and Spitzer, 2010; Fig. 17.8A and C).

Camouflage adaptation to background is the ability of some fishes and amphibians to expand or retract the presentation of melanin pigment granules in melanocyte cells located in their skin based on the ambient light or the color of the surrounding background. Dopaminergic neurons in the ventral suprachiasmatic nucleus strongly inhibit the activity of melanocyte-stimulating hormone (MSH)–producing neurons in response to visual inputs. The subsequent decrease in MSH production induces retraction of melanocyte pigment. As a consequence, the skin becomes lighter in response to light and darker in the absence of light. The chemical elimination of these dopaminergic neurons with the dopaminergic neurotoxin, 1-methyl-4-phenyl-1,2,3,6-tetrahydropyridine (MPTP), abolishes background adaptation ability. Inducing the specification of newly dopaminergic neurons by 2
 
h of light stimulation restores the behavior (Dulcis and Spitzer, 2008; Fig. 17.8D and F). This result indicates that newly specified dopaminergic neurons are functionally integrated into existing neural circuitry. The neurons newly acquiring the dopaminergic phenotype were shown to be neuropeptide Y-expressing neurons that share the same target as the endogenous dopaminergic population prior to transmitter respecification, constituting an example of reserve pool neurons (Dulcis and Spitzer, 2008; Velázquez-Ulloa et al., 2011).

DA also regulates social preference in Xenopus larvae (Dulcis et al., 2017). As in many other species, Xenopus are able to discriminate between siblings and nonsiblings based on olfactory cues. This mechanism relies on imprinting during a critical period of development. Exposure to odorants from nonsibling larvae during this period can induce a change in social preference. This plasticity triggers changes in the number of neurons expressing GABA and DA, and conversely, the change in the relative number of GABA and DA neurons changes the social behavior (Fig. 17.8G and H).




17.6.2. Functional relevance of neurotrophic phenotype: dopamine in the rat central nervous system

In the adult rat brain, the plasticity of the phenotype of hypothalamic DA and SST neurons is triggered as a response to light-induced stress (see section 4.5 and Dulcis et al., 2013). Increasing exposure to light for nocturnal animals such as rats is stressful and leads to a decrease in the number of dopaminergic neurons in the hypothalamus (Fig. 17.9A). These changes have consequences for the expression of anxiety- and depression-related behaviors. While locomotor and swimming abilities were comparable between rats exposed to different light conditions, increased exposure to light reduced the time spent exploring the open arm in the elevated plus maze and the time spent swimming in the forced swim test. The opposite effects were obtained following exposure to shorter light periods (Dulcis et al., 2013). This plasticity relies on the synaptic activity in dopaminergic neurons of the paraventricular nucleus (Meng et al., 2018; Fig. 17.9B).

Investigation of postmortem human brains found that the number of tyrosine hydroxylase and DA transporter immunoreactive cells is higher in the brains of people who died in summer compared with people who died in winter (Aumann et al., 2016; Fig. 17.9C). This correlation, for diurnal human subjects that may be stressed by long winter nights, provides evidence for an evolutionarily conserved link between ambient light and the number dopaminergic neurons in the hypothalamus and midbrain and suggests the existence of neurotransmitter switching in the human brain.
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Figure 17.8 Neurotransmitter phenotype plasticity influences camouflage, social preference, and swimming in Xenopus larvae. (A) Whole-mount images of TPH immunostaining and a lissamine-tagged morpholino to the Lmx1b transcription factor. Local electroporation of the MO decreases the number of TPH–IR neurons (right panel). Scale bar, 80
 
μm. (B) Schematic of the experimental setup for fictive swimming recording. Scale bar, 60
 
s. (C) Two consecutive swimming episodes are longer in the Lmx1b-MO larvae but still sensitive to bath application of serotonin. Scale bars, 60
 
s. (D) The dopaminergic neuron-specific neurotoxin MPTP eliminates tyrosine hydroxylase-immunostained neurons in the core of the ventral suprachiasmatic nucleus (VSC). Scale bar, 50
 
μm. (E) Exposure to light partially rescues the phenotype by inducing TH immunostaining in the NPY-positive neurons of the annulus of the VSC. Scale bar, 50
 
μm. (F) Quantification of skin pigmentation in the conditions described above demonstrates the functional recovery achieved by expression of the dopaminergic phenotype in NPY-positive neurons. (G) GABAergic Pax6+ reserve pool neurons (arrows) shown in an accessory olfactory bulb section triple labeled with antibodies for TH, GABA, and PAX6 (stage 44). Scale bar, 50
 
μm. (H) Quantification of the number of neurons expressing different color-coded combinations of immunoreactivity. 

(A)–(C) Reproduced from Demarque, M., Spitzer, N.C., 2010. Activity-dependent expression of Lmx1b regulates specification of serotonergic neurons modulating swimming behavior. Neuron 67, 321–334. (D)–(F) Reproduced from Dulcis, D., Spitzer, N.C., 2008. Illumination controls differentiation of dopamine neurons regulating behavior. Nature 456, 195–201. (G) and (H) Reproduced from Dulcis, D., Lippi, G., Starck, C.J., Do, L.H., Berg, D.K., Spitzer, N.C., 2017. Neurotransmitter switching regulated by miRNAs controls changes in social preference. Neuron 95, 1319–1333.










17.7. Perspectives

NPP is now an important paradigm in modern neuroscience. Many questions remain to be addressed, but recent technological and methodological improvements are making it possible to test them experimentally. Since NPP has been found in different species, the experiments can be performed in the most appropriate animal model based on the questions to be addressed. This opens interesting perspectives in the field, both regarding the developing brain and the adult brain.



17.7.1. Optogenetic dissection of neurotransmitter phenotype plasticity and in vivo imaging

Experimental studies of NPP have relied on global increases or decreases of activity and calcium spiking to demonstrate the ability of neurons to acquire or lose a transmitter. One of the drawbacks of these approaches is that they do not allow precise spatial and temporal analysis of the contribution of calcium signals. Optogenetic tools are now available to selectively monitor and control neuronal firing in specific populations of neurons. Channelrhodopsin proteins enable increases or decreases of neuronal activity in vivo over long periods of time (Li et al., 2005; Mancuso et al., 2011), and there are many ongoing efforts to increase the reliability and efficacy of these proteins (Berndt et al., 2011). Probes based on bacterial glutamate receptors are also available. LiGluR is a cation-selective channel that reversibly excites, whereas HyLighter is a potassium ion–selective version of the receptor that reversibly inhibits neuronal activity in response to light (Janovjak et al., 2010).

Focal electroporation provides a useful method for the introduction of molecules in localized regions (LoTurco et al., 2009; Demarque and Spitzer, 2010), and these technological advances are fueled by better descriptions of the genetic mechanisms responsible for the restriction of expression of proteins to specific regions or subpopulations of neurons. Minimal promoter sequences enabling expression in subpopulations of neurons in spinal networks and in serotonergic neurons have been tested (Scott and Deneris, 2005; Goulding, 2009). Enhancer trap lines generated in zebrafish (see Rubenstein and Rakic, 2013) provide a databank of fish lines with specific expression in different subpopulations of neurons (Asakawa and Kawakami, 2009; Kawakami et al., 2010; discussed extensively in Rubenstein and Rakic, 2013). Screening of these banks should allow identification of lines with interesting profiles of expression. The zebrafish is amenable to whole brain calcium imaging methods that allow assessment of changes in calcium concentration with cellular precision in the whole brain of the zebrafish larvae up to 10 dpf. This provides a way to study the dynamics of developmental calcium signals at an unprecedented scale.

Progress has also been made in the use of optogenetic tools and in vivo imaging in the mammalian brain making it possible to study neuronal network activities and their consequences in regions located deep in the brain (for review, see Kim et al., 2017; Yang and Yuste, 2017).




17.7.2. Implications of neurotransmitter phenotype plasticity in the developing brain

Coupling whole brain imaging to the use of genetically targeted optogenetic tools is creating many opportunities for the investigation of activity-dependent transmitter specification. Questions about the sensitive period and the reversibility of transmitter phenotype plasticity can be addressed, as well as questions about the information content of calcium signaling such as the number of spikes required to drive transcription and the importance of interspike intervals. For instance, some events have been shown to be successfully triggered by bursting activity when equivalent activation by single stimuli is not effective (McLaughlin et al., 2003; Nicol et al., 2007; Grubb and Burrone, 2010). Channelrhodopsins have so far been used to dissect the behavior of neuronal networks on the scale of milliseconds. We predict that future optogenetic experiments will be useful in determining the effects of sustained patterns of activity on developmental processes.
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Figure 17.9 Light-induced neurotransmitter switching is triggered by neuronal activity and is evolutionarily conserved. (A) Light-induced neurotransmitter switching is present in rat brain (as in the Xenopus brain—Fig. 17.8A and B) and is triggered after few weeks of change in the daily light exposure. Scale bar, 50
 
μm. (B) In the paraventricular nucleus of the hypothalamus (PaVN), light-induced transmitter switching depends on the neuronal activity of the local dopaminergic neurons. Suppression of activity in the dopaminergic neurons of the PaVN prevents the switching of neurotransmitter phenotype following the increase of light exposure. Scale bar, 100
 
μm. (C) The number of midbrain TH-immunoreactive and DA-immunoreactive neurons is higher in the brain of human subjects who died in summer compared with winter. This correlation suggests the evolutionary conservation of the ability of light exposure to induce plasticity of the dopaminergic phenotype. Scale bar, 2
 
mm for first and third row, 0.5
 
mm for second and forth row. 

(A) Reproduced from Dulcis, D., Jamshidi, P., Leutgeb, S., Spitzer, N.C., 2013. Neurotransmitter switching in the adult brain regulates behavior. Science 340 (6131), 449–453. (B) Reproduced from Meng, D., Li, H.Q., Deisseroth, K., Leutgeb, S., Spitzer, N.C., 2018. Neuronal activity regulates neurotransmitter switching in the adult brain following light-induced stress. Proc. Natl. Acad. Sci. USA 115, 5064–5071. (C) Reproduced from Aumann, T.D., Raabus, M., Tomas D., Prijanto, A., Churilov, L., Spitzer, N.C., Horne, M.K., 2016. Differences in number of midbrain dopamine neurons associated with summer and winter photoperiods in humans. PloS one 11, e0158847.






Recent work on the regulatory mechanisms controlling maturation of serotonergic neurons indicate that Pet-1 is not only involved in the synthesis, reuptake, and vesicular transport of 5-HT but also important for the correct expression of key contributors to neuronal functions such as ion channels and GPCRs (Spencer and Deneris, 2017). This raises the possibility that plasticity mechanisms able to influence the expression of such transcription factors would have consequences beyond neurotransmitter phenotype. We may expect that parameters such as intrinsic excitability will be tested in future experiments involving perturbations of calcium activity.

NPP should be viewed as a part of a broader biological mechanism of plasticity by which organisms, in response to cues such as nutrition or hormones, adapt their phenotype to environment. This is the concept of developmental origins of health and disease (DOHaD) (Suzuki, 2018). In the CNS, the adaptative responses lead to long-term changes in the network properties, which may in turn contribute to the emergence of neurological diseases such as schizophrenia or autism spectrum disorders. For instance, abnormal development of monoaminergic neurons is linked to bipolar disorders (Jukic et al., 2015).




17.7.3. Applications of neurotransmitter phenotype plasticity in the mature brain

The rapid technological progress in neuroscience and neurology may soon allow the selective activation of afferents using transcranial magnetic stimulation (TMS) or optogenetic actuators. The ability to induce changes in the neurotransmitters expressed by a given subpopulation of neurons may be therapeutically beneficial. The phenotype of surviving neurons could be changed to compensate for the disappearance of a population of neurons during stroke, trauma, or degenerative disease. Being able to recruit new dopaminergic neurons from a reserve pool following the loss of activity in the dopaminergic system might help improve the deleterious symptoms of the disease. In Parkinson disease, being able to induce NPP in a reserve pool to induce the specification of new midbrain dopaminergic neurons, may help the motor symptoms associated with the disease. Similarly, transmitter switching in NPP could potentially compensate for the hyperserotonergic phenotype observed in some patients with autism spectrum disorders. Applications to alleviate symptoms of the aging brain are also expected.

Seasonal depression affects patients living at high latitudes of the globe where day lengths are short during the winter months. Prolonged periods of darkness induce depression in a significant proportion of individuals. Exposure to light significantly reduces the symptoms. Given our understanding of NPP, it seems reasonable to hypothesize that light exposure induces the specification of more tyrosine hydroxylase-immunoreactive, dopaminergic neurons and hence alleviates depressed behavior.

In other diseases, NPP for several transmitters may be required and more difficult to achieve. Schizophrenia is now hypothesized to involve a combination of dopaminergic, serotonergic, and glutamatergic dysfunctions; decreasing the number of dopaminergic neurons may be helpful in that case (Stahl, 2018). In the restless legs syndrome, brain iron deficiency is hypothesized to be the key initial factor leading to a hyperdopaminergic as well as a hyperglutamatergic and a hypoadenosinergic states that each could potentially benefit from adapted NPP (Ferré et al., 2018). A brief review of clinical implications is available (Dulcis, 2016).

Neurotransmitter switching is highly conserved despite the differences in transmitters, specification mechanisms, receptors, and functions in different brain regions and in different species. This suggests the great utility of this process, and there is little doubt that upcoming results will rapidly increase the list of regions and neurotransmitters subjected to NPP and neurotransmitter switching, with increases in the number of CNS functions subject to this form of plasticity.





17.8. Summary

The neurotransmitter phenotype a given neuron is expressing is set by complex transcriptional networks. The interactions between these intrinsic components and extrinsic components such as those that regulate electrical activity and calcium signaling leads to plasticity in the profile of neurotransmitter expression, the neurpotransmitter phenotype plasticity (NPP). A frequent form of this plasticity involves the switch from one neurotransmitter to another in the same individual neuron, leading to a change in the sign of the synapse, from inhibitory to excitatory or from excitatory to inhibitory, a concept called “neurotransmitter switching”. The switch in neurotransmitter expression relies on change in expression of transcription factors that can be triggered by the change in calcium levels or through changes in expression levels of miRNAs. Interestingly, this plasticity exists during the differentiation phase of development but can also be triggered in the adult brain. NPP has been shown to have an effect on various behaviors, in various species, including locomotion camouflage, and olfaction in Xenopus, and the modulation of light-induced stress in rats. Further technological improvements are expected to provide new therapeutic approaches targeting NPP to address activityrelated neurodevelopmental pathologies.
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Abstract


Postnatal maturation of cortical circuits is marked by changes in connectivity, subunit composition of synaptic receptors, strength, as well as capacity for plasticity of excitatory and inhibitory synapses. Together, these factors shape the responsiveness of cortical neurons to sensory stimuli and contribute to establishing functional circuits. Experience plays a crucial role in the postnatal process of maturation, especially during windows of heightened plasticity known as sensitive periods. In this chapter, we bring together results from studies that examined the mechanisms underlying postnatal development of excitatory and inhibitory synapses and review them in context of studies investigating sensory circuit function. We report extant literature highlighting common mechanisms of maturation across visual, somatosensory, and auditory cortex, discuss similarities and differences in the time course of maturation and experience-dependent plasticity for all three cortices, and highlight emerging ideas about the contribution of excitation and inhibition in developing cortical circuits.
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18.1. Postnatal and experience-dependent maturation of sensory cortex

Primary sensory systems, including vision, audition, and somatosensation, exhibit developmental time windows of heightened plasticity during which changes in sensory stimulation induce substantial reorganization. During these so-called sensitive periods, lack of sensory experience, either by neural damage or environmental sensory deprivation, prevents the full maturation of neural circuits, resulting in permanent functional impairments (Hensch, 2004; Hensch and Quinlan, 2018; Erzurumlu and Gaspar, 2012; Takesian et al., 2018; Barkat et al., 2011; Hubel and Wiesel, 1970; Levelt and Hubener, 2012). Conversely, enriching the sensory environment results in a fully mature system in a shorter time window, leading to precocious closure of sensitive periods (Wang et al., 2013). A form of visual deprivation in humans, strabismus, a condition arising from the misalignment of the eyes, results in permanent vision impairment if left uncorrected within a specific postnatal window (Hensch and Quinlan, 2018; Hensch, 2005). In rodents, a similar pathological state can be modeled by suturing one eye closed, a manipulation known as monocular deprivation (MD), early in life (Hubel and Wiesel, 1970). MD results in improper development of the primary visual cortex (V1) and a reduction in visual acuity (Prusky et al., 2000). MD prevents the establishment of proper responsiveness of cortical neurons to the contralateral and ipsilateral eyes, inducing ocular dominance plasticity—the process by which V1 neurons that would normally be driven by the closed eye become responsive to the one that remained open (Hubel and Wiesel, 1970; Frenkel and Bear, 2004). This shift in responsiveness is accompanied by reduction of the portion of cortex activated by the closed eye and by the expansion of the circuit driven by the open eye (Hubel et al., 1977). In rodents, ocular dominance plasticity can be induced only during a specific developmental time window, known as a critical period, extending from postnatal day 21 (P21) to around P35–40 (Levelt and Hubener, 2012; Fagiolini et al., 1994). Restoration of visual experience by reopening the closed eye within the critical period recovers binocular vision, as well as the organization of visual cortical circuits; however, if MD is maintained into adulthood, visual function remains impaired (Levelt and Hubener, 2012).

Sensitive periods for circuit development were initially identified in studies in V1 of cats and monkeys but are not unique to this brain region. Studies of the rodent primary auditory cortex (A1) demonstrated that frequency tuning maps 
develop during a specific period of heightened plasticity that spans the first postnatal month (Barkat et al., 2011). Manipulation of hearing alters the representation of auditory frequencies in A1, the tonotopic map (Pienkowski and Eggermont, 2011). In addition, in young animals, persistent passive exposure to sounds that are not sufficiently powerful to cause trauma can still lead to reorganization of the tonotopic map (Harrison et al., 1991, 1995). Juvenile animals are more susceptible than adults to tonotopic map reorganization by auditory experience; however, there is evidence that reorganization of the tonotopic map occurs in adult subjects too, suggesting that auditory map plasticity persists throughout life (Pienkowski and Eggermont, 2011).

Experience-dependent reorganization of cortical circuits has also been well documented in rodent somatosensory cortex (S1), especially in the barrel cortex, the whisker representation of S1. In this region, anatomical fields corresponding to the whiskers on the rodent snout have a barrel-like morphology in cortical layer 4 (L4). This anatomical organization becomes apparent during an early critical period (P0–5) (Woolsey and Wann, 1976; Schlaggar and O'Leary, 1994; Fox, 1992) and is followed by intracortical reorganization and synaptogenesis events that coincide with the time at which rodents begin to use their whiskers actively (approximately P12), indicating that sensory experience shapes connectivity and function in S1 superficial layers (Stern et al., 2001). In addition, modification of whisker activity by either plucking or trimming induces changes in the anatomical organization of the circuit similar to those reported for MD, with shrinkage of the barrel fields representing manipulated whiskers and expansion of those representing spared ones (Fox, 1992; Micheva and Beaulieu, 1995a). This reorganization can occur throughout life; however, the sensitivity to experience and the mechanisms involved in this process change with age (Wallace and Fox, 1999).

Overall, sensory experience plays a fundamental role in regulating the synaptic organization of sensory cortical circuits. While studies of the effects of sensory manipulations are performed mainly within sensory modality, cortical circuits should not be viewed as independent compartments. Indeed, there is extensive evidence for cross-modal plasticity, the reorganization of cortical representation of sensory maps across modalities, especially in early postnatal development. For example, congenital early blindness is associated with the occurrence of auditory responses in the occipital cortex, the area of sensory neocortex typically responding to visual stimuli (Collignon et al., 2013), suggesting that A1 may expand to occupy territories that would normally become V1 if visual function is absent early in life. In addition, compensatory effects due to changes in S1 have been reported in early blind subjects (Ramamurthy and Krubitzer, 2018). Cross-modal plasticity can be observed in adult subjects too (Petrus et al., 2015; Schormans et al., 2019); however, the developing brain shows a higher capacity for cross-modal reorganization (Henschke et al., 2018). These results demonstrate the substantial capacity for plasticity of the juvenile brain and highlight the possibility of harnessing this plasticity for therapeutic purposes.

Natural sensorimotor experience can also have an effect on the development of sensory systems, especially vision. For example, V1 neuron responses to visual stimuli were greater when the animal transitioned from being still to running, compared with when the animal was not moving or restrained. As the changes are not observed in the lateral geniculate nucleus, the main input to V1, this study supports the interpretation that modulation within the cortex, likely through integration of motor signals, underlies the increase in visual responsiveness (Niell and Stryker, 2010; Fu et al., 2014). In normal development, sensory experience is coupled with the animal's motor output, allowing V1 neurons to learn visuomotor coupling, and thus predict how their movements affect their perception of the external environment (Keller et al., 2012; Vinck et al., 2015; Bennett et al., 2013). It was recently shown that visuomotor coupling develops postnatally. In those experiments, mice were dark-reared from birth and were exposed to visual stimuli only in a controlled virtual reality environment in which visual and motor information were coupled or uncoupled from one another beginning at P32. Excitatory L2/3 neurons from mice raised in visuomotor-coupled conditions could detect a mismatch in the environment, similar to naïve mice. However, fewer neurons from naïve mice responded to the same mismatch. Detection of a mismatch depended on modulation of the balance between excitation and inhibition in V1, which, in turn, was established through visuomotor coupling. Thus, motor experience provides the necessary feedback for normal development of the visual system (Attinger et al., 2017).

What are the circuit underpinnings for the organization and maintenance of cortical connectivity during postnatal development? In the following sections, we will discuss currently available experimental evidence for different circuit components involved in the experience-dependent refinement of postnatal cortical circuits. We will focus on excitatory and GABAergic inhibitory synaptic transmission and highlight the sensitivity of these processes to changes in sensory experience early in life.




18.2. Postnatal maturation of inhibitory synaptic transmission

The mechanisms underlying experience-dependent circuit refinement have been especially well studied in primary sensory cortices from several species. There is general agreement from work by different groups that local GABAergic inhibition is 
a key contributor to experience-dependent regulation of sensory cortical circuit. Our current understanding about the role of cortical GABAergic inhibition relies mostly on work in V1. However, recent studies from other sensory areas highlighted inhibitory circuits as fundamental player in postnatal circuit refinement. In this section, we will report results regarding the role of inhibitory circuits in the V1 and discuss common mechanisms across sensory cortices.

Inhibitory neurons in cortical circuits innervate local pyramidal (Kubota, 2014; Kubota et al., 2016) as well as other inhibitory (Pfeffer et al., 2013) neurons, decreasing the activity of their postsynaptic target. These neurons make and release gamma-aminobutyric acid (GABA), which binds to two groups of receptors (Farrant and Nusser, 2005). Ionotropic chloride-permeable GABAA receptors (GABAARs) (Kaila, 1994), once activated by GABA lead to the hyperpolarization of the postsynaptic neurons due to the influx of chloride anions (Marciani et al., 1980). Metabotropic GABABRs also result in inhibition of the activity of postsynaptic neurons (Connors et al., 1988). However, in this case, the effect depends on the signaling cascade activated by inhibitory G proteins (Innis et al., 1988). GABAA and GABAB receptors can be located on presynaptic terminals as well (Gonchar et al., 2001; Wang et al., 2019) and modulate neurotransmitter release when activated by extrasynaptic GABA (Wang et al., 2019; Soltesz and Crunelli, 1992). Inhibitory neurons innervate their postsynaptic partners on multiple cellular compartments including cell body, distal/proximal dendrites, or axon initial segment and can innervate distinct cell types (Kubota et al., 2016; Tremblay et al., 2016). By providing tonic (Olah et al., 2009), feedforward (Kloc and Maffei, 2014; Cruikshank et al., 2007; Audette et al., 2018; Porter et al., 2001), or feedback (Pfeffer et al., 2013; Tremblay et al., 2016) inhibition, GABAergic neurons regulate multiple aspects of neuronal function, including pyramidal neurons excitability (Jiang et al., 2018; Chiu et al., 2013), sharpening of tuning curves (Li et al., 2012a, 2012b; Van Hooser et al., 2014; Sun et al., 2010), and gain of cortical responses (Fu et al., 2014; Cardin et al., 2008). In addition, inhibitory circuits can act as modulators of the capacity for plasticity of glutamatergic synapses (Wang and Maffei, 2014). Thus, inhibitory neurons play a fundamental role in a variety of computations that are crucial for the development and maintenance of neural circuit function.

Because our understanding of the process of maturation of cortical inhibition comes primarily from studies in rodents, the developmental changes we report here will be based on rodents' life span. The maturation of GABAergic circuits occurs in the first 5 postnatal weeks of rodents' life. Within the first 2 postnatal weeks, GABAergic neurons are integrated within the circuit, and the maturation of the chloride gradients is completed, with inhibitory currents transitioning from being depolarizing to hyperpolarizing (Cherubini et al., 1991). In rodents, this precedes the onset of active sensing (the onset of hearing is around P11 (Dorrn et al., 2010); the onset of active whisking is around P12 (Micheva and Beaulieu, 1995b; Landers et al., 2006; Landers and Philip Zeigler, 2006; Gainey et al., 2016), and the time of eye opening is around P14 (Tatti et al., 2017; Morales et al., 2002). This active sensing triggers the maturation of inhibitory circuits (Tatti et al., 2017; Garkun and Maffei, 2014; Hackett et al., 2016; Heinen et al., 2004), a process that continues until the end of the fifth postnatal week (Heinen et al., 2004), at which point windows for heightened experience-dependent plasticity, or critical periods, taper out (Fagiolini et al., 1994) (Fig. 18.1).
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Figure 18.1 Summary diagram of postnatal changes in excitatory and inhibitory synaptic transmission.The diagram is based on the time course of maturation for visual cortical synapses. Similar patterns, albeit shifted about 1
 
week earlier, have been reported for auditory and somatosensory cortices. Light gray shaded area: precritical period; dark gray shaded area: critical period. E/I ratio, ratio of excitatory and inhibitory charge; GABA, GABAergic transmission; GABA

A
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α1, ratio of GABAAR containing α3 and α1 subunits; Glu, glutamatergic transmission; GluN2B/GluN2A, ratio of NMDAR containing N2B and N2A subunits; VCl, chloride reversal potential.








Cortical inhibitory neurons include several GABAergic neuron types that can be identified by the expression of specific proteins (Taniguchi, 2014). The neuron's identity depends in large part on their birth date and site of origin in the subpallium (Gelman et al., 2012). Once they reach cortex, the expression of inhibitory neuron-specific markers is developmentally regulated in the postnatal period. The time course of expression for the distinct markers may vary across GABAergic neurons subtypes (Tatti et al., 2017; Gonchar et al., 2007). In addition to gene expression, the firing properties of inhibitory neurons mature postnatally, and their characteristic firing pattern becomes identifiable over the course of the third postnatal week (Okaty et al., 2009). Two well-studied neuron types include fast-spiking inhibitory neurons expressing the calcium-binding protein, parvalbumin (PV+ neurons), and regular spiking inhibitory neurons expressing somatostatin (SST+). During the first 4
 
weeks in postnatal development, PV+ neurons increase their excitability, measured as their ability to fire action potentials in response to depolarization, whereas SST+ neurons excitability decreases (Lazarus and Huang, 2011). In parallel to these changes, the alpha subunit composition of GABAA receptors (GABAAR) shifts, from a predominance of alpha 3 containing receptors (GABAAα3R) to alpha 1 containing receptors (GABAAα1R), leading to faster kinetics of inhibitory postsynaptic currents (IPSCs) (Heinen et al., 2004; Bosman et al., 2002) (Fig. 18.2). The shift in subunit composition together with changes in presynaptic release properties underlies the progressive increase in inhibitory charge between the third and fifth postnatal weeks (Fig. 18.1). Beyond changes in GABAAR subunit composition and synaptic transmission, the maturation of GABAergic neurons is marked by increased complexity of neurites, formation of complex axonal structures, and maturation of perineuronal nets (PNNs), a complex of extracellular matrix components surrounding the perisomatic region of specific groups of GABAergic neurons (Morales et al., 2002; Lander et al., 1997, 1998; Chattopadhyaya et al., 2004, 2007, 2013; Di Cristo et al., 2004, 2007). By the end of the fifth postnatal week, inhibitory circuits appear to have reached a mature configuration in all sensory cortices.

Some aspects of the maturation of GABAergic circuits are highly sensitive to manipulation of sensory inputs. For example, the expression of specific markers used to identify distinct groups of inhibitory neurons are developmentally regulated, with the number of neurons expressing them increasing over the course of the first 5 postnatal weeks (Tatti et al., 2017; Gonchar et al., 2007). Manipulation of the time of eye opening does not affect the developmental time course of expression for these markers (Tatti et al., 2017), suggesting that their expression is independent of the onset of sensory experience. Interestingly, prolonged alterations of visual drive from birth can affect the distribution and number of neurons expressing these markers (Cellerino et al., 1992; Tropea et al., 2006), suggesting that they may be under the control of early postnatal signals that precede the onset of experience.
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Figure 18.2 Shift in expression of receptor subunits during postnatal development.(A) Schematic of shifts in receptor subunits during development. (B) Drawings of AMPAR-evoked currents recorded from L5 pyramidal neurons showing inward rectification at P13, indicative of GluA2 lacking AMPAR. Inward rectification is lost by P18, due to shift from GluA2-lacking to GluA2-containing AMPARs. The drawing of the traces was based on Kumar et al. (2002). (C) Drawings of NMDAR-evoked currents recorded from S1 while holding the cell at −30mV. The developmental shift from GluN2B-containing to GluN2A-containing receptors between P4 and P9 speeds up the decay kinetic of NMDAR-mediated responses. Traces were drawn based on Flint et al. (1997). In the representation, the scale for the P4 trace is 12
 
pA and 250
 
m
 
s, and the scale for the P9 trace is 12
 
pA and 250
 
m
 
s. (D) Drawings of GABAergic currents recorded from pyramidal neurons in superficial layers in V1. The developmental switch GABAAR containing the α3 subunit to GABAAR α1 speeds up the decay kinetic of the inhibitory current. The scale for the P6 trace is 20
 
pA and 20
 
m
 
s, whereas that for the P21 trace is 25.4
 
pA and 20
 
m
 
s. Traces were drawn based on Heinen et al., 2004.











18.3. Opening and closure of critical periods and maturation of GABAergic inhibition

The time course of maturation of inhibitory circuits is thought to regulate the opening and closing of the critical period for ocular dominance plasticity. Interfering with the expression of specific GABAAR subunits or with the level of GABA during postnatal development can shift the onset of this widely studied window of sensitivity to visual drive (Fagiolini et al., 2004). Indeed, enhancing inhibition pharmacologically, with the administration of benzodiazepines directly into V1 of precritical period rodents, results in a precocious opening and closure of the critical period (Fagiolini and Hensch, 2000; Iwai et al., 2003). Conversely, in a transgenic mouse model in which GABA release is severely reduced (the GAD65-KO mouse), the critical period may never open. Yet, critical period plasticity can be restored in GAD65-KO mice by administration of benzodiazepines at any age (Fagiolini and Hensch, 2000). Together, these studies demonstrate the necessity and sufficiency of increasing inhibition in regulating the opening of the critical period for plasticity. Artificially opening critical windows with benzodiazepines also increases the synchronization of binocular neurons activity (Chen et al., 2014). Consistent with the role for GABAergic inhibition in opening critical periods, animals overexpressing brain-derived neurotrophic factor (BDNF) have higher levels of inhibition in sensory cortices at an earlier age than wild type. These mice also show a precocious opening of the critical period (Hanover et al., 1999; Huang et al., 1999), suggesting that developmental expression of BDNF correlates with increases in inhibition and may similarly contribute to the opening of the critical period for plasticity. The delay in inhibitory transmission caused by sensory deprivation corresponds with a reduction in BDNF expression in dark-reared animals (Castren et al., 1992), indicating that both processes depend on sensory experience. Moreover, BDNF overexpression in V1 pyramidal neurons appears to be protective against the effects of dark rearing, as animals raised in complete darkness showed normal onset of critical period plasticity, as well as normal visual acuity in adulthood (Gianfranceschi et al., 2003). Thus, high levels of BDNF may be sufficient to increase inhibitory synaptic transmission, which in turn opens the window for critical period plasticity (Pizzorusso et al., 2000).

Opening the critical period by increasing inhibition depends on ongoing sensory experience. The necessity for experience was demonstrated by results obtained in a study in which dark-reared animals showed a delay in the developmental increase in amplitude of IPSCs in V1 (Morales et al., 2002; Kreczko et al., 2009). Similarly, early hearing loss induced by either sensorineural damage to the cochlea, or by conductive hearing loss, decreased IPSC amplitudes in A1 (Takesian et al., 2009, 2012; Xu et al., 2007, 2010), and whisker plucking or trimming reduced feedforward IPSCs in multiple layers of barrel cortex (Jiao et al., 2011; Zhang et al., 2011; Chittajallu and Isaac, 2010; Lo et al., 2017). In addition, whisker trimming at P7 reduced the expression of PV, the number of presynaptic varicosities of PV+ neurons in L4, and resulted in a reduction of the amplitude of evoked IPSCs when measured at P28 (Jiao et al., 2006). It should be noted, however, that subsequent studies found whisker trimming from P5 to P10 to be ineffective at changing inhibitory synaptic maturation, indicating that experience-dependent synaptic development occurs only after the onset of active whisking at P12 (Chittajallu and Isaac, 2010). After P12, whisker plucking weakened inhibitory synaptic transmission in L4 in the barrel fields of S1, and the reduction persisted at least until P30. This effect is thought to depend on the active induction of plasticity, rather than on a failure to show a developmental increase (Gainey et al., 2016).

Experimental data support the notion that postnatal development of inhibitory circuits is experience dependent also in A1. These studies focused on the analysis of monosynaptic inhibitory responses from L4 to superficial L2/3 pyramidal neurons in P18–21 gerbils. In intact animals, high-frequency stimulation of L4 resulted in potentiation of inhibition at this intracortical synapse. Application of BDNF induced a comparable potentiation, whereas blocking BDNF, or its receptor TrkB, prevented it. Following sensory deprivation, beginning at P10, this increase in inhibition was reduced (Xu et al., 2010). These findings indicate that sensory experience results in a BDNF-dependent enhancement of intracortical inhibition, as reported for V1.

In S1, brief whisker plucking decreases both inhibitory and excitatory synaptic transmission onto L2/3 pyramidal neurons, but the decrease in inhibition far outweighs the decrease in excitation. This disinhibitory mechanism depends on a decrease in L4 excitatory drive onto L2/3 FS cells (House et al., 2011) and allows for increased excitability of L2/3 pyramidal neurons during a brief period following whisker plucking. After this period of increased excitability, L2/3 pyramidal neurons exhibit a long-lasting decrease in whisker-evoked excitation (Li et al., 2014). Although the excitatory drive from L4 onto L2/3 FS cells is depressed, whisker plucking potentiates synapses from FS to pyramidal neurons within L2/3 (House et al., 2011). These studies lend further support to the tight relationship between inhibitory circuits and experience-dependent refinement of sensory cortical circuits.

While restricting sensory experience prevents critical period plasticity and results in permanent impairments in sensory processing, environmental enrichment results in precocious maturation of sensory cortices, rapid increase in inhibitory drive, and enhanced sensory function. Environmental enrichment paradigms typically consist of exposure to a variety of 
stimuli from multiple sensory modalities, including tactile, olfactory, visual, and auditory stimuli, as well as the opportunity for increased mobility due to the availability of a running wheel (Baroncelli et al., 2012) from early ages. This procedure leads to early increase in levels of BDNF and GAD expression (Cancedda et al., 2004). Similar to the results obtained with benzodiazepine treatment or BDNF overexpression, environmental enrichment protects against the long-term effects of dark rearing and may be sufficient to promote recovery from amblyopia through a process that reduces inhibition (Sale et al., 2004).

Some aspects of maturation occur independently of sensory experience, as shown in studies involving the transplantation of embryonic inhibitory neurons into precritical period newborn animals. In one such study, inhibitory neurons were isolated from 12- to 16-day-old embryos and injected into V1 of 1- or 10-day-old mouse pups (Southwell et al., 2010; Tang et al., 2014). When embryonic inhibitory neurons were transplanted into P10 pups, a second critical period for ocular dominance plasticity became detectable at a time point in which the transplanted neurons were 28 days old, the age corresponding to the peak of the critical period in rodent V1. For the P10 pups, the second critical period opened around P34 and peaked around P44 while the normally occurring critical period was not affected, and was detectable at P28 (Southwell et al., 2010). As expected, MD during the first critical period (P21–P35) resulted in a shift in neuronal responses toward the nondeprived eye (Espinosa and Stryker, 2012). In naïve animals, at P44, 2
 
weeks after the closure of the normal critical period, MD resulted in only a weak shift in ocular dominance, consistent with the notion that this form of experience-dependent plasticity declines with age (Espinosa and Stryker, 2012). However, in animals that received transplanted inhibitory neurons at P10, MD started at P44 resulted in a significant shift in ocular dominance toward the nondeprived eye, demonstrating the maturation of inhibitory neurons is critical for the opening of the critical period for ocular dominance plasticity (Southwell et al., 2010; Tang et al., 2014; Davis et al., 2015). While many features of the transplanted neurons mature at a rate consistent with their developmental age, some aspects of maturation, including changes in intrinsic excitability and PNNs, occur faster than in naïve neurons (Lazarus and Huang, 2011; Bradshaw et al., 2018). These results indicate that some aspects of critical period plasticity follow an intrinsic program that is developmentally regulated and dependent on the age of the neurons, while others rely on the state of maturation of the circuit surrounding the transplanted neurons.

Closure of the critical period occurs, under normal conditions, approximately 2
 
weeks after its opening. At this time, manipulations of the sensory environment are less effective at changing cortical function. In addition, the capacity for plasticity of the circuit decreases significantly. The processes underlying critical period closure are not clear yet. One factor that seems to influence the time of closing of the critical period is the accumulation of extracellular matrix proteins including PNNs around inhibitory neurons, especially PV+ neurons. During the critical period, PNNs increase in number and encapsulate neurons, possibly preventing neurites outgrowth and limiting the capacity for plasticity (Luth et al., 1992; Sorg et al., 2016). The current working hypothesis suggests that once PNNs reach a steady level of accumulation, the critical period closes. In support of this idea, experimental work showed that breaking down PNNs in adulthood reactivates critical period plasticity (Pizzorusso et al., 2002). Interestingly, the accumulation of PNNs in adulthood underlies important properties of memory formation in adult animals, including the erasure-resistant extinction of fear memories (Gogolla et al., 2009). Together, the findings discussed here suggest that the closing of the critical period is an active process. In addition, the evidence discussed in this section highlight the intimate relationship between the maturation of inhibitory neurons and circuits with the opening and closing of critical periods.




18.4. Postnatal maturation of cortical excitatory synapses

Studies in human tissue demonstrated protracted maturation in both GABAergic inhibitory circuits and glutamatergic receptors (Pinto et al., 2013; Siu et al., 2017). While research in animal models has unveiled the importance of the maturation of inhibitory neuron and synapses for cortical refinement, complex developmental changes also occur at excitatory synapses. Early in postnatal life, glutamatergic transmission plays fundamental roles in the wiring of cortical circuits. In rodent S1, signaling via group I metabotropic glutamate receptors (mGluR1 and mGluR5) is critical for dendritic outgrowth toward thalamocortical axons. Disruption of this signaling leads to aberrant dendritic morphology and consequent impaired formation of the whisker map in the barrel cortex (Ballester-Rosado et al., 2016; Huang and Lu, 2018). In addition, mGluR5 activation decreases excitatory postsynaptic currents (EPSCs) mediated by AMPA receptors (AMPAR), but not those mediated by NMDA receptors (NMDAR), onto L2/3 pyramidal neurons. This effect is due to decreased local connectivity, not to changes in synaptic strength (Loerwald et al., 2015). Differently, group II mGluR (mGluR2 and mGluR3) modulation of thalamocortical glutamatergic release declines rapidly after the second postnatal week. Modulation of intracortical S1 activity by these receptors persists throughout ife (Mateo and Porter, 2015). During the first 2 postnatal weeks, synapses onto layer 5 neurons show changes in AMPAR subunit expression (Fig. 18.1), going 
from receptors lacking the GluA2 subunit, hence permeable to calcium ions, to GluA2 containing receptors. This transition is marked by the detection of changes in the rectification of AMPAR-mediated currents at positive potentials (Kumar et al., 2002) (Fig. 18.2). The subunit switch occurs also in L2/3 pyramidal neurons and L4 spiny stellate neurons. However, the timing of the switch shows layer specificity, with L4 neurons undergoing this process at postnatal day 7 and 8 (P7–P8) and L2/3 neurons at P12–P14 (Brill and Huguenard, 2008). Another group of glutamate receptors, NMDA receptors (NMDARs), is undergoing a subunit switch during postnatal development (Fig. 18.1). Specifically, NMDARs containing the GluN2B subunit, characterized by slow decay kinetics, are present during the critical period, and their levels of expression decrease toward the end of this plasticity window (Wang et al., 2011; Nase et al., 1999; Monyer et al., 1994; Flint et al., 1997) (Fig. 18.2). The level of expression of NMDARs containing the GluN2A subunit increases toward the end of the critical period. However, GluN2A knockout mice do not show extended critical period duration (Lu et al., 2001). The switch from the slow-decaying GluN2B subunit to the fast-decaying GluN2A is part of the maturation process (Flint et al., 1997; Barth and Malenka, 2001; Matta et al., 2011), but it does not affect critical period duration (Fagiolini et al., 2003), neither the induction of a well-known form of long-term synaptic plasticity, long-term potentiation (LTP), at thalamocortical synapses (Barth and Malenka, 2001; Yashiro and Philpot, 2008).

GluN2B and GluN2A containing NMDARs have different effects on the trafficking of glutamate receptors at synapses. Both GluN2B and GluN2A NMDARs have a suppressive effect on the expression of AMPAR at synapses, though they act through distinct mechanisms (Gray et al., 2011). In addition, GluN2B NMDARs suppress NMDAR and AMPAR transport at synapses (Ferreira et al., 2015). Because of the effects on NMDAR and AMPAR transport, GluN2B expression is thought to prevent the activation of premature synapses until activity triggers the switch from GluN2B to GluN2A. Before the switch, GluN2B NMDAR would regulate the number of synapses, whereas afterward GluN2A NMDAR would contribute to fine scale refinement of synaptic strength (Gray et al., 2011). These findings indicate a fine-tuned developmental coordination of changes in excitatory synaptic receptors that is crucial for the establishment of healthy circuits. In fact, lack of glutamate receptor subunits or impairment of developmental switch in subunit composition has been associated with a variety of neurodevelopmental disorders.

Signaling by mGluR, as well as the switch in subunit composition of NMDAR, is a common mechanism of maturation for glutamatergic synapses in sensory cortical circuits. These processes have been associated with developmental changes in synaptic transmission (Ferrer et al., 2018), short-term plasticity (Ferrer et al., 2018; Wang et al., 2012), capacity for plasticity (Yashiro and Philpot, 2008; Wang et al., 2012), and experience-dependent circuit refinement (Yashiro and Philpot, 2008; de Marchena et al., 2008; Quinlan et al., 1999; Yashiro et al., 2005, 2009). Studies aimed at linking mGluR signaling with experience-dependent plasticity in V1 produced contrasting results (Hensch and Stryker, 1996; Sidorov et al., 2015). Therefore, the contribution of mGluR signaling to the regulation of the critical period for visual cortical plasticity remains unclear.

Similar to the barrel cortex, NMDAR-mediated synaptic currents become faster in V1 during the course of postnatal development. The expression of the GluN1 subunit increases to reach stable expression over the course of the first 3 postnatal weeks, but the kinetics of NMDAR-evoked responses is influenced by the GluN2 subunit associated with GluN1 during development. A switch in NMDAR subunits from GluN2B to GluN2A occurs in V1 around the time of opening of the critical period (Fig. 18.1), around P21 in rodents, and confers faster kinetics to NMDAR-mediated responses (Yashiro and Philpot, 2008; Yashiro et al., 2005) (Fig. 18.2). Manipulation of visual drive by dark rearing does not affect the prevalence of NR2B-expressing neurons in V1 during the critical period but impairs the developmental increase in the number of NR2A-expressing neurons, indicating that the acquisition of fast kinetics of NMDAR-mediated responses is experience dependent (Quinlan et al., 1999). The ratio of GluN2B and GluN2A expression in cortex is not only developmentally regulated and sensitive to changes in sensory experience but also modulated by the induction of synaptic plasticity. Thus, these receptors are fundamental players in processes involving cortical circuit refinement and function (de Marchena et al., 2008). Progressive maturation of glutamatergic silent synapses led to the hypothesis that they may be involved in modulating the duration of critical periods. However, recent work reported that lack of GluN2A NMDARs does not affect critical period's duration. This has prompted scientists to propose that the switch in NMDAR subunit composition may not be critical for the opening and closing of critical periods but is likely involved in regulating the threshold for the induction of long-term changes in synaptic strength (Yashiro and Philpot, 2008).

A recent study demonstrated that developmental regulation of the expression of PSD95, the scaffold protein clustering glutamatergic receptors at synapses, plays a role in regulating the duration of the critical period for ocular dominance plasticity in V1. This process is thought to rely on levels of PSD95 expression selectively at glutamatergic synapses onto cortical pyramidal neurons, not in PV inhibitory neurons (Huang et al., 2015).

Thus, in cortical circuits, the maturation of both excitatory and inhibitory synapses occurs postnatally, albeit that of GABAergic synapses is delayed and protracts over a longer time window compared with glutamatergic synapses. 
A working hypothesis emerging from the work discussed earlier posits that the maturation of PV neurons and their synapses may regulate the onset of critical periods. Differently, maturation of PNNs and other aspects of the development of glutamatergic synapses, specifically the maturation of silent synapses and expression of PSD95, may contribute to determining the duration of these windows of heightened plasticity.




18.5. Developmental changes in synaptic plasticity at excitatory and inhibitory synapses

The maturation of excitatory and inhibitory synapses has been associated with shifts in their capacity to change their efficacy in response to patterned activity. Long-term forms of synaptic plasticity such as LTP and long-term depression (LTD) have been proposed as mechanisms for the experience-dependent refinement of cortical circuits (Malenka and Bear, 2004). LTP of glutamatergic synapses is thought to act by stabilizing connections, whereas LTD promotes weakening, and possibly loss, of connections that are less active (Bear and Rittenhouse, 1999; Rittenhouse et al., 1999). The capacity for LTP and LTD at cortical excitatory synapses changes with development (Kirkwood et al., 1996). For example, before the opening of the critical period for visual cortical plasticity, LTD was shown to be the primary form of plasticity at recurrent synapses in the input layer of V1 (layer 4; Wang et al., 2012). After the onset of the critical period, the same patterns of activity induced LTP, suggesting that the maturation of these synapses altered their responsiveness to patterned activity. Similar developmental changes in capacity for plasticity were reported at other connections within V1 (Ohmura et al., 2003), as well as in other sensory cortices (Feldman et al., 1998; Cheetham and Fox, 2010; Itami and Kimura, 2012), suggesting that the state of maturation of neurons and synapses influences their ability to modify their efficacy in response to incoming activity. Most forms of cortical LTP and LTD depend on the activation of NMDARs. Early hypotheses proposed that the developmental change in sign of long-term plasticity might be due to the shift in NMDAR subunits, from NR2B to NR2A (Yoshimura et al., 2003). However, recent work demonstrates that the NR2B to NR2A shift is primarily involved in setting the threshold for plasticity, but not its sign (Yashiro and Philpot, 2008). In addition, it was recently shown that NMDAR-independent forms of plasticity may be developmentally regulated. In layer 4 of V1, precritical period LTD was shown to rely on mGluR or NMDAR depending on the pattern of activity (Wang et al., 2012). Differently, during the critical period, mGluR-dependent plasticity could not be induced, and NMDAR-dependent plasticity switched sign to LTP (Wang et al., 2012). Developmental regulation of the induction of long-term plasticity has also been reported in S1 (Itami and Kimura, 2012) and in A1 (Hogsden and Dringenberg, 2009), suggesting that common mechanisms regulating the capacity for long-term changes at excitatory synapses may be recruited during postnatal development.

Another form of synaptic plasticity, synaptic scaling (Turrigiano et al., 1998), is also developmentally regulated (Desai et al., 2002). This is a compensatory change in synaptic efficacy induced globally at synapses onto a neuron and is thought to act as stabilizer of neuronal excitability, while preserving the relative differences in synaptic strength induced by LTP and LTD (Abbott and Nelson, 2000; Turrigiano and Nelson, 2000). In sensory cortex, synaptic scaling is cell autonomous and relies on the insertion, or removal, of AMPAR at synapses (Gainey et al., 2009). Differently from LTP and LTD, which are connection-specific forms of plasticity, synaptic scaling adjusts the efficacy of a neuron's synapses by the same multiplicative factor to preserve a neuron's excitability within a sensitive dynamics range (Turrigiano and Nelson, 1998). Sensory deprivation during postnatal development induces synaptic scaling at different synapses, depending on the time of onset of the sensory manipulation (Desai et al., 2002; Maffei et al., 2004; Maffei and Turrigiano, 2008a). Together, LTP, LTD, and synaptic scaling are thought to contribute to experience-dependent cortical circuit refinement, allowing for circuit reorganization while preventing runaway excitation that could potentially lead to abnormal brain function (Nelson and Turrigiano, 2008).

Recent work demonstrated that inhibitory GABAergic synapses are plastic too. LTP, LTD, and synaptic scaling of GABAergic synapses have been reported in a series of studies (Garkun and Maffei, 2014; Maffei et al., 2006; Kilman et al., 2002; Chiu et al., 2018; Lefort et al., 2013). Although our understanding of the mechanisms for GABAergic plasticity and their developmental regulation is still quite limited, evidence for the involvement of a variety of signaling pathways has recently been reported (Wang and Maffei, 2014; Garkun and Maffei, 2014; Chiu et al., 2018; Chevaleyre and Castillo, 2003). In V1, the sign of long-term inhibitory synaptic plasticity (LTPi and LTDi) is developmentally regulated (Lefort et al., 2013). For example, in V1, cannabinoid receptor–dependent LTPi was selectively induced during the precritical period (in rodents from the time of eye opening, P14, to the onset of the critical period, P21) and was restored later in development only if the time of eye opening was artificially delayed with binocular eyelid suture (Garkun and Maffei, 2014). A different form of inhibitory plasticity that depends on paired activation of fast spiking inhibitory neurons and pyramidal neurons also shows developmental regulation, with the same pattern of activity inducing LTDi during the precritical period and LTPi during the critical period (Lefort et al., 2013). Finally, scaling down of inhibitory synapses in layer 4 of V1 was induced if monocular 
deprivation started at eye opening, but the same manipulation of visual drive started later in postnatal development induced LTPi (Maffei et al., 2004; Maffei and Turrigiano, 2008b). The underpinning mechanisms for these switches in sign for plasticity are currently unknown. Therefore, much work need to be done to determine possible links between the state of maturation of inhibitory synapses and their capacity for plasticity in early postnatal life.




18.6. Coregulation of excitatory and inhibitory synapses during postnatal development

The time course for postnatal maturation and the developmental changes in the capacity for plasticity of excitatory and inhibitory synapses strongly suggests that cortical circuit refinement requires coordination between these processes. Most studies so far focused on the investigation of either excitatory or inhibitory synapses. Therefore, current working hypotheses regarding cortical circuit refinement and experience-dependent plasticity propose one or the other component as the essential mechanism for this process.

Recent work has begun exploring the synergistic interaction between excitation and inhibition (Chiu et al., 2013; Wang and Maffei, 2014; Kanold et al., 2009; Miska et al., 2018). While our understanding of the mechanisms of coordination and their contribution to shaping cortical function remains limited, there is sufficient evidence to suggest that current working hypotheses need to be reevaluated and expanded. Analysis of excitatory and inhibitory synaptic activity following manipulation of visual drive showed developmentally regulated effects (Fig. 18.3). Monocular deprivation started before eye opening, increased excitation, and decreased inhibition onto layer 4 pyramidal neurons (Maffei et al., 2004). Differently, the same manipulation started at the onset of the critical period led to increased inhibition onto layer 4 pyramidal neurons and increased excitatory drive onto inhibitory neurons (Maffei et al., 2006). These effects are expected to shift pyramidal neurons' excitability in opposite directions. The precritical period shift in excitation/inhibition balance toward excitation was interpreted as a compensatory effect that may preserve the excitability of neurons not yet activated by visual input. The potentiation of inhibition during the critical period, on the other hand, could be a mechanism for initiating the refinement process through decreasing the excitability of neurons driven by the closed eye. In both age groups, coordinated changes are occurring in excitatory and inhibitory circuits to respond to altered sensory experience. The complexity of coordination among cortical circuit elements is further supported by results showing layer-specific 
effects of the deprivation (Desai et al., 2002; Maffei et al., 2004; Maffei and Turrigiano, 2008a). While critical period MD potentiated inhibition in layer 4 (Tatti et al., 2017; Maffei et al., 2006), it increased or decreased it onto layer 2/3 pyramidal neurons depending on the mode, timing, and duration of visual deprivation (Tatti et al., 2017; Maffei and Turrigiano, 2008a; Kannan et al., 2016; Kuhlman et al., 2013) (Fig. 18.3).



[image: image]



Figure 18.3 Developmentally regulated effect of experience on cortical circuits.The diagram has been designed based on results from V1. Left. Simplified diagram of the organization of the V1 cortical circuit. Copper: projection from the lateral geniculate nucleus (LGN) of the thalamus; gray: pyramidal neurons; green: fast spiking inhibitory neurons; blue: regular spiking nonpyramidal neurons. The black rectangle indicates the portion of the circuit shown in the diagrams on the right. Right. Diagram of local projections in layer 4 and layer 2/3 and of the effects of brief monocular deprivation started before the onset of the critical period (MD-CP) and for MD started during the critical period (MD-CP). Dotted lines indicate a decrease in synaptic efficacy, whereas thickened lines indicate potentiation. The action potential traces indicate intrinsic excitability, which is unchanged in MD-PC and increased in MD-CP. Changes in LGN inputs have been reported only for MD-CP, where synaptic efficacy onto both pyramidal and fast spiking neurons is decreased, but the decrease is larger for inputs onto fast spiking neurons. Question marks indicate inputs that have yet to be analyzed for either age group. Effects consistent with those for MD-CP have been observed in the barrel cortex and in A1, although for either of these regions, a level of analysis with comparable detail is currently not available, nor have data been reported regarding developmentally regulated effects.



The regulation of the balance between excitation and inhibition during postnatal development shows similar patterns in V1 and S1, but different time courses (Cheetham and Fox, 2010). In layer 4 of rodent S1, excitatory neurons transition from a prevalence of electrical coupling to synaptic connectivity between P8 and P18 (Valiullina et al., 2016). During the same time window, inhibitory drive progressively increases, and the E/I ratio decreases (Zhang et al., 2011). Interestingly, there is evidence not only that the E/I balance onto S1 excitatory neurons is regulated globally during development but also that local connectivity between specific subgroups of GABAergic inhibitory neurons contributes to setting local E/I ratios in specific neuronal compartments (Yang and Sun, 2018). This suggests that the coordinated regulation of excitation and inhibition is essential to establish and maintain overall circuit excitability, as well as to fine-tune the excitability of neurons in response to inputs to selective neuronal compartments.

This idea finds additional support in studies from A1, in which parallel analysis of excitatory and inhibitory synaptic drive demonstrated that coordinated maturation of both components is essential for healthy cortical development (Dorrn et al., 2010). Patterned auditory stimulation facilitated cotuning of excitatory and inhibitory responses, indicating that the coregulation of excitation and inhibition is sensitive to changes in auditory experience (Dorrn et al., 2010). Fine adjustment of excitatory and inhibitory synaptic strength during development is essential for the postnatal refinement of auditory function (Sun et al., 2010), with distinct auditory properties being influenced by the tuning of excitatory and inhibitory responses (Sun et al., 2010; Wu et al., 2006; Tan and Wehr, 2009). While balanced excitation and inhibition may be important for circuit stability, shifts from a balanced state during healthy development may be important for cortical circuit function. Unbalanced inhibition can lead to the emergence of specific functional properties; for example, in A1, it can influence intensity tuning (Tan and Wehr, 2009) or modulate frequency selectivity of auditory neurons (Tao et al., 2017; Zhou et al., 2017). Unveiling the mechanisms for the coordinated regulation of excitation and inhibition during postnatal development is therefore essential for gaining new insight into the processes for cortical circuit maturation and experience-dependent refinement.




18.7. Conclusions

Current knowledge about the postnatal development of excitatory and inhibitory synapses suggests that these processes contribute to different aspects of cortical circuit refinement. Similar patterns for maturation have been reported for V1, S1, and A1, pointing to common mechanisms regulating the initial stages of neural circuit organization. The time course of maturation and the analysis of experience-dependent changes highlight region-specific differences that are likely dependent on the demands of distinct sensory modalities and on the properties of incoming stimuli. One emerging view is that coordination of maturation, as well as mechanisms for plasticity for glutamatergic and GABAergic synapses, is critical for the development of healthy circuit function. Unveiling the mechanisms for interaction and their regulation early in life is likely to deepen our understanding of how sensory circuits achieve the balance between flexibility and stability that is essential for healthy brain function.
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Abstract


Inhibitory interneurons comprise only ∼20% of cortical neurons, but are essential for regulating many aspects of cortical function. These interneurons are generated embryonically from precursor cells in the subcortical medial and caudal ganglionic eminences. After their birth, the developing interneurons migrate to their cortex, differentiate, integrate into local microcircuits, and develop their adult physiological and synaptic properties over the course of weeks (mice) to years (humans). Data suggests that dysfunction of cortical maturation could play a significant role in numerous human neuropsychiatric diseases. As such, identification of the normal mechanisms of interneuron development as well as of the circuit implications of perturbation of interneuron function in adult life hold exceptional promise, both for developing novel treatments for human disease as well as for elucidating the evolutionary adaptations that allowed the phenomenal complexity of human neocortex. In this chapter, we describe the maturation of inhibitory interneuron physiology and the impact that these maturational changes have on the function and organization of the neocortex. Where available, we contrast the data in primates with that from mice, emphasizing the evolutionary adaptations of cortical interneurons. In addition, we discuss the impact of cortical activity on interneuron maturation and death.
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19.1. Introduction

The function of a neuron is determined by the inputs it receives, the conversion of these inputs to action potentials by the neuron's intrinsic physiological properties, the projections of the neuron, and the neurotransmitters used at the efferent synapses. In this chapter, we describe the maturation of inhibitory interneuron physiology and the impact that these maturational changes have on the function and organization of the neocortex. Where available, we contrast the data in primates with that from mice, emphasizing the evolutionary adaptations of cortical interneurons. In addition, we discuss the impact of cortical activity on interneuron maturation and death. While it is unclear to what degree the variation in physiological properties across neurons is random versus adaptive to their precise function in the local circuit (Marder et al., 2007), understanding the broad trends seen across the development of populations of neurons helps to reveal the role of interneurons in cortical function and dysfunction.

Inhibitory interneurons comprise only 20% of cortical neurons, but play pivotal roles in regulating synaptic plasticity, oscillations, sensory processing, and cortical development. Interneurons differ from the more numerous excitatory cells of cortex in that they project locally, use the inhibitory neurotransmitter gamma-amino-butyric-acid (GABA), and form type 2 symmetric synapses on dendrites, somata, and axon initial segments rather than onto dendritic spines as is characteristic of excitatory synapses. Aside from these unifying characteristics, cortical interneurons have a broad diversity of coreleased neurotransmitters, intrinsic firing properties, dendritic and axonal morphologies, laminar locations and projections, and gene expression. This diversity complicates interneuron classification, though a consensus statement on categorization of the various anatomical, genetic, and physiological features of interneurons has been generated (Ascoli et al., 2008). Unfortunately, using these largely subjective descriptors does not lead to high inter-rater reliability in categorization (Defelipe et al., 2013) nor to clear alignment with historically accepted categories of neurons. More recently, single-cell mRNA expression–based clustering (Mayer et al., 2018; Mi et al., 2018; Rosenberg et al., 2018; Tasic et al., 2016) has been used to categorize interneurons, and this methodology reproduces the classic categories of anatomically and electrophysiologically identified neurons (review in Zeng and Sanes, 2017) and also has identified 
previously uncharacterized interneuron subtypes (Boldog et al., 2018; Rosenberg et al., 2018). For this review, we follow the embryonic development of interneurons and categorize them using their embryonic lineages.




19.2. Embryonic origins of interneuron diversity

Unlike cortical excitatory neurons which arise immediately subjacent to the developing cortex, neocortical interneurons are generated embryonically from precursor cells in the ganglionic eminences (Anderson et al., 1997; Lavdas et al., 1999), transitory structures lateral to the ventricles in the developing telencephalon (Smart, 1976). These interneurons migrate tangentially to the cortical region they will inhabit, then radially into their laminar destinations. The ganglionic eminences are divided anatomically into medial, lateral, and caudal divisions due to the differences of gene expression and the distinct subclasses of interneurons that will arise from each of these divisions. Cortical interneurons arise from the earlier developing (embryonic day 10, E10) medial ganglionic eminence (MGE, Miyoshi et al., 2010; Smart, 1976) or the later developing (E12.5) caudal ganglionic eminence (CGE) (Anderson et al., 2001; Miyoshi et al., 2010; Nery et al., 2002). MGE-lineage interneurons account for 70% of cortical interneurons in mice though likely account for less than half of all interneurons in humans (Hansen et al., 2013). CGE-lineage interneurons comprise the supermajority of the remaining fraction of cortical interneurons. There are two other sites of origin for small populations of cortical interneurons. First, the embryonic preoptic area (POA), which is posterior to the ventral MGE (Fig. 19.1), produces two numerically small groups of neurons: superficial cortical multipolar reelin- and NPY-expressing adapting-firing interneurons from its dorsal subdivision (Gelman and Marín, 2010; Gelman et al., 2009) and parvalbumin (PV) or somatostatin (SST)-expressing interneurons from its ventral subdivision (Gelman et al., 2011). Finally, there is a small subset of cortical interneurons which derive from the subventricular zone postnatally. These interneurons demonstrate a protracted maturational course, are found primarily in the olfactory and orbital cortices, and form only dendrodendritic synapses (Le Magueresse et al., 2011). While these postnatally generated interneurons do express the ionotropic serotonin receptor HTR3A as do neurons of the CGE lineage, the postnatally generated interneurons represent a unique population since transplantation of embryonic CGE-lineage interneuron precursors into postnatal cortex does not change their fate to match that of the postnatally generated HTR3A-expressing interneurons. Cortical interneurons of the CGE lineage continue to be produced in the subventricular zone during the first few postnatal days (Inta et al., 2008), but the vast majority of cortical interneurons derive from the MGE and CGE embryonically, so will be the focus of this review.



19.2.1. The medial ganglionic eminence lineage

The identification of anatomically and physiologically discernible classes of interneurons led to the discovery of unique gene expression patterns that define the maturation of each interneuron lineage (Butt et al., 2007; Chen et al., 2017; Kessaris et al., 2014). Genes that are expressed early in interneurons have allowed the properties of the interneurons in each lineage to be followed through maturation. The development of MGE-lineage interneurons can be traced by their early expression of the transcription factor NKX2.1. These neurons mature to express either the intracellular calcium-binding 
protein PV or the peptide hormone SST, but not both, with each of these broad interneuron classes composed of several subclasses. The PV-expressing interneurons account for ∼40% of all cortical interneurons, are present in cortical layers 2–6, are uniformly fast-spiking, and are further divided by their neurite morphology into perisomatic targeting basket cells and axon initial segment targeting chandelier cells (Kawaguchi, 1995). A third class of PV-expressing interneuron, multipolar bursting (MB) cells, has been identified in juvenile mice. MB cells are dendrite targeting, present only at the superficial border of layer 2, and burst firing to depolarizing current steps (Blatow et al., 2003; Meyer et al., 2002). While MB cells have been noted only in studies from one research lab, that group found that MB cells represent up to a third of all PV-expressing cells in cortex.



[image: image]



Figure 19.1 Developmental lineages of cortical interneurons.The vast majority of cortical inhibitory neurons derive from the medial ganglionic eminence (MGE) or caudal ganglionic eminence (CGE) (left) with a smaller portion arising embryonically in the preoptic area (POA). These embryonic interneuron precursors are born at various developmental ages from embryonic day 10 (E10) to early postnatal (P) life dependent on their precise anatomical origin and eventual phenotype (center) and migrate tangentially along, then radially through the cortex (left). Mature neurons of each lineage express calcium binding and neuropeptide markers (left) determined by their developmental lineage and adapt physiological and anatomical properties determined by their lineage and date of birth (right).



Similar to PV-expressing interneurons, the SST-expressing group can also be subdivided anatomically. SST-expressing interneurons either have axon plexuses in layer 1, identifying them as adapting-firing Martinotti cells (Wang et al., 2004), or do not, identifying them as lower input resistance, stuttering-firing X94 cells (Ma et al., 2006). A small third group of SST interneurons coexpress neuronal nitric oxide synthetase (nNOS) and have long distance (up to 2
 
mm) projections (Jaglin et al., 2012; Tomioka et al., 2005), an uncommon feature for inhibitory neurons.

The subgroups of MGE-lineage neurons have distinct temporal and spatial origins. SST-expressing interneurons originate primarily in the dorsal MGE, with peak production around E11, whereas PV-expressing interneurons are generated over a prolonged period from E10 to E16 and are derived from the ventral MGE (Miyoshi et al., 2007). Transplantation of ventral MGE interneurons to postnatal neocortex does not change their PV-expressing interneuron fate, nor vice versa for transplantation of dorsal MGE precursors and SST-expressing interneuron fate (Flames et al., 2007; Inan et al., 2012; Wonders et al., 2008). These experiments demonstrate that the physiological fate of these interneurons is determined by site of origin and not by their time of arrival in the neocortex. MGE-lineage interneurons are the most common interneurons in all cortical laminae except layer one where CGE-lineage interneurons are most prevalent. Conditional knockout of Nkx2.1

 
at early embryonic stages leads to a fate switch of MGE-derived interneurons to CGE and LGE physiological and neurochemical subtypes (Butt et al., 2008), similar to the loss of Shh which normally activates Nkx2.1 (Xu et al., 2010). Similarly, knockout of the genes for the downstream transcription factors LHX6 (Du et al., 2008; Liodis et al., 2007) or SOX6 (Azim et al., 2009; Batista-Brito et al., 2009) effect later maturational processes for MGE-lineage interneurons. Loss of the transcription factor SOX6 leads to a decrease in the number of interneurons that express PV and a failure of MGE-lineage interneurons to migrate radially through cortical layers. Physiological and anatomical assessment of MGE-lineage interneurons in SOX6 knockout mice demonstrates that they maintain their basket-cell morphology but continue to have physiological properties of immature fast-spiking interneurons (Batista-Brito et al., 2009). These findings suggest that physiological maturation is eventually independent of morphological and laminar development. Sox6 knockout animals are also prone to seizures (as are PV-knockout mice, Wöhr et al., 2015), indicating that fast-spiking of MGE-lineage interneurons may play an important antiepileptic role in cortex.

Unlike neurochemical and electrophysiological phenotypes which are largely determined by anatomical origin, the cortical lamina an MGE-lineage interneuron inhabits is determined by its precise date of birth (Miyoshi and Fishell, 2011; Rymar and Sadikot, 2007; Valcanis and Tan, 2003). This is similar to the fate for excitatory pyramidal cells (Takahashi et al., 1999) with earliest born neurons inhabiting deeper layers of the cortex. One well-elucidated example of the importance of both timing and location of origin in eventual interneuronal fate is the PV-expressing axo-axonic chandelier cell. This class of interneurons is produced in the ventral MGE almost exclusively at E15 (Inan et al., 2012). Transplanting these embryonic precursors forward in developmental time into P3 somatosensory cortex does not alter their chandelier cell fate (Taniguchi et al., 2013). This immutable identity both demonstrates that the fate of this population is location and time delimited and also suggests that transplantation of these cells could be developed as a novel therapeutic for epilepsy patients (Hammad et al., 2015) given that chandelier cells are selectively lost in epileptic neocortex (Marco et al., 1996).




19.2.2. The caudal ganglionic eminence lineage

The second major source of cortical interneurons is the CGE. The development of CGE-derived interneurons can be traced by their early and persistent expression of the ionotropic serotonin receptor HTR3A (Lee et al., 2010; Vucurovic et al., 2010). CGE interneuron progenitors mature into approximately equal numbers of neurons expressing the hormone vasoactive intestinal peptide (VIP) and the secreted matrix glycoprotein reelin. The VIP-expressing interneurons are the largest group and have a bitufted or multipolar morphology. The bitufted subset of VIP-expressing interneurons are calretinin coexpressing (Caputi et al., 2009) and selectively target SST-expressing interneurons (Jiang et al., 2015), giving them a disinhibitory role in circuit function (Pi et al., 2013). The multipolar VIP-expressing interneurons are found largely in superficial cortical laminae, and their connectivity is unknown. The second largest group of CGE-lineage interneurons is 
the reelin-expressing, late-spiking neurogliaform cells (Miyoshi et al., 2010) found mostly in layer 1. These neurons have small round somata with multiple short dendrites and inhibit neighboring neurons via volume-conduction of GABA. Their activity can also be regulated by their own tonic paracrine GABA release due to their expression of GABAAδ subunits (Oláh et al., 2009). These neurons play a vital role in organizing the tonotopic structure of primary auditory cortex during development, via their action on inhibitory and excitatory layer 4 neurons (Takesian et al., 2018). A recent analysis combining genetic, morphological, and electrophysiological analyses of layer 1 inhibitory neurons found that the NPY and neuron-derived neurotrophic factor (NDNF)-expressing neurogliaform cells constitute only 30% of the interneurons in this region (Schuman et al., 2019). That work identified three further subsets of neurons that do not produce GABABR-mediated responses to single action potentials: NDNF+/NPY-canopy cells, Chrna7-expressing burst firing multipolar neurons with axons descending to deep cortical layers, and VIP-expressing, high input resistance adapting firing bipolar neurons. A third subset of CGE-lineage interneurons are cholecystokinin-expressing basket cells (Somogyi et al., 2004) which demonstrate asynchronous GABA release (Hefft and Jonas, 2005) and contain CB1 receptors (Bodor et al., 2005) that cause them to decrease their inhibitory output when their postsynaptic targets are depolarized. This phenomenon, depolarization-induced suppression of inhibition, allows synapse-specific short- and long-term modification of activity (reviewed in Alger, 2002). There are several other less abundant electrophysiologically or neurochemically defined subsets of CGE lineage interneurons, but their precise classification is less clear (reviewed in Tremblay et al., 2016). Expression of the calcium-binding protein calretinin has also been used historically to identify a subset of cortical interneurons. These interneurons arise from both the MGE (somatostatin coexpressing) and CGE (VIP co-expressing) lineages, with diverse anatomical and physiological properties, so will not be discussed here separately (reviewed in Cauli et al., 2014).

Unlike excitatory neurons and MGE-lineage interneurons, the laminar fate of CGE-lineage interneurons is largely determined by the precise anatomical subdomain of the CGE from which they originate. This was demonstrated by in utero electroporation studies in which random labeling of small subsets of progenitors leads to labeling of distinct neurochemical, laminar, and regional cohorts of interneurons (Torigoe et al., 2016). There are also influences of birth date, with later-born E15.5 CGE transplants producing interneurons of more superficial layers that are more likely to be fast spiking, though these observations could be due to migration of earlier-born MGE precursors through the CGE en route to the developing cortex (Butt et al., 2005).

Many of an interneuron's ultimate anatomical and physiological properties are determined at the interneuron's birth, with both timing and location contributing to mature interneuron phenotype (Butt et al., 2005; Inan et al., 2012; Miyoshi and Fishell, 2011; Miyoshi et al., 2007; Wonders et al., 2008). However, experiments in which interneuron precursors were transplanted into developing cortex soon after they had migrated to the hippocampus (Quattrocolo et al., 2017) demonstrated that the final molecular and physiological phenotype of an interneuron is influenced by its posttangential migration environment. These studies also revealed that there is a selection process prior to tangential migration that directs a subclass of nNOS-expressing interneurons to the cortex (none are found normally in the hippocampus). When these normally cortex-bound neurons were transplanted to the hippocampus, their presence was not selected against. The combination of these two findings suggests that both migratory and differentiation cues act to influence final interneuron phenotype. Indeed, upon transplantation to the spinal cord, a location that they would not typically populate, MGE interneuron precursors mature into functional cortical interneurons (Bráz et al., 2012, 2015). The presence of these mechanisms of interneuron specification is not unique to the neocortex. Hippocampal interneurons (reviewed in Pelkey et al., 2017) also arise in the MGE (from E9 to E12) and CGE (from E12 to E16), with lamination, molecular, anatomical, and physiological phenotypes discriminable by site of origin (Tricoire et al., 2011).

Cortical excitatory neurons, which do not undergo the significant tangential migration that inhibitory neurons do, develop small clonally related groups of pyramidal cells from a single radial progenitor cell (Gao et al., 2014). Pyramidal cells within a clonal group are more likely to be electrically coupled to each other than to nearby pyramidal cells with which they did not share a common radial glial progenitor (Yu et al., 2012). This phenomenon is believed to be integral to generating the microscale organization of cortical circuits. Whether developmental clones of interneurons also preferentially couple is debated (Brown et al., 2011; Ciceri et al., 2013; Harwell et al., 2015; Mayer et al., 2015; Sultan et al., 2016). Work using low-titer retroviral infection of MGE precursors (Zhang et al., 2017) demonstrated that clonally related precursors form spatially clustered interneuron networks that are electrically (and not chemically) coupled across a range of distances. This coupling leads to synchronous action potential firing among these interneurons. Interestingly, using both spatial (Brown et al., 2011; Ciceri et al., 2013) and DNA barcoding methods (Harwell et al., 2015; Mayer et al., 2015), it is apparent that single MGE progenitor cells can produce neurons at a given time and place that can diverge in their maturation to become PV- and SST-expressing interneurons. These studies did not contradict the earlier findings that SST neurons are more likely to arise from the dorsal MGE during a time window around E11 but did emphasize that there is heterogeneity within this pattern.









19.2.3. Differences in interneuron origin in humans

While the supermajority of data on interneuron origins and development has been from rodents, birds, and reptiles, there are significant known differences in human and primate species. In humans, dependent on the cortical region, up to 35% of cortical cells are interneurons (Jones, 2009). This, combined with the larger gyrated brain, would necessitate significantly longer migratory paths (Paredes et al., 2016a). Although initial data (Letinic et al., 2002) suggested that many human interneurons were not of ganglionic eminence origin, more recent work (Arshad et al., 2016; Hansen et al., 2013) (Hansen et al., 2013; Arshad et al., 2016) has clarified that human interneurons originate in the ganglionic eminences similar to what is seen in rodents. In humans, the majority of cortical interneurons undergo their final mitotic divisions in the cortical subventricular zone (Jakovcevski et al., 2011; Letinic et al., 2002; Reinchisi et al., 2012) more similar to the origins of cortical excitatory cells. This conclusion is somewhat at odds with the lack of expression of the transcription factor Gsx8 which is upstream of the transcriptional cascade for specification of ganglionic eminence-derived interneurons in mice and is seen in the human ganglionic eminences but not the cortical subventricular zone (Ma et al., 2013). Regardless, the cortical subventricular zone continues to produce interneurons for the olfactory bulb (Curtis et al., 2007; Sanai et al., 2004) and some cortical interneurons throughout childhood (Paredes et al., 2016b; Sanai et al., 2011).





19.3. Postnatal maturation of interneurons

How a neuron transforms its synaptic inputs into synaptic outputs is determined by the neuron's intrinsic electrophysiological properties. The electrophysiological properties of a neuron are, in turn, governed by its morphology, ionic conductance's, and the intracellular signaling cascades that influence millisecond-to-millisecond action potential probabilities as well as adaptive or pathological longer-term changes of synaptic or intrinsic properties. Generally, intrinsic electrophysiological properties are split into passive and active. Passive properties are those that dictate the subthreshold responses of the neuron. Passive properties are characterized by metrics such as the resting membrane potential, input resistance, membrane capacitance, and the voltage or current threshold at which a neuron's active dynamics begin to dominate, the action potential threshold and rheobase respectively. Intrinsic electrophysiological properties are commonly assessed in vitro in acute brain slice preparations with whole-cell patch clamp techniques, due to the technical challenges of recording these properties in vivo. As such, the values of these parameters are influenced by the severing of neurites, artificial intracellular and extracellular solutions, lack of neuromodulators, lack of in vivo network activity, and the anatomical and physiological reorganization that takes place immediately after slice preparation (Capron et al., 2006; Stein et al., 2017). Nonetheless, these data represent our best (and in most cases only) knowledge of the physiological maturation of interneurons so will be discussed exclusively here. Similar developmental changes take place in hippocampal neurons, but are reviewed elsewhere (Pelkey et al., 2017; Wester and McBain, 2016).



19.3.1. Passive properties

The resting membrane potential of a neuron is the electrical potential inside the cell relative to the adjacent extracellular space. In conjunction with the input resistance, which is measured by the changes of membrane potential to small somatic current injections, and the action potential threshold, the resting membrane potential determines how likely a neuron is to fire an action potential in response to synaptic input. In both PV-expressing (Goldberg et al., 2011; Lazarus and Huang, 2011; Miyamae et al., 2017; Okaty et al., 2009; Oswald and Reyes, 2011; Pangratz-Fuehrer and Hestrin, 2011; Takesian et al., 2013; Yang et al., 2014) and SST-expressing (Kinnischtzke et al., 2012; Lazarus and Huang, 2011; Pan et al., 2016; Takesian et al., 2013) interneurons, the resting membrane potential at birth is significantly depolarized relative to adult levels. The resting membrane potential then hyperpolarizes to adult levels over the first postnatal week, concurrent with changes to other physiological properties. Another passive membrane property that changes significantly over this time period is the input resistance. A neuron's input resistance determines how much its membrane potential will change in response to a given synaptic current. Interneuron input resistances are markedly higher at birth than those seen in mature interneurons and decrease over the first 1–2 postnatal weeks. The depolarized resting potential and increased input resistances of immature interneurons lead to a higher likelihood of action potential generation given any synaptic input. As these neurons mature and decrease their input resistance, they become more integrating than rapid-following neurons. These changes are similar to those reported in the maturation of cortical pyramidal neurons (Franceschetti et al., 1998; Kasper et al., 1994; Kinnischtzke et al., 2012; McCormick and Prince, 1987; Metherate and Aramakis, 1999; Oswald and Reyes, 2008; Zhang, 2004) which demonstrate hyperpolarization of the resting membrane potential, decreasing input resistance, and decreasing membrane time constants over the first 1–2 postnatal weeks. Genetic studies of the maturation 
of fast-spiking interneurons demonstrate that both the hyperpolarization of the membrane potential and the decrease in input resistance correlate with an increase in inward rectifier potassium channels Kir2.2 and Kir2.3 (Goldberg et al., 2011) and the potassium leak currents TWIK1 and TASK1 (Goldberg et al., 2011; Okaty et al., 2009). Pharmacological blockade of Kir2.2 channels directly depolarizes the resting membrane potential, identifying the maturational increase in expression of these channels as likely causative of the hyperpolarization of the resting membrane potential that occurs during this same period.

A final passive membrane property of fast-spiking interneurons that is of note is the gamma frequency oscillation of the membrane at potentials just hyperpolarized to the action potential threshold (Llinás et al., 1991). These oscillations enhance cortical sensory processing (Cardin et al., 2009; Sohal et al., 2009) and are disrupted in schizophrenia (Sun et al., 2011). In the first postnatal week, fast-spiking interneurons have a primary oscillation frequency of ∼10
 
Hz, but this increases to >50
 
Hz by the end of the third postnatal week (Goldberg et al., 2011), correlated with increased expression of TASK 1/3. Direct knockout of TASK 1/3 leads to a marked impairment of the maturational increase in membrane potential oscillations, suggesting that increased expression of this gene is likely causative of this important physiological change.




19.3.2. Active properties

Active (suprathreshold) membrane properties are those germane to the frequency and duration of action potentials which, in turn, influence neurotransmitter release onto downstream neurons (Sabatini and Regehr, 1997; Wheeler et al., 1996). The minimal amount of current necessary to elicit an action potential (the rheobase) increases over the first postnatal week for all neurons of the MGE lineage, indicating a progressive decrease in excitability. In general, all neurons have broad, low voltage action potentials at immature stages, and these become narrower and higher voltage over the first 1–2 postnatal weeks. Concurrent with these physiological changes are changes in gene expression, with an increase in potassium channels Kv3.1 and Kv3.2 (Goldberg et al., 2011), channels specifically responsible for the rapid firing rates of fast-spiking interneurons (Boddum et al., 2017) and deficits of which lead to myoclonic epilepsy (Muona et al., 2015). Concurrent with these changes to action potential shape, the maximum rate at which interneurons fire in response to a sustained input also increases. This change allows interneurons to provide progressively more sustained functional inhibition during the period when somatosensory, then auditory, then visual inputs begin to arrive in cortex.

One active membrane property that diverges among MGE lineage interneurons during development is the amount of spike frequency adaptation to prolonged stimulation. Adapting interneurons more closely follow periodic inputs, with decreased firing to sustained depolarization. This adapting pattern of action potential firing is believed to be important for several sensory processing tasks. PV-expressing interneurons become more regularly firing (i.e., less adapting) over the first two postnatal weeks, whereas SST-expressing interneurons become more adapting-firing. These drastic changes in intrinsic physiological properties have significant impact on the role that these interneurons play in patterning cortical activity and are altered by changes to cortical activity (reviewed in Section 19.3.6).




19.3.3. Synaptic outputs

Concurrent with the maturational changes in intrinsic properties of cortical interneurons, there are also changes in their synaptic outputs. Notably, GABA, the primary neurotransmitter of inhibitory neurons is excitatory prenatally, then becomes transiently inhibitory at birth, before becoming persistently inhibitory near the end of the first postnatal week (Tyzio et al., 2006; Valeeva et al., 2013). These changes in the effect of GABAergic synapses are concurrent with the onset of a significant increase in the density of synapses from fast-spiking interneurons onto both pyramidal cells and other fast-spiking interneurons (Anastasiades et al., 2016; Pangratz-Fuehrer and Hestrin, 2011). In addition, focal uncaging of GABA onto pyramidal dendrites at this age directly stimulates synaptogenesis (Oh et al., 2016), demonstrating that GABA functions both in circuit organization as well as neurotransmission during development. Even in adulthood, alterations in postsynaptic GABAAR reversal similar to those seen during development can be induced by coincident pre- and postsynaptic activity (Woodin et al., 2003). Unlike for excitatory spike-timing-dependent plasticity where synapses are only strengthened when presynaptic activity has a possibly causal temporal relationship with postsynaptic action potential firing, inhibitory synapses are strengthened whenever pre- and postsynaptic activities are nearly coincident (D'amour and Froemke, 2015; Woodin et al., 2003
) indicating the different roles that these forms of plasticity play in circuit dynamics (Vogels et al., 2011, 2013). While these plastic changes in the reversal potential of GABAAR occur in healthy animals, changes in the reversal potential of GABAAR are also seen following neurotrauma (van den Pol et al., 1996) and in epilepsy (Cohen et al., 2002), demonstrating that enhancement of inhibitory synapse strength via this mechanism is part of the cortex's response to excessive excitatory drive in general.






Aberrant maturation of the GABAAR reversal potential has been observed to impact cortical patterning of somatosensory cortex, thus emphasizing the importance of inhibitory circuit maturation in this process. In the mouse model of fragile X syndrome, the most common cause of inherited intellectual disability, there is an increase in barrel field size that is believed to be the correlate of increased sensory sensitivity seen in humans with fragile X. In fragile X mice, the hyperpolarization of the reversal potential of GABAAR is delayed until after the normal critical period for establishing barrel fields. In fragile X mice, accelerating the hyperpolarization of the GABAAR reversal potential with the diuretic bumetanide can correct the time course of the changes to the GABAAR reversal potential to that seen in wild-type animals with a concurrent correction of barrel field size (He et al., 2018). Correction of the GABAAR reversal potential also eliminated the early switch from NMDAR-only, silent, excitatory synapses to AMPAR-mediated responses. These data demonstrate the critical impact of inhibitory synapse function in early patterning of sensory cortex, even in a setting where it had previously appeared that loss of synaptic plasticity via premature unsilencing of NMDAR-only excitatory synapses was the mechanism responsible (Crair and Malenka, 1995; Harlow et al., 2010).




19.3.4. Cell death

In addition to changes in physiological properties and synaptic connectivity, there is also a drastic reduction in cortical interneuron number during development. The number of cortical interneurons peaks at the end of the first postnatal week and then decreases 40% by the end of the third postnatal week. The time course of cell death appears to be cell autonomous, as it is conserved in embryonic MGE interneuron precursors when they are transplanted into postnatal cortex (Southwell et al., 2012). In addition, these transplantation experiments demonstrate that the percentage of cortical interneurons that die over their first month of maturation is not influenced by the total cortical interneuron population size. Even when interneurons are transplanted at high density, such that the cortical interneuron population is increased by 34%, there is no change to the percentage of cortical interneurons that die during maturation. Furthermore, interneuron transplantation reliably increases spontaneous IPSC frequency in host animals by ∼50% (Alvarez-Dolado et al., 2006; Baraban et al., 2009; Howard and Baraban, 2016; Hsieh and Baraban, 2017; Southwell et al., 2012). These data indicate that survival of MGE-lineage interneurons is not regulated either by the density of cortical interneurons or the level of inhibitory activity in the cortical circuit.

CGE-lineage interneurons are generated several days later than their MGE-lineage counterparts. In parallel to the later birth of CGE-lineage interneurons, cleaved caspase 3 expression demonstrates that CGE-lineage neurons have a peak of cell death at P9 (Priya et al., 2018) versus P7 for their MGE lineage counterparts (Southwell et al., 2012). Only 20% of CGE-lineage interneurons die from the end of the first to the end of the third postnatal week, markedly fewer than neurons of the MGE lineage.

To directly address whether cortical interneuron survival is responsive to the overall level of cortical inhibitory activity, Priya et al. uniformly suppressed activity of all cortical interneurons using viral potassium channel overexpression. They found an increase in cell death of SST-, PV-, and reelin-expressing interneurons, but not VIP-expressing interneurons under conditions of decreased inhibitory neuron activity (Priya et al., 2018). Conversely, when activity of all interneurons was increased following infection with a bacterial sodium channel, they saw an increase in survival of infected neurons. Further characterization of this effect demonstrated that interneuron death is dependent on cell-autonomous expression of the phosphatase calcineurin. Similarly, increased activity in MGE-lineage interneurons via expression of DREADDs leads to a cell-autonomous increase in survival of those neurons (Denaxa et al., 2018). Cell-autonomous activity also impacts the development of CGE-lineage interneurons, as interventions that decrease the activity of CGE-lineage interneurons, lead to decreased migration and morphological changes in those neurons (De Marco García et al., 2011). Decreased interneuron survival is present only with decreased ascending thalamocortical activity, but not with changes to intracortical excitation (De Marco García et al., 2015). The activity dependence of interneuron survival for most CGE-lineage interneurons could allow CGE populations to compensate for decreased numbers of MGE-lineage interneurons (Denaxa et al., 2018).

The circuit function of activity-dependent cell survival may be to select for interneurons that are synaptically coupled to surviving pyramidal cells. The total number of pyramidal cells in the neocortex decreases by 12% from P2 to P5 then remains stable into adulthood. In vivo calcium imaging during the peak of interneuron apoptosis at P7 demonstrates that more active interneurons are more likely to survive. Increasing or decreasing local pyramidal cell activity using DREADDs increases or decreases interneuron survival, respectively. Eliminating pyramidal cell apoptosis with Bak/Bax knockout in pyramidal cells also eliminates the interneuronal cell death wave (Wong et al., 2018). Similarly, in cell culture of gestational week (GW) 16–19 human radial glial cells, decreasing excitation via treatment with an NMDAR antagonist leads to decreased proliferation and decreased differentiation into inhibitory neurons, with preservation of excitatory 
cortical neuron number (Bagasrawala et al., 2016). This in vitro finding in human neurons suggests that the excitatory activity dependence of mouse interneuron survival is a general phenomenon across species.




19.3.5. Specializations in humans and other primates

Human cerebral cortex contains more neurons than any other primate species and is surpassed only by the long-finned pilot whale in neuronal number across all documented species (rev in Sousa et al., 2017). Due to lack of availability of tissue, little is known regarding the physiological development of human interneurons, though studies of human pyramidal cell development do show a protracted physiological maturation and considerable heterogeneity of both developmental timescales and neurite properties (reviwed in Elston and Fujita, 2014). While the precise timing of physiological changes to human interneurons have not been directly studied, there are data suggesting that mouse cortical development in the first postnatal week is similar to human cortical development during the third trimester (reviewed in Pressler and Auvin, 2013; Semple et al., 2013). Human neurogenesis occurs during GW5-6 (compared to E11-13 in mice), and cell death is completed by birth (as opposed to by the end of the third postnatal week in mice). Similarly, synaptogenesis occurs from GW9 through 3.5 years postnatally (as opposed to E17 through the third postnatal week in rats) demonstrating that while mouse cortex is less mature at birth than human cortex, the overall speed of human cortical maturation is markedly slower. Studies of the physiological maturation of human pluripotent stem cells (hPSCs) developing in vitro demonstrate that those MGE-like precursors develop over a protracted timescale. In these studies, there is ongoing maturation of physiological properties of these neurons over the first 6
 
months, including decreases in input resistance and action potential width as well as increases in membrane capacitance and the magnitude of the resting membrane potential (Cunningham et al., 2014; Nicholas et al., 2013). This maturation appears to be significantly accelerated when interneurons are directly induced from fibroblasts (Yang et al., 2017), though the development of interneurons generated in this fashion may not be representative of native maturation. Direct comparison of hPSC physiological development to human MGE tissue recordings at GW22 (Nicholas et al., 2013) show that hPSC-derived interneurons cultured for 10 weeks had similar physiological phenotypes to GW22 human MGE cells. However, other recordings from human fetal cortex at GW22 only rarely demonstrate action potentials (Moore et al., 2009; Zhong et al., 2018) with well-formed action potentials only being seen later at GW26 and even then, largely in deeper layers of the subplate. It is possible that the recordings of Nicholas et al. (2013) were obtained from the subplate as cells in this region have well-formed action potentials and functional glutamate and GABA receptors by GW20 (Moore et al., 2011). Regardless, these studies emphasize both the challenges inherent in understanding human interneuron development and that human interneurons are likely significantly more physiologically mature in utero than mouse interneurons. A mathematical model to correlate the generally slower neurodevelopment of humans versus rodents has been developed (Workman et al., 2013) and could be used in the future to better understand the appropriate timepoints for interventions in human disease even with a dearth of direct data on the developmental timescales of interneurons (Fig. 19.2).

While direct cross-species comparisons of interneuron physiological development are rare, adult comparisons of identified interneuron populations are available. In macaque (Krimer et al., 2005) as in mice (Druckmann et al., 2013), interneurons can be clustered by their physiological, neurochemical, or anatomical properties. Interestingly, while PV-expressing interneurons are the largest group of rodent interneurons, accounting for 40% of interneurons, PV-expressing interneurons account for only 25% of all interneurons in macaque (Condé et al., 1994). Rat and macaque PV-expressing prefrontal cortex basket interneurons have indistinguishable anatomical properties, but macaque PV-expressing interneurons have higher input resistance, more sag current, lower action potential threshold, were less likely to have delayed or stuttering spiking patterns, had considerably lower rates of miniature EPSPs, and had greater initial gain in their input output relationships (Povysheva et al., 2008). This constellation of physiological differences suggests that macaque PV-expressing interneurons likely receive less frequent synaptic inputs than rat interneurons, though this is yet to be verified in vivo.

Anatomically identified neurogliaform (NGF) neurons of macaque (likely of the CGE-lineage) had larger somata, a greater number of dendrites, and a more compact axonal field than those seen in rats (Povysheva et al., 2007). In addition, monkey NGF cells did not have the delayed firing phenotype typical of rat NGF cells, had higher input resistance, a lower spike threshold, higher firing frequencies, and more prominent spike-frequency adaptation. These findings again suggest that macaque interneurons are more likely to generate action potentials to a given input. In human layer 1 interneurons that are not morphologically identified, 30% are late spiking, compared to 56% in mice, indicating a decrease but not absence of the late spiking phenotype (Poorthuis et al., 2018). The human layer 1 interneurons in this study had a markedly higher input resistance and lower rheobases than those of mice, leading to a steeper input–output function similar to the macaque layer 1 interneurons. Human layer 1 interneurons also have more sag current, narrower action potentials, and more accommodating spiking patterns than mice. Interestingly, the PV-expressing chandelier interneuron also has increased sag 
current in macaque, but has a delayed firing pattern in macaque, but not rats, indicating that the absence of a delayed firing pattern seen in layer 1 macaque neurons is not clearly conserved across interneuron subtypes (Povysheva et al., 2013). In general, human interneurons tend to have a prominent sag current (Molnár et al., 2008; Varga et al., 2015), which may partially account for their increased excitability relative to rodent interneurons (Hogan and Poroli, 2008).
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Figure 19.2 Physiological development of interneurons in human and mouse cortex.Human (top, adapted from Nicholas, C.R., Chen, J., Tang, Y., Southwell, D.G., Chalmers, N., Vogt, D., Arnold, C.M., Chen, Y.J.J., Stanley, E.G., Elefanty, A.G., et al. 2013. Functional maturation of hPSC-derived forebrain interneurons requires an extended timeline and mimics human neural development. Cell Stem Cell 12, 573–586) and mouse (bottom, adapted from Yang, J.M., Zhang, J., Yu, Y.Q., Duan, S., Li, X.M. 2014. Postnatal development of 2 microcircuits involving fast-spiking interneurons in the mouse prefrontal cortex. Cerebr. Cortex 24, 98–109) interneuron physiological properties change significantly over early development (postnatal in mice, second and third trimesters in humans). These changes include increases in the rheobase, action potential height, and maximum action potential firing rate and decreases in the input resistance and action potential width, with hyperpolarization of the resting membrane potential. In sum, these changes allow for more precise timing of neurotransmitter release (from increases in action potential height and maximum firing rate and decreases in action potential width) and in the ability to integrate multiple inputs into graded levels of output (from decreases in input resistance, increase in maximum firing rate, and hyperpolarization of the membrane potential). These physiological alterations are completing during a wave of cell death (around P7 in mice) that is activity dependent in some interneuron lineages.



In addition to these electrophysiological differences between rodent and human interneurons, two interneuron types have been identified in primates that are not present in rodents. First, there is the persistent activity neuron (PAN) (Wang et al., 2015) that is seen in both human and monkey cortex, but not rat. This interneuron produces persistent action potential firing to small somatic current injections. This persistent firing can be terminated by driving brief bursts of 50
 
Hz action potentials in these interneurons. A second type of primate-specific interneuron was identified by clustering the data from single-nucleus RNA sequencing of human layer 1 interneurons (Boldog et al., 2018). This interneuron expresses cholecystokinin, but not SST, PV, nNOS, NPY, or calretinin and has a compact dense axonal arbor. Neither the anatomical or neurochemical profile has been observed in rodent cortex, suggesting that this interneuron may be unique to humans.

In addition to the differences in number and intrinsic properties, recordings of the spontaneous synaptic inputs onto human interneurons demonstrated that they, unlike nearby pyramidal cells, receive some very large (5–20
 
mV vs. <5
 
mV for pyramidal cells) excitatory inputs (Molnár et al., 2008). Paired intracellular recordings of human cortical neurons revealed that a single action potential in a pyramidal cell elicited uniformly small postsynaptic excitatory potentials in simultaneously recorded pyramidal cells. Consistent with the large spontaneous excitatory inputs recorded in human interneurons, very large postsynaptic excitatory responses were seen in a subset of human interneurons to a single pyramidal cell action potential (Szegedi et al., 2016). These postsynaptic responses were so large, that a single presynaptic action potential could reliably cause a postsynaptic action potential in an interneuron held at its resting membrane potential (Komlósi et al., 2012). These large postsynaptic potentials can undergo metabotropic glutamate receptor–dependent long-term depression and may be mediated by huge multivesicular synapses (Molnár et al., 2016). Such large amplitude synaptic connections are not seen in rodent cortex and could underlie the recurrent multisynaptic sequences that reliably follow single human pyramidal cell action potentials (Molnár et al., 2008).









19.3.6. Variability in interneuron development with local activity

Cortical inhibitory neurons mature during the first three postnatal weeks, when there are significant changes to the activity patterns of cortex, driven by the arrival of sensory inputs. Interneuron development, in turn, is significantly impacted by experimental perturbations to sensory stimuli or local circuit activity levels (reviewed in Feldman, 2009). In the visual system, monocular deprivation during the ocular dominance critical period (CP, postnatal weeks 4–5) leads to a rapid reduction of the firing rate of fast-spiking interneurons to pre-CP levels (Kuhlman et al., 2013). This demonstrates the exquisite sensitivity of PV-expressing interneuron physiological properties to changes in cortical activity levels during PV-expressing interneuron maturation. Similarly, recordings from fast-spiking (likely PV-expressing) interneurons in gerbil auditory cortex indicate that the normal maturational increase in the firing rate of these interneurons is significantly stunted by deafening (Takesian et al., 2012, 2013). Similarly, the decrease in input resistance and action potential width normally seen in fast-spiking neurons during postnatal maturation is attenuated followed deafening. Interestingly, the maturation of low-threshold spiking (likely SST-expressing) interneurons is unaffected by deafening, suggesting that adaptation of intrinsic physiological properties in response to changes in sensory input may be interneuron subtype dependent. For PV-expressing interneurons in somatosensory cortex, a decreased frequency of synaptic inputs even in adult life can lead to dysmaturation to a more adapting firing pattern with lower maximum firing rates (Miller et al., 2011). Surprisingly, while there are myriad changes in expression levels of the various ion channels involved in action potential generation during normal maturation of PV-expressing interneurons (Okaty et al., 2009), there are very few changes in gene expression concurrent with the significant changes in action potential firing patterns that are induced by decreased synaptic activity.

Similar to auditory cortex, sensory deprivation of barrel cortex can lead to lack of normal maturation of fast-spiking interneurons, with depolarized action potential thresholds, slower maximum firing frequencies, more spike frequency adaptation, and depolarized resting membrane potentials (Sun, 2009). Even 1
 
day after whisker trimming, PV-expressing interneurons in the corresponding barrel have depolarized action potential thresholds and decreased gain of their input output relationships, correlated with an increase in the A-type potassium current (Gainey et al., 2018). As opposed to longer-term sensory deprivation in the study of Sun et al., this short-term deprivation did not induce changes of resting potential, membrane time constant, input resistance, or rheobase, suggesting a temporal hierarchy of changes to intrinsic properties in response to changes in sensory inputs. These changes to interneuron intrinsic physiological properties are not unique to sensory cortices. In motor cortex, motor learning decreases expression of the transcription factor Er81, leading to an increase in Kv1.1 potassium channel expression, and a depolarization of the AP threshold with a resulting delay in AP firing in fast-spiking PV-expressing interneurons (Dehorter et al., 2015).

The changes to the maturation of inhibitory neuron intrinsic physiological properties described above could be driven by either the overall changes to cortical activity caused by the experimental perturbations or by cell-autonomous signaling due to decreases in action potential firing. To discriminate these two possibilities, Karayannis et al. sparsely infected CGE-lineage interneurons with a potassium-channel expressing virus. The potassium channel hyperpolarized the infected neurons and thus decreased action potential firing only of infected interneurons with minimal disruption to the surrounding cortical circuit. Infected neurons had hyperpolarized resting membrane potentials, broader action potentials, and decreased maximum firing rates at P8 (Karayannis et al., 2012), changes similar, but not identical to those seen in interneurons when sensory stimulation is reduced. While the hyperpolarized membrane potential is likely a direct result of the experimentally increased potassium channel expression, action potential width and maximum firing rates were affected in opposite directions to those expected from an increase in potassium current, suggesting that these changes were cell-autonomous adaptations to decreased action potential firing. Hippocampal glutamatergic neurons can adjust their intrinsic excitability in response to a decrease or increase in interneuron number (Howard et al., 2014), suggesting that similar capabilities could be present in interneurons.

Similar to alterations to sensory inputs, noninvasive repetitive transcranial magnetic stimulation can alter the maturation of fast-spiking cortical interneurons, impacting both their excitability (Hoppenrath et al., 2016) and parvalbumin expression (Mix et al., 2015) during the CP at the end of their functional maturation, though not before or after. In addition to these cell-intrinsic changes, repetitive transcranial magnetic stimulation during the CP also directly alters the strength of interneuron synaptic outputs (Lenz et al., 2016).

To clarify which changes to interneuron electrophysiological properties are innate to interneuron development versus reactive to changes in sensory inputs and surrounding excitatory neuron maturation, embryonic interneuron precursors from the MGE have been transplanted into more developed postnatal cortex. Nearly all of the intrinsic physiological properties of these interneurons evolve over a timescale similar to that seen during normal interneuron maturation (Bradshaw et al., 2018; Howard and Baraban, 2016; Larimer et al., 2017; Le Magueresse et al., 2011) despite the markedly different cellular environment in which they are developing. Transplant-derived fast-spiking interneurons do demonstrate 
broader action potentials, higher input resistances, and decreased maximum firing rates at adult ages (Larimer et al., 2017), changes similar to those seen in fast-spiking neurons in sensory deprived animals. However, these changes do not appear to arise due to an absence of sensory inputs to transplant-derived interneurons as they display normal responses to visual stimuli, including orientation tuning (Davis et al., 2015; Larimer et al., 2016). These studies suggest that much of the maturation of physiological properties of cortical interneurons is not determined by environmental cues, though the evidence from sensory deprivation experiments indicates that certain intrinsic physiological properties are responsive to levels of local circuit activity.

As seen when spiking in individual interneurons during development is decreased experimentally (Karayannis et al., 2012; Priya et al., 2018), decreasing sensory inputs leads to a decrease in the number of PV-expressing interneurons in primary sensory cortices. In somatosensory cortex, whisker trimming during the second postnatal week leads to a decrease in PV-expressing interneurons in that whisker's cortical barrel (Jiao et al., 2006), suggesting that decreased sensory inputs may lead to decreased PV-expressing interneuron survival. Similar ablation of structured sensory input can be achieved in the auditory system via white noise exposure. In rats exposed to band passed white noise during an auditory CP in the second postnatal week, there is a decrease in number of PV-expressing interneurons only in the portion of primary auditory cortex that is responsive to the frequency band of the noise (de Villers-Sidani et al., 2008). One important caveat in interpreting these studies as indicative of decreased interneuron survival is that they assessed PV expression, not the presence of PV-lineage interneurons (Filice et al., 2016). It is possible that the neurons altered their PV expression, which can be seen during normal aging and also placement in an enriched environment.

Fast-spiking interneurons generate powerful perisomatic inhibition onto pyramidal cells through the formation of dense synaptic baskets. The development of these synaptic outputs from fast-spiking interneurons is significantly delayed by visual deprivation during, but not after, a visual cortex CP in the fifth postnatal week (Chattopadhyaya et al., 2004). These data demonstrate a significant impact of alterations to cortical activity on the synaptic outputs of the most common cortical interneuron subtype. Maturation of these perineuronal nets is delayed by either dark rearing (Pizzorusso et al., 2002) or whisker trimming (McRae et al., 2007) indicating a conserved impact of sensory inputs on basket interneuron synaptic output maturation.





19.4. The role of interneuron maturation in patterning cortex

The first pattern of coordinated neural activity among neocortical neurons occurs during the first prenatal week and is called early gamma oscillations (EGOs). These oscillations synchronize the activity of single thalamic barreloids with their corresponding cortical barrel and likely play a vital role in specifying these connections (Minlebaev et al., 2011). Unlike more mature cortical gamma oscillations (Atallah and Scanziani, 2009; Bartos et al., 2007), the EGOs are not dependent on GABA-mediated synaptic activity at their P2-4 onset, though they are significantly reduced by GABAAR antagonists by the end of the first postnatal week. Injection of exogenous oscillations with similar frequencies to EGOs (but not faster or slower frequencies) potentiates thalamocortical excitatory drive. While interneurons do participate in these oscillations, it is not clear what role the intrinsic subthreshold oscillations of interneurons play in the EGOs, given that interneuron subthreshold oscillations are only 10
 
Hz
 
at this developmental stage rather than the gamma frequency that they achieve in juvenile ages and beyond (Goldberg et al., 2011).

The first activity patterns that are clearly driven by synaptic GABA in the developing cortex are giant depolarizing potentials (GDPs). These are reliably seen near the end of the first postnatal week and are characterized by 0.1
 
Hz oscillations that synchronize local neuronal assemblies (Allène et al., 2008). GDPs are synaptically mediated (Garaschuk et al., 1998), and their disruption in mice leads to an increased susceptibility to seizures (Vargas et al., 2013). The importance of GABAergic transmission during the first three postnatal weeks was also seen in a study in which GABAergic transmission was disrupted by expression of an epileptogenic human GABAAγ2 subunit mutation (Wallace et al., 2001). These mice had an increased propensity for seizures when the mutated GABAAR was expressed constitutively, but not when expression of the mutant channel was delayed until the third postnatal week (Chiu et al., 2008), emphasizing the importance of early synaptic GABAAR-mediated activity in patterning adult cortical responses. In the hippocampus, MGE lineage interneurons are responsible for GDPs (Wester and McBain, 2016), but the interneuronal drivers of GDPs have not yet been determined in cortex.

Changes to sensory inputs lead to changes in interneuron maturation as described above. The converse is also true, that the physiological maturation of interneurons appears to drive the patterning of cortical responses to sensory inputs. All primary sensory cortices undergo a series of refinements of topographic organization of their responses to features of the sensory environment. For example, a mapping of retinal location of activity onto visual cortex appears during the first two postnatal weeks (prior to eye opening), followed by an organization of visual cortex responses to orientations of visual 
stimuli in the week after eye opening. Finally, in the fourth and fifth postnatal weeks, there is binocular matching, a period during which monocular deprivation leads to lifelong changes in the magnitude of responses to one eye versus the other (reviewed in Espinosa and Stryker, 2012). Normally during this CP in cortical development, monocular deprivation of vision leads to a significant reduction of the preference of contralateral visual cortex to respond to visual inputs to the deprived eye. This phenomenon is known as ocular dominance plasticity (ODP) and is much stronger during the completion of inhibitory circuit maturation during the fifth postnatal week than at any other time in an animal's life (Gordon and Stryker, 1996). Similarly in auditory cortex, a map of frequency tuning is established soon after hearing onset in the second postnatal week, followed by mappings for progressively complex auditory features over the following weeks (reviewed in de Villers-Sidani and Merzenich, 2011). Alterations to features of the auditory environment during their respective CPs lead to lifelong alterations in the representation of sounds in auditory cortex with concomitant changes in the animal's ability to perceive various features of the auditory world. In somatosensory cortex, barrels are established in the first postnatal week and CPs for changes to various interlaminar connections have closed by the completion of the second postnatal week (reviewed in Erzurumlu and Gaspar, 2012).

In visual cortex, early studies of the mechanisms of the visual cortical binocular matching CP identified balances of excitation and inhibition as critical to changes in cortical responses (Hensch et al., 1998; Reiter and Stryker, 1988; Shaw and Cynader, 1984). Interneuron maturation likely defines the timing of this CP, as disruption of the synapses formed by basket-cell interneurons, perineuronal nets, enables ocular dominance plasticity outside of the normal CP (Pizzorusso et al., 2002, 2006). Interestingly, quantitative changes to PNNs are not essential for the induction of ocular dominance plasticity, as MGE transplantation induces new periods of ocular dominance plasticity (Davis et al., 2015; Isstas et al., 2017; Southwell et al., 2010; Tang et al., 2014) without quantitative alterations to PNNs (Bradshaw et al., 2018). This effect may be due to insufficient sensitivity of assays for PNNs, given that transplant-derived interneurons represent a small fraction of total cortical interneurons, or could indicate that PNN maturation is simply correlated to and not causative of ocular dominance plasticity.

Similar to disruption of perineuronal nets, disruption of basket cell function via antagonism of the GABAAα receptor leads to alterations in the timing of the ocular dominance CP (Fagiolini and Hensch, 2000; Hensch et al., 1998). Directly enhancing inhibition during monocular deprivation blocks ocular dominance shifts and chemogenetic reduction of PV cell firing rates extends the CP during which ODP is seen (Kuhlman et al., 2013), indicating that PV-cell activity directly patterns visual cortex organization. In humans (Rogers et al., 2018), as in mice (Pizzorusso et al., 2002), perineuronal nets develop over the duration of early childhood and complete their maturation at age 8
 
years, the age at which monocular visual deprivation no longer leads to loss of visual acuity (Daw, 1998). In the auditory cortex, there are also CPs during which a stereotyped tonotopic response gradient is organized (Chang and Merzenich, 2003; de Villers-Sidani et al., 2007; Zhang et al., 2001). This CP can be prematurely closed via blocking GABAAR with pentylenetetrazol, which generates perinatal seizures. In this model, there is a concomitant switch of thalamocortical synapses onto primary auditory cortex pyramidal neurons from NMDAR-only to AMPAR-mediated responses. Application of the AMPAR antagonist NBQX immediately after seizures eliminates this premature CP closure, indicating a possible role of maturation of thalamocortical inputs in auditory CP closure (Sun et al., 2018).

SST-expressing interneurons pattern cortical organization both through their inhibition of PV-expressing interneurons and through their connections onto excitatory neurons. In the hippocampus, a subclass of SST-expressing interneurons appear to function as hub cells that dictate network dynamics during the first postnatal week (Picardo et al., 2011). Disruption of even single hub cells can lead to widespread changes to network dynamics (Bonifazi et al., 2009), revealing the vital role of these neurons in patterning early cortical circuits. In somatosensory cortex, SST-expressing interneurons receive denser thalamocortical inputs during the first postnatal week than do contemporaneous PV-expressing interneurons or adult SST-expressing cortical interneurons (Tuncdemir et al., 2016). Constitutive genetic ablation of SST-expressing interneurons results in decreased thalamocortical innervation of PV-expressing interneurons by early in the second postnatal week, whereas ablation of SST-expressing interneurons after the first postnatal week did not alter PV-expressing interneuron thalamocortical input. Similarly, genetic denervation of SST-expressing interneurons leads to similar decreases in amplitude of thalamocortical inputs onto PV-expressing interneurons, verifying the critical developmental role of SST-expressing interneurons in patterning thalamocortical inputs to PV-expressing interneurons. Early SST-expressing interneuron function is also critical to the establishment of thalamocortical inputs to pyramidal cells, with genetic ablation of synaptic output from SST-expressing interneurons delaying the formation of excitatory inputs onto pyramidal cells until the second postnatal week (Marques-Smith et al., 2016).

Data from alterations to the non-cell-autonomous homeoprotein Otx2 (orthodenticle homeobox 2) further corroborate the role of fast-spiking cell maturation in patterning visual (Sugiyama et al., 2008), primary auditory, and medial prefrontal cortices (Lee et al., 2017). Otx2 accumulation is promoted by visual experience, its exogenous infusion accelerates PV-cell 
development as well as CP timing, and its removal abolishes ocular dominance plasticity. These data suggest a prominent role for the maturation of PV-expressing interneurons in determining the ocular dominance selectivity of primary visual cortex (reviewed in Lorenzo Bozzelli et al., 2018).

Experiments using brain-derived neurotrophic factor (BDNF) reveal similar correlations between maturation of fast-spiking interneurons and ocular dominance CPs (Hanover et al., 1999; Huang et al., 1999). Extrinsic application of BDNF leads to earlier expression of parvalbumin, earlier maturational changes in the inhibitory plasticity mechanisms available, and an earlier closing of the CP for ocular dominance. Conversely, polysialic acid (PSA) is downregulated in visual cortex after eye opening and its expression declines with sensory experience. Premature removal of PSA leads to precocious maturation of perisomatic GABAergic innervation and precocious onset of the ocular dominance CP (Di Cristo et al., 2007).

The ability of maturing interneurons to induce a CP for visual cortex plasticity was directly tested via transplantation of embryonic interneuron precursors from the MGE into the postnatal visual cortex. MGE transplantation leads to a new temporally limited window for ocular dominance (Southwell et al., 2010). This new plasticity window occurs at the time when transplanted interneurons achieve the same maturational stage that they have during the normal CP (Larimer et al., 2017). Unlike transplantation of MGE-lineage interneurons, transplantation of CGE lineage interneurons into visual cortex does not lead to new CPs for ocular dominance (Davis et al., 2015; Isstas et al., 2017; Larimer et al., 2016). These data emphasize the critical role of either the PV- or SST-expressing interneurons of the MGE-lineage in patterning visual cortical responses (Tang et al., 2014), though more work is necessary to reveal the precise mechanisms underlying this effect.




19.5. Conclusions

The spatially and temporally precise origins, complex maturational processes, and diverse adult phenotypes of cortical interneurons underscore the multiple roles that these cells play in cortical circuits. The precise cause and effect relationships between interneuron maturation and sensory cortical response patterning during development is still not clear, but there is sufficient data to suggest that dysfunction of cortical maturation could play a significant role in numerous human neuropsychiatric diseases. As such, further dissection of the normal mechanisms of interneuron development as well as of the circuit implications of perturbation of interneuron function in adult life hold exceptional promise in developing novel treatments for human disease as well as elucidating the evolutionary adaptations that allowed the phenomenal complexity of human neocortex.
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Abstract


Brain-derived neurotrophic factor (BDNF) is a key molecule involved in various aspects of neuronal circuit development and function. In this chapter, we will first discuss the complex transcriptional and translational regulation of BDNF, its secretion, and receptor-mediated actions at pre- and postsynaptic sites. Next, we will cover how those functions affect neural circuit development and maturation. Finally, we will highlight a selection of important findings regarding the role of BDNF in the context of specific neural circuits affecting normal behavior and disease, though this section is by no means an exhaustive treatment of the findings regarding BDNF.
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20.1. Introduction to neurotrophins

The discovery of nerve growth factor (NGF) nearly 70
 
years ago revolutionized the field of embryology and development. Groundbreaking work by Rita Levi-Montalcini and Stanley Cohen in the 1950s demonstrated the rapid neurite outgrowth of tumor cells transplanted into an embryo, and they subsequently isolated and characterized NGF as the responsible factor; this seminal work led to the Nobel Prize in Physiology or Medicine in 1986. Further work identified a family of homologous secreted proteins, known as neurotrophins, that are essential for survival, development, and plasticity in the nervous system (Lessmann et al., 2003). Neurotrophins include NGF (Levi-Montalcini, 1964), brain-derived neurotrophic factor (BDNF) (Barde et al., 1982), neurotrophin-3 (NT-3) (Hohn et al., 1990), and neurotrophin-4 (NT-4) (Hohn et al., 1990). BDNF, discovered in the 1980s by Yves-Alain Barde and Hans Thoenen, is the most abundantly and broadly expressed growth factor in the central nervous system (CNS) and has been studied most thoroughly among the neurotrophins for its role in synaptic plasticity in neural circuits. In this chapter, we will discuss the signaling mechanisms of 
BDNF; how it functions in developing and mature neurons; and finally its role in normal behavior, disease states, and potential therapeutic applications.





20.2. BDNF transcription, translation, processing, and signaling

20.2.1. Gene structure and transcriptional regulation




The structure of the BDNF gene is quite complex and produces dozens of transcripts that will ultimately result in a single protein product, with evidence suggesting functional regulation of its transcription by multiple cellular processes (Cunha et al., 2010). The BDNF gene in rodents and humans consists of at least eight 5′ untranslated exons (I–VIII), each with its own promoter. The human BDNF gene contains two novel exons: Vh, which has its own promoter, and VIIIh, which is not linked to an independent promoter (Pruunsild et al., 2007). These transcripts are each spliced to the common 3′ translated exon IX containing the protein coding domain (Aid et al., 2007; Liu et al., 2005, 2006; Pruunsild et al., 2007). Due to alternative splicing of exon II into IIA, IIB, and IIC products, and the existence of two distinct polyadenlylation signals within the coding sequence resulting in transcripts containing either long (∼2.85
 
kb) or short (∼0.35
 
kb) 3′ untranslated regions (UTRs), there are at least 24 potential transcription products of the rodent BDNF gene (see Fig. 20.1) (Aid et al., 2007; Liu et al., 2005, 2006; Timmusk et al., 1993; An et al., 2008). Research has indicated that the short 3′ UTR leads to localization to the cell body while the long form is found in dendrites, suggesting that the UTR may functionally regulate transport and local dendritic synthesis of BDNF (An et al., 2008).

Studies suggest that specific exons control tissue- and temporal specificity of BDNF expression: for example, exon IV transcripts are present throughout the brain from early embryonic timepoints, whereas exon V is expressed postnatally and predominately in cortical brain regions.

Furthermore, exons are differentially regulated by DNA methylation, histone acetylation, and neuronal activity. DNA methylation normally suppresses expression of exons I, IV, V, VIII, and IX, while histone acetylation typically regulates expression of exons III, VII, and IX (Aid et al., 2007). Neuronal depolarization too leads to induction of exons I, IV, V, VII, and IX. Exon IV, also referred to as the “activity-dependent” exon, shows long-lasting upregulation after neural activity, and its promoter has been characterized to contain binding sites for cAMP-response element binding (CREB) proteins, calcium-responsive transcription factor, and methyl-CpG binding protein 2 (MeCP2) (Shieh et al., 1998; Tao et al., 1998; Tabuchi et al., 2002; Chen et al., 2003a, 2003b; Martinowich et al., 2003). Indeed, knock-in mice harboring a mutation of the CREB binding site upstream of exon IV leads to disrupted sensory-driven transcription of exon IV in the cortex (Hong et al., 2008).

Intracellular calcium influx through L-type calcium channels (Zafra et al., 1992) and n-methyl-D-aspartate (NMDA)-type glutamate receptors (Zafra et al., 1990, 1991, 1992) have also been directly linked to increased transcription of 
BDNF. Other stimuli that regulate exon-specific transcription of BDNF include seizures, learning paradigms, stress, exercise, and antidepressant treatment, some of which will be covered in detail in subsequent sections of this chapter (Cunha et al., 2010).



[image: image]



Figure 20.1 Structure of the brain-derived neurotrophic factor (BDNF) gene and protein from mouse and rat. (A) The BDNF gene consists of nine exons (I–IX). The coding region (dark blue box) is within exon IX and followed by either a short or long (indicated by orange triangles) polyadenylation sequence. (B) The BDNF protein starts as preproBDNF containing the signal peptide (green), prodomain (purple) and mature protein (blue). After the signal peptide is cleaved off, proBDNF remains and binds preferentially to the p75NTR receptor. The prodomain may also be cleaved off to leave mature BDNF which preferentially binds to the TrkB receptor.






20.2.2. Epigenetic regulation of BDNF

As alluded to in the previous section, transcription of BDNF can be controlled by histone acetylation and DNA methylation, two important epigenetic regulatory mechanisms. In this section, we will discuss factors influencing the epigenetic regulation of BDNF expression. DNA methylation, the addition of methyl groups to poly-cytosine-guanine sites (CpG islands), is typically associated with transcriptional silencing. Maintenance of methylation on DNA is mediated by DNA methyltransferase 1 (DNMT1), while de novo methylation is established by DNA methyltransferases 3a and b (DNMT3a/b). Neural activity, a major activator of BDNF transcription as described in the previous section, is associated with alterations in the DNA methylation status of specific regions within the BDNF gene. For example, the CREB binding site within the promoter region of BDNF becomes demethylated allowing increased binding of phospho-CREB in the hypothalamus during heat conditioning in early postnatal development in chicks, while two other CpG sites in the BDNF promoter regions show increased methylation coincident with increased DNMT3a binding (Yossifoff et al., 2008). Furthermore, fear conditioning in rats leads to upregulation of BDNF exon IV transcription associated with significant demethylation of this region in the CA1 of hippocampus (Lubin et al., 2008). Demethylation of BDNF exon IV by fear conditioning could be reversed by pharmacological inhibition of DNA methyltransferases or by blocking NMDA receptors (Lubin et al., 2008). Pharmacological inhibition of DNMTs also led to enhanced BDNF transcription that was occluded by NMDA receptor blockade in mouse hippocampus (Autry et al., 2015).

Adverse stimuli have been associated with decreases in BDNF transcription and hypermethylation of regions of the BDNF gene. In a model of posttraumatic stress disorder in rats, the promoter region of BDNF exon IV is hypermethylated contributing to reduced BDNF mRNA expression in the CA1 of hippocampus (Roth et al., 2011). Similar increases in methylation in the promoter of BDNF exon IV are correlated with depression-related behavior in adult mice treated with methylmercury perinatally (Onishchenko et al., 2008). Poor parental care in early postnatal life also leads to decreases in BDNF mRNA expression linked with increased methylation of exon IX in early life and both exon IV and IX in adults in the rat prefrontal cortex (Roth et al., 2009). BDNF transcription was also suppressed in the cortex and hippocampus of adult rats deprived of light exposure, and this suppression was correlated with hypermethylation of BDNF promoter IV (Karpova et al., 2010). Together, these studies illustrate the key role of methylation and activity of DNA methyltransferase enzymes on activity-dependent expression of BDNF, particularly transcription driven by exon IV expression.

One way by which methylation leads to dynamic changes in gene expression is illustrated by methyl CPG binding protein 2's (MeCP2) regulation of BDNF transcription. MeCP2 has been shown to regulate BDNF exon IV silencing during periods of low neuronal activity through the recruitment of a corepressor Sin3a (Chen et al., 2003a; Martinowich et al., 2003). Upon neuronal stimulation, MeCP2 is released from the promoter through its phosphorylation at Ser-421 leading to an increase in pCREB activity at the promoter, and thus unsilencing BDNF transcription (Chen et al., 2003a). However, the nature of the regulation of BDNF by MeCP2 remains contentious. MeCP2 has subsequently been shown to bind ubiquitously in the genome and also been shown to increase transcription under certain circumstances and in specific brain regions (Chahrour et al., 2008; Cohen et al., 2011). Recent studies have revealed an even more complex landscape of MeCP2 functions, showing that it can bind to non-CpG methylated sequences as well as to unmethylated and hydroxymethyl CpG (hMCG) sequences (Kinde et al., 2015). All these processes have been predominantly studied in in vitro systems, and it is possible that each of these mechanisms may act in specific neuronal states, contexts, and developmental stages.

In addition to direct modification of DNA, epigenetic regulation can occur through modifications of histones, the octamer of proteins around which DNA is coiled and compacted within the nucleus. The n-terminal “tail” region of histone proteins can be modified enzymatically in a number of ways that produces a so-called “histone code” that is either permissive or repressive to transcription at specific genetic sites (Kouzarides, 2007). Histone acetylation is associated with increased transcription, and this modification is added by histone acetyl-transferases (HATs) and removed by histone deacetylases (HDACs); histone methylation is associated with transcriptional activation at lysine 4 of H3 (H3K4), while trimethylation at lysine 27 of H3 (H3K27) is associated with transcriptional repression. These modifications are added by histone methyltransferases (HMTs) and removed by histone demethylases (HDMTs). Acetylation of histone protein H4 in promoter IV of BDNF is associated with increased transcription at this locus during extinction of fear conditioning (Bredy et al., 2007),
 and treatment with HDAC inhibitor valproic acid enhances fear memory acquisition, extinction, and reconsolidation in mice (Bredy et al., 2007; Bredy and Barad, 2008). Histone acetylation of H3 and H4 is decreased in aged rats contributing to reduced expression of BDNF and decreased long-term potentiation (LTP) in hippocampal slices, and these molecular and physiological changes could be reversed by acute treatment with HDAC inhibitors (Zeng et al., 2011). Furthermore, methylation of H3K4 at BDNF promoters in exons III and IV was associated with long-term exposure to an enriched environment in mice (Kuzumaki et al., 2011). H3K4 methylation is also enhanced during fear conditioning at BDNF exon I promoter in rats (Gupta et al., 2010). Together, these studies illuminate the importance of epigenetic regulation at the DNA and histone level in expression of BDNF.




20.2.3. Translation and processing

The translation of BDNF and its folding and vesicle packaging are heavily influenced by the 3′ UTR, the prodomain region, as well as posttranslational modifications. Under basal neuronal conditions, the short 3′ UTR BDNF mRNA is primarily translated while the long form acts in cis as a repressor (Lau et al., 2010). However, under high levels of neuronal activity, the long 3′ UTR BDNF mRNA is rapidly and robustly expressed. As previously mentioned, studies show that the long 3′ UTR BDNF mRNA may be localized to dendrites, thus ensuring local and rapid effects of BDNF upon neural stimulation (An et al., 2008; Vicario et al., 2015). Such rapid upregulation of BDNF in the hippocampus and cortex have been demonstrated to underlie important processes in learning and memory as well as antidepressant behavior, which we will discuss in detail in Section IV.

The protein product of BDNF coding exon IX is preproBDNF (Lessmann et al., 2003). This product contains a signal peptide and the proBDNF sequence. The signal peptide is responsible for sequestering the protein to the endoplasmic reticulum. This sequence is cleaved to produce the 32 kilodalton (kDa) proBDNF, allowing transport to the Golgi apparatus (Lessmann et al., 2003). Within the Golgi bodies, proBDNF may undergo several posttranslational modifications such as N-acetylation (Bradshaw et al., 1998) and C-amidation (Eipper et al., 1992), though how these modifications affect packaging and other downstream effects is not currently well understood.




20.2.4. Constitutive and activity-dependent secretion

BDNF, in contrast to other neurotrophins, such as NT-3 and NGF that are largely constitutively secreted, is preferentially sorted into the activity-dependent, or regulated, pathway for release (Goodman et al., 1996; Farhadi et al., 2000; Adachi et al., 2005). The prodomain of proBDNF allows proper protein folding (Heymach et al., 1996) and sorting to either the constitutive or activity-dependent secretory pathway (Lee et al., 2001). ProBDNF (32
 
kDa) itself may be packaged into vesicles with the enzyme tissue plasminogen activator (tPA/plasmin) which will cleave proBDNF to the 14-kDa mature BDNF (mBDNF) extracellularly (Waterhouse and Xu, 2009); or alternatively proBDNF may be cleaved intracellularly by furin or proconvertases into mBDNF for secretion (Lessmann and Brigadski, 2009). Both proBDNF and mBDNF can be secreted in an activity-dependent manner or via the constitutive secretory pathway, and evidence suggests that proBDNF predominates extracellularly (Mowla et al., 2001; Yang et al., 2009), though this view is not undisputed (Matsumoto et al., 2008).

Importantly, the targeting of BDNF to the activity-dependent pathway is controlled by the val66met mutation; this single nucleotide polymorphism (SNP) found in the prodomain at nucleotide 196, which causes a valine to methionine substitution, leads to inefficient activity-dependent release of BDNF and has been associated with multiple psychiatric disorders that we will discuss in detail in subsequent sections (Egan et al., 2003). This mutation may affect binding of the prodomain to sorting receptors including carboxypeptidase E (CPE) or sortilin (Lou et al., 2005; Chen et al., 2005). BDNF vesicular localization is reduced in cultured cells lacking the binding domain of sortilin (Chen et al., 2005), which demonstrates the essential role for this receptor in sorting BDNF into the regulated pathway. Another intriguing protein of interest in the transport of BDNF is huntingtin protein encoded by the huntingtin gene (htt): mutant forms of huntingtin that cause Huntington's disease lead to reduced microtubule-dependent trafficking of BDNF-containing vesicles compared to wild-type htt (Gauthier et al., 2004).

Biologically active forms of BDNF are thought to be composed of noncovalently associated homodimers, though recombinant proteins do appear to form heterodimers (for example, BDNF/NT-3) in cell lines (Jungbluth et al., 1994). In addition to secretion of de novo translated proteins, BDNF may also be endocytosed and recycled for re-release within the same neuron (Santi et al., 2006; von Bartheld et al., 2001). Further study is required to tease apart the function of BDNF in homodimeric form as opposed to its action in heterodimers.









20.2.5. Pre- and postsynaptic release

Historically, BDNF has been thought to act at presynaptic sites to enhance neurotransmission via its tropomysin-related kinase B (TrkB) receptors as revealed by studies of the canonical neuromuscular junction synapse (NMJ) (Lohof et al., 1993). It is now appreciated that BDNF (Dieni et al., 2012; Matsuda et al., 2009) and TrkB signaling (Alder et al., 2005; Chen et al., 1999) are involved in plasticity processes both pre- and postsynaptically. Specifically, visualization of BDNF trafficking using green fluorescent protein (GFP)-tagged BDNF in cultured cortical or hippocampal neurons reveals localization of BDNF at axons as well as dendrites (Adachi et al., 2005; Matsuda et al., 2009; Jakawich et al., 2010). However, use of a myc-tagged BDNF only reveals localization in dendrites at presynaptic release sites in hippocampal neurons (Dieni et al., 2012).

More recently, studies have used the trisynaptic circuit of the hippocampus to study pre- and postsynaptic effects of BDNF. In this canonical circuit, neurons of the dentate gyrus (which receive input from the perforant path originating in the entorhinal cortex) project to the CA3 which in turn sends axons to CA1. Early experiments showed that deficits in CA3-CA1 LTP in global BDNF knockouts could be recapitulated by presynaptic deletion of BDNF in CA3 alone (Zakharenko et al., 2003). In dentate gyrus granule cells, application of BDNF stimulated depolarization and calcium influx when applied at the postsynaptic dendrites but not at the presynaptic axons. These effects are blocked by voltage clamping of the dentate granule cells during perforant path stimulation, revealing a postsynaptic effect of BDNF signaling (Kovalchuk et al., 2002).

Previous studies were unable to localize the effects of BDNF signaling because they did not examine the effects of BDNF in concert with the TrkB receptor, and largely relied on application of exogenous BDNF rather than examining release of endogenous BDNF. Recently, experiments have used selective knockout of BDNF and TrkB from pre- or postsynaptic sites in slices and in behaving mice to examine both components of BDNF signaling in parallel. Selective deletion of BDNF or TrkB from presynaptic CA1 neurons or postsynaptic CA3 neurons in the hippocampus has revealed distinct roles for each type of signaling in both basal neurotransmission, synaptic plasticity, and behavior: presynaptic BDNF and postsynaptic TrkB are required for induction of LTP while postsynaptic BDNF and presynaptic TrkB are essential for LTP maintenance (Lin et al., 2018). In addition, loss of presynaptic TrkB expression leads to impaired release probability, while both pre- and postsynaptic loss of TrkB lead to deficits in memory tasks illustrating a critical role for both retrograde and anterograde BDNF signaling in hippocampal functions (Lin et al., 2018). Together, these studies reveal that BDNF signaling via TrkB receptors have localized and temporally specific effects on synaptic plasticity.




20.2.6. Receptors and intracellular cascades

Neurotrophins are able to bind to two classes of receptors, the pan-neurotrophin 75 receptor (p75NTR) and tropomyosin-related kinase receptors (TrkRs). The p75NTR receptor belongs to the tumor necrosis factor (TNF) family of receptors and is associated with apoptosis pathways (Chao, 2003). p75NTR binds to BDNF, NT-3, and NT-4/5 with similar affinity (Chao, 2003). There are three subtypes of Trk tyrosine kinase receptors: TrkA which binds NGF, TrkB which binds BDNF and NT-4/5, and TrkC which binds to NT-3 (Reichardt, 2006). p75NTR is predominately expressed in the peripheral nervous system (PNS) in adults and is transiently expressed in the central nervous system during early development, or in adults in response to cellular insults including injury and inflammation (Lee et al., 2001). In contrast, TrkB is widely expressed across the CNS and in some subsets of PNS neurons of the sensory system (Lee et al., 2001).

Additionally, both proBDNF and mBDNF appear to be secreted and have been demonstrated to activate distinct receptors and intracellular cascades (Woo et al., 2005; Yang et al., 2009). ProBDNF binds to the low-affinity p75NTR receptor that plays a role in apoptosis via activation of the jun kinase pathway (Lessmann et al., 2003; Roux and Barker, 2002). mBDNF binds preferentially to its high-affinity receptor, tropomysin-related kinase B (TrkB) (Lee et al., 2001). Binding of mBDNF leads to the autophosphorylation of TrkB, which activates various intracellular cascades (Levine et al., 1998). TrkB receptor activation can lead to signaling in at least three distinct intracellular cascades that impact cellular function on multiple timescales: (1) the phospholipase C gamma (PLC γ) pathway which leads to activation of protein kinase C, (2) the phosphatidylinositol 3-kinase (PI3K) which activates serine/threonine kinase AKT, and (3) mitogen-activated protein kinase (MAPK, or extracellular signal related kinase ERK) and several downstream effectors (Reichardt, 2006). In the section detailing BDNF's function in neurons, we will discuss in detail the cellular functions and physiological contexts under which each of these signaling pathways become activated (Fig. 20.2).
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Figure 20.2 Brain-derived neurotrophic factor (BDNF) receptor–mediated signaling pathways. Three main signaling pathways are engaged by binding of BDNF to the TrkB receptor. TrkB receptor activation can lead to signaling in at least three distinct intracellular cascades that impact cellular function on multiple timescales: (1) the phospholipase C gamma (PLC γ) pathway which leads to activation of protein kinase C, (2) the phosphatidylinositol 3-kinase (PI3K) which activates serine/threonine kinase AKT, and (3) mitogen-activated protein kinase (MAPK, or extracellular signal–related kinase ERK) and several downstream effectors. 

Figure reproduced with permission of Springer Nature.








20.2.7. Effector and target of local protein synthesis

BDNF signaling can enhance translation of several mRNAs and itself can be locally translated at dendrites in response to specific types of stimuli. BDNF has been associated with increases in both the initiation and elongation steps of translation through several mechanisms leading to enhanced synthesis of a subset of neuronal mRNAs. BDNF application to hippocampal or cortical neurons in slice or dissociated cultures leads to the translocation of initiation factor eukaryotic initiation factor 4e (eIF4e) to mRNA granules localized at synapses (Smart et al., 2003). In addition, BDNF-TrkB signaling is associated with enhanced phosphorylation of both eIF4e and eIF4e-binding protein (eIF4eBP) which both lead to upregulation of translation initiation via mammalian target of rapamycin (mTOR), extracellular-related kinase (ERK), and mitogen-activated protein kinase (MAPK) intracellular cascades (Kanhema et al., 2006; Takei et al., 2001, 2004; Schratt et al., 2004). BDNF signaling is also associated with rapid, transient phosphorylation of eukaryotic elongation factor 2 (eEF2) which can lead to arrest of elongation; however, this effect was observed specifically at nonsynaptic sites, suggesting that this process may work in concert with enhanced initiation at synapses to coordinate compartment-specific protein translation (Kanhema et al., 2006). Indeed, further research showed loss of eEF2 phosphorylation with enhanced protein synthesis after BDNF application in cortical neurons (Inamura et al., 2005).

Multiple lines of evidence suggest that BDNF treatment leads to the selective enhancement of a subset of mRNAs comprising around 4% of transcripts expressed within a specific cell type (Schratt et al., 2004; Yin et al., 2002), with a concomitant decrease in translation of certain transcripts (Rivera et al., 2002; Raab-Graham et al., 2006; Castren et al., 2002). Many of these transcripts are associated with synaptic plasticity, including calcium-modulated kinase II alpha 
(CamKIIα), Staufen (Stau1), activity-regulated cytoskeletal protein (Arc), NR1, and GluA1 (Aakalu et al., 2001; Yin et al., 2002; Ying et al., 2002; Kelleher et al., 2004; Kanhema et al., 2006; Takei et al., 2004; Jourdi et al., 2009).

BDNF is also known to be rapidly translated under certain physiological conditions. In cultured hippocampal neurons, loss of spontaneous neurotransmission through blockade of NMDA receptors led to a rapid increase in synaptic strength accompanied by increased translation of plasticity-related transcripts via dephosphorylation of eEF2 (Sutton et al., 2006). In vivo studies showed that NMDA receptor blockade led to rapid enhancement of BDNF protein levels dependent on protein translation mechanisms including mTOR signaling (Li et al., 2010) and eEF2 dephosphorylation (Autry et al., 2011), suggesting a similar molecular mechanism as illustrated in hippocampal cultures. Further research revealed that mice lacking the kinase responsible for phosphorylation of eEF2 did not show enhanced BDNF synthesis in response to treatment with an NMDA receptor antagonist (Nosyreva et al., 2013). Finally, as will be further discussed in the following section, BDNF signaling via TrkB may directly feed into mTOR-dependent rapid protein synthesis during memory consolidation. These mechanisms associated with rapid translation of BDNF at synapses play an essential role in certain behaviors, which we will discuss in subsequent sections.






20.3. BDNF functions in the nervous system

20.3.1. Dendritic and axonal development




BDNF is critical during development for neuronal survival and axon guidance (Yoshii and Constantine-Paton, 2010). BDNF knockouts have severe developmental impairments and die soon after birth (Ernfors et al., 1994). BDNF generally acts as a target-derived messenger during development, meaning that it is synthesized and secreted from postsynaptic neurons, and upon binding to TrkB, the receptors internalize to stimulate intracellular signaling cascades that lead to neurite outgrowth (Yoshii and Constantine-Paton, 2010). Signaling in this manner, BDNF has been shown to be essential for the development of several neuron types including dopaminergic, GABAergic, cholinergic, and serotonergic neurons (Pillai, 2008).

BDNF, acting via TrkB binding, exerts several cellular effects related to growth cone turning, neurite outgrowth, and circuit tuning during early development, particularly in hippocampal and cortical neurons (Ahmed et al., 1995). Neurotrophins have been shown in cultured cells to guide axon growth cones through a cyclic AMP-mediated mechanism (Song et al., 1997) and help sensory neurons turn toward beads conjugated to BDNF in vivo in mouse limb buds (Tucker et al., 2001). In the visual cortex of ferrets, application of BDNF increases length and complexity of dendrites in layer IV pyramidal neurons (McAllister et al., 1995) and subsequent studies revealed that this effect is activity dependent (McAllister et al., 1996) and, through use of TrkB antibodies, that endogenous BDNF regulates dendritic growth (McAllister et al., 1997). In Xenopus laevis, application of exogenous BDNF increases axonal branching in retinal ganglion, while reducing BDNF signaling through application of antibodies leads to decreased axonal complexity (Cohen-Cory and Fraser, 1995). BDNF binding to TrkB at the distal axon of cortical neurons leads to axon outgrowth via activation of Erk1/2 signaling that stimulates expression of map kinase phosphatase 1 (MKP-1) which targets c-Jun n-terminal kinase (JNK). This in turn increases microtubule dynamics necessary for cytoskeletal remodeling, allowing axon collateral branching (Jeanneteau et al., 2010). Overexpression of BDNF during development leads to dendritic sprouting and structural instability in cortical neurons (Horch et al., 1999) and their neighboring neurons (Horch and Katz, 2002) suggesting that BDNF acts in a spatially restricted manner to induce structural effects. However, reduction in BDNF or TrkB expression was not sufficient enough to produce deficits in axonal phenotypes, though this effect may be due to developmental compensation by other neurotrophins and receptors (Martinez et al., 1998; Lyckman et al., 2005).

By contrast, BDNF acting through p75NTR, when TrkB expression is low during early development, may lead to axon retraction. Studies show that the genetic deletion of p75NTR disrupts developmental axon pruning (Singh et al., 2008; Park et al., 2010). Together, these studies illustrate the central role for BDNF signaling either through TrkB or p75NTR in sculpting axons and dendrites during development in an activity dependent manner.




20.3.2. Cell health and survival

Cell health and survival were some of the earliest appreciated effects of neurotrophin signaling and in particular BDNF. BDNF knockout mice show massive reductions in cell numbers of specific neural populations including vestibular ganglia, trigeminal ganglia, and dorsal root ganglia (Ernfors et al., 1994). In the adult, increased BDNF signaling through either viral expression (Benraiss et al., 2001) or recombinant protein infusion (Scharfman et al., 2005) can enhance adult neurogenesis in rats while reduced BDNF signaling in BDNF- (Sairanen et al., 2005) and TrkB- (Bergami et al., 2008) 
deficient mouse lines leads to reduced adult neurogenesis. In addition, the val66met mutation disrupting activity-dependent secretion of BDNF is also associated with reductions in adult neurogenesis (Bath et al., 2008). Alternatively, action of proBDNF via the p75NTR can lead to programmed cell death. These opposing effects of BDNF on cell survival dependent on signaling mechanism may be significant for shaping the brain during development or dynamic plasticity mechanisms.




20.3.3. Neuronal differentiation, synapse formation, and maturation

BDNF plays an essential role in the differentiation of cells to a neuronal fate. Neuronal differentiation of embryonic stem cells from cortex and hippocampus is enhanced by treatment with exogenous BDNF (Ahmed et al., 1995; Shetty and Turner, 1998). Alternatively, BDNF knockout leads to reduced differentiation of interneurons in the mouse cortex, hippocampus, and striatum (Jones et al., 1994).

BDNF can also rapidly increase synaptic activity in neurons (Lohof et al., 1993), suggesting that BDNF may specifically enhance synaptogenesis in addition to the previously detailed effects on dendritic and axonal morphology. Infusion of exogenous BDNF increases the number of synaptic puncta visualized by immunostaining in the optic tectum of X. laevis tadpoles (Alsina et al., 2001). Indeed, multiple studies have also demonstrated the enhancement of dendritic spine formation by application of exogenous BDNF in dissociated hippocampal cultures and hippocampal slices (Alonso et al., 2004; Amaral et al., 2007; Ji et al., 2010; Tyler and Pozzo-Miller, 2001, 2003). Spine formation mediated by BDNF signaling depends on ERK signaling (Alonso et al., 2004), TRPC3 signaling (Amaral and Pozzo-Miller, 2007), and increased actin polymerization via cofilin (Rex et al., 2007) and m-calpain (Zadran et al., 2010). In addition to such structural synaptogenesis, further research revealed functional maturation of developing neuromuscular junction synapses by examining excitatory postsynaptic currents (EPSCs) (Wang et al., 1995).

At central synapses, BDNF can enhance the formation and maturation of both excitatory and inhibitory synapses, as demonstrated in cultured hippocampal neurons (Vicario-Abejon et al., 1998). In the hippocampus, the predominant effect of BDNF application on developing synapses is the enhancement of glutamate release by increasing presynaptic vesicle release probability via the ERK signaling cascade (Sallert et al., 2009; Tyler et al., 2006; Mohajerani et al., 2007). At inhibitory gamma-aminobutyric acid (GABAergic) synapses, BDNF overexpression accelerates maturation of inhibition in the cortex leading to premature closure of the visual critical period (Hanover et al., 1999; Huang et al., 1999). The effects of BDNF at GABAergic synapses in the visual cortex appear to be activity-dependent because dark-rearing conditions slowed maturation of inhibitory circuits (Mandolesi et al., 2005), and this effect was lost in mice overexpressing BDNF (Gianfranceschi et al., 2003). Altogether, these results illustrate how BDNF signaling affects differentiation of neurons and the formation and maturation of excitatory and inhibitory synaptic connections (Fig. 20.3).
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Figure 20.3 Effect of brain-derived neurotrophic factor (BDNF) at synapses. BDNF has multiple actions on glutamatergic and GABAergic synapses both pre- and postsynaptically. (A) At glutamatergic synapses, postsynaptic TrkB receptor activation increases the size of dendritic spines while activation of presynaptic TrkB receptors increases miniature glutamatergic activity. (B) At GABAergic synapses, postsynaptically secreted BDNF increases the number of GABAergic synapses and increases the frequency of GABAergic miniature activity. (C) BDNF signaling additionally contributes to length and branching of dendrites. 

Figure reproduced with permission of Elsevier Inc.












20.3.4. Cellular plasticity

BDNF is essential for synaptic plasticity in mature brain circuits (Poo, 2001) and thus is critical for learning and memory processes (Lu et al., 2008). As mentioned, BDNF and TrkB are localized both pre- and postsynaptically, and BDNF can be released in an activity-dependent manner (Waterhouse and Xu, 2009). Both excitatory and inhibitory synapse formation and maturation are modulated by BDNF (Kovalchuk et al., 2004), and experimental data reveal that both spontaneous and evoked neurotransmission is impacted by BDNF signaling (Schuman, 1999; Tyler et al., 2006; Lin et al., 2018). These effects of BDNF are all fundamental to establishing the cellular underpinnings for long-term potentiation (LTP), the long-lasting activity-dependent facilitation of synaptic transmission, and presumed physiological substrate for learning and memory.

Studies of the mechanisms of LTP have revealed direct effects of BDNF on this process primarily in hippocampal synapses. Low concentrations of BDNF are sufficient to produce postsynaptic depolarizations in cortical, hippocampal, and cerebellar neurons (Kafitz et al., 1999), similar to the synaptic effects classically attributed to fast-acting neurotransmitters. Further studies revealed that reduced BDNF-TrkB signaling via genetic deletions or pharmacological inhibition leads to impaired LTP in the hippocampus (Korte et al., 1995, 1996, 1998; Minichiello et al., 1999; Monteggia et al., 2004). These effects can be rescued by application of exogenous BDNF or viral expression of BDNF (Korte et al., 1995; Patterson et al., 1996). Furthermore, LTP is diminished in mice carrying the val66met mutation, indicating the importance of activity-dependent secretion of BDNF for plasticity (Ninan et al., 2010). Application of exogenous BDNF can facilitate the conversion of weak synaptic activity, which would not typically lead to plasticity, into LTP (Kovalchuk et al., 2002). Loss of TrkB signaling in either pre- or postsynaptic neurons of CA1–CA3 synapses led to reduced LTP formation (Gartner et al., 2006; Lin et al., 2018).

BDNF acts within seconds of neural activity or application of the factor on synaptic function (Kovalchuk et al., 2004) but may also have sustained effects that support LTP via dendritic protein translation or feedforward transcription of BDNF (Kang and Schuman, 1996). This feedforward transcription occurs through TrkB-mediated CREB activation, as discussed in the previous section on BDNF transcription (Lu et al., 2008). Long-lasting effects of BDNF may also be attributed to structural plasticity, as demonstrated by the dependence of spine enlargement at hippocampal CA1–CA3 synapses on BDNF (Tanaka et al., 2008). Indeed, actin polymerization associated with dendritic spine formation is essential for LTP maintenance in rat hippocampus (Fukazawa et al., 2003). Together, these data emphasize the critical role for BDNF in neuronal plasticity.






20.4. BDNF's role in behavior and disease

20.4.1. Learning and memory




While BDNF was first identified within the context of developmental processes and cell survival in the nervous system, work over the last two
 
decades has implicated it as a critical mediator of memory formation. Newly learned information gets stored as long-term memory through a protein synthesis–dependent process known as consolidation. The well-established role of BDNF in LTP, considered a cellular correlate of memory consolidation, first implicated BDNF in this process. Indeed, as mentioned in the previous section, the ability of BDNF signaling to induce protein synthesis led researchers to propose that BDNF release might be a crucial trigger for memory consolidation. Blocking BDNF synthesis or TrkB function, both genetically and pharmacologically, has been shown to impair memory consolidation. Heterozygous BDNF-mutant mice are impaired in Morris water maze acquisition (Linnarsson et al., 1997) and contextual fear conditioning (Liu et al., 2004), while forebrain-specific TrkB knockouts display deficits in a spatial water maze task and moderate deficits in a radial arm maze task (Minichiello et al., 1999). Here we discuss the role of BDNF signaling in the consolidation of different types of memories within distinct and overlapping neural circuits and behavioral paradigms.



20.4.1.1. Hippocampal memory consolidation and persistence

The dorsal hippocampus is essential for the consolidation of contextual memories, such as autobiographical memories of places, things, and people. De novo gene expression in the hippocampus has been shown to be essential for contextual memory consolidation, and early in vitro studies implicated BDNF as a key signaling molecule mediating this process. BDNF has been shown to increase in the hippocampus following training in a variety of paradigms, such as the Morris water maze and the radial maze (Kesslak et al., 1998; Mizuno et al., 2000), inhibitory avoidance (Alonso et al., 2002; Ma et al., 1998), contextual fear conditioning (Hall et al., 2000); and olfactory recognition (Broad et al., 2002). Additionally, BDNF Exon IV expression is induced in the hippocampus following contextual fear memory formation (Lubin et al., 2008).
 Thus, BDNF is both synthesized during consolidation and plays an important role in the synthesis of other proteins essential for consolidation.

Memory consolidation is a dynamic process usually taking several hours to days to complete. But when is BDNF signaling/synthesis required during consolidation? To examine this question, Alonso et al., employed two techniques to gain temporal control of BDNF synthesis and signaling. BDNF antisense oligodeoxynucleotides that knocked down BDNF synthesis for a short period, or anti-BDNF antibodies, which prevented BDNF signaling before training, blocked the consolidation of a contextual inhibitory avoidance memory (Alonso et al., 2002). Notably, while blocking BDNF's actions impaired consolidation, increasing its levels facilitated memory formation. Infusion of BDNF into the hippocampus 1
 
h or 4
 
h after training facilitated memory, while blocking BDNF signaling with an anti-BDNF antibody at the same timepoints impaired consolidation when tested the next day (Alonso et al., 2002). Anti-BDNF antibodies injected 6
 
h posttraining no longer affected memory consolidation, but an injection 12
 
h after training blocked memory consolidation when tested 7
 
days later (Bekinschtein et al., 2007). Surprisingly, recombinant BDNF injections into dorsal hippocampi were able to rescue the amnesia induced by anisomycin (a protein synthesis inhibitor). One hypothesis to account for this effect is that BDNF activates PKMζ independently of protein synthesis, and this mechanism overrides the requirement of protein synthesis (Mei et al., 2011). Another possibility is that a very small subset of proteins is active at this timepoint and that BDNF may be downstream of these proteins. Indeed, BDNF signaling is required for a rapid wave of protein synthesis within the first few minutes of consolidation, likely via activation of the mTOR pathway (Bambah-Mukku et al., 2014; Chen et al., 2012). In addition, this early wave of BDNF signaling leads to the phosphorylation of CaMKIIα and the transcription factor CREB, resulting in the expression of the transcription factor CCAAT enhancer binding protein β (C/EBPβ), which in turn leads to BDNF Exon IV expression at later stages of consolidation. This autoregulatory feedback loop activated by BDNF terminates around 48
 
h after training, a timepoint at which protein synthesis inhibitors no longer affect consolidation (Bambah-Mukku et al., 2014).




20.4.1.2. BDNF roles in cortical memory formation

As mentioned above, several studies have examined the role of BDNF synthesis and release within the dorsal hippocampus during contextual memory consolidation. While the hippocampus is essential for memory consolidation, it is just one part of an extended circuit that encompasses several other brain regions, including the cortex and amygdala. These connections are bidirectional and likely involve reciprocal changes in strength that might be mediated by molecules such as BDNF. Indeed, the medial prefrontal cortex (mPFC) is connected to several brain regions, including the hippocampus, and has been shown to be essential for memory consolidation, extinction, and retrieval. Several lines of evidence implicate BDNF in these distinct cortex-dependent memory functions. The prefrontal cortex consists of two main subdivisions, the prelimbic and the infralimbic. BDNF action in these subdivisions controls distinct aspects of memory formation. Sustained BDNF signaling through its receptor TrkB is required for contextual memory consolidation in the prelimbic cortex (Choi et al., 2012; Ye et al., 2017). In fact, BDNF release from hippocampal synapses onto prelimbic neurons leads to memory strengthening, partly through the suppression of memory extinction. While the molecular mechanisms underlying this effect remain largely unexplored, evidence indicates the recruitment of neuroligin signaling and the strengthening of hippocampal-prefrontal synapses (Ye et al., 2017). Several studies have examined the role of the mPFC in memory extinction. Extinction is a process of new learning that leads to the updating of an associative memory. In the case of fear learning, this manifests as a reduced fear response resulting from repeated exposures to the fear inducing stimulus, but in the absence of the aversive outcome. The infralimbic cortex is critical for this process. In a striking result, BDNF infusion into the infralimbic cortex was shown to cause fear extinction even in the absence of repeated contextual exposures, suggesting that BDNF might be the main signal driving neuronal firing in this region (Peters et al., 2010). Subsequent work has implicated the ventral hippocampus as a source of infralimbic BDNF release supporting extinction (Rosas-Vidal et al., 2014). Together, these data illustrate the circuit-specific function of BDNF at multiple steps of learning, memory formation, memory consolidation, and extinction processes.





20.4.2. Stress, depression-like behavior, and antidepressant efficacy

Major depressive disorder (MDD) is a neuropsychiatric disease characterized by feelings of anxiety and guilt, loss of pleasure, increased or decreased appetite, and changes in sleep patterns (Shelton, 2007). Because MDD is a leading cause of disability worldwide, there is intense research interest in studying the causes and potential treatments for this disorder. The rate of MDD in women is double that in men, though the reasons for this difference are currently unknown (Becker et al., 2007). Risk factors for MDD include early life trauma, a history of stressful life events, as well as acute stress 
(Charney and Manji, 2004). Research has shown that BDNF is reduced by stress (Martinowich et al., 2007) and is increased by antidepressant treatment (Castren and Rantamaki, 2010), making it an attractive candidate for study into the mechanisms of susceptibility to stress and depression, as well as a potential target for therapeutics.

A major anatomical hallmark of MDD and other stress-related disorders is a marked reduction in hippocampal and prefrontal cortex volume (Bremner et al., 2000). Postmortem hippocampal and prefrontal cortex tissue from suicide victims and patients with MDD reveals decreased levels of BDNF and TrkB, as well as reduced serum BDNF (Castren et al., 2007; Castren and Rantamaki, 2010; Thompson Ray et al., 2011; Castren, 2004; Pandey et al., 2008; Dwivedi et al., 2003). On the other hand, antidepressant treatment showed normalization of BDNF levels in both postmortem tissue and blood serum. Intriguingly, the val66met polymorphism that leads to reduced activity-dependent secretion of BDNF has been associated with increased incidence of MDD in certain human populations, such as males with homozygous mutations and patients with a history of early life stress (Frielingsdorf et al., 2010; Gatt et al., 2009). Together, these findings suggest that reduced neurotrophin signaling in cortex and hippocampus may underlie either susceptibility for or reactivity to stress and depression (Yu and Chen, 2011), and these alterations may be reversed with antidepressant treatment.

Conversely, BDNF signaling is enhanced by stress and MDD in the nucleus accumbens and amygdala. For example, human patients with MDD show increased BDNF expression in the nucleus accumbens (Krishnan et al., 2007). In addition, volumetric studies reveal an increased volume of the amygdala in human patients with MDD (Tebartz van Elst et al., 2000; Frodl et al., 2002), and studies in rodents demonstrate increased BDNF expression in the amygdala (Yu and Chen, 2011). These results, together with findings in corticolimbic regions, illuminate a circuit-specific role for BDNF in reactivity to or susceptibility to stress and MDD.

Chronic stress leads to several well-characterized cellular and behavioral effects: decreased hippocampal spine density, reduced hippocampal plasticity, and deficits in learning and memory, as well as increased depression-like behavior (Willner, 2005; McEwen and Magarinos, 1997; Yan et al., 2010). Because these effects are also strongly linked to actions of BDNF, researchers have extensively studied how BDNF signaling impacts susceptibility to stress and stress-related mood disorders. Indeed, in mice and rats, it has been shown that chronic stress leads to reductions in BDNF and TrkB levels in hippocampus and cortex (Duman and Monteggia, 2006). However, studies have been unable to define the precise role of BDNF signaling in stress susceptibility (Advani et al., 2009; Autry et al., 2009). Discrepancies in experimental results can likely be attributed to the choice of stressor and duration of stress; variation in endpoint criteria, such as physiological or behavioral assays; strain of mice or rats; and brain areas studied. BDNF heterozygous mice, for example, show increased depression-related behavior after short-term stress (Advani et al., 2009). By contrast, conditional or inducible male BDNF mutants show depression-related behavior that is indistinguishable from controls after chronic stress (Ibarguen-Vargas et al., 2009), though further experiments detected more pronounced depression-related behavior specifically in females (Autry et al., 2009). Moreover, selective deletion of BDNF from the ventral tegmental area leads to decreased depression-related behaviors (Berton et al., 2006), and recent data suggest that this effect is directly mediated through BDNF-TrkB signaling (Wook Koo et al., 2016). These differences in experimental results highlight the importance of brain circuitry and associated behaviors, and sex in the study of stress-induced physiological and behavioral alterations. Together, these studies reveal a circuit-specific and sex-dependent role of BDNF in the susceptibility to stress.

It is important to note here that moderate levels of stress can also enhance contextual memory consolidation (McGaugh, 2003). The adrenal glucocorticoid stress hormones, acting through their receptors glucocorticoid receptor (GR) and mineralocorticoid receptor (MR), play a critical role in memory consolidation and retrieval (Chen et al., 2012; Morimoto et al., 1996; Roozendaal, 2000). Surprisingly, pharmacological blockade of GR leads to an impairment in memory formation, primarily through molecular mechanisms shared with the BDNF signaling pathway, including the activation of the CamKIIα-CREB pathway (Chen et al., 2012). In fact, the memory impairment caused by hippocampal GR inhibition can be rescued by the coadministration of BDNF, substantiating the direct interaction between these pathways within hippocampal neurons (Chen et al., 2012). Whether this molecular intersection is disrupted during chronic stress and whether the BDNF pathway can hold therapeutic promise in rescuing memory impairments during chronic stress remains to be investigated.

In line with findings described in humans, BDNF mRNA and protein levels are enhanced in cortex and hippocampus with antidepressant treatments, including electroconvulsive therapy (ECT) as well as several classes of pharmacological antidepressants (Balu et al., 2008; Nibuya et al., 1995; Altar et al., 2003). Furthermore, BDNF infusion leads to antidepressant-like effects (Hu and Russek, 2008; Shirayama et al., 2002; Hoshaw et al., 2005).

Depression-related behavior is normal in most models of BDNF deficiency (heterozygous mice, region-specific deletions in forebrain, regions of hippocampus and dorsal raphe nucleus) (Chourbaji et al., 2004; Monteggia et al., 2004, 2007), though none of these models of BDNF deficiency are able to respond to antidepressant treatment (Malberg and Blendy, 2005; Tardito et al., 2006; Hu and Russek, 2008; Monteggia et al., 2004, 2007; Adachi et al., 2008, 2017). One 
exception is that deletion of BDNF from the ventrotegmental area (VTA) leads to an antidepressant-like behavioral response (Berton et al., 2006; Krishnan et al., 2007). Additionally, loss of TrkB receptor activity is also associated with reduced behavioral responses to antidepressants in mice overexpressing a dominant negative TrkB subunit (TrkB.T1) (Saarelainen et al., 2003). In summary, these data reveal the critical role of BDNF and TrkB signaling in mood-related behavior and antidepressant efficacy.





20.4.3. Neurodevelopmental disorders

20.4.3.1. Rett Syndrome




Rett syndrome, a neurodevelopmental disorder caused by loss of function mutations in the MeCP2 gene, affects 1 in 10,000 females (Amir et al., 1999) (Amaral et al., 2007). This disease is associated with symptoms including seizures and respiration issues; stereotyped hand-wringing; and impaired cognitive, language, and social skills. As previously discussed in the section covering BDNF transcription, MeCP2 acts primarily as a transcriptional repressor via binding to CpG sites and recruiting a repressor complex (Lewis et al., 1992; Nan et al., 1998; Adachi et al., 2009), though some genes are upregulated with loss of MeCP2 (Chahrour et al., 2008; Yasui et al., 2007). BDNF, as mentioned, contains binding sites for MeCP2 (Klose et al., 2005) and is affected by manipulations of MeCP2 expression (Chen et al., 2003a).

At present, there is little clinical data to support a connection between BDNF and RTT (Amaral et al., 2007). In patients with RTT, structural abnormalities have been observed including shortened dendrites (Chapleau et al., 2009), as well as reduced levels of BDNF expression (Abuhatzira et al., 2007; Deng et al., 2007). Levels of BDNF in serum or cerebrospinal fluid of RTT patients are unchanged in comparison to healthy individuals (Vanhala et al., 1998; Riikonen, 2003), though the relationship of neuronal expression to central and peripheral circulating levels of BDNF is unclear. Intriguingly, human studies reveal conflicting data on how the val66met polymorphism impacts symptoms of RTT syndrome (Nectoux et al., 2008; Zeev et al., 2009). Together, these data illustrate the need for further clinical study on the role of BDNF in RTT.

Despite a lack of clear-cut clinical evidence, there are several preclinical links strongly implicating an essential role for BDNF in molecular, cellular, and behavioral alterations associated with RTT and MeCP2 loss of function. Mouse models of MeCP2 deletion show a delayed onset of molecular and behavioral changes associated with RTT syndrome, and this timeline corresponds to the observed decrease in BDNF after MeCP2 deletion (Chang et al., 2006; Wang et al., 2006). Furthermore, deletion of BDNF exacerbates RTT-like symptoms in MeCP2 null mice, while BDNF overexpression delays symptom onset in this animal model (Chang et al., 2006). Intriguingly, loss of BDNF expression in excitatory neuron phenocopies aspects of MeCP2 deletion including hind-limb clasping, reduced neuronal size, and smaller brain size (Chang et al., 2006; Chen et al., 2001; Guy et al., 2001). Indeed, MeCP2 knockout neurons display deficits in axonal transport of BDNF (Roux et al., 2012). This transport deficit may in part be responsible for impaired activity-dependent presynaptic BDNF release in hippocampus of MeCP2 knockout mice (Li et al., 2012). These studies reveal a potential role for BDNF signaling in symptom onset and disease progression of RTT, highlighting the need for future research in this area.




20.4.3.2. Fragile X syndrome

Another neurodevelopmental disorder associated with disruption of the function of a single gene is Fragile X syndrome (FXS). FXS is responsible for the majority of inherited intellectual disabilities, affecting 1 in 4000 males and 1 in 8000 females (Santoro et al., 2012). Symptoms of FXS include cognitive impairments, communication deficits, repetitive behavior, and autism-like features (Chonchaiya et al., 2009). FXS is caused by mutations leading to loss of expression of the fragile X mental retardation 1 (Fmr1) gene from the X chromosome (Verkerk et al., 1991). Fmr1 knockout models closely resemble the behavioral, molecular, and cellular aspects of FXS (Bakker et al., 1994; Spencer et al., 2011). Anatomical features of FXS include disruptions in differentiation and migration of neural progenitor cells during development (Castren et al., 2005; Tervonen et al., 2009; Callan and Zarnescu, 2011; Saffary and Xie, 2011; Sheridan et al., 2011), alterations in dendritic spine formation (Comery et al., 1997; Irwin et al., 2001), as well as abnormalities in synapse development and circuit activity (Gibson et al., 2008; Bassell and Warren, 2008). The FMR1 gene specifically codes for the protein fragile mental X retardation protein (FMRP). FMRP, highly expressed in neurons, is an RNA-binding protein that controls the proper localization and translation of a variety of transcripts, including mRNAs for neuronal and synapse function (Devys et al., 1993; Zalfa et al., 2003, 2007; Darnell et al., 2011; Ascano et al., 2012; Khandjian et al., 1996; Feng et al., 1997; Stefani et al., 2004; Tatavarty et al., 2012; Dictenberg et al., 2008).

Clinical data implicating a role for BDNF in the manifestation of FXS is promising, but limited at present. Several human studies have implicated BDNF-TrkB signaling in the pathology of characteristic FXS symptoms, such as epilepsy, 
attention deficits, autism-like features, and cognitive impairments (Nelson et al., 2001; Perry et al., 2001; Miyazaki et al., 2004; Correia et al., 2010; Scharfman, 2005; Shim et al., 2008). One Finnish population study demonstrates that the incidence of epilepsy in men with FXS is linked to two mutations in the BDNF gene (Louhivuori et al., 2009). However, there is no observable association of the val66met polymorphism, one of the SNPs uncovered in the previous study, with FXS in a Spanish patient population (Tondo et al., 2011). Further study will be necessary to illuminate a direct clinical relationship between BDNF and FXS.

On the other hand, basic research on genetic models of Fmr1 knockout has identified a significant effect of BDNF on synaptic and behavioral deficits associated with FXS. Application of BDNF is able to rescue deficits observed in hippocampal LTP in FMR1 knockout mice (Lauterborn et al., 2007). Research shows that TrkB receptor and sortilin, responsible for appropriate vesicular packaging of BDNF, may be targets of FMRP (Darnell et al., 2011). Several behavioral abnormalities in FMR1 knockout mice, including hyperactivity and altered sensory responses (Chen and Toth, 2001; Frankland et al., 2004; Spencer et al., 2011), are rescued by genetic reduction of BDNF levels (Uutela et al., 2012). However, learning deficits in FMR1 knockouts (Guo et al., 2011) were exacerbated by reduction in BDNF levels (Uutela et al., 2012), suggesting a circuit-specific function of FMRP regulation of BDNF levels in symptoms associated with FXS. These data illustrate that the interplay of FMRP and BDNF in specific brain areas contributes to symptoms of FXS, and further mechanistic insight into the circuit-level function of this molecular dynamic is critical for understanding the pathology of FXS.






20.4.4. Neurodegenerative diseases

20.4.4.1. Alzheimer's disease




Alzheimer's disease (AD) is the most common cause of dementia and is distinguished by age-related progressive loss of cognition and memory formation and by characteristic amyloid beta plaques and neurofibrillary tangles in brain tissue. These deficits are accompanied by loss of neural function in the cortex and hippocampus (Selkoe, 2002; Braak and Braak, 1991; Masliah et al., 1994). Studies in patients with AD show that BDNF mRNA and protein levels are decreased in these brain regions (Phillips et al., 1991; Connor et al., 1997; Holsinger et al., 2000; Hock et al., 2000; Narisawa-Saito et al., 1996) and in blood serum (Laske et al., 2007). Injection of a virus expressing BDNF into the entorhinal cortex was sufficient to reverse synaptic and cognitive deficits in a mouse model of AD generated by expression of a mutated form of human amyloid precursor protein (APP) (Nagahara et al., 2009). Similar mouse models of AD expressing mutant forms of APP show reductions in BDNF expression in the cortex and hippocampus (Peng et al., 2009; Devi and Ohno, 2012). Intriguingly, pharmacological enhancement of TrkB activation reverses memory deficits in a mouse model of AD (Devi and Ohno, 2012), and further research showed that BDNF secretion by transplanted neural stem cells was also able to enhance cognitive function in a mouse model of AD (Blurton-Jones et al., 2009). These studies reveal the beneficial effects of BDNF on symptoms of AD, emphasizing the need for further research into the role of BDNF in AD pathology and potential therapies.




20.4.4.2. Huntington's disease

Huntington's disease (HD), caused by mutations in the huntingtin (htt) gene, is an autosomal dominant neurodegenerative disease. HD leads to progressive cognitive and motor dysfunction mediated by loss of striatal projection neurons (Reiner et al., 1988). HD is caused by mutations characterized by expansions of CAG repeats leading to poly-glutamine (polyQ) residues in the huntingtin protein. In the case of HD, the link to BDNF may be fairly straightforward given that huntingtin is responsible for axonal transport of BDNF as previously described (Gauthier et al., 2004). Indeed, studies of postmortem human tissue from patients with HD reveal decreased BDNF mRNA and protein levels in multiple brain areas including the cortex, striatum, substantia nigra, and cerebellum (Zuccato et al., 2008; Seo et al., 2004; Ferrer et al., 2000), as well as in blood serum (Ciammola et al., 2007). Research has revealed no association of the critical val66met BDNF mutation to disease progression or severity in patients with HD (Kishikawa et al., 2006; Mai et al., 2006; Metzger et al., 2006; Alberch et al., 2005); however, this lack of association may be due to the fact that htt mutations appear to only affect transport of val-containing BDNF and not met-BDNF (del Toro et al., 2006).

Several mouse models of HD-containing knock-ins of disease-causing HD mutations show deficits characteristic of the human disease including cognitive decrements, motor dysfunction, and early death, as well as decreased levels of BDNF in cortex and striatum (Zuccato et al., 2005; Giralt et al., 2011; Xie et al., 2010; Spires et al., 2004). Overexpression of BDNF in these brain areas (Giralt et al., 2011; Xie et al., 2010), antidepressant treatment (known to enhance BDNF mRNA and protein expression as described previously) (Peng et al., 2008), as well as pharmacological agonism of TrkB receptor 
(Jiang et al., 2013), all lead to improved HD-related phenotypes. These studies reveal a crucial role for BDNF in the symptoms of HD and suggest that BDNF therapeutics may relieve symptoms and improve lifespan in patients with HD.






20.5. Conclusions

In the 35
 
years since its discovery, intense research has revealed the multifaceted role of BDNF in the function of neurons from development and survival to plasticity and behavior. Given that BDNF is expressed highly from development to adulthood and extensively throughout the brain and even in the peripheral nervous system, it is no surprise that BDNF is critical in behavior and disease. Many open questions regarding how the complex regulation of BDNF may relate to neural function and disease still remain. For example, given the complexity of BDNF's transcription and translation, how is the expression of BDNF controlled within specific neural circuits or cell types? Is the function of proBDNF and mBDNF coordinated across development and in the adult? Are there distinct molecular processes controlling the localization and rapid translation of BDNF at synaptic versus extrasynaptic sites? Given the various functions of BDNF across circuit and timepoints, can it be a viable target for therapeutic development? With the advent of new technologies for gene modification, cell type–specific expression profiles, and advanced imaging techniques, future research into these questions will no doubt reveal more insights into the important function of BDNF in neurons in the coming decades.




List of acronyms and abbreviations





AD

   Alzheimer's disease




AMPA

   Alpha-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid




Arc

   Activity-regulated cytoskeletal protein




BDNF

   Brain-derived neurotrophic factor




CA1/2/3

   Cornu ammonis 1/2/3




CamKII alpha

   Calcium/calmodulin dependent kinase II alpha




cAMP

   Cyclic adenosine monophosphate




CNS

   Central nervous system




CpG

   Poly-cytosine-guanine sequences




cre

   Calcium response element




CREB

   cAMP response element binding protein




DNA

   Deoxyribonucleic acid




DNMT

   DNA methyltransferase




EPSC

   Excitatory postsynaptic current




Fmr1

   Fragile X mental retardation 1




FMRP

   Fragile X mental retardation protein




FXS

   Fragile X syndrome




GABA

   Gamma aminobutyric acid




GR

   Glucocorticoid receptor




HDAC

   Histone deacetylase




HMT

   Histone methyltransferase




htt

   Huntingtin




LTD

   Long-term depression




LTP

   Long-term potentiation




MDD

   Major depressive disorder




MeCP2

   Methyl-CpG binding protein 2




mTOR

   Mammalian target of rapamycin




NGF

   Nerve growth factor




NMDA

   N-methyl-D-aspartate




NT-3/4/5

   Neurotrophin 3/4/5




PKM

   Protein kinase m




PNS

   Peripheral nervous system




RNA

   Ribonucleic acid




RTT

   Rett syndrome




UTR

   Untranslated region




VTA

   Ventral tegmental area
















Glossary

A single-nucleotide polymorphism is a single-nucleotide variation in the genome between members of the same species or between paired chromosomes in an individual.
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Abstract


The basal ganglia are a series of subcortical nuclei essential for goal-directed motor actions and reward-based behavior in vertebrates. The goal of this chapter is to review the development of the striatum which is the largest nucleus and the main point of entry to the multiple afferent systems that are integrated and processed by the basal ganglia. We start describing early striatal patterning during embryonic development and continue through key stages of maturation after birth, including the compartmentalization of striatal circuits, maturation of cellular properties, assembly of synapses, and the maturation of striatal patterns of activity.
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21.1. Introduction

The basal ganglia are a series of subcortical nuclei essential for goal-directed motor actions and reward-based learning in vertebrates. The goal of this chapter is to review the development of the striatum, which is the largest nucleus and main point of entry of the multiple afferent systems that are integrated and processed by the basal ganglia. We start by describing the early patterning of the striatal primordium during embryonic development and continue through key stages of postnatal maturation, including the compartmentalization of striatal circuits, maturation of cellular properties, assembly of synapses, and the maturation of striatal patterns of activity. The basal ganglia are highly conserved across vertebrate evolution, with similar fundamental anatomical organization, cellular composition, and circuit topology, from mammals to cyclostomes such as the lamprey, which diverged in their evolutionary line over 500 million years ago. The structure and function of basal ganglia in multiple species has been reviewed in detail, including in lampreys (Grillner et al., 2008; Grillner and Robertson, 2016), birds (Doupe et al., 2005; Fee and Goldberg, 2011; Reiner, 2002; Woolley and Kao, 2015), nonhuman and human primates (Alexander, 1986; Fareri et al., 2008; Segawa, 2000; Watt et al., 2017). However, the development of the basal ganglia has been mostly examined in murine models, and these studies will therefore be the focus of this chapter. Consistently, the nomenclature typically used in studies of the rodent brain will be used throughout, for example, referring to basal ganglia input nucleus as the “striatum,” rather than “caudate and putamen,” as is more typical in descriptions of the primate brain. To orient the reader to the relevant timeline for striatal development, most rodents gestate for approximately 20–24 days, wean at around 3–4 weeks, and become sexually mature at 5 weeks of age. Organization of the basal ganglia initiates long before birth, as is described in the section that follows.










21.2. Early patterning of the striatum

21.2.1. Morphogenesis




The striatum is the largest nucleus of the basal ganglia and originates from transient germinal epithelial structures located in the ventral telencephalon termed ganglionic eminences (GEs). The progenitors of all striatal spiny projection neurons (SPNs) and most classes of striatal interneurons are located in two distinct GEs that are separated by a sulcus running along the rostral-caudal axis termed medial ganglionic eminence (MGE) and lateral ganglionic eminence (LGE) (Fentress et al., 1981; Turrero García and Harwell, 2017). A subset of striatal interneurons is also generated in the preoptic area (POA). In mice, GEs are initially observed at embryonic day (E11) and disappear before birth at approximately E19. Besides early morphological separation of the MGE and LGE proliferative regions, these structures can also be distinguished by distinct expression patterns of several homeodomain transcription factors. For example, striatal proliferating progenitors in the MGE express Nkx2.1, while LGE homologs express Gsx2 (Hébert and Fishell, 2008; Turrero García and Harwell, 2017; Wilson and Rubenstein, 2000). Combinatorial expression of other transcription factors further divides both LGE and MGE into specific progenitor subdomains that are thought to originate specific neuronal subpopulations (Flames et al., 2007; Turrero García and Harwell, 2017). The subsequent developmental expansion of the striatum is due to the migration of postmitotic neurons along different routes with distinct spatiotemporal gradients (Halliday and Cepko, 1992; Wichterle et al., 2001). The time course of these events has been described in multiple vertebrate species and scales with the duration of the gestational period, supporting the existence of phylogenetically conserved genetic programs that drive striatal development. In rats, the striatal primordium starts developing at approximately E12, whereas in humans, this structure is first observed during the sixth week of gestation (O'Rahilly and Müller, 2008). Initial accumulation of striatal cells occurs in the subependymal space between the two medial halves of the MGE and LGE (Sturrock, 1980), followed by progressive expansion along the dorsomedial-to-ventrolateral axis due to migration and dispersion of newly born neurons (Bayer, 1984; Brand and Rakic, 1979). This migratory stream results in birthdate-dependent graded cellular distribution, with early-born neurons located in the most lateral regions of striatum and late-born neurons establishing the more medial circuits (Kelly et al., 2018). This spatiotemporal sequence of neurogenesis and migration has important implications for the compartmentalization of striatal circuits. In rodents, striatal neurogenesis and neuronal differentiation largely terminate before birth. Therefore, subsequent volumetric growth of the striatum during postnatal periods is predominantly due to expansion of the neuropil caused by extensive neuronal morphogenesis, as well as axon growth and myelination that occur during postnatal periods (Kessaris et al., 2008).




21.2.2. Neurogenesis of striatal neurons

The rodent striatum is composed of approximately 95% SPNs, although in higher vertebrates, such as primates, this proportion is substantially reduced (Graveland and Difiglia, 1985; Tepper et al., 2010). SPNs receive and integrate the large majority of extrinsic striatal afferents as well as collaterals from local interneurons and other neighboring SPNs. SPNs are exclusively generated from radial glia (RG) located in the LGE, primarily between E12.5 and E15.5 (Evans et al., 2012; Olsson et al., 1998). Postmitotic SPNs express the transcription factor COUP-TF1 interacting protein 2 (Ctip2) and DARPP-32 (Anderson et al., 1997), and they exit the LGE by radial migration into the striatum (Hamasaki et al., 2003; Wichterle et al., 2001). The striatum also contains several classes of locally projecting, aspiny, GABAergic interneurons that can be distinguished by specific expression of calcium-binding proteins parvalbumin (PV) and calretinin (CR), or the neuropeptides somatostatin (SOM), neuropeptide Y (NPY), and nitric oxide synthase (NOS). Each striatal interneuron type is further characterized by distinct morphological and electrophysiological properties (Tepper et al., 2010). Besides being the sole source of SPNs, the LGE also originates a subset of striatal PV positive (PV+) and SOM/NPY/NOS+ interneurons (Jain et al., 2001; Olsson et al., 1998, 1995). However, in contrast to SPNs, LGE-derived interneurons migrate tangentially before invading the striatum. These different migratory patterns are due to distinct responses to molecular signals expressed in the striatum and in the cortex (Villar-Cervino et al., 2015). The MGE generates SOM/NPY/NOS+

 
cells (Gonzales and Smith, 2015; Nery et al., 2002; Smeets et al., 2000; Villar-Cervino et al., 2015) as well as all projection neurons of the globus pallidus (Nóbrega-Pereira et al., 2010; Xu et al., 2008). Cholinergic interneurons (ChI) are another important class of striatal interneurons that release the neurotransmitter acetylcholine (Ach). These cells are characterized by large cell bodies, extensive and diffuse axonal arbors, and tonic action potential firing (Lim et al., 2014). In mice, ChIs are generated in both MGE and POA starting at E12 (Phelps et al., 1989; Semba et al., 1988; Semba and Fibiger, 1988) and subsequently mature along a lateral to medial and caudal to rostral gradient during the first postnatal weeks (Schlösser et al., 1999; Semba and Fibiger, 1988). By contrast, SOM/NPY/NOS+ interneurons are produced at a later developmental stage between E15 and E16, and they show no apparent developmental spatial gradient (Semba et al., 1988). All striatal 
interneurons initially express Nkx2.1, with cholinergic, Calretinin, and PV positive cells maintaining Nkx2.1 expression throughout adulthood, whereas SOM/NPY/NOS+ neurons downregulate Nkx2.1 as they leave the neuroepithelium. PV expression is only initially detected in the lateral striatum at P9 (Schlösser et al., 1999), and PV interneurons show a protracted morphological maturation during the second to fourth postnatal weeks (Chesselet et al., 2007; Plotkin et al., 2005). This time window marks a critical period in striatal development characterized by extensive corticostriatal synaptogenesis (Hattori and McGeer, 1973; Peixoto et al., 2016) and SPN morphological and physiological maturation (Lee and Sawatari, 2011; Lieberman et al., 2018; Tepper et al., 1998). In turn, Calretinin-positive cells are initially observed in the striatum at birth and show peak expression around P5 before declining in number in the two following weeks.




21.2.3. Compartmentalization of the striatum

SPNs are embedded in distinct local striatal compartments collectively termed striosomes (or patches) and matrix, where they establish the functionally divergent striatonigral (direct) and striatopallidal (indirect) projection pathways (Kreitzer and Malenka, 2008). Traditionally, striosomes and matrix compartments have been distinguished based on specific expression of histochemical markers, with striosomes showing high expression of μ-opioid receptor (μ-OR) and Substance P, while matrix regions express Calbindin, Enkephalin, and Dynorphin (Bolam et al., 1988; Brimblecombe and Cragg, 2017). The location of striatal cells in striosomes or matrix is determined by birthdate. Early-born neurons aggregate into striosomes, while late-born cells form the matrix (Graybiel and Hickey, 1982; Newman et al., 2015). In rats, striosome cells are generated during E13–E15 and matrix neurons are formed at E18–E20 (Fishell and van Der Kooy, 1987; Song and Harlan, 1994). In mice, striosome cells are born as early as E10 with peak generation around E12.5, whereas matrix neurons are born later, after E16.5 (Liao et al., 2008). This developmental sequence is maintained across vertebrates (Graybiel and Hickey, 1982), yielding clues to the phylogenetic conservation of the molecular mechanisms guiding the segregation of both compartments. Striosomes are initially observed in the lateral striatum and later in the more medial regions (Graybiel and Hickey, 1982; Kelly et al., 2018; Krushel et al., 1995) due to the radial migration of SPNs along the mediolateral axis. With this phased displacement, late-born matrix neurons concentrate primarily in the medial striatum and avoid extreme ventrolateral regions which are primarily occupied by the first-born striosomes (Krushel et al., 1995; Song and Harlan, 1994). In both rat and humans, striosomes occupy approximately 15% of the striatal volume (Johnston et al., 1990; Miyamoto et al., 2018). This imbalance relative to matrix is due to the extended expansion capacity of late-generated matrix SPN intermediate progenitors (IPs) compared to those producing striosome SPNs (Kelly et al., 2018). Furthermore, the majority of striosome SPNs establish early striatonigral connections prenatally, whereas the majority of matrix neurons delay sending out efferents toward the distal Substantia Nigra pars compacta (SNc) until the first postnatal week. Recent work has shown that striosomes located in distinct striatal domains each express different combination of histological markers, but the functional significance and developmental origin of these different classes of striosomes remains unknown (Miyamoto et al., 2018).

The segregation of striosome and matrix compartments is established early and maintained throughout development, potentially due to intrinsic cell–cell attraction and repulsion mechanisms mediated in part by EphA signaling (Krushel et al., 1995; Krushel and Van Der Kooy, 1993; Passante et al., 2008). Notably, the dendrites and collateral local projections of SPNs within striosomes or matrix are confined within their compartment boundaries, in contrast to striatal interneuron projections that cross compartment boundaries (Bolam et al., 1988; Jakab et al., 1996; Straub et al., 2016). In addition, distinct migratory patterns (Hagimoto et al., 2017) and extrinsic influences from afferent projections might also regulate striosome–matrix segregation, as organotypic cultures grown without striatal afferents show major disruption of striosome–matrix organization (Snyder-Keller et al., 2001). In particular, dopaminergic afferents from the SNc might play a crucial role in this process, since severing or lesioning nigrostriatal projections during the first postnatal week results in drastic reduction of striatal volume, μ-OR expression, and striosome clustering (Edley and Herkenham, 1984; Fishell and Van Der Kooy, 1991; Van Der Kooy, 1996). Besides SPNs, ChIs also show a developmentally regulated pattern of localization within striatal compartments, with strict segregation to striosomes prior to P7 and progressive migration to striosome surrounding areas in the matrix after this period (Van Vulpen and Van Der Kooy, 1996). This is consistent with the preferential but not exclusive segregation of early-born (E12) and late-born (E17) ChIs onto striosomes and matrix, respectively (Van Vulpen and Van der Kooy, 1998). An alternative explanation for this specific patterning has been proposed, suggesting that the observed segregation is due to delayed onset of choline acetyltransferase (ChAT) expression in matrix ChIs and preferential apoptosis of striosome ChIs after P7 (Van Vulpen and Van Der Kooy, 1999). Both matrix and striosome SPN IPs generate SPNs of both the direct pathway (dSPNs) and the indirect pathway (iSPNs), suggesting that the establishment of striosome–matrix architecture is the fundamental organizational plan of striatal circuits (Kelly et al., 2018). The large majority of dSPNs project their axons directly to the Substantia Nigra (SN) and express the Gαs-
coupled type-1 dopamine receptor (Drd1). Conversely, SPNs of the indirect pathway project to the globus pallidus (GPe) and express the Gαi-coupled type-2 dopamine receptor (Drd2). Notably, some dSPN descending axons collateralize in a subregion of the GPe en route to the Substantia Nigra pars reticulata (SNr), through a process that is developmentally regulated by network activity (Cazorla et al., 2014). In addition, dSPNs and iSPNs are characterized by different morphological and electrophysiological properties, with dSPNs exhibiting on average larger dendritic arbors and decreased intrinsic excitability, compared to iSPNs (Gertler et al., 2008). Differentiation of the two classes of SPNs occurs embryonically. Early dSPNs are characterized by the expression of the LIM homeodomain transcription factor Islet1 (Ehrman et al., 2013; Lu et al., 2014), whereas iSPNs express the zinc-finger protein Ikaros encoded by the ikzf1 gene (Martín-Ibáñez et al., 2010). While prior studies have suggested the possibility of overlapping expression of Drd1 and Drd2 receptors in a small subset of SPNs, potentially in a developmentally regulated manner (Hasbi et al., 2010, 2009), recent evidence supports a strict and early separation of the two SPNs subtypes based on dopamine receptor type expression and stereotyped projection patterns (Thibault et al., 2013).




21.2.4. Extrinsic trophic support and regulation of apoptosis

The early postnatal period of striatal development is marked by extensive neuronal cell death, with approximately 30% of SPNs undergoing apoptosis before the end of the first postnatal week in the rat (Fentress et al., 1981). This process affects iSPN and dSPNs of both striosome and matrix compartments, but preferentially spares neurons with early established projections to the SN, which are mainly located in striosomes (Fishell and Van Der Kooy, 1991). Given the early innervation of striosomes by dopaminergic afferents, this suggests that reciprocal nigrostriatal and striatonigral projections may play important roles in the survival and clustering of striatal neurons.

Extrinsic early trophic support of striatal neurons is also mediated at least in part by neurotrophin signaling mechanisms. In particular, brain-derived neurotrophic factor (BDNF) and neurotrophin-3 (NT3) proteins have been implicated in SPN survival. Importantly, although both BDNF and NT3 proteins are highly enriched in the striatum from early developmental stages (Baydyuk et al., 2011; Baydyuk and Xu, 2014), they are not locally expressed by any striatal cells. Instead, these factors are anterogradely transported and secreted by afferents of striatum projecting neurons (Baydyuk and Xu, 2014), with the specific neural populations providing striatal neurotrophic support changing over development. During early embryonic stages, axons of dopaminergic neurons of the midbrain innervate the LGE as early as E13 and closely associate with dividing progenitors (Ohtani et al., 2003; Specht et al., 1981). At this developmental stage, no other BDNF/NT3 expressing neuron population projects to the LGE, pointing to DA neurons as the exclusive source of trophic support for early striatal neurons. Deletion of BDNF/NT3 receptor tropomyosin kinase receptor B (TrkB) in early LGE progenitors does not affect the proliferation or differentiation of SPN precursors but instead causes massive apoptosis of newly born SPNs (Baydyuk et al., 2011). Later in development the source of extrinsic trophic support changes and corticostriatal neurons eventually become the main source of striatal BDNF due to a developmental increase in BDNF expression from postnatal day 4 to 21 (P4-P21), (Altar et al., 1997). Cortical ablation of BDNF during postnatal development results in hypotrophy of striatum, disrupted morphogenic maturation of SPNs, and subsequent degeneration of striatal neurons (Baquet, 2004), indicating that SPNs require continued cortical trophic support throughout life. Notably, loss of BDNF and NT3 predominantly affect iSPNs and dSPNs, respectively, due to differential levels of TrkB and TrkC expression in these two SPN populations (Baydyuk and Xu, 2014). TrkB conditional deletion in iSPNs causes spontaneous and drug-induced hyperlocomotion (Besusso et al., 2013), and loss of BDNF leads to preferential reductions in iSPN numbers (Baydyuk et al., 2013). These mechanisms may be central to Huntington's disease (HD) pathophysiology (Ciammola et al., 2007; Zuccato and Cattaneo, 2007).






21.3. Development of striatal afferents

21.3.1. Development of corticostriatal pathways




The establishment of corticostriatal projections starts during embryonic stages and extends well into postnatal development. Corticostriatal neurons are predominantly located in layer 5 and layers 2/3 of the cerebral cortex and are mostly generated between E11.5 and E15.5 in mice (Sohur et al., 2014; Sur and Leamey, 2001). Corticostriatal neurons are segregated into two main classes based on their projection pattern. Intertelencephalic (IT) neurons send out axons to other cortical and striatal regions, and project both ipsi- and contralaterally to the striatum via the external capsule and corpus callosum. Conversely, pyramidal tract (PT) neurons only extend their axons ipsilaterally and target several subcortical regions such as the thalamus and brainstem (Shepherd, 2013). In mice, cortical axons are observed crossing striatal domains as single noncollateralized and unfasciculated trunks as early as E12 (Sheth et al., 1998). These early axons likely 
correspond to corticofugal and corticothalamic projections from PT neurons innervating their subcortical targets during early embryonic development. Axon collaterals emanating from these early projections are only seen at E18, exhibiting at this stage an immature and unbranched morphology (Nisenbaum et al., 1998). From E18 to P7, PT axon collaterals extend to the entire striatal volume and start elaborating complex terminal arborizations with local enrichment of varicosities (Sheth et al., 1998). Similar temporal progression of corticostriatal axon development is observed in cats (Fisher et al., 1983) and rats (Iñiguez et al., 1990). Contrary to PT projections, IT corticostriatal projections start invading the striatum during postnatal periods around P3–P4 in the mouse and show a protracted maturation until the end of the second postnatal week (Sohur et al., 2014). Interestingly, the initial clusters of corticostriatal axons observed around P0 are predominantly localized in striosomes (Chen et al., 2016; Nisenbaum et al., 1998), where they overlap with ascending fibers of dopaminergic neurons (Graybiel et al., 1981; Newman et al., 2015). Moreover, different corticostriatal neuron populations exhibit different patterns of striosome and matrix innervation. In particular, limbic regions from the prefrontal cortex predominantly innervate striosomes (Eblen and Graybiel, 1995), whereas sensorimotor and associative regions preferentially target the matrix (Flaherty and Graybiel, 1995; Kincaid and Wilson, 1996; Ragsdale and Graybiel, 1990). The early convergence of dopaminergic and cortical fibers in striosomes suggests that limbic corticostriatal pathways may be the first striatal circuits to mature. This is consistent with the delayed expansion of matrix targeting corticostriatal projections from motor cortex that develop predominantly during the second postnatal week (Christensen et al., 1999), a period of extensive development and refinement of motor programs in rodents (Dehorter, 2011; Kalueff et al., 2015).

Besides striosome/matrix segregation, corticostriatal circuits are also organized topographically and show extensive regional compartmentalization of cortical afferents, with axons from functionally related neuron populations converging onto specific striatal subdomains (Alexander, 1986; Alloway et al., 1999; Hintiryan et al., 2016; Hooks et al., 2018; Hunnicutt et al., 2016; Mateen and Josephs, 2009; McFarland and Haber, 2000; Pan et al., 2010). Broadly, sensorimotor cortical regions predominantly target and innervate dorsolateral regions of the striatum, whereas prefrontal and associative (as well as primary visual and auditory) areas mainly project to dorsomedial striatal regions. In turn, ventral striatum and the nucleus accumbens receive inputs primarily from limbic neocortical regions, hippocampus, and amygdala. This topographic distribution is consistent with the enrichment of striosomes in the rostral medial regions of striatum, where fibers from prefrontal areas are more abundant. Corticostriatal projections likely undergo a developmental sequence of exuberant growth and subsequent elimination, as the number of cortical neurons projecting to a particular striatal region is progressively reduced during the first postnatal weeks (Innocenti and Price, 2005; Sohur et al., 2014). Whether this refinement occurs via molecular or activity-dependent mechanisms remains unclear.




21.3.2. Development of thalamostriatal projections

Thalamic projections provide an extensive source of glutamatergic inputs to the striatum (Smith et al., 2014). Several thalamic nuclei project to the striatum, with the centromedian/parafascicular (CM/PF) complex providing the majority of thalamostriatal afferents. Similar to corticostriatal circuits, thalamostriatal projections are organized topographically, with each nucleus projecting widely throughout the striatum (Berendse and Groenewegen, 1990; Lacey et al., 2007; Sadikot and Rymar, 2009; Smith and Parent, 1986; Wall et al., 2013). Thalamostriatal inputs innervate both dSPNs and iSPNs of the striosome and matrix compartments (Doig et al., 2010; Huerta-Ocampo et al., 2014; Lei et al., 2013; Parker et al., 2016; Smith et al., 2014), as well as several classes of interneurons including SOM, PV, and ChIs (Bennett and Bolam, 1994; Ding et al., 2010; Rudkin and Sadikot, 1999; Sidibé and Smith, 1999). Thalamostriatal terminals of most thalamic nuclei preferentially establish axo-spinous synapses onto SPNs, but this distribution varies across different thalamic populations. By contrast, afferents from PF form preferentially axo-dendritic “shaft” synapses onto SPN and exclusively innervate neurons of the matrix (Dubé et al., 1988; Kusnoor et al., 2010; Lacey et al., 2007; Raju et al., 2006; Sadikot et al., 1992; Smith et al., 1994). Despite the abundance and important functional role of thalamostriatal afferents for striatal activity, very few studies have characterized the development of thalamostriatal projections (Martin et al., 1989; Vercelli et al., 2003). In rodents, thalamostriatal projections are observed in the striatum around E19, the time of initial elaboration of corticostriatal collaterals (Vercelli et al., 2003). At birth, anterograde fibers are observed running rostrally and radiating into the entire striatum. At this stage, thalamostriatal axons are thin, with frequent varicosities and growth cones that decrease in density across age (Vercelli et al., 2003). Several signaling mechanisms have been implicated in thalamostriatal pathfinding and synapse maturation. Expression of PlexinD1 in dSPNs reduces thalamostriatal synapse formation with Semaphorin 3E expressing thalamostriatal afferents (Ding et al., 2012), whereas the secreted glycoprotein Cerebellin-1 in PF thalamostriatal afferents downregulates the number of axo-spinous synapses in SPNs (Kusnoor et al., 2010). Likewise, Teneurin-3 expression is enriched in PF and striatal matrix neurons and is required for the proper topographic organization and clustering of thalamostriatal afferents (Tran et al., 2015).









21.3.3. Maturation of neuromodulatory projections

Mesencephalic dopaminergic (DA) neurons in rats are generated embryonically and start extending fibers to the striatum around E12.5, the period when the first striatal neurons are generated in the germinal layers of the LGE and MGE (Olson and Seiger, 1972; Seiger and Olson, 1973). Tyrosine hydroxylase (TH), the rate-limiting enzyme for the canonical dopamine synthesis pathway, is already expressed by E14. This period also marks the initial innervation of the developing neostriatum by nigrostriatal axons. Migrating fibers traverse the internal capsule and gradually arborize to fill the lateral regions of striatum in a ventral-dorsal direction, reaching the more medial regions between E18 and E21 (Specht et al., 1981; Voorn et al., 1988). Clustering of nigrostriatal terminals is initially observed in the lateral border of the striatum, containing the first-born striosome cells at E20. Innervation of striosomes progresses in rostrocaudal and lateral to medial directions during the first postnatal week. After this period, the appearance of nigrostriatal fibers becomes more diffused due to the innervation of the matrix compartments (Voorn et al., 1988). Full morphological maturity of nigrostriatal projections is observed around P14 (Park et al., 2000; Tepper et al., 1994).

Nigrostriatal development is regulated by multiple molecular mechanisms, namely Eph–ephrin adhesion protein interactions. Blocking EphA–ephrinA signaling in vivo induces a drastic reduction in SN volume due to the loss of nigrostriatal dopaminergic neurons (Sieber et al., 2004). In addition, EphA5 is expressed in a subset of mesencephalic dopaminergic cells, and its ligand ephrinA5 has graded expression throughout the ventral telencephalon and striosome patches during development (Deschamps et al., 2010; Janis et al., 1999; Passante et al., 2008). The repulsive action of EphA5–ephrinA5 interaction is thought to be critical for the early pattering of nigrostriatal projections (Deschamps et al., 2010, 2009). In addition, EphA7–ephrinA5 also regulate this process and are involved in establishing thalamostriatal projection segregation within the matrix compartment (Tai et al., 2013). Moreover, ephrinB2 is a potent inhibitor of neurite growth, and EphB1 and ephrinB2 are expressed in a complementary pattern in midbrain dopamine neurons and striatum, consistent with a potential role in regulating nigrostriatal development (Passante et al., 2008; Yue et al., 1999).

The early postnatal period represents a time of extensive maturation of nigrostriatal projections and DA neuron activity patterns. Mature DA neurons in vivo exhibit tonic, irregular, or bursting activity depending on behavioral context (Grace et al., 2007), with both intrinsic properties and level of afferent drive determining specific patterns of firing activity (Floresco et al., 2003; Kitai et al., 1999). However, during neonatal stages (P1–P3), rat dopaminergic neurons recorded in vivo under anesthesia exhibit sparse firing with no apparent tonic or bursting activity (Tepper et al., 1990). Around P5, some short bursts of action potentials are observed initially, with firing rates gradually increasing up to P9. At this point, overall DA neuron activity becomes patterned, with characteristic periods of irregular tonic firing intermixed among more frequent action potential bursts. At P12–P15, these neurons start exhibiting continuous and regular pacemaking activity. From this period onwards, activity becomes adultlike, with more variable rates of tonic firing and more frequent bursts of increasing intraburst frequency and duration. When analyzed in ex vivo slice preparations, DA neurons also show a developmental shift in their spontaneous activity patterns. Pacemaking activity characteristic of adult neurons is seen after P12, with irregular periods of tonic firing emerging in P5–P11 neurons (Cui, 2004; Dufour et al., 2014; Grace and Onn, 1989; Guzman et al., 2009; Seutin et al., 1998). Interestingly, in these slice preparations, DA neurons exhibit spontaneous regular bursting activity at P2–P3, not observed in vivo under anesthesia (Dufour et al., 2014; Mereu et al., 1997; Tepper et al., 1990). Developmental changes in DA neuron activity are caused by the maturation of several mechanisms, including altered expression of T-type Ca2+ and small conductance calcium-activated K+ channels (SK channels), and by the establishment of glutamatergic and GABAergic synapses (Dufour et al., 2014; Gulácsi et al., 2003; Kitai et al., 1999; Pearlstein et al., 2015). Importantly, developing terminals of DA neurons are already capable of releasing dopamine in a Ca2+-dependent manner during late prenatal period in the striatum (Ferrari et al., 2012), consistent with a critical role of DA in regulating striatal circuit maturation from very early developmental periods. The level of DA released in striatum in response to evoked activity increases gradually over development into adulthood, in parallel with the elaboration of axonal arbors of nigrostriatal DA neurons (Lieberman et al., 2018).

Another extrinsic source of neuromodulatory signals to the developing striatum are serotonergic neurons from the dorsal raphe nuclei (DRN). Axons from these neurons are observed in the striatum around E16 and show progressive elaboration of their terminal arbors during perinatal periods (Lidov and Molliver, 1982). Modulatory amine signals converge onto several G protein–coupled receptors (GPCRs) in SPNs, potentially competing with signals from other neuromodulatory systems. For example, depleting DA during neonatal but not adult periods increases both the amount of striatal 5-HT and the sprouting of serotonergic axons emanating from the DRN (Berger et al., 1985; Snyder et al., 1986; Stachowiak et al., 1984). Recent studies in primates further suggest that this monoaminergic compensation may not be limited to early life, as increased serotonergic axonal sprouting and synaptic contacts follow the loss of dopamine inputs (Gagnon et al., 2016). This interaction and compensatory feedback regulation of different neuromodulatory afferents highlight the role of ascending systems in regulating striatal development, as well as the complexity of the neuromodulatory regulation of SPN function and plasticity.











21.4. Development of SPN physiological properties

21.4.1. Electrophysiological maturation of SPNs




Striatal SPNs undergo extensive morphological and physiological maturation during postnatal development (Lieberman et al., 2018; Tepper et al., 1998). This protracted process traverses several stages of striatal circuit development and is regulated by multiple molecular and activity-dependent mechanisms (Kozorovitskiy et al., 2015, 2012; Peixoto et al., 2016). Perinatal SPNs are characterized by elevated intrinsic excitability associated with depolarized resting membrane potential and high membrane resistance (Belleau and Warren, 2000; Dehorter, 2011; Peixoto et al., 2016; Tepper et al., 1998). Over development, SPNs become progressively less excitable due in part to increased expression of inward rectifying potassium channels (Lieberman et al., 2018). Both dSPN and iSPN undergo similar maturation trajectories, with iSPNs being more excitable than dSPNs across development (Gertler et al., 2008). In rodents, full physiological maturity of SPNs is only observed during the fourth postnatal week, with the emergence of characteristic SPN membrane potential bistability known as “up” and “down” states, which are critical for the integration and processing of striatal inputs (Carter and Sabatini, 2004; Mahon et al., 2003; Murer et al., 2002; Wilson and Kawaguchi, 1996). The functional role of these distinct intrinsic properties over development remains unclear, but it may serve to enhance responses to early patterns of network activity (Colonnese et al., 2010; Khazipov et al., 2004; Kirkby et al., 2013). This is consistent with the induction of giant depolarizing Ca2+ potentials in P5-7 SPNs in response to cortical stimulation (Dehorter, 2011), a process mediated by N-methyl-D-aspartate (NMDA) receptor subunits NR2C/D that exhibit long kinetics and reduced voltage-dependent magnesium block (Logan et al., 2007). In addition, depolarized resting membrane potential and high input resistance of immature SPNs might facilitate suprathreshold activation of synaptic and dendritic voltage-dependent conductances by early striatal afferents, effectively controlling plasticity and synaptogenesis (Carter et al., 2007; Carter and Sabatini, 2004; Peixoto et al., 2016). Reduction of SPN excitability over development might then subsequently lead to a progressive decoupling of striatal transmission and alter the integration of synaptic inputs, as well as the induction of Hebbian or other forms of synaptic plasticity (Valtcheva et al., 2017).




21.4.2. The genesis of synapses on striatal SPNs

Striatal SPNs are characterized by a high density of dendritic spines, which are the sites of the majority of glutamatergic synapses. SPNs grown in isolated striatal explants exhibit aspiny dendrites, highlighting the necessity of extrinsic glutamatergic afferents for dendritic spine development (Penrod et al., 2015). Synapse-like structures are visualized in SPN neurites as early as E14. During embryonic and early postnatal periods, SPN dendrites have immature thick varicose morphology with sparse thin protrusions and small dendritic spines. At this early stage, different dendritic segments exhibit distinct stages of differentiation, suggesting clustered and compartmentalized development of individual dendritic segments (Difiglia et al., 1980). The number of dendritic spines and asymmetric axo-spinous synapses increases continuously during development rapidly expanding around P10–P16 in the mouse (Peixoto et al., 2016), P15–P21 in the rat (Hattori and McGeer, 1973; Tepper et al., 1998), and the first postnatal month in primates (Difiglia et al., 1980). In rodents, this period is also characterized by significant remodeling of SPN dendrites (Lee and Sawatari, 2011) and the onset of afferent axon myelination (Sturrock, 1980). Notably, the density of axo-dendritic asymmetric synapses in the rat is stable from P10 to adulthood suggesting that the establishment of thalamostriatal connectivity, in particular from afferents of the Parafascicular nucleus, is completed during the first postnatal week (Tepper et al., 1998). Likewise, the number of symmetric synapses is also constant throughout this period, consistent with early development of GABAergic inhibitory inputs (Hattori and McGeer, 1973; Tepper et al., 1998). However, there is a sharp increase in the number of perineuronal nets (PNN) at P14 in the mouse, suggesting an accelerated maturation of PV interneurons during this period (Lee et al., 2008). The functional maturation of SPN glutamatergic synapses undergoes a protracted development with peak maturation around P14 in the mouse, corresponding to the consistent with the onset of coordinated, complex motor behaviors in these animals (Dehorter, 2011; Peixoto et al., 2016; Tepper et al., 1998).

Synaptogenesis in SPNs is tightly regulated by multiple molecular and activity-dependent mechanisms, in particular neuromodulatory signaling that impinges on the activity of cAMP-dependent protein kinase (PKA) through Gαs and Gαi-coupled GPCRs (Fig. 21.1). Dopamine Drd1 and adenosine A2a receptors are the principal Gαs-coupled GPCRs expressed in dSPNs and iSPNs, respectively (Zhai et al., 2018). Pharmacological agonists of these receptors or direct chemogenetic activation of Gαs signaling increase the rate of glutamatergic synaptic maturation in vivo and enhance evoked spinogenesis driven by direct glutamate photoactivation in ex vivo slice preparations (Kozorovitskiy et al., 2015). In addition, systemic administration of inhibitors of PKA reduces SPN synaptogenesis in vivo. The activation or blockade of the Gαs-coupled 
5-HT7 serotonin GPCR also regulates dendritic spine density on cultured striatal neurons (Speranza et al., 2017). Together, these results suggest a key role for neuromodulatory systems in regulating glutamatergic synapse development and highlight the interplay between glutamatergic transmission and cell-autonomous modulatory signaling cascades that tune synaptic plasticity (Lerner and Kreitzer, 2011). Indeed, changes in network activity during postnatal periods have a 
profound influence on the maturation of SPN glutamatergic synapses. Silencing iSPN GABAergic transmission during development in vivo results in a robust increase of SPN glutamatergic inputs due to increased recurrent network activity, whereas silencing of dSPNs has the opposite effect (Kozorovitskiy et al., 2012). In addition, increased cortical activity causes accelerated maturation and potentiation of corticostriatal inputs suggesting that afferent activity is an important regulator of SPN synaptogenesis during early postnatal development (Kozorovitskiy et al., 2015; Peixoto et al., 2016) (Fig. 21.2). This early effect of afferent activity is consistent with the long-term potentiation (LTP) of corticostriatal transmission in SPNs in response to high-frequency stimulation (HFS) at P12–P14, which induces long-term depression at later stages instead (Kreitzer and Malenka, 2008; Partridge et al., 2000). Moreover, this period is also characterized by a fast increase in cortical and striatal activity (Fig. 21.2D), and chemogenetic silencing of corticostriatal neuron activity strongly reduces corticostriatal connectivity (Colonnese et al., 2010; Khazipov et al., 2004; Peixoto et al., 2016; Shen and Colonnese, 2016). It remains unclear whether this postnatal stage is a critical period of development (Hensch, 2005). However, both transient reduction of cortical activity and developmental deprivation of sensory inputs cause long-lasting changes in striatal circuit properties (Kozorovitskiy et al., 2015; Mowery et al., 2017). In addition, given the high prevalence of epilepsy (Aaberg et al., 2016; Lewine et al., 1999; Lord et al., 2000), GABAergic interneuron dysfunction (Marín, 2012; Takano, 2015), and excitatory–inhibitory imbalances in neurodevelopmental disorders (Rubenstein and Merzenich, 2003; Uhlhaas and Singer, 2012, 2006; Yizhar et al., 2011), abnormal corticostriatal development due to early 
imbalances in cortical activity may be a convergent pathophysiological process in these disorders. Indeed, mice with mutations in the autism-associated SHANK3 gene exhibit precocious maturation of SPN inputs caused by elevated cortical activity (Peixoto et al., 2016).
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Figure 21.1 Neuromodulation of striatal spinogenesis and synaptogenesis.(A) Schematic of key neuromodulatory G protein-coupled receptors that signal through protein kinase A in dSPNs and iSPNs. PKA, protein kinase A; AC, adenylyl cyclase; PP2B, calcineurin; PP1, protein phosphatase 1; DARPP-32, cAMP-regulated neuronal phosphoprotein; T34, phosphorylation site on DARPP-32. Pink, dopamine receptors; grey, complementary cascades for each cell class that provide bidirectional control of PKA. (B) Right, images of dendrites and dendritic spines on dSPNs after saline or Drd1 agonist SKF 81297 administration in vivo in P8-13 mice. Left, voltage clamp recordings of miniature excitatory postsynaptic currents (mEPSCs) in the same conditions. (C) Example of a virally labeled dSPN expressing green fluorescent protein GPF, imaged at low magnification (left). Higher magnification images of a dendrite before (middle) and after (right) successful induction of new dendritic spine formation (arrow) using 2-photon uncaging of glutamate near the dendrite. (D) The probability of successful evoked spinogenesis in P8-13 dSPNs as a function of uncaging pulse width in control conditions (black) or in the presence of Drd1 agonist (grey). (E) Experimental schematic. A mouse pup expressing Channelrhodopsin (ChR2-YFP) in corticostriatal fibers (Rbp4-Cre; Ai32) receives 300 light pulses over the course of 1 hr via an extracranially mounted LED located over somatosensory and motor cortices. Acute slices are prepared immediately after, and optically evoked mediated EPSCs in SPNs are recorded from stimulated and control hemispheres to measure the strength of corticostriatal coupling. (F) Schematic of the experiment and example traces showing sequentially evoked EPSCs from example SPNs of the control and stimulated hemisphere in one mouse. (G) Left, average amplitudes of optogenetically evoked EPSCs showing successful induction of corticostriatal plasticity under baseline conditions. Group averages are shown on the left (error bars reflect SEM) and single neuron (circles) as well as individual mouse (lines) averages are on the right. Right, as in left panel, but following in vivo pre-administration of PKA blocker H-89 30 min before optogenetic stimulation.
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Figure 21.2 Rapid development of corticostriatal inputs.(A) Virally labeled SPN dendrites show fast increases in the density of dendritic spines from P11 to P15. (B) Summary data for SPN dendritic spine density across age. (C) Left, experimental schematic. SPNs of dorsomedial striatum in acute brain slices of Rbp4-Cre; ChR2-YFPf/f mice, and optogenetic fiber stimulation using whole-field illumination. Scale bar, 1 mm. Right, optically evoked pharmacologically isolated EPSCs recorded at different postnatal days in response to brief pulses of 473-nm laser light used to stimulate ChR2 in corticostriatal axons (blue rectangle). (D) Left, experimental diagram of electrophysiological in vivo recordings in a sagittal view of a mouse brain, showing cortex (CTX) and striatum (STR). Right, Multiunit activity (MUA) in the striatum increases substantially between P10 and P14, the period marked by fast SPN synaptogenesis.



SPN synaptogenesis is also regulated by several molecular mechanisms. Ablation of Huntingtin (Htt) in corticostriatal afferents leads to exuberant SPN synaptic growth followed by deterioration of synapses and gliosis, and this growth dynamic is mimicked in a mouse model of Huntington disease (McKinstry et al., 2014). Moreover, loss of leucine-rich repeat kinase 2 (LRRK2), a negative regulator of PKA activity in SPNs, leads to decreased numbers of mature dendritic spines and perturbations in synaptic transmission during development, lasting into the adulthood (Parisiadou et al., 2014). Motor abnormalities consistent with preclinical symptoms of DA depletion have also been reported in LRRK2 genetic mouse models (Volta and Melrose, 2017). In addition, Lrrk2

−/−
 SPN dendritic spines have increased abundance of PKA RIIβ subunit, suggesting a potential role of this enzyme in limiting PKA levels in dendritic spines. Mutations in the LRRK2 gene are the most common monogenic cause of Parkinson's disease with autosomal dominant inheritance, and several variants of this gene are risk factors for sporadic Parkinson's disease (Cookson, 2015; Islam and Moore, 2017; Ramirez et al., 2017; Zimprich et al., 2004). Notably, LRRK2 expression in the brain is largely limited to the striatum. Thus, major genetic risk for Parkinson's disease is manifest in the developmentally regulated response of SPNs to DA modulation, rather than or in addition to the vulnerability of the SNc neurons that synthesize DA. While the action locus of LRRK2 kinase lies in SPN synaptic development and synapse function, modern techniques that enable cell type–specific LRRK2 mutations, as well as direct evaluation of consequent changes in PKA activity at specific developmental time-points, will be critical for building a comprehensive framework of LRRK2 function in development and disease.

In addition, neurotrophin signaling is also an important regulator of SPN synapse development. Deletions of either BDNF or its postsynaptic receptor TrkB result is substantial deficits in SPN maturation (Baquet, 2004; Li et al., 2012). Mouse knock-in models of Huntington's disease present deficiencies of corticostriatal axonal release of BDNF (Park, 2018), and accumulating evidence also implicates astrocytic BNDF sources in disease pathogenesis (Arregui et al., 2011; Hong et al., 2016). Slitrk5, a single-pass adhesion molecule with striatal expression, has also been recently genetically associated with obsessive compulsive disorder (OCD) (Song et al., 2017). Deletion of Slitrk5 during development results in reduced SPN dendritic arbors and depressed corticostriatal transmission (Shmelkov et al., 2010). Interestingly, Slitrk5 regulates BDNF-dependent TrkB receptor trafficking and signaling (Song et al., 2015; Yoshii and Constantine-Paton, 2010). Likewise, deletion of Sapap3 has a similar effect on corticostriatal transmission, implicating disrupted striatal development in OCD pathophysiology (Ahmari et al., 2013; Welch et al., 2007).

Many aspects of the developmental dynamics in the recurrent basal ganglia circuits are maintained throughout life. In particular, the density of excitatory synapses and dendritic spines on SPNs of both dorsal and ventral striatum show significant plasticity as a function of experience, alterations in modulatory tone, stress, drug abuse, and neurodegeneration. Chronic stressful experiences are associated with pathway-specific molecular, electrophysiological, and synaptic changes in direct and indirect pathway SPNs of the ventral striatum, including a shift toward stronger excitatory drive onto indirect pathway SPNs and a loss of excitatory drive to dSPNs (Francis et al., 2015; Francis and Lobo, 2017; Lim et al., 2012). Recent studies have begun to unravel the molecular pathways that couple stress susceptibility and resilience to functional adaptations of SPNs. These factors include transcriptional regulator and cell adhesion molecule β-catenin (Dias et al., 2014), and early growth response (EGR) molecules that are downstream of signaling cascades promoting plasticity in SPNs (Francis et al., 2017). While chronic stress has substantial effects on multiple neuronal systems and organismal function, acute perturbations of basal ganglia circuit activity are sufficient for reorganizing SPN structure, function, and synaptic connectivity. For example, a single dose of cocaine is sufficient to enhance spinogenesis in SPNs of the nucleus accumbens through pathways involving mitogen-activated protein kinase (MAPK) signaling (Dos Santos et al., 2017). Conversely, dopamine depletion in adult rodents results in loss of excitatory synapses on iSPNs and increased intrinsic excitability (Zhai et al., 2018). In turn, restoration of dopaminergic tone in the striatum using pharmacotherapy with the catecholamine precursor levodopa (L-DOPA) causes synaptic imbalances (Fieblinger et al., 2014), dendritic spine hypertrophy (Nishijima et al., 2018), pathway-specific changes in activity patterns (Girasole et al., 2018; Ryan et al., 2018), and changes in synaptic plasticity (Wang and Zhang, 2016). The bidirectional regulation of SPN structure and function in adulthood by experience and pharmacological interventions serves to highlight the vulnerability of basal ganglia circuits to disease-related perturbations. At the same time, these observations raise the possibility of refined, targeted interventions that leverage our growing understanding of basal ganglia circuits, their development, modulation, and circuit wiring principles, in order to design better therapies for neurodevelopmental and neurodegenerative diseases.










21.5. Concluding statements

The development and maturation of the striatum starts during embryonic development and continues throughout life. This multistage process is orchestrated by numerous intrinsic molecular programs and extrinsic network-driven mechanisms rendering the striatum a focus of diverse research and a potential therapeutic target for multiple human diseases. New technologies allowing fine-scale molecular interrogation of basal ganglia cell types, refined genetic targeting, as well as evaluation and control of striatal activity and signaling, hold substantial promise to advance our understanding of the rules and mechanisms underlying basal ganglia development. Many studies have identified intrinsic and extrinsic factors with critical roles in establishing functional striatal circuits. However, which specific synaptic, cellular, and circuit-level properties are regulated by each of these diverse signaling mechanisms and neural stimuli remains unclear. This limitation stems from our still modest understanding of the basic organization and function of striatal circuits. While other brain structures such as the cerebral cortex, the cerebellum, or the hippocampus have clearly identified stereotypical circuit topologies, the precise architecture of striatal and basal ganglia microcircuits still remains elusive. In addition, the increasingly evident diversity of striatal domains with different anatomical positioning, transcriptional identity, specific circuit input–output mapping, and local neuromodulatory milieu raises further questions regarding the uniformity or potential specialized motifs underlying the development of individual striatal subcircuits. Thus, further advancements in our understanding of striatal circuit development will be tightly dependent on progress of ongoing research elucidating the basic structure and function of the basal ganglia.

Despite this knowledge gap, a recurrent theme that emerges from the existing data is that the maturation of striatal circuits is highly orchestrated by extrinsic molecular and activity-dependent factors. From the early dependence on dopaminergic fiber innervation, to the exclusive trophic support provided by afferent projections, as well as the important role of network activity in establishing corticostriatal connectivity, the maturation of striatal circuits appears to be largely orchestrated from without. These external influences on striatal development raise many questions that remain unanswered: What signals are encoded by early DA projections? How much of the early influence on DA innervation relates to the incoming signals from other neurotransmitters, such as glutamate or GABA? What aspects of synaptogenesis and synaptic plasticity are controlled by early trophic signaling and how do these mechanisms interact with ongoing afferent activity? Are the mechanisms governing synaptic plasticity across different striatal nodes constant throughout development and similarly controlled by different neuromodulatory systems?

Another important aspect that will require further inquiry is whether there are critical periods in striatal development, when perturbations in different signaling cascades or network activity result in permanent impairment of striatal circuit architecture and function. Although several lines of evidence point to ongoing corticostriatal synaptic plasticity throughout life, it remains unclear whether certain aspects of network architecture and connectivity rely on time-dependent processes occurring at specific stages of development. A deeper understanding of the developmental processes underlying the establishment of striatal and basal ganglia circuits will have important implications for elucidating how basal ganglia pathophysiology underlies a diverse group of neurodevelopmental and neurodegenerative disorders.
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Chapter 22

Cajal–Retzius and subplate cells: transient cortical neurons and circuits with long-term impact
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Abstract


The laminar and columnar organization of the mature cerebral cortex is determined by a variety of early developmental processes. Two distinct populations of early generated neurons play important roles in corticogenesis. Cajal–Retzius neurons, located in the marginal zone (later layer 1), control the formation of neocortical layers by releasing the extracellular matrix protein reelin, which serves as a guiding signal for migrating neurons. Subplate neurons in the lower neocortical layer play an active role in axonal pathfinding of thalamocortical connections and in transient synaptic circuits, influence early cortical plasticity and the maturation of the columnar architecture. Both neuronal cell populations serve as transient synaptic targets and disappear to a large extent during further development. Genetic mutations and endogenous or exogenous harmful events during early development may alter their integration into early cortical circuits or may lead to their preservation into adulthood, which may contribute to pathophysiological activity and long-term neuronal deficits.
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22.1. Introduction

In mammals, the cortical plate (CP) develops according to the inside first outside last mode, within a preplate containing transient pioneer neurons, Cajal–Retzius neurons (CRNs), and subplate neurons (SPNs) (Fig. 22.1). These early-generated neurons are essential for cortical development since they play important roles as placeholder cells in the development of afferent synaptic connectivity. In addition, CRNs and SPNs are crucial elements in radial neuronal migration. Recent electrophysiological studies in rodents, carnivores, and primates have contributed to a better understanding of the various functional roles of CRNs and SPNs in the immature cortical network. CRNs, developing CP neurons and SPNs form a transient synaptic circuit which serves as a template for the formation of neocortical layers and columns.

Most of these functional roles, i.e., control of neuronal migration or axonal pathfinding, are required only during early stages of cortical development, and CRNs and SPNs largely disappear by programmed cell death after having fulfilled their transient functions. It is still a matter of debate whether a certain percentage or certain subpopulations of CRNs and SPNs may persist in the adult cortex.
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Figure 22.1 Schematic illustration of early neocortical architecture with marinal zone (MZ, later L1), cortical plate (CP), subplate (SP), intermediate zone (IZ, later white matter) subventricular zone (SVZ), and ventricular zone (VZ). Different glutamatergic (red) and GABAergic (blue) cell types, cell division, and migration modes are schematically illustrated.




The aim of this chapter is to give a comprehensive overview on our current understanding of the functional roles of CRNs and SPNs in cortical development. For recent comprehensive reviews on CRNs, we refer to Gil et al., (2014); Kirischuk et al., (2014); Martinez-Cerdeno and Noctor, (2014); Kilb and Frotscher, (2016); Meyer and Gonzalez-Gomez, (2018a) and on SPNs we refer to Kanold and Luhmann, (2010); Judas et al., (2013); Hoerder-Suabedissen and Molnár, (2015); Luhmann et al., (2018).




22.2. Cajal–Retzius neurons

CRNs were initially described by Cajal (1891) and Retzius (1893) as atypical horizontal neurons located in the upper cortical layer of the fetal human forebrain. CRNs represent the characteristic cell type in the most superficial layer of the developing cerebral cortex, the marginal zone (MZ), which later becomes the cell sparse layer (L) 1. CRNs produce the extracellular matrix protein reelin, which is essential for the correct lamination of the cerebral cortex (for review, see Hirota and Nakajima, 2017). CRNs not only regulate radial migration but are also involved in early neuronal network activity (Kilb and Luhmann, 2001; Soda et al., 2003; Qian et al., 2014). In the rodent cerebral cortex, CRNs largely disappear after radial migration has been completed (del Rio et al., 1996), whereas in higher mammals some CRNs may persist into adulthood (Abraham et al., 2005; Meyer and Gonzalez-Gomez, 2018b).

The heterogeneity of transcription factors and the different origins of CRNs (see below) suggest that these preplate neurons grouped under the term “Cajal–Retzius cell” may actually represent different neuronal populations (Bielle et al., 2005; Sava et al., 2010). Meyer et al. proposed a classification scheme to differentiate between groups of early-generated neurons located in the MZ (Meyer et al., 1999; Meyer and Gonzalez-Gomez, 2018a). However, a clear classification scheme including data on developmental origin, onset of appearance, migration route, destination, gene expression profile, and electrophysiological properties has so far not been established. Therefore, this overview will use the term CRN for reelin-expressing neurons in the MZ of the developing cerebral cortex and in the immature hippocampus.



22.2.1. Morphological and molecular properties of Cajal–Retzius neurons

CRNs show a distinct morphological appearance which can be well recognized in tangential sections of the upper cortical layers (Fig. 22.2A and B). The typical CRN has an ovoid soma, a thick horizontal dendrite, and an axon forming a dense axonal network in the upper cortical layers. The axonal projections of CRNs radiate over long distances in all directions within the MZ and may cover several neocortical areas. These complex axonal connections may contact the apical tuft of pyramidal neurons (Anstötz et al., 2014) (for review (Anstötz et al., 2018). Descending axon collaterals may innervate lower cortical layers, which enable CRNs to modulate the activity of developing pyramidal neurons. CRNs in rodents and primates are glutamatergic (del Rio et al., 1995). A subpopulation of CRNs may be GABAergic (Van Eden et al., 1989; Imamoto et al., 1994).
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Figure 22.2 Morphology of typical Cajal–Retzius cells (A, B) and subplate neuron (C, D) in parietal cortex of newborn mice. (A): Tangential section with Cajal–Retzius neurons (CRNs) stained with anti-reelin antibody. (B): Tangential section of biocytin-filled CRN with axon marked by a. (C, D): Coronal section with subplate neuron with axon marked by a. Scale bar in A 50
 
μm, in (B–D) 100
 
μm.




Immunohistochemical studies on CRNs demonstrated the expression of GABA-A and GABA-B receptors (Meyer et al., 1998; Lopez-Bendito et al., 2002), ionotropic and metabotropic glutamate receptors (del Rio et al., 1991; Martinez-Galan et al., 2001), vesicular glutamate transporters (Ina et al., 2007), and a number of different calcium-binding proteins, such as calbindin, calretinin, and parvalbumin (Huntley and Jones, 1990; Vogt Weisenhorn et al., 1994; Meyer et al., 1998). CRNs express several genes important in corticogenesis, including reelin, LIS1, EMX2, and DS-CAM. In the developing cortex CRNs are the main source of reelin production (for review, see Tissir and Goffinet, 2003), which controls development of polarity in radially migrating neurons (for review, see Förster, 2014). CRNs also express the tumor suppressor gene P73 (for review, see Tissir and Goffinet, 2003), a member of the P53 family involved in cell death and survival.

The MZ receives an early noradrenergic, dopaminergic, and serotonergic projection, the latter forms synaptic contacts with the somata and proximal dendrites of CRNs as early as embryonic day 17 in mice (Schlumpf et al., 1980; Kalsbeek et al., 1988; Latsari et al., 2002; Janusonis et al., 2004).




22.2.2. Developmental origin of Cajal–Retzius neurons

CRNs are among the first forebrain neurons generated. In mice, cortical CRNs are born between embryonic days (E) 10.5 and G13.5 from specific regions of the telencephalic neuroepithelium (Hevner et al., 2003; Bielle et al., 2005). Studies in 
different mammalian species, mostly rodents, but also in primates, demonstrated that CRNs are of diverse origins. A large subpopulation of CRNs is produced in the local pallium ventricular zone as part of the primordial plexiform layer (Marin-Padilla, 1998). These CRNs migrate tangentially within the marginal zone and populate the entire neocortical surface (Hevner et al., 2003; Takiguchi-Hayashi et al., 2004; Garcia-Moreno et al., 2007). Other regions as sources of CRNs have been identified, like the medial ganglionic eminence, the cortical hem, or the retrobulbar ventricular zone (Lavdas et al., 1999; Meyer and Wahle, 1999; Zecevic and Rakic, 2001; Meyer et al., 2002; Takiguchi-Hayashi et al., 2004). A region at the septum and the pallial–subpallial border of the ventral pallium also generates CRNs (Bielle et al., 2005). These reelin-immunopositive neurons express the homeodomain transcription factor Dbx1 and migrate from the septum and pallial–subpallial border to the medial, dorsolateral, and piriform cortices (Bielle et al., 2005). These data demonstrate that distinct subpopulations of CRNs are present in different territories of the developing cortex. Pierani and Wassef proposed that the recruitment of additional origins for CRNs at the pallial–subpallial boundary and the resulting increase in number of available reelin-expressing neurons represents an essential step for the evolution of the laminated mammalian cortex (Pierani and Wassef, 2009).

Interestingly, genetically distinct subpopulations of CRNs, which derive from the septum and pallial–subpallial border (Dbx1 positive) or from other extraneocortical origins (Dbx1 negative), do not differ in their morphological or electrophysiological properties. Both cell subpopulations reveal similar passive and active electrophysiological properties, comparable GABAergic and glutamatergic synaptic inputs, and similar morphological features of the somatodendritic and axonal compartment. These results demonstrate that CRNs of different origins may fulfill similar functions within transient neuronal networks in the MZ during early corticogenesis (Sava et al., 2010).




22.2.3. Electrophysiological properties of Cajal–Retzius neurons

Anatomically, CRNs are an integral part of the developing neocortical network (see above) and therefore their intrinsic membrane properties and synaptic connectivity will influence the activity in these neuronal networks.



22.2.3.1. Intrinsic membrane properties

Whole-cell patch clamp recordings in rodents performed in a number of different labs demonstrated relative mature functional properties in CRNs. Late embryonic and early postnatal CRNs can discharge in a repetitive firing mode upon injection of a suprathreshold depolarizing current pulse (Zhou and Hablitz, 1996a, 1996c; Kilb and Luhmann, 2000, 2001; Luhmann et al., 2000, 2003; Radnikow et al., 2002; Kirmse et al., 2005). Voltage-dependent Na+ currents underlying action potential generation are most probably mediated by NaV 1.3 (Albrieux et al., 2004). A variety of voltage-gated K+ currents have been identified in CRNs: a slowly activating delayed rectified current (IDR), a large conductance Ca2+-activated K+ (BK) channel (Mienville and Barker, 1997), and a transient IA current (Zhou and Hablitz, 1996b; Mienville et al., 1999). An inward rectifier K+ current has so far not been detected in CRNs at any ages studied. In addition, low- and high-threshold Ca2+ channels have been identified (Kirmse et al., 2005). The low voltage–activated Ca2+ channel, containing the alpha-1G subunit, is downregulated during the first postnatal week (Kirmse et al., 2005). Upon injection of a hyperpolarizing current pulse, CRNs show a prominent voltage sag due to activation of a hyperpolarization-activated inward current (H-current) (Kilb and Luhmann, 2000; Radnikow et al., 2002). The repetitive firing pattern and the prominent H-current are the electrophysiological fingerprints of CRNs in the immature cerebral cortex. CRNs receive prominent spontaneous synaptic inputs and are well integrated in networks of the immature neocortex (Schwartz et al., 1998; Kilb and Luhmann, 2001; Radnikow et al., 2002; Soda et al., 2003).




22.2.3.2. Synaptic connectivity

Many reports demonstrated the functional expression of GABA-A receptor–mediated synaptic inputs (Kilb and Luhmann, 2001; Soda et al., 2003; Kirmse and Kirischuk, 2006; Dvorzhak et al., 2008). Spontaneous postsynaptic currents (PSCs) occurring at a rather low frequency have been recorded in about 30% of the CRNs in P0–P2 rat cerebral cortex. During further development, the percentage of cells showing these sPSCs decreases to about 10% at P4 (Kilb and Luhmann, 2001), indicating that CRNs become functionally disconnected during further development. These spontaneous PSCs were completely blocked by bicuculline or gabazine, suggesting that they exclusively rely on activation of GABA-A receptors. Since tetrodotoxin (TTX) did not influence the frequency or amplitude of these bicuculline-sensitive sPSCs, the spontaneous GABA-A receptor–mediated synaptic inputs onto CRNs are not dependent on presynaptic action potentials (i.e., miniature PSCs). Kirmse and Kirischuk have demonstrated that the strength of GABAergic inputs to CRNs is constrained by GABA-B receptors that are persistently activated by ambient GABA (Kirmse and Kirischuk, 2006). Furthermore, 
functional strychnine-sensitive glycine receptors have been found on CRNs (Kilb et al., 2002). The presynaptic origins of these GABAergic and glycinergic synaptic inputs onto CRNs are currently not fully understood (Fig. 22.3). It can be proposed from the origin of GABAergic terminals in the adult L1 (Ramos-Moreno and Clasca, 2014) that CRNs receive an intracortical GABAergic input mostly from Martinotti cells, to a lesser extent also from double bouquet and bipolar neurons, but also from GABAergic SPNs (Ramos-Moreno and Clasca, 2014; Cocas et al., 2016). Furthermore a GABAergic input to L1 may originate in the external globus pallidus and zona incerta (Ramos-Moreno and Clasca, 2014) (blue? in Fig. 22.3).
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Figure 22.3 Schematic wiring diagram illustrating connectivity of Cajal–Retzius neurons and subplate neurons in neonatal cerebral cortex (same as in Fig. 22.1). For details see text.



As in other regions of the immature brain (for review, see Ben-Ari, 2014) and in immature neocortical pyramidal neurons (Luhmann and Prince, 1991; Flint et al., 1998), GABA-A and glycine receptor activation causes a prominent membrane depolarization in CRNs (Mienville, 1998; Kilb et al., 2002). Since the chloride reversal potential is positive to action potential threshold in CRNs, synaptic inputs mediated by GABA-A or glycine receptors may elicit excitatory responses (Mienville, 1998; Kilb et al., 2002; Kolbaev et al., 2011a, 2011b). The Na+K+2Cl
−
 (NKCC1) symporter transporting chloride into the cell is highly and persistently expressed in CRNs (Achilles et al., 2007), and at no age so far studied the neuron specific K+-Cl
−
 cotransporter (KCC2) required for Cl
−
 extrusion and for hyperpolarizing GABAergic responses could be demonstrated in CRNs (Pozas et al., 2008). Therefore in CRNs, Cl
−
-mediated currents elicited by GABA, glycine but also for the putative endogeneous glycinergic agonist taurine (for review, see Kilb, 2017; Kilb and Fukuda, 2017) are depolarizing/excitatory throughout early development.

Functional NMDA receptors have been also demonstrated on CRNs in neocortical slices from newborn rodents (Mienville and Pesold, 1999; Radnikow et al., 2002). In the presence of NMDA receptor–specific antagonists, all glutamatergic responses are blocked, indicating that AMPA/kainate receptors are not functionally expressed in rodent CRNs (Lu et al., 2001; Radnikow et al., 2002; Sava et al., 2010). Different groups have demonstrated the expression of the NR2B receptor subunit by application of the subtype-specific antagonist ifenprodil (Mienville and Pesold, 1999; Radnikow et al., 2002; Sava et al., 2010). Glutamatergic terminals on CRNs originate either from other CRNs or from L5 pyramidal cells (Ramos-Moreno and Clasca, 2014; Cocas et al., 2016).

In the MZ/L1, CRNs provide a glutamatergic innervation of GABAergic interneurons in this layer and also target spines or shafts of terminal tuft dendrites from lower layer pyramidal neurons (Fig. 22.3) (Anstötz et al., 2014; Cocas et al., 2016).




22.2.3.3. Function in early network activity

The identification of action potential firing and postsynaptic responses in CRNs suggest that these neurons are integrated into immature neuronal circuits; however, their exact functions within these circuits remain elusive. From anatomical and functional data, it is clear that CRNs receive GABAergic inputs from GABAergic SPNs (Ramos-Moreno and Clasca, 2014; Cocas et al., 2016), but also from other regions (Ramos-Moreno and Clasca, 2014). These GABAergic 
inputs clearly dominate, and as they most probably provide suprathreshold excitatory inputs to CRNs (Mienville, 1998; Kilb et al., 2002; Kolbaev et al., 2011a, 2011b), the GABAergic inputs are sufficient to drive action potential firing in CRNs. Glutamatergic inputs on CRNs seem to be less frequent and have only small amplitudes (Kilb and Luhmann, 2000; Radnikow et al., 2002). However, under Mg2+-deficient conditions, electrical stimulation induces massive polysynaptic glutamatergic inputs in CRN (Soda et al., 2003), suggesting that enhanced neuronal activity can elicit glutamatergic inputs to CRNs, presumably from L5 neurons (Cocas et al., 2016). The synaptic output of CRNs on presumably dendritic tufts of pyramidal neurons (Radnikow et al., 2002; Anstötz et al., 2014; Cocas et al., 2016) is supposed to provide a basal excitatory output to developing pyramidal neurons (Del Rio et al., 1995). In addition, CRNs make synaptic contacts with neocortical GABAergic interneurons (Cocas et al., 2016). While in the neocortex electrophysiological evidence for postsynaptic responses upon CRN activation is missing, it can be assumed that CRNs provide feedback excitation under conditions of enhanced activity (e.g., during spontaneous neuronal network activity (for review, see Luhmann and Khazipov, 2017). On the other hand, it cannot be excluded that the synaptic contact to GABAergic interneurons also provides a feedforward GABAergic input onto pyramidal cells, as has been revealed in the immature hippocampus (Quattrocolo and Maccaferri, 2014).





22.2.4. Role of Cajal–Retzius neurons in early cortical development

In the cerebral cortex, CRNs play a pivotal role in the generation of the cortical layering (for review, see Tissir and Goffinet, 2003). CRNs secrete the extracellular matrix protein reelin, which is critically involved in the control of radial neuronal migration through a signaling pathway that includes the reelin receptors very low-density lipoprotein receptor (VLDLR) and the apolipoprotein E (ApoER) as well as the cytoplasmic adapter protein disabled 1 (Dab1), expressed by migrating CP neurons (for review, see Hirota and Nakajima, 2017). Lack of reelin, VLDLR/ApoER2, or Dab1 causes severe neuronal migration disorders with a disarrangement of the neocortical layering (for review, see Marín and Rubenstein, 2003; Soriano and Del Rio, 2005). It has been suggested that reelin acts on radially migrating neurons when their leading processes reach the marginal zone (for review, see Cooper, 2008). Reelin then stimulates two parallel events: detachment from radial glia and somal translocation to the top of the developing CP (“detach and go model”). Furthermore, reelin induces activation of LIM kinase 1, which induces phosphorylation of cofilin to stabilize the cytoskeleton and to control the orientation and directed migration of cortical neurons (for review, see Frotscher et al., 2017).




22.2.5. Developmental destiny of Cajal–Retzius neurons

A dilution of CRNs in the expanding neuropil (Rickmann et al., 1977; Marín-Padilla, 1998), a transformation into another neuronal cell type (Parnavelas and Edmunds, 1983), and a disappearance by programmed cell death (
Luskin and Shatz, 1985; Derer and Derer, 1990; del Río et al., 1995) have been proposed to explain their disappearance during neocortical maturation. Although a persistence of CRNs in the adult cortex, especially in humans (Spreafico et al., 1999), has been reported, several studies on rodents (Derer and Derer, 1990; del Rio et al., 1995; Anstötz et al., 2014) and primates (Zecevic and Rakic, 2001; Abraham and Meyer, 2003) demonstrated that more than 95% of the neocortical CRNs die after the first postnatal week.

Using chronic in vivo two-photon imaging of identified CRNs, Chowdhury et al. could demonstrate in the developing mouse cerebral cortex that the majority of CRNs disappear by apoptotic death and only a small fraction survive into adulthood (Chowdhury et al., 2010). It has been suggested that the low resting membrane potential and the postnatal upregulation of NMDA receptors may contribute to the cell death of neocortical CRNs (Mienville and Pesold, 1999). A novel developmental death pathway specific to CRNs has been recently demonstrated by Blanquie et al. (Blanquie et al., 2017b). In CRNs, the chloride inward transporter NKCC1 maintains a depolarizing GABA action, which induces increased P75NTR expression leading to activity-dependent apoptotic cell death of CRNs during early cortical development (for review, see Blanquie et al., 2017a).




22.2.6. Patho(physio)logy of Cajal–Retzius neurons

A well-known pathophysiological outcome of a CRN dysfunction is the reeler mutant mouse (for review, see Tissir and Goffinet, 2003). The reeler mouse shows prominent neuronal migration disorders in the cerebellum, hippocampus, and cerebral cortex, and motor and learning dysfunctions. It has been further suggested that reelin may be implicated in synaptic transmission, in neuronal plasticity, and in the etiology of several neurodevelopmental disorders, i.e., Alzheimer's disease, epilepsy, schizophrenia, bipolar disorder, major depression, lissencephaly, and autism (for review, 
see Herz and Chen, 2006; Ishii et al., 2016). Reelin receptors form a functional unit with NMDA receptors in the postsynaptic density, and reelin modulates synaptic transmission and plasticity through the ApoE receptors (for review, see Herz and Chen, 2006). In adult human temporal cortex from epileptic patients with focal cortical dysplasia, the density of CRNs in layer 1 was significantly increased, indicating that persistent CRNs may contribute to epileptic seizures (Garbelli et al., 2001). An abnormally high number of CRNs have been also documented in the hippocampus of patients with temporal lobe epilepsy, supporting the hypothesis that the persistence of these guidepost cells may be involved in the pathology of temporal lobe epilepsy (Blümcke et al., 2002). In a mouse model of temporal lobe epilepsy, granule cell dispersion has been attributed to an impaired reelin proteolytic processing in hippocampal CRNs, thereby affecting the secretion of reelin (Duveau et al., 2011). Patients with schizophrenia and psychotic bipolar disorder show a 50% reduction in reelin mRNA and protein in cerebellar, hippocampal, and frontal cortices (Impagnatiello et al., 1998; Guidotti et al., 2000). In the dentate gyrus of patients with temporal lobe epilepsy, a decreased expression of reelin mRNA in hippocampal CRNs correlated with the extent of migration defects (Haas et al., 2002).




22.2.7. Cajal–Retzius neurons in the hippocampus

As in the cerebral cortex, CRNs in the hippocampus appear to be a heterogeneous cell population as based on morphology and immunocytochemistry (for review, see Supèr et al., 1998). The bodies and dendrites of CRNs occupy exclusively the outer part of the marginal zone (the future stratum lacunosum moleculare). As in the neocortex, CRNs in the hippocampus probably also derive from different sources. Abraham et al. (2004) demonstrated that CRNs in the human hippocampal formation belong to two distinct cell populations: an early one derived from the ventral cortical hem and a later appearing one derived from the dentate–fimbrial neuroepithelium. Whereas CRNs in the neocortex are mainly involved in the regulation of neuronal migration, CRNs in the hippocampus also act as transient targets for afferent synaptic connections, fulfilling a similar functional role as the SPNs in the cerebral cortex. Here they serve as guideposts and transient targets of the early-arriving entorhinal cortex fibers. A functional role for CRNs in the layer-specific innervation was tested in slice cocultures of entorhinal cortex and hippocampus (for review, see Frotscher, 1998). Ablation of the CRNs prevented the layer-specific innervation by entorhinal axons (for review, see Chao et al., 2009). Optogenetic stimulation of CRNs in mouse hippocampal slices demonstrated a glutamatergic activation of both local interneurons and pyramidal cells generating a feedforward GABAergic input onto pyramidal cells (Quattrocolo and Maccaferri, 2014). CRNs in the adult hippocampal formation innervate targets either in local (molecular layers) or distant regions (subicular complex and entorhinal cortex) and participate here in an excitatory loop (Anstötz et al., 2016).




22.2.8. Summary on Cajal–Retzius neurons

Neocortical CRNs located in the MZ/L1 represent a unique neuronal population with a distinct morphology. They are largely glutamatergic and mostly originate from the local pallium ventricular zone, but also from the medial ganglionic eminence, the cortical hem, or the retrobulbar ventricular zone. The axonal projections of CRNs extent over long distances in the most upper neocortical layer. They express various receptors and factors and secrete the extracellular matrix protein reelin, which is important for the control of radial neuronal migration. Their electrophysiological fingerprint is repetitive action potential firing and a prominent H-current. CRNs receive depolarizing/excitatory GABAergic and glycinergic synaptic inputs due to the persistent expression of NKCC1 and lack of KCC2. The large majority of CRNs die during early development, although a small number of CRNs may survive under physiological or patho(physio)logical conditions. In the hippocampus, CRNs are important for the correct innervation of entorhinal cortex fibers.





22.3. Subplate neurons

SPNs were initially identified by Kostovic and Molliver in the embryonic human cerebral cortex (Kostovic and Molliver, 1974). A more detailed characterization of the subplate (SP) in the monkey neocortex was subsequently given by Rakic (Rakic, 1977). Meanwhile, SPNs have been identified in all placental mammals such as rodents, cats, ferrets, primates, and humans (Molnár et al., 2006). For a review on the history of research on the SP we refer to Judas et al. (2010).

The SP represents a transient layer in the developing cerebral cortex, which is located between the intermediate zone (IZ) and the CP (Kostovic and Rakic, 1980, 1990; Luskin and Shatz, 1985). The SP consists of migratory and postmigratory neurons, dendrites, axons, growth cones, synapses, and glial cells. Although an SP can be identified in all mammals, its relative thickness, developmental profile, and persistence in adulthood vary among species (for review, see Hoerder-Suabedissen and Molnár, 2015).
 In primates, initially a thin and dense band forms the SP resembling the rodent structure, but with further development the primate SP becomes dispersed and thicker, probably under the influence of monoaminergic, basal forebrain, thalamocortical and corticocortical axons innervating the SP (Duque et al., 2016).

SPNs represent a rather heterogeneous neuronal population according to their morphology, neurotransmitter expression, and connectivity (for review, see Allendoerfer and Shatz, 1994; Kanold and Luhmann, 2010). The SP is the first cortical site receiving synaptic inputs from the thalamus, (intra)cortical regions, and neuromodulatory systems (Fig. 22.3) (for review, see Kanold and Luhmann, 2010). SPNs receive a functional synaptic input from specific thalamic nuclei before the thalamocortical afferents reach their final targets in L4 (Friauf et al., 1990; Friauf and Shatz, 1991; Hanganu et al., 2002; Molnár et al., 2003). These observations led to the concept that SPNs act as synaptic “placeholders” by forming a transient circuit with the thalamocortical fibers during the so-called “waiting period” (for review, see Allendoerfer and Shatz, 1994). Over the last two
 
decades, we gained a better understanding on the functional role of SPNs, and it became clear that the SP is more than a passive waiting station for ingrowing thalamocortical fibers. In fact, the SP is an essential active element in early neocortical function and development (for review, see Friedlander and Torres-Reveron, 2009; Luhmann et al., 2009; Kanold and Luhmann, 2010; Kostovic and Judas, 2010; Hoerder-Suabedissen and Molnár, 2015).



22.3.1. Morphological and molecular properties of subplate neurons

SPNs represent a very heterogeneous population of neurons with relatively mature structural properties, such as an extensive axonal and dendritic arborization pattern (Fig. 22.2C and D) (Friauf et al., 1990; Hanganu et al., 2001, 2002). Inverted pyramidal-like and horizontal cells as well as polymorphic neurons with different shapes and spiny or smooth dendrites have been classified as SPNs (Kostovic and Rakic, 1980, 1990; Wahle et al., 1987; Valverde et al., 1989; Hanganu et al., 2002). Short dendritic spines can be observed on the dendrites of a subpopulation of SPNs (Mrzljak et al., 1988), indicating here an excitatory function.

SPNs participate in local and long-distance axonal connections and have diverse axonal output patterns, indicating that SPNs function as local circuit as well as projection neurons (Fig. 22.3) (Clancy et al., 2010). SPNs show a dense axonal arborization within the SP and CP, and GABAergic SPNs make functional connections with CRNs in the MZ/L1 (Friauf et al., 1990; Finney et al., 1998; Clancy and Cauller, 1999; Myakhar et al., 2011). These intracortical axonal arborizations show a developmental dynamic and dependence on sensory inputs (Pinon et al., 2009). Axonal projections from glutamatergic SPNs reach the thalamus (McConnell et al., 1989; Kim et al., 1991; de Carlos and O'Leary, 1992; McConnell et al., 1994) and more distant neocortical regions (Tomioka et al., 2005; Higo et al., 2007). In adult rats, a subset of persisting SPNs with corticocortical projections of more than 4
 
mm have been identified, so-called subgriseal neurons (Clancy and Cauller, 1999). SPNs project through the corpus callosum and to the superior colliculus (Antonini and Shatz, 1990; del Rio et al., 2000; Jacobs et al., 2007). The somato-dendritic morphology of SPNs could not be correlated with their axonal projection pattern, with the exception of inversed pyramidal-like SPNs showing only intracortical axonal arborizations (Hoerder-Suabedissen and Molnár, 2012). Cplx3 positive SPNs, some of them survive into adulthood in L6b, project not only to layers 1, 4 and 5a, but also to several thalamic nuclei (Viswanathan et al., 2017), thereby providing an early corticothalamic feedback loop as demonstrated by in vivo recordings in the thalamus and barrel cortex of newborn rats (Yang et al., 2013).

The morphological heterogeneity of SPNs is accompanied by a variability in their molecular properties. SPNs can be GABAergic or glutamatergic neurons and express a diversity of peptides and other molecular markers (Chun et al., 1987; Wahle et al., 1987; Finney et al., 1998; del Rio et al., 2000; Ina et al., 2007; Hackett et al., 2016). Three subpopulations of GABAergic SPNs can be differentiated on the basis of their immunoreactivity for somatostatin (30% of all GABAergic SPNs), 5HT-3A serotonin receptor (60%), and parvalbumin (10%) (Qu et al., 2016). The somatostatin subpopulation can be subdivided into SPNs coexpressing neuronal nitric oxide synthase, calbindin, and neuropeptide Y. The 5HT-3A subpopulation coexpresses calretinin and the GABA-A receptor subunit delta, which is also coexpressed in parvalbumin-positive SPNs (Clancy et al., 2009). Some GABAergic SPNs survive into adulthood and probably form long-ranging GABAergic connections (Clancy et al., 2009).

Several molecular markers are expressed in SPNs (see Table 2 in Kanold and Luhmann, 2010), but the majority of them are also expressed (at earlier or later developmental stages) in other cell types and cortical layers (Oeschger et al., 2012; Hoerder-Suabedissen et al., 2013). In the mouse, SP 68 genes show an SP-specific expression, but only seven of these (Nurr1, Ctgf, Cplx3, Nxph4, Inpp4b, Htr1d, and Tpd52l1) are specifically expressed in the SP throughout development (
Hoerder-Suabedissen et al., 2009, 2013
). Nurr1, Clpx3, Lpar1, and CTGF show an overlapping expression (Hoerder-Suabedissen and Molnár, 2013). However, Nurr1 and Cplx3 are virtually absent in GABAergic SPNs, suggesting that these genes label a subpopulation of glutamatergic SPNs (Hoerder-Suabedissen and Molnár, 2013).






Differences in gene expression have been reported between closely related species. Whereas Moxd1, Ddc, and Trh are expressed in the SP of the mouse, they are absent in the rat (Wang et al., 2011). The gene expression profile of the SP in the human fetal brain is different from the rodent (Miller et al., 2014), although Nurr1 and CTGF are expressed in both species (Wang et al., 2010). These data indicate that during evolution the SP did not only become much thicker, but also more complex by the addition of new molecular entities. Molnár and coworkers suggested a hypothesis on a phylogenetic dual origin of the mammalian SP (for review, see Montiel et al., 2011). According to this hypothesis the SP consists of both ancestral and newly derived cell populations originating from a phylogenetically ancient structure in the dorsal pallium and a new additional SPN population from the synapsid lineage.




22.3.2. Developmental origin of subplate neurons

SPNs are among the first neurons to be generated in the cerebral cortex and are born before the first CP neurons. SPNs are generated at E11–13 in the mouse and E13–15 in the rat (Wood et al., 1992; Valverde et al., 1995a; Price et al., 1997; Hoerder-Suabedissen and Molnár, 2013). GABAergic SPNs are born in the medial ganglionic eminence (Lavdas et al., 1999) and tangentially migrate into the developing cortex (Parnavelas, 2000). A subpopulation of SPNs expressing CTFG, Cplx3, or Nurr1 is generated in the rostromedial telencephalic wall and migrate tangentially (Pedraza et al., 2014).





22.3.3. Electrophysiological properties of subplate neurons

22.3.3.1. Intrinsic membrane properties




In contrast to their heterogeneous morphological and molecular appearance, SPNs have relatively uniform electrophysiological properties. In response to sustained depolarization by intracellular current injection, SPNs are capable of firing overshooting and repetitive action potentials at frequencies exceeding 40
 
Hz (Zhou and Hablitz, 1996a; Hanganu et al., 2001; Liao and Lee, 2012). When compared to other neurons at the same developmental stage, SPNs recorded in neocortical slices from newborn rodents reveal the largest amplitudes and fastest kinetics in voltage-dependent Na+ and Ca2+ currents (Luhmann et al., 2000). These relatively mature electrophysiological properties enable SPNs to transmit afferent neuronal activity faithfully to the developing CP, and their slow membrane time constant and low resonance frequency of SPNs (Sun et al., 2012) support the integration of sparse, low-frequency synaptic inputs.

These observations have been confirmed in SPNs recorded in acute neocortical slice preparations from postmortem human fetal brain at gestational week 16–22 (Moore et al., 2009). Here, SPNs are spontaneously active and generate activity patterns similar to UP- and DOWN-states in adult rodent cortex (Moore et al., 2011). Spontaneous opening of connexin hemichannels mediate this activity recorded in human SPNs (Moore et al., 2014). Cholinergic-driven spontaneous activity, which depends on neuronal, connexin-36 containing gap junctional coupling, has been demonstrated in the SP of neonatal rats (Hanganu et al., 2009).




22.3.3.2. Synaptic connectivity

Ultrastructural studies of SPNs in various species have documented symmetrical as well as asymmetrical mature synapses (Kostovic and Rakic, 1980, 1990; Chun and Shatz, 1988; Herrmann et al., 1994), indicating that SPNs receive GABAergic as well as glutamatergic synaptic inputs (Fig. 22.3). SPNs receive a transient synaptic input from “waiting” thalamic axons (Lund and Mustari, 1977; Rakic, 1977, 1983), which contact spines and shafts of SPN dendrites (Herrmann et al., 1994). Glutamatergic synaptic inputs also arise from cortical areas, and a dense network of corticocortical fibers have been reported in the SP of the embryonic mouse (Crandall and Caviness, 1984). GABAergic synaptic inputs originate from short- and long-range projecting GABAergic interneurons in the SP (Kostovic and Rakic, 1980).

Functional evidence for NMDA, AMPA, and kainate receptors as well as the expression of their essential subunits has been documented in the SP of various species (Herrmann, 1996; Aoki, 1997; Catalano et al., 1997; Furuta and Martin, 1999). Benzodiazepine-binding sites (Schlumpf et al., 1983), GABA-A receptors (Huntley et al., 1990) and GABA-A receptor subunits (Meinecke and Rakic, 1992) have been also found in the SP.

In vitro intracellular recordings and current-source density analyses in late embryonic and early postnatal kitten visual cortex demonstrated in SPNs functional excitatory synaptic inputs from axons in the developing white matter (Friauf et al., 1990; Friauf and Shatz, 1991). Electrical stimulation of the thalamocortical projection elicited in immature rat and cat SPNs fast excitatory postsynaptic responses with relatively mature functional properties (short delay, fast kinetics, reliable responses), which are mediated by AMPA/kainate receptors (Friauf et al., 1990; Hanganu et al., 2002; Zhao et al., 2009). Membrane depolarization unmasked a prominent NMDA component in this thalamocortical input (Hanganu et al., 2002;Hirsch and Luhmann, 2008).
 Current source-density analyses in late embryonic and early postnatal kitten (Friauf and Shatz, 1991) and newborn rat cerebral cortex (Molnár et al., 2003; Yang et al., 2009) also documented a functional thalamic input at earliest stages of neocortical development. Beside this prominent glutamatergic thalamocortical input, SPNs also receive local glutamatergic synaptic inputs arising from pyramidal neurons in the CP and from glutamatergic SPNs (Fig. 22.3). Both synaptic inputs are mediated by AMPA/kainate and NMDA receptors (Hanganu et al., 2002; Zhao et al., 2009). In the mouse, auditory cortex some of these inputs from the CP are postsynaptically silent during the first postnatal week (Meng et al., 2014). The intra-SP input differs from the thalamocortical input in its functional, molecular, and developmental profile. A significant proportion of the intra-SP input is mediated by NMDA receptors, which can be activated at more hyperpolarized membrane potentials (Hanganu et al., 2002). Whereas the intra-SP glutamatergic input reveals a pronounced facilitation when repetitively activated at 10–40
 
Hz, the thalamocortical input is rather stable or suppressed at these stimulation frequencies (Hirsch and Luhmann, 2008). In the newborn mouse, the intra-SP synaptic connection shows a pronounced paired-pulse facilitation and temporal summation, and at P0 contains a large amount of the NR2D subunit (Hirsch and Luhmann, 2008). In agreement with in vivo recordings in the somatosensory cortex of newborn rats (Yang et al., 2009), sensory-evoked responses in the auditory cortex of young ferrets also initially activate the SP (Wess et al., 2017).

SPNs also receive a GABAergic synaptic input from neighboring GABAergic neurons located in the SP and in the CP (Fig. 22.3) (Hanganu et al., 2002; Unichenko et al., 2015). This local intra-SP GABAergic connection effectively controls excitability and information transfer within the SP (Unichenko et al., 2015). In addition, a GABAergic input may arise from remote GABAergic SPNs, which in the mouse cerebral cortex can project over distances of up to 2
 
mm (Tomioka et al., 2005; Higo et al., 2007). As in other immature brain structures (for review, see Ben-Ari, 2014), this GABAergic input has a depolarizing postsynaptic effect (Hanganu et al., 2002), due to high intracellular chloride concentrations (Yamada et al., 2004). An excitatory effect has been demonstrated in SPNs also for glycine and taurine (Kilb et al., 2008). SPNs are modulated in their function by ambient glycine and/or taurine activating glycine receptors (Kilb et al., 2008; Kilb, 2017; Kilb and Fukuda, 2017). SPNs also receive a tonic GABAergic input via ambient nonsynaptically released GABA, which facilitates the generation of up states in the neonatal cortex (Hanganu et al., 2009). GABAergic SPNs may contribute to this tonic GABA release, thereby modulating proliferation and migration of neuronal progenitors (Maric et al., 2001). Nonsynaptically released taurine may have a similar role by tonic activation of glycine receptors (Flint et al., 1998). In mouse auditory cortex, in vitro glutamate uncaging experiments identified two functional subpopulations of SPNs with different glutamatergic and GABAergic inputs (Viswanathan et al., 2012): (1) SPNs receiving inputs from only deep neocortical layers, and (2) more superficially located SPNs receiving inputs from deep as well as superficial layers including L4.

SPNs are not only well integrated in the developing cortical circuit, but they also receive at early stages of cortical development neuromodulatory synaptic inputs of different origin. In primates (for review, see Rakic, 1995) as well as in rodents (Calarco and Robertson, 1995; Mechawar and Descarries, 2001), the SP is specifically innervated during certain developmental periods by cholinergic fibers arising from the basal forebrain and also by monoaminergic (serotonergic, noradrenergic, and dopaminergic) fibers (Molliver, 1982; Kalsbeek et al., 1988) (Fig. 22.3). The functional role of these neuromodulatory inputs is not completely understood. The activation of postsynaptic nicotinic acetylcholine receptors elicits in SPNs a marked membrane depolarization dependent on alpha4/beta2 receptors (Hanganu and Luhmann, 2004). SPNs express M1 to M5 muscarinic acetylcholine receptors and activation of M1 receptors elicits in SPNs repetitive ∼20
 
Hz burst discharges (Hanganu et al., 2009). Similar burst patterns can be recorded from SPNs in neocortical slices when the tissue concentration of acetylcholine is raised by application of the cholinesterase inhibitor neostigmine (Hanganu et al., 2009). Although serotonin seems to have no postsynaptic effect on SPNs, thalamocortical inputs onto SPNs are presynaptically suppressed by the action of 5-HT-1B receptors (Liao and Lee, 2014). Finally, activation of purinoreceptors by ATP release from astrocytes modulates the activity of SPNs (Beamer et al., 2017).




22.3.3.3. Function in early network activity

SPNs are not only extensively connected via chemical glutamatergic and GABAergic synapses, but also locally via electrical synapses. In newborn rats, one SPN is electrically coupled in a columnar manner to on average nine other neurons in the SP or CP (Dupont et al., 2006). This early columnar organization may result from the radial, column-like neuronal migration of newly generated neurons into the developing cerebral cortex (Noctor et al., 2004), which is also controlled by gap junctional coupling (Elias et al., 2007). SPNs are in key positions to monitor and control neuronal network activity during a critical period of early cortical development (for review, see Luhmann et al., 2009; Kanold and Luhmann, 2010; Colonnese and Phillips, 2018). On the basis of their studies on mouse neocortical slice cultures, Moody 
and coworkers suggested that the SP may act as a pacemaker region to generate propagating waves of spontaneous activity in the neonatal cerebral cortex (Lischalk et al., 2009). Early neocortical network oscillations may be triggered by the SP (Dupont et al., 2006; Sun and Luhmann, 2007) or by the sensory input (i.e., the whiskers) reaching at early stages of the SP (Yang et al., 2009).

Electrophysiological and calcium imaging recordings in acute neocortical slices from newborn rodents (Hanganu et al., 2009) as well as calcium imaging data obtained in neocortical cell cultures (Voigt et al., 2001) indicate that GABAergic SPNs play a central role in generating early neuronal network activity. Voigt and colleagues (Voigt et al., 2001) estimated that a minimal number of two GABAergic SPNs per square millimeter are required for the occurrence of synchronous network activity (Voigt et al., 2001). Two distinct patterns of spontaneous and sensory-evoked network activity can be observed in the immature somatosensory (Khazipov et al., 2004; Minlebaev et al., 2011; Yang et al., 2013), visual (Hanganu et al., 2006), auditory (Chipaux et al., 2013), and motor (An et al., 2014) cortex: (1) Spindle bursts with a frequency of 10–25
 
Hz, a duration of 0.5–3
 
s and occurring spontaneously every ∼10
 
s (for review, see Yang et al., 2016; Luhmann, 2017). Spindle burst (delta brush) activity is a functional hallmark of the EEG pattern in preterm human babies at a developmental stage when the human neocortex resembles that of the newborn rodent (Milh et al., 2007; Tolonen et al., 2007; Stjerna et al., 2012). (2) Early gamma oscillations with a frequency of 30–50
 
Hz and a duration of 100–300
 
ms (for review, see Khazipov et al., 2013; Luhmann and Khazipov, 2017). Extracellular multielectrode recordings demonstrated that the current sink of this early activity is located in the inner layer of the CP (future L4) and in the SP (Yang et al., 2009; Mitrukhina et al., 2015). Both activity patterns, spindle bursts and gamma oscillations, either occur spontaneously or can be elicited by mild sensory stimulation (for review, see Colonnese and Khazipov, 2012; Luhmann and Khazipov, 2017), and they are modulated by the cholinergic system (Hanganu et al., 2007) acting on SPNs (Hanganu et al., 2009). Finally, both activity patterns require an intact SP (Dupont et al., 2006; Tolner et al., 2012).

The SP functions as an active hub station of the developing cortical network (for review, see Kanold and Luhmann, 2010). Due to their unique anatomical properties (extensive dendritic arborization, widespread axonal projections), their relative mature functional state (repetitive firing pattern, etc.); their gap junction–mediated electrical coupling to other SPNs and CP neurons in a columnar manner; their substantial glutamatergic or GABAergic synaptic inputs from thalamic, intra-SP, and intracortical sources; and their strong synaptic inputs from neuromodulatory systems (e.g., the cholinergic innervation), SPNs are in an ideal position to integrate, amplify, and transmit afferent synaptic inputs.





22.3.4. Role of subplate neurons in early cortical development

In a number of seminal reports, Carla Shatz and coworkers demonstrated in the visual system of cats and ferrets that the SP plays a fundamental role in the development of the thalamocortical connection (Shatz and Luskin, 1986; Friauf et al., 1990; Ghosh et al., 1990), the feedback projection from the SP to the thalamus (McConnell et al., 1989, 1994), and the activity-dependent development of cortical columns and GABAergic inhibition (Ghosh and Shatz, 1992; Lein et al., 1999; Kanold et al., 2003; Kanold and Shatz, 2006). Ablation of the SP during early development interferes with the maturation of GABAergic inhibition by preventing the developmental upregulation of genes involved in mature, fast GABAergic transmission, including GABA receptor subunits and KCC2 (Kanold and Shatz, 2006). Removal of the SP prevents the developmental shift of GABA action from excitation to inhibition and the expression of GABA-A receptor subunits, which are characteristic for mature GABAergic inhibition (alpha1 and gamma2 subunit) (Kanold and Shatz, 2006). Kanold and Shatz provided experimental evidence indicating that the SP might regulate the expression levels of KCC2 and GABA-A receptors by providing an excitatory drive to L4, which is able to increase the expression of these genes. Since L4 also receives a glutamatergic input from the thalamus and from other cortical sources, these data suggest that the excitatory input from the SP is specifically required for the maturation of GABAergic inhibition in L4 (Kanold, 2009).

A novel function of SPNs has been recently shown in the mouse embryonic cerebral cortex. SPNs form glutamatergic synapses with migrating excitatory neurons and change their migration mode from slow multipolar migration to faster radial glial-guided locomotion by activation of postsynaptic NMDA receptors (Ohtaka-Maruyama et al., 2018).




22.3.5. Developmental destiny of subplate neurons

Whether SPNs die during early development or persist into adulthood is a matter of debate. About 10%–20% of SPNs may persist in the adult neocortex (Friedlander and Torres-Reveron, 2009), although the number of surviving SPNs may be higher in rodents (Woo et al., 1991; Valverde et al., 1995b; Robertson et al., 2000). In primates, SPNs may survive as interstitial cells in the white matter (Kostovic and Rakic, 1980). In rodents, SPNs identified by their early generation, genetic markers, and/or morphological appearance persist into adulthood either as interstitial neurons 
(Valverde and Facal-Valverde, 1988) or forming a dense band below L6, termed L6b, L7, or subgriseal layer (Chun and Shatz, 1989; Valverde et al., 1989; Woo et al., 1991; Reep, 2000; Marx and Feldmeyer, 2013; Marx et al., 2017). In rodents, glutamatergic Clpx3-positive SPNs contribute to this persisting L6b population (Viswanathan et al., 2017), while somatostatin- and NPY-positive SPNs disappear during the second postnatal week (Arias et al., 2002).

SPNs disappear by programmed cell death, as identified by TUNEL assay, electron microscopy, or the appearance of pyknotic nuclei (Spreafico et al., 1995; Rakic and Zecevic, 2000; Robertson et al., 2000). The mechanisms underlying the developmental cell death of SPNs are not completely understood. A downregulation of kynurenic aminotransferase may lead to excitotoxic death of SPNs after P7 (Csillik et al., 2002). It has been also suggested that the downregulation of the neurotrophin receptor P75NTR causes death of SPNs after P7 (McQuillen et al., 2002), since in SPNs this receptor supports neuronal survival (DeFreitas et al., 2001). The elimination of thalamic inputs may also contribute to cell death, since this (partial) deafferentation reduces activity in SPNs and depletes them from the trophic support by these axons (Price and Lotto, 1996). The activity-dependent control of apoptosis has been documented for a number of transient neurons in the developing cerebral cortex (Blanquie et al., 2017c) (for review, see Blanquie et al., 2017a).




22.3.6. Patho(physio)logy of subplate neurons

The question whether SPNs play a role in the initiation or manifestation of pathological and pathophysiological disorders is of interest for two reasons. (1) A number of genes expressed in SPNs are associated with neurodevelopmental disorders, such as autism spectrum disorders, attention-deficit hyperactivity disorder and schizophrenia (Hoerder-Suabedissen et al., 2013). (2) SPNs may be selectively vulnerable to hypoxia and ischemia occurring during early developmental stages. Since our current understanding on the mechanisms related to point (1) is rather limited, we will focus here on point (2). For recent comprehensive reviews on this topic, we refer to Kostovic et al. (2015) and Hadders-Algra (2018).

Preterm infants with periventricular leukomalacia (PVL) show neuronal cell loss in the SP and WM indicating a vulnerability of these neurons in humans (Kinney et al., 2012). An enhanced vulnerability of SPNs to hypoxia-ischemia during early development has been documented in neonatal rats (Csillik et al., 2002; McQuillen et al., 2003; Nguyen and McQuillen, 2010), and in vitro electrophysiological recordings in neocortical slices from newborn rats have demonstrated a pronounced functional impairment of SPNs following a combined oxygen and glucose deprivation (Albrecht et al., 2005). Hypoxia-ischemia induced modifications in the functions of SPNs may be also more subtle as demonstrated by Patrick Kanold and coworkers (Sheikh et al., 2018). Histological damage to the SP could be demonstrated only after severe hypoxia-ischemia. However, already a minor insult without any obvious pathological damage caused a hyperconnectivity of excitatory and inhibitory synaptic inputs onto SPNs. As discussed above, SPNs are required for spindle burst activity in newborn rodent cortex. Premature infants with WM/SP injury and newborn rats with hypoxia-ischemia show a reduction in spindle burst activity (Ranasinghe et al., 2015). These data indicate that SPNs are not only important in early physiological development of the neocortex, but also represent a substrate for the development and manifestation of long-term neurological or psychiatric disorders.

Clinical evidence indicate that various brain developmental disorders including cerebral palsy, cortical visual impairments, learning difficulties, PVL, autism spectrum disorders, attention-deficit hyperactivity disorder, schizophrenia, and epilepsy may be related to early disturbances in the function of the SP. In premature infants, the peak of SP development coincides with the gestational age of highest vulnerability to perinatal brain injury, which is the second trimester (“window of vulnerability” for selective SP injury) (McQuillen and Ferriero, 2005). The mechanisms of this selective susceptibility of SPNs are unknown, but their unique molecular, structural, and functional properties may contribute to this vulnerability, i.e., the expression of NMDA receptors that can be activated at resting membrane potentials (Hirsch and Luhmann, 2008).

Disturbances in the programmed cell death of SPNs may also cause long-term neurological deficits. Under normal conditions and with further development, SPNs disappear by apoptosis or transform into other neuronal cell types (see above). Disturbances in the pattern of programmed cell death in the SP may cause a failure to establish normal patterns of connections in the overlying cerebral cortex, leading to long-term patho(physio)logical deficits. Abnormal placement of neurons in the white matter and atypical circuits have been observed in the prefrontal cortex of schizophrenic patients (Akbarian et al., 1996; Kirkpatrick et al., 1999; Bunney and Bunney, 2000), and this has been attributed to alterations in the pattern of programmed cell death (Akbarian et al., 1996). If these surviving SPNs maintain their extensive local and long-range synaptic connections, they may disturb cortical processing (Bunney and Bunney, 2000) or may function as pacemaker regions for the generation of epileptic activity (Luhmann et al., 2003) via their feed forward excitatory projections. It has been also postulated that cortical dysplasia associated with pharmacoresistant epilepsy could be the consequence of postnatal retention of some SPNs (Cepeda et al., 2007). A large number of WM neurons, resembling SPNs, have been 
detected in surgically removed neocortical tissues of medically refractory temporal lobe epilepsy patients (Richter et al., 2016). Since all these patients were adult, it can be assumed that SPNs survived into adulthood. Neurosurgical removal of focal cortical malformations generally results in a significant improvement, suggesting that local neuronal circuits containing surviving SPNs are actually the epileptic focus (for review, see Luhmann et al., 2014). Interestingly, in the resectioned human tissue, GABA application induced depolarizing postsynaptic responses and spontaneous GABAergic synaptic potentials even elicited action potentials (Cepeda et al., 2007). Neuronal migration disorders are often associated with pharmacoresistant epilepsies (for review, see Guerrini et al., 2008). Since SPNs influence radial migration (see above), this can be another mechanism how early SPN dysfunction may result in long-term patho(physio)logy. All these experimental and clinical data indicate that structural and functional changes in the SP occur clearly before the cerebral cortex has gained its typical six-layered architecture (for review, see Hutsler and Casanova, 2016).




22.3.7. Summary on subplate neurons

SPNs are GABAergic or glutamatergic neurons located between the IZ/white matter and the lower CP/L6 that express relatively mature morphological and electrophysiological properties. They differ in morphology, synaptic connectivity, and expression of receptors and various factors. SPNs are born in the medial ganglionic eminence and in the rostromedial telencephalic wall. They project over short and long distances to intracortical and subcortical targets. SPNs can discharge repetitively and receive glutamatergic, depolarizing/excitatory GABAergic, and various neuromodulatory synaptic inputs. In addition, they are modulated by glycine and taurine acting on glycine receptors. SPNs are the first targets of functional thalamocortical inputs to the developing neocortex. SPNs may act as pacemakers and amplifiers for early network activity and are crucial for the development of the neocortical architecture in columns and layers. A considerable fraction of SPNs disappear by programmed cell death. Disturbances in this apoptosis program may lead to the survival of SPNs contributing to the manifestation of patho(physio)logical circuits.





22.4. Conclusions and perspectives

CRNs and SPNs play central roles in early cortical development. Both cell types fulfill far more complex functions than just acting as pioneer neurons and transient placeholder cells. CRNs and SPNs participate actively or even control early neuronal network activity, regulate local and distant synaptic connectivity, and play central roles in early cortical plasticity and the development of the cortical architecture. An increasing amount of clinical evidence is suggesting that genetic or early environmental disturbances may induce patho(physio)logical modifications in CRNs and SPNs, which may lead to long-term neurological or psychiatric disorders. With the identification of more specific markers for both cell types and a more closely functional analysis in transgenic animals, the role of CRNs and SPNs will become clearer. Another important question is the regulation of cell death in both cell types. How is programmed cell death regulated in CRNs and SPNs and what are the consequences if cell death does not occur? These questions are not only of interest in developmental neurobiology, but will be also of clinical relevance for a better understanding of neurological deficits due to early dysfunction of CRNs and SPNs.
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Abstract


The proper development of excitatory synapses is fundamental for the formation of neuronal circuits in the brain. Newly formed glutamatergic synapses undergo a characteristic series of developmental changes that prime synapses to efficiently transmit and encode information in neuronal circuits. One of the most prominent and functionally relevant changes at synapses is the increase in the number of functional AMPA receptors early in development. Over the past decades, important aspects of the cellular processes that govern the assembly, intracellular trafficking, and targeting to synapses of AMPA receptors have been uncovered. Here, we provide an overview of these molecular mechanisms that are fundamental for the proper development of excitatory synapses.
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23.1. Introduction

Development of the mammalian central nervous system critically relies on the proper formation of neuronal circuits. Neuronal circuits are formed by a complex interplay of biological processes, guided by extracellular cues and intrinsic growth programs. In particular, the formation and maturation of synaptic contacts between neurons is arguably one of the most critical steps, endowing neuronal circuits with the ability to efficiently transmit and process information. The formation of synapses, a process termed synaptogenesis, peaks during early brain development before birth but continues into early postnatal life and persists in adulthood, albeit at low levels. An initial period of synapse overproduction is followed by a period of synaptic pruning during which a significant amount of synapses is eliminated in a competitive manner, leading to the refinement of connectivity in neuronal circuits. Newly formed synapses that persist follow a characteristic sequence of developmental changes, leading to the maturation of a fully functional synapse. These changes involve a coordinated series of activity-dependent alterations in composition and physiology of the synapse to allow for the proper integration into neuronal circuits. Indeed, subtle disruptions in these processes are broadly held to underlie the development of human cognitive and behavioral disorders.

The vast majority of synapses in the mature brain are glutamatergic. At these synapses, the release of glutamate into the synaptic cleft triggers a postsynaptic response that is mediated by the concerted action of diverse types of glutamate receptors. Ionotropic glutamate receptors, including the AMPA, kainate, and NMDA receptors, are ligand-gated ion channels that evoke rapid excitatory currents and work in concert with metabotropic glutamate receptors (mGluRs) that control postsynaptic responses via G protein signaling (D'Angelo et al., 1993; Reiner and Levitz, 2018; Scheefhals and MacGillavry, 2018). The AMPA-type glutamate receptors (AMPARs), in particular, are the workhorse in excitatory synaptic transmission, carrying the majority of fast excitatory synaptic transmission in the mature brain. AMPARs are ligand-gated ion channels comprising different combinations of four subunits (GluA1-GluA4). AMPARs respond extremely fast, producing excitatory currents within less than a millisecond in response to glutamate release. Activation of NMDA-type 
glutamate receptors (NMDARs), on the other hand, is more complex. At resting membrane potentials, the pore of the NMDAR is blocked by extracellular magnesium ions binding specific sites in the channel, which is only relieved by strong depolarization of the membrane (Nowak et al., 1984). Thus, NMDARs are conductive only when glutamate is bound and the membrane is depolarized. As such, NMDARs are thought to act as molecular coincidence detectors gating the induction of processes that underlie developmental and plastic changes in synaptic efficacy. Importantly, the mechanisms that control synaptic efficacy involve dynamic trafficking of AMPARs to and from synapses, thereby mediating the ability of synapses to efficiently carry transmission (Anggono and Huganir, 2012).

Over the course of development, the molecular composition of synapses changes dramatically (Fig. 23.1). Perhaps the most pronounced and defining hallmark of excitatory synapse maturation is the selective recruitment and stabilization of AMPARs at the synaptic membrane during the first postnatal weeks (Fig. 23.2). Indeed, a developmental increase in the contribution of AMPAR-mediated currents relative to NMDAR-mediated currents is a common hallmark of excitatory synapse maturation in different brain regions (Crair and Malenka, 1995; Hestrin, 1992; Ramoa and McCormick, 1994). Initially, most newly formed synapses express NMDARs only but lack functional AMPARs (Fig. 23.1) (Gomperts et al., 1998; Liao et al., 1999; Nusser et al., 1998; Petralia et al., 1999). Because NMDARs are not conductive at resting membrane potentials, these synapses are unable to transmit signals and have been termed “silent synapses” accordingly. Importantly, coordinated pre- and postsynaptic activity can “unsilence” these synapses, a process that critically relies on the regulated trafficking of AMPARs to the postsynaptic membrane (Hanse et al., 2013; Isaac et al., 1995; Liao et al., 1995). The processes that regulate the trafficking of AMPARs to and from synapses are best understood in the context of synaptic plasticity at mature synapses. Most notably, the regulated insertion and removal of AMPARs from the synapse is broadly held to underlie the expression of long-term potentiation (LTP) and long-term depression (LTD), respectively (Huganir and Nicoll, 2013; Malenka and Bear, 2004; Malinow and Malenka, 2002). However, while the mechanisms of activity-dependent trafficking of AMPARs underlying synaptic plasticity are quite well understood, these trafficking rules do not necessarily apply to the developmental recruitment of AMPARs to synapses. Given that the molecular composition of synapses, including the abundance of specific signaling and scaffolding molecules that hold these receptors in place, differ significantly between mature and immature synapses, it is likely that the molecular rules that control the synaptic recruitment of AMPARs also differ. Indeed, extensive investigation over the past decades has elucidated the fundamental principles of AMPAR trafficking in developing and mature synapses and identified mechanistic differences between developmental stages. Insight in the mechanisms that control AMPAR assembly and trafficking to synaptic sites is important to better understand the sequential steps in healthy brain development. Given that many neurodevelopmental disorders are associated with dysfunction of excitatory synapses (Henley and Wilkinson, 2016; Volk et al., 2015), understanding these processes also holds promise for the development of treatments that can interfere with the 
maldevelopment of synapses in these diseases. In this chapter, we will focus on the molecular mechanisms underlying synaptogenesis with a particular emphasis on AMPAR trafficking during the development and maturation of glutamatergic synapses. We will highlight new insights and technological advances that can be used to study AMPAR trafficking in the greatest detail.
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Figure 23.1 Developmental stages of the glutamatergic synapse.Schematic representation of the postsynaptic organization during maturation. GluN1 and GluN2B heteromers are recruited in parallel with SAP102 (left panel) resulting in NMDAR-mediated currents, rendering the synapse silent (dashed line). A developmental switch from GluN1/GluN2B to GluN1/GluN2A heteromers and the recruitment of GluA4 homomers to the synapse by SAP97 initiates AMPAR-mediated activity (black line), thereby unsilencing the synapse (middle panel). In mature neurons PSD-95 is the most abundant synaptic scaffold protein, capturing receptors at the synapse and forming nanodomains that directly oppose the presynaptic release site (right panel).
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Figure 23.2 Relative time-resolved recruitment of synaptic components.A schematic representation of the temporal recruitment of postsynaptic proteins during postnatal development in a hippocampal synapse. Black dashed arrows above represent the different stages of synaptic development. The black arrows below illustrate the differential kinase dependency during development. The GluA4 subunit is most abundant during early stages of development and is gradually replaced by GluA1, 2, and 3 (upper panel). While GluN1A expression gradually increases over time, GluN2B levels decrease as GluN2A-containing NMDARs increase. Expression pattern of other postsynaptic proteins correlates to the subunit-specific recruitment. SAP97 patterns follow the recruitment of GluA4, whereas SAP102 mimics GluN2A expression. Both PSD-95 and PSD-93 expressions increase over time with PSD-95 being the most abundant MAGUK in mature synapses. 

Data based on Petralia, R.S., N. Sans, Y.X. Wang, and R.J. Wenthold. 2005. Ontogeny of postsynaptic density proteins at glutamatergic synapses. Mol. Cell. Neurosci. 29:436–452; Sans, N., R.S. Petralia, Y.X. Wang, J. Blahos, 2nd, J.W. Hell, and R.J. Wenthold. 2000. A developmental change in NMDA receptor-associated proteins at hippocampal synapses. J. Neurosci. 20:1260–1271; Schwenk, J., D. Baehrens, A. Haupt, W. Bildl, S. Boudkkazi, J. Roeper, B. Fakler, and U. Schulte. 2014. Regional diversity and developmental dynamics of the AMPA-receptor proteome in the mammalian brain. Neuron. 84:41–54; Zhu, J.J., J.A. Esteban, Y. Hayashi, and R. Malinow. 2000. Postnatal synaptic potentiation: delivery of GluR4-containing AMPA receptors by spontaneous activity. Nat. Neurosci. 3:1098–1106 and see references in main text.







23.2. Glutamatergic synaptogenesis during development

In developing circuits, most of the initial axon–dendrite contacts are very short-lived, and only a few contacts will remain and stabilize to form functional synapses. Thus, for a synapse to form, contacts between axons and dendrites have to be stabilized before they can develop and mature. Stabilization of the initial axon–dendrite contact is largely mediated by trans-synaptic adhesion proteins that bridge the axon–dendrite contact sites and provide bidirectional signals that instruct the recruitment of pre- and postsynaptic protein assemblies. Many of such synaptogenic adhesion molecules have been 
identified. For instance, the neurexin–neuroligin adhesion pair, the trans-synaptic ephrinB/EphB receptor pathways, and leucine-rich repeat transmembrane neuronal protein (LRRTM) and cadherin protein families have been described to have such synaptogenic effects. For a more elaborate discussion on the role of adhesion complexes in synapse initiation, maturation, and maintenance, we refer to other reviews on this topic (de Wit and Ghosh, 2016; Sudhof, 2017). Importantly, through intracellular interactions, clustering of adhesion complexes such as neuroligin is sufficient to trigger the accumulation of components of the postsynaptic machinery (Graf et al., 2004; Heine et al., 2008b). However, the exact time course for the recruitment of synaptic components during synaptogenesis remains elusive. Early live cell imaging experiments on cultured hippocampal neurons suggested that presynaptic components accumulate within ∼30
 
min after initial axon–dendrite contact and that assembly of the postsynaptic compartment occurs gradually with postsynaptic density scaffold proteins appearing first (∼45
 
min after contact), followed by AMPAR and NMDAR (Friedman et al., 2000). Later studies in cultured cortical neurons, however, found that NMDARs were almost immediately (within ∼10
 
min) recruited to new synapses, coinciding with the recruitment of presynaptic components, whereas AMPARs followed later (∼1
 
h) (Barrow et al., 2009; Washbourne et al., 2002, 2004). More recent imaging studies in hippocampal slice cultures showed that newly formed dendritic spines contain AMPARs and NMDARs almost instantly after formation (Kwon and Sabatini, 2011; Zito et al., 2009) and show a delayed accumulation of synaptic scaffolds (Lambert et al., 2017). Thus, the exact timing and sequence of molecular events during synaptogenesis seem to vary between synapses, but generally the arrival of AMPARs is a relatively late event following the initial formation of synaptic contacts.

Consistent with the late arrival of AMPARs is the transformation of synapses from silent, nonconducting synapses to functional, current-conducting synapses observed during the first postnatal weeks (Fig. 23.1) (Durand et al., 1996; Liao et al., 1995). Two explanations for this phenomenon of silent synapses have been postulated. The first attributed this phenomenon to a postsynaptic mechanism, stating that silent synapses initially contain NMDARs and only later recruit AMPARs, “unsilencing” the synapse. The second proposed a presynaptic mechanism and stated that the low release probability at newly formed synapses is not sufficient to activate postsynaptic AMPARs due to their low affinity to glutamate (Choi et al., 2000; Hanse et al., 2013). There is experimental evidence for both mechanisms, but strong support for a postsynaptic mechanism comes from glutamate uncaging experiments demonstrating that a fraction of the neonatal synapses indeed showed NMDAR-mediated currents only (Ashby and Isaac, 2011; Busetto et al., 2008; Zhu et al., 2000). Moreover, immunolabeling confirmed that at postnatal day 2, NMDARs are present at most synapses, whereas AMPARs remain largely absent until postnatal day 10 (Gomperts et al., 1998; Nusser et al., 1998; Petralia et al., 1999). Thus, although several mechanisms could explain silent synapses, the developmental switch from predominantly NMDAR-mediated to AMPAR-mediated transmission is a prominent phenomenon occurring during the first 2 postnatal weeks of development and seems to be key to synapse maturation (Shi et al., 2001a).

While in mature neurons, NMDAR activity usually positively regulates trafficking of AMPARs to synapses, at newly formed synapses, NMDARs seem to actively suppress the insertion of AMPARs (Adesnik et al., 2008; Hall and Ghosh, 2008; Hall et al., 2007; Lu et al., 2011). NMDARs are heteromeric receptors formed from the assembly of two obligatory GluN1 subunits with two regulatory subunits, usually GluN2 subunits of which there are four isoforms (GluN2A, GluN2B, GluN2C, and GluN2D). The GluN2 subunits each confer unique functional properties to the NMDAR and influence channel kinetics and the coupling to downstream signaling pathways. The subunit composition of NMDARs gradually changes throughout synapse maturation with a predominant expression of GluN2B-containing NMDARs during early development that declines and becomes dominated by GluN2A-containing receptors at mature stages (Fig. 23.2) (Flint et al., 1997; Monyer et al., 1994; Sheng et al., 1994). This developmental switch from GluN2B- to GluN2A-dominant NMDARs has been shown critical for synapse maturation. While GluN2A knockout mice are fully viable (Sakimura et al., 1995), GluN2B knockout mice die soon after birth (Kutsuwada et al., 1996), similar to GluN1 knockouts (Forrest et al., 1994). In a later study, conditional GluN2A and GluN2B knockouts were generated to dissect the differential contribution of each of these subunits during development (Gray et al., 2011). This study found that while deletion of GluN2B increased the number of functional synapses, deletion of GluN2A resulted in increased synaptic strength but did not change the number of synapses. Thus, while GluN2B primarily functions to maintain the number of silent synapses, GluN2A dampens synaptic potentiation by preventing recruitment of functional AMPARs to nascent synapses. These results add to earlier notions that both GluN2A and GluN2B negatively regulate AMPAR recruitment, but via distinct mechanisms (Kim et al., 2005). Thus, at early developmental stages, coordinated expression of GluN2B and GluN2A seems to suppress AMPAR insertion and maintain synapses in a silent state. This mechanism would ensure that newly formed synapses only mature and recruit AMPARs upon strong, or correlated activity patterns, and that synapses that lack these inputs are lost during the course of development.

The correlated activity patterns that trigger the NMDAR-dependent potentiation of synaptic activity in developing synapses is comparable with LTP in mature neurons but differs in two important aspects. First, while LTP at mature 
synapses relies on activity of CaMKII, the expression levels of this kinase are low early in development, and CaMKII activity becomes required for LTP only after the second postnatal week (Yasuda et al., 2003). Instead, activity of PKA is required for developmental LTP and is in fact sufficient to drive AMPARs to silent synapses and unsilence these (Fig. 23.2) (Esteban et al., 2003; Luchkina et al., 2014; Zhu et al., 2000). Second, the preference for which AMPAR subunit is recruited to the synapse is developmentally regulated. While in mature neurons, AMPARs containing the GluA1 subunit are preferentially incorporated in response to LTP, at developing synapses, the early-expressed GluA4 subunit and the long splice variant of the GluA2 subunit (GluA2L) can be recruited by spontaneous activity or PKA activation (Esteban et al., 2003; Kolleker et al., 2003; Zhu et al., 2000). This subunit preference was also shown in vivo during experience-dependent plasticity in the barrel cortex, where whisker stimulation at postnatal day 8–10 induces the synaptic delivery of GluA4, but not GluA1. In contrast, a few days later (postnatal day 12–14), GluA1-containing receptors were preferentially inserted upon whisker stimulation (Miyazaki et al., 2012).

It is important to note that in seeming contrast to this prevailing model in which synaptic maturation is controlled by synaptic activity patterns, several studies found that assembly of excitatory synapses can occur in the absence of neurotransmission. Mouse models in which release of glutamate-containing vesicles is almost absent, developed morphologically normal synapses in the postnatal hippocampus (Sando et al., 2017; Sigler et al., 2017; Verhage et al., 2000). Also, in hippocampal neurons lacking ionotropic glutamate receptors, morphology of the dendrites and spine synapses was unaffected (Lu et al., 2013). Thus, it seems that intrinsic developmental programs are sufficient to set up the morphological development of synapses but that the correct formation and maturation of synapses is finely tuned by synaptic activity patterns.

Apart from AMPARs and NMDARs, synaptic proteins are gradually recruited to the developing synapse (Fig. 23.2). The membrane-associated guanylate kinases (MAGUKs) are a family of scaffolding proteins that can bind and anchor AMPARs and NMDARs at synapses. Together with other structural components of the synapse such as GKAP, Shank, Homer, and SynGAP, they are present at the synapse by postnatal day 2 (Foa and Gasperini, 2009; Petralia et al., 2005) and could thus be involved in instructing receptor trafficking during synapse maturation. In particular, SAP102 and PSD-95 are critical for receptor trafficking but act at different developmental stages. SAP102 is already present during early stages of development but is gradually replaced by PSD-95 (Fig. 23.2) (Sans et al., 2000; Zheng et al., 2010), suggesting that SAP102 supports synaptic maturation but is not crucial for synaptic transmission at later stages. Indeed, it was found that knockdown of SAP102 in developing neurons reduces both NMDAR- and AMPAR-mediated currents, whereas PSD-95 knockdown has no effect at this early stage (Elias et al., 2006, 2008). In mature neurons, overexpression of PSD-95 results in strongly enhanced synaptic function, whereas knockdown of PSD-95 reduces AMPAR-mediated currents (Ehrlich and Malinow, 2004; Elias et al., 2008; Stein et al., 2003). In contrast, overexpression of SAP102 in mature hippocampal neurons has minimal effects on AMPAR-mediated currents, and knockdown does not affect transmission (Elias et al., 2006, 2008). Interestingly, the expression levels of SAP102 and PSD-95 accurately follow the expression levels of GluN2B and GluN2A, respectively (Sans et al., 2000), and biochemical studies showed that PSD-95 and SAP102 can bind both GluN2A- and GluN2B-containing NMDARs. However, while SAP102 can recruit both GluN2A and GluN2B-containing NMDARs, PSD-95 seems to specifically recruit GluN2A-containing NMDARs (Elias et al., 2008). Thus, synaptic scaffolding proteins, in particular the MAGUKs SAP102 and PSD-95, seem to have instructive roles in the developmental recruitment of NMDARs and AMPARs.

In summary, over the course of development, newly formed synapses undergo dramatic changes in their structure, molecular composition, and function. Starting from the initial axon–dendrite contact, synapses sequentially recruit different molecular assemblies that ultimately form a functional synaptic machinery. The blueprint for these molecular changes seems to be embedded in intrinsic developmental programs but is critically modulated by activity patterns that instruct the maturation and refinement of synaptic connections. In particular, a relatively late, but critical step in synapse maturation, is the activity-dependent recruitment of AMPARs, and defines the transition of silent, immature synapses to fully matured synapses. Given that AMPARs play such a central role in the development and maturation of glutamatergic synapses, we will now consider the functional diversity of AMPAR complexes (Section 3), the assembly and intracellular trafficking of AMPARs (Section 4), and the molecular processes that maintain and alter the expression of AMPARs at the neuronal membrane (Section 5).




23.3. AMPAR subunit-specific structure, localization, and function

AMPARs are homo- or heterotetrameric ligand-gated ion channels formed by different combinations of four core subunits, GluA1–GluA4, encoded by four different genes (Gria1–4) (Rosenmund et al., 1998). A multitude of stoichiometries is possible, dependent on cell type–specific subunit expression, developmental stage, and can be modulated by synaptic 
activity. Because each of these subunits differ in their contribution to channel kinetics, ion selectivity, and ability to interact with specific protein complexes that control the trafficking of AMPARs, heterotetramerization gives rise to a functional variety of AMPAR types. Functional diversity is further conferred by alternative splicing and RNA editing (Seeburg and Hartner, 2003). Each of the four subunits can exist in two forms, the “flip” and “flop” variants that arise through alternative splicing of two exons that encode a part of the ligand-binding domain (Sommer et al., 1990). This alternative splicing event greatly impacts the pharmacology and channel kinetics of the receptor. In general, the “flop” versions desensitize much more rapidly than the “flip” versions and are less sensitive to the desensitization blocker cyclothiazide (Sommer et al., 1990). Alternative splicing of the subunits is developmentally regulated. While mRNAs encoding the “flip” variant are expressed throughout development, “flop” versions are expressed at low levels early in development and only start to increase from postnatal day 8 on reaching peak levels at postnatal day 14 (Monyer et al., 1991). At mature synapses, AMPARs thus generally desensitize faster than at immature synapses. Unlike the other subunits, the GluA2 subunit undergoes RNA editing of a single residue in the pore region of the ion channel (Sommer et al., 1991). This specific modification has multiple significant implications for receptor functioning. Editing of the glutamine to the positively charged arginine at position 607 (Q/R editing) in one GluA2 subunit is sufficient to render the entire channel impermeable for calcium, altering the rectification of the ion channel (Burnashev et al., 1992; Hollmann et al., 1991; Hume et al., 1991). Importantly, this editing event also severely restricts receptor exit from the ER, dramatically increasing the dwell time of the edited GluA2 subunit in the ER (Greger et al., 2002). Already early in embryonic development, the vast majority of GluA2 transcripts are in the edited form (Burnashev et al., 1992; Jacobs et al., 2009), and impaired editing in transgenic mice leads to epileptic seizures and death within 3
 
weeks after birth (Brusa et al., 1995).

The AMPAR complex displays a modular organization, consisting of four distinct domain layers: an extracellular N-terminal domain (NTD), a ligand-binding domain (LBD), a transmembrane domain (TMD), and an intracellular C-terminal domain (CTD) (Herguedas et al., 2016; Sobolevsky et al., 2009). The extracellular region of the AMPAR containing the NTD and LBD forms the bulk of the receptor. The four subunits have virtually identical TMDs but principally authenticate by their CTD and glutamate-binding affinity. The CTD varies extensively in length and sequence between the different subunits. The CTD is also subject to alternative splicing and contains posttranslational modification sites that tune the ability of subunit-specific protein–protein interactions. The GluA1, GluA4, and GluA2L (long splice variant of GluA2) subunits have long CTDs, whereas GluA2, GluA3, and GluA4S (short splice variant of GluA4) have relatively short tails. These differences confer specificity in interactions and posttranslational modifications. The subunit specificity of the intracellular CTD has long been considered to be the principal determinant of synaptic trafficking and has been subject of intense investigation in the context of subunit-specific trafficking to the synapse, particularly in the context of synaptic plasticity (Shepherd and Huganir, 2007). From these studies, the general notion emerged that GluA1 is dominant in instructing activity-dependent recruitment of AMPARs to synapses and that once at the synapse, GluA2/3-containing receptors are inserted by a constitutive process (Kessels and Malinow, 2009; Shepherd and Huganir, 2007; Shi et al., 2001b). However, while CTD-mediated interactions are most likely instructive, the exact differential contribution of these interactions to activity-dependent synaptic trafficking of AMPARs remains to be established (Granger et al., 2013; Zhou et al., 2018).

The composition and expression patterns of AMPAR complexes change drastically over the course of development. At birth, the expression levels of GluA1, GluA2, and GluA3 are still very low, and GluA4 is the predominantly expressed subunit (Fig. 23.2), suggesting that at this stage, synapses contain AMPARs composed almost exclusively of GluA4 subunits. Consistently, it has been shown that low, spontaneous activity patterns are sufficient to traffic GluA4 homomers into synapses (Zhu et al., 2000). GluA4 levels rapidly decline after birth to undetectable levels in the first 2
 
weeks (Akaneya, 2007; Zhu et al., 2000). In contrast, during the first 2
 
weeks, the levels of the other subunits start to increase in parallel, reaching adult levels 3
 
weeks after birth (Petralia et al., 1999, 2005; Zhu et al., 2000). The levels of GluA2L also increase during this period but only briefly peak in the second week after birth and return to low levels in the mature hippocampus (Kolleker et al., 2003). In the adult hippocampus, the GluA2 subunit is most abundant, with GluA1/2 and GluA2/3 heterotetrameric AMPAR complexes being the most prominent receptor types and GluA1 homomeric AMPARs making up for only a small population (Fig. 23.2) (Lu et al., 2009; Schwenk et al., 2014; Wenthold et al., 1996).

Importantly, the assembly, trafficking, and biophysical properties of AMPARs are not solely determined by subunit assembly. Unlike other ionotropic glutamate receptors, AMPAR complexes are coupled to a variety of auxiliary subunits that significantly influence receptor kinetics, conductance, and trafficking properties. The entire AMPAR complex is estimated to consist of >30 different proteins forming a large, multimolecular signaling machine. The first auxiliary protein discovered was stargazin, which belongs to a larger family of transmembrane AMPAR regulatory proteins (TARPs: γ-2, γ-3, γ-4, γ-5, γ-7, γ-8), which differ in brain region expression and functional properties (Jackson and Nicoll, 2011; Kato et al., 2010; Nicoll et al., 2006; Tomita et al., 2003). Stargazin was identified as a mutant gene in the stargazer mouse, which exhibits severe cerebellar ataxia and epilepsy (Chen et al., 1999; Hashimoto et al., 1999). TARPs can directly 
interact with each of the AMPAR subunits, promote their surface expression and synaptic retention, and modulate channel function (Straub and Tomita, 2012). More recently, quantitative mass spectrometry studies on isolated AMPARs have identified additional families of auxiliary proteins (Schwenk et al., 2012). Together with the TARPs, the cornichons (CNIH2 and 3) and GSG1l protein have been proposed to consist of the “core” of the AMPAR (Schwenk et al., 2009, 2012, 2014; Shanks et al., 2012). Apart from these core components, the AMPAR complex can additionally recruit a number of satellite components including cysteine-knot AMPAR modulating proteins (CKAMP44 and 52), proline-rich transmembrane proteins PRRT1 (also known as SynDIG4) and PRRT2, neuritin, Noelins1–3, LRRTM4, carnitine O-palmitoyltransferase 1c (CPT1c), and ferric chelate reductase 1-like (FRRS1l, or C9Orf4) (Brechet et al., 2017; Chen et al., 2014; de Wit et al., 2013; Kalashnikova et al., 2010; Schwenk et al., 2014; Schwenk et al., 2012; von Engelhardt et al., 2010). These include various types of proteins including transmembrane, cytoplasmic, and secreted proteins. While our understanding of how these peripheral components affect the assembly, trafficking, and physiology of the AMPAR is increasing (Jacobi and von Engelhardt, 2018), the precise function for most of these components has not been elucidated yet. Interestingly, the expression of these AMPAR-interacting proteins is highly regulated over the course of development (Schwenk et al., 2014). It is thus conceivable that developmental changes in the properties of synaptic AMPARs are in large part mediated by the differential action of this diverse set of AMPAR complex proteins, and it would be of interest to investigate how each of these components contributes to the developmental maturation of excitatory synapses.




23.4. AMPAR assembly and intracellular trafficking along the secretory pathway

Like the majority of membrane proteins, AMPAR complexes are assembled in the endoplasmic reticulum (ER). The exact mechanisms of AMPAR assembly are not fully understood, but assembly occurs in two consecutive steps where individual subunits dimerize followed by the dimerization of these dimers into a tetrameric complex (Greger et al., 2007). The first dimerization step relies primarily on interactions between the NTDs of the individual subunits, whereas the second step, the dimerization of dimers into tetramers, involves interactions between the LBD and transmembrane domains (Ayalon and Stern-Bach, 2001). Selective NTD-mediated interactions in principle allow a wide variety of potential subunit-specific associations, but due to differences in affinity, heterotetramerization is dominant with preferential incorporation of the GluA2 subunit (Rossmann et al., 2011). Formation of GluA2-containing receptors is further favored by Q/R editing, which limits GluA2 homotetramerization, and thereby promotes the dimerization of GluA2 dimers with other subunits (Greger et al., 2002, 2006).

A principal function of the ER is to prevent the exit and delivery of not correctly folded, nonfunctional transmembrane proteins. Indeed, mutations in the AMPAR LBD that prevent glutamate binding or in the pore region that block ion permeation lead to retention of receptors in the ER and severely hamper surface delivery (Grunwald and Kaplan, 2003). Moreover, TARPs and CNIHs associate with the AMPAR in the ER and are thought to act as chaperones that facilitate the assembly of AMPARs and export from the ER (Bedoukian et al., 2006; Brockie et al., 2013; Shi et al., 2010). Other AMPAR interactors such as FRRS1L (C9Orf4) and CPT1c also act as chaperones but are retained in the ER, indicating that sequential binding of such components guides AMPAR assembly and ER exit (Brechet et al., 2017).

Conventionally, after assembly in the ER, transmembrane proteins accumulate at specialized ER exit sites to be transported to the ER–Golgi intermediate compartment (ERGIC) via COPII-mediated transport. From the ERGIC, cargoes are sorted to the Golgi apparatus (GA) or return to the ER (Fig. 23.3). Transmembrane proteins pass through the GA and trans-Golgi network (TGN) to undergo further posttranslational processing such as glycosylation and to be packaged in transport vesicles for membrane delivery. While the ER forms a continuous, complex reticular structure that extends throughout the somatodendritic compartment (Cui-Wang et al., 2012; Spacek and Harris, 1997), the GA is primarily localized in the cell body close to the nucleus. It has thus remained unclear how receptors that are synthesized locally in dendrites are processed and trafficked to the membrane and the question emerged whether these locally synthesized AMPARs follow the conventional pathway. Initially, cargoes that leave the dendritic ER were found to travel back to the somatic GA (Horton and Ehlers, 2003), or through Golgi-like structures, termed Golgi outposts, present in dendrites (Horton and Ehlers, 2003; Mikhaylova et al., 2016; Pierce et al., 2001). However, it remains controversial whether these Golgi outposts are fully operational, similar to the conventional GA. Also, Golgi outposts have only been found in a subset of all dendrites, and the identification is dependent on experimental approaches. In support for the presence of local processing organelles of AMPAR in dendrites, recent studies found that newly synthesized receptors are locally trapped at dendritic ERGIC structures (Bowen et al., 2017; Hanus et al., 2014). Moreover, for AMPARs, ER exit is a rate-limiting step in synapse delivery (Penn et al., 2008) and is modulated by synaptic activity (Pick and Ziff, 2018), supporting the notion for local storage in the ERGIC. Indeed, newly synthesized AMPARs that exited the ER were found to accumulate preferentially in nearby dendritic ERGICs before they were further transported 
by recycling endosomes (REs) (Fig. 23.3) (Bourke et al., 2018; Bowen et al., 2017). Even in neurons treated with brefeldin A, almost completely disrupting the somatic GA, AMPARs were still trafficked by REs, and a significant portion of the receptors could still reach the membrane (Hanus et al., 2016). This suggests that a substantial pool of newly synthesized AMPARs can bypass the somatic GA. This is consistent with findings that a significant portion of receptors on the neuronal membrane display a glycosylation patterns that are reminiscent of immature, core-glycosylated proteins (Hanus et al., 2016). Together, these data suggest two possible routes for intracellular AMPAR trafficking, one via conventional trafficking involving passage through the GA and a second involving alternative pathway independent of the GA (Fig. 23.3).
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Figure 23.3 Intracellular and surface trafficking of AMPARs.Different routes for intracellular AMPAR trafficking have been described. The classical route for transmembrane proteins involves assembly in the ER and passage through the ERGIC to the GA to undergo posttranslational glycosylation. From the GA, membrane proteins are transported and inserted in the membrane (pathway 1: red line). Locally synthesized AMPARs have been shown to bypass the GA. These receptors are transported from the ER to the ERGIC and then enter recycling endosomes (pathway 2: black line), or pass through Golgi outposts (GOs) before insertion in the membrane. Surface trafficking of AMPARs (zoom) involves the insertion of AMPARs through exocytosis, which travel to the synapse via lateral diffusion where they are captured by synaptic scaffolds. Synaptic AMPARs can be uncoupled and recruited to the EZ for internalization. AMPARs endocytosed at the EZ enter a pathway for fast and local recycling to return to the membrane (pathway 3: dashed line). ER, endoplasmic reticulum; ERGIC, ER Golgi intermediate compartment; GO, Golgi outpost; EZ, endocytic zone; CCV, clathrin-coated vesicle; RE, recycling endosome; PSD, postsynaptic density.



Finally, once processed, AMPAR-containing transport vesicles are transported to the correct subcellular location via motor-based transport over the microtubule and actin cytoskeleton (Hirokawa et al., 2010; Kapitein and Hoogenraad, 2015). Long-range transport of AMPARs in dendrites is mediated by the molecular motor kinesin KIF5 that recruits GluA2/3 receptor via the GRIP1 adaptor protein (Hoogenraad et al., 2005; Setou et al., 2002) or KIF1 via the adaptor protein liprin-α (Shin et al., 2003; Wyszynski et al., 2002). Since most spines lack microtubules, and are therefore most likely not, or only infrequently, visited by microtubule motors, actin-based motors are involved in the final step of synaptic delivery. Indeed, motors of the myosin family, in particular myosin-V and myosin-VI, are thought to be key in driving cargo into spines (Wagner et al., 2011; Wang et al., 2008).




23.5. Surface trafficking of AMPARs

Once sorted to the correct subcellular compartment, AMPARs undergo constitutive and activity-dependent membrane trafficking events that can be divided into multiple steps: (1) exocytosis of AMPAR from intracellular pools, (2) lateral diffusion across the membrane, (3) capture at synaptic sites, (4) endocytosis, and (5) endosomal recycling (Fig. 23.3, zoom, Fig. 23.4). Together, these processes maintain the steady-state levels of receptors at synaptic, extrasynaptic, and intracellular sites that allow developmental and plasticity-associated activity patterns to promote the exchange of receptors between these different locations. Thus, to properly regulate the density of receptors at individual synapses, these processes require complex regulatory mechanisms.
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Figure 23.4 Surface and local endosomal trafficking of AMPARs.AMPARs undergo a sequence of trafficking events to retain a local pool of recycling endosomes, which can be readily exocytosed during long-term potentiation (LTP). AMPARs are recruited to the PSD (blue zone) via lateral diffusion, where they are captured and cluster in subsynaptic nanodomains. After uncoupling, receptors are internalized via the endocytic zone (orange zone) via clathrin-mediated endocytosis. Clathrin-coated vesicles (CCVs) release their coat and fuse with early endosomes (EEs). Receptors are then either sorted into late endosomes (LEs) and targeted for lysosomal degradation or sorted to the endocytic recycling compartment (ERC) into recycling endosomes that are locally retained and inserted into the membrane at the dendritic shaft and spines upon synaptic activity.






23.5.1. Exocytosis from intracellular pools

Endosomes containing AMPARs can fuse with the membrane by both constitutive and activity-dependent exocytosis to supply newly synthesized or recycled AMPARs to the neuronal membrane.

However, the exact subcellular location of AMPAR exocytosis is a long-debated question in the field of neuronal cell biology. Several studies have suggested that AMPARs are inserted in the plasma membrane of the soma or at the dendritic shaft before they reach the synapse via lateral diffusion (Adesnik et al., 2005; Lu et al., 2001; Makino and Malinow, 2009), whereas other studies suggested that exocytosis of receptors takes place both in dendrites and spines (Fig. 23.4) (Kennedy et al., 2010; Park et al., 2006; Patterson et al., 2010; Wang et al., 2008; Yudowski et al., 2006) or even directly into the PSD (Gerges et al., 2006). Thus, it seems most likely that AMPAR exocytosis can take place at distinct sites, both in spines and in the somatodendritic compartment, but that the exact location is dependent on developmental stage, synaptic activity, endosomal source, and subunit composition (Passafaro et al., 2001). Based on imaging studies using fluorescently tagged AMPAR subunits, it has been estimated that under baseline conditions, exocytosis rates are ∼0.1 events/min in spines and ∼0.03 events/min in the dendrite. However, upon LTP stimulation at single spines, the rate of AMPAR exocytosis increased ∼5-fold and then rapidly returned to baseline levels within 1
 
min after stimulus onset (Patterson et al., 2010). Interestingly, exocytosis seemed restricted to an area of ∼3
 
μm away from the stimulated synapse. The activity-induced increase in synaptic AMPARs can, however, not solely be explained by exocytic activity. In fact, it has been estimated that 70%–90% of AMPARs entering the synapse during LTP originate from preexisting surface receptors supplied from adjacent areas, leaving only 10%–30% of receptors to be exocytosed (Kopec et al., 2006; Makino and Malinow, 2009; Patterson et al., 2010). Also, the relative slow time course of exocytosis (minutes) is not compatible with the rapid onset of synaptic potentiation observed with LTP-inducing stimuli (seconds). Accordingly, activity-dependent trafficking of AMPARs to synapses has been proposed to be a multistep process, where initially AMPARs are recruited to the PSD via lateral diffusion from a preexisting extrasynaptic pool, which is then further supplied by exocytosis from intracellular 
reserve pools (Opazo and Choquet, 2011). Indeed, blocking lateral diffusion prohibits expression of both early and late phases of LTP, whereas blocking exocytosis prohibits the expression of late LTP only (Penn et al., 2017).

Exocytosis is generally mediated by the SNARE complex and Sec1/Munc-18-like (SM) proteins that undergo a characteristic cycle of assembly and disassembly that catalyzes the fusion of the endosomal cargo-containing vesicle with the plasma membrane (Sudhof, 2013). Indeed, early experiments showing that activity-induced exocytosis of AMPARs is blocked by intracellular tetanus toxin (Lledo et al., 1998; Lu et al., 2001) formed the first indication that SNARE-dependent exocytosis mediates the fusion of AMPAR-containing endosomes with the membrane. However, while detailed information is available about the composition and regulation of the presynaptic machinery that mediates release of neurotransmitter vesicles, the molecular identities of the complexes in dendrites that mediate exocytosis are only beginning to be defined (Jurado, 2014). Targeted knockdown studies have confirmed the role of specific SNARE proteins in activity-induced fusion of AMPAR-containing endosomes (Jurado et al., 2013; Kennedy et al., 2010). Apart from SNARE proteins, the small complexin proteins that bind the SNARE complex and modulate SNARE-dependent membrane fusion in different cellular systems (McMahon et al., 1995), have been implicated in activity-dependent AMPAR exocytosis (Fig. 23.4) (Ahmad et al., 2012). Both complexin-1 and complexin-2 are located in dendritic spines, and NMDAR-mediated delivery of AMPARs is impaired in complexin-1 and complexin-2 knockdown neurons (Ahmad et al., 2012). Complexins have been shown to function as cofactors for the calcium sensor synaptotagmin-1 in calcium-induced exocytosis, but initially no essential role for synaptotagmin-1 during AMPAR recruitment was observed (Ahmad et al., 2012). However, more recently, it was found that knockdown of both synaptotagmin-1 and synaptotagmin-7 simultaneously, but not separately, abolished LTP (Wu et al., 2017), suggesting that both synaptotagmin-1 and synaptotagmin-7 act as redundant calcium-sensing mediators of AMPAR exocytosis during LTP in hippocampal CA1 region.




23.5.2. Lateral diffusion and capture at synaptic sites

After fusion with the membrane, endosomes release their cargo, and the newly inserted extrasynaptic AMPARs are essentially free to diffuse through the membrane before insertion into the synaptic membrane (Fig. 23.4). Indeed, several methods have demonstrated that extrasynaptic receptors are highly mobile but become restricted in their diffusion at synaptic sites (Adesnik et al., 2005; Choquet and Triller, 2013; Ehlers et al., 2007; Heine et al., 2008a; Kerr and Blanpied, 2012; Opazo and Choquet, 2011). Thus, at synapses, mechanisms have to be in place that can effectively counteract free diffusion and anchor and position receptors in close opposition to the presynaptic release site. At glutamatergic synapses, AMPARs are concentrated in the PSD, a dense accumulation of scaffolding proteins, signaling molecules, and adhesion complexes (Sheng and Kim, 2011). At mature synapses, the prototypical MAGUK PSD-95 is one of the core components of the PSD that anchors AMPARs at the synapse via binding to TARPs (Bats et al., 2007; Ehrlich and Malinow, 2004; Elias et al., 2006; Schnell et al., 2002). The bidirectional effects of PSD-95 overexpression and depletion on AMPAR-mediated transmission (see Section 2) and the relative high abundance of PSD-95 in the PSD gave rise to the “slot hypothesis” (Lisman and Raghavachari, 2006). This model postulates that potentiation of synaptic transmission involves the addition of binding sites for AMPARs, provided by PSD-95 and perhaps other scaffolds. However, changes in scaffold levels do not seem to precede LTP-induced synapse insertion of AMPARs or the maturation of newly formed synapses. Rather, posttranslational modification of TARPs by CaMKII increases the affinity of AMPAR complexes for PSD-95, effectively stabilizing receptors at the PSD (Bats et al., 2007; Chetkovich et al., 2002; Sumioka et al., 2010). Apart from intracellular interactions, recent studies demonstrated that the extracellular NTD is required for proper AMPAR trafficking to synapses (Diaz-Alonso et al., 2017; Watson et al., 2017). The differential contribution of CTD- and NTD-mediated interactions of individual AMPAR subunits remains to be investigated, but it becomes clear that AMPARs are subject to a dynamic interplay of molecular interactions that control their lateral diffusion and capture at synaptic sites.

Once at the synapse, the subsynaptic positioning of AMPARs relative to the presynaptic release site ultimately determines the efficacy of synaptic transmission. Because the affinity of AMPARs for glutamate is relatively low, single release events generally activate only a subset of the postsynaptic pool of receptors (Franks et al., 2003; MacGillavry et al., 2011; Raghavachari and Lisman, 2004). Based on computational studies and physiological evidence that postsynaptic receptors are not saturated by single release events (Liu et al., 1999), it has been proposed that concentrating AMPARs close to the presynaptic release site increases synaptic efficacy. Consistent with this idea, recent superresolution imaging studies have demonstrated that AMPARs are concentrated in subsynaptic PSD-95 nanodomains of approximately 80
 
nm (Fig. 23.4) (MacGillavry et al., 2013; Nair et al., 2013), that are often closely aligned with the presynaptic release site (Tang et al., 2016). This unprecedented level of subsynaptic organization has important consequences for how synaptic 
strength and plasticity can be regulated (Chen et al., 2018). Yet, how this distinct subsynaptic organization is established over the course of synapse development has not been studied yet, and it will be of interest to address this more systematically.




23.5.3. Endocytosis and endosomal trafficking

The principal mechanism for the regulated removal of AMPARs from the postsynaptic membrane is clathrin-mediated endocytosis (Fig. 23.4) (Carroll et al., 1999; Man et al., 2000). AMPARs undergo continual cycles of endocytosis, but activity-regulated endocytosis of AMPARs is particularly important for the expression of LTD (Beattie et al., 2000; Luscher et al., 1999). The molecular players in clathrin-mediated endocytosis have been well characterized in other systems (Kaksonen and Roux, 2018), and for most of the core endocytic proteins, including adaptor molecules such as AP-2, endophilins, and dynamins that regulate endosome formation and budding, it has been shown that these are localized at postsynaptic sites and are involved in AMPAR endocytosis (Chowdhury et al., 2006; Loebrich et al., 2016; Luscher et al., 1999; Racz et al., 2004). In mature, but not developing neurons, endocytosis of AMPARs preferentially occurs at a specialized site adjacent to the PSD that is enriched in clathrin, Eps15, and dynamin-3 (Blanpied et al., 2002; Petrini et al., 2009; Racz et al., 2004; Rosendale et al., 2017). These endocytic zones (EZs) are physically coupled to the PSD via Shank/Homer/dynamin-3 interactions, and removal of either one of these components results in uncoupling of the EZ from the PSD. This particular localization of the EZ is thought to form a site for preferential capture and internalization of synaptic receptors to retain a local population of receptors in recycling endosomes. Indeed, uncoupling of the EZ from the PSD results in decreased receptor recycling and consequently depletes surface levels of synaptic receptors (Lu et al., 2007; Petrini et al., 2009). The EZ seems to be a characteristic feature of mature synapses (Blanpied et al., 2002, 2003), and it remains to be investigated how the EZ develops and what processes control the formation and maintenance of this structure.

Another key regulator in receptor trafficking is the actin cytoskeleton that regulates important aspects of AMPAR endocytosis and endosomal sorting. Several actin-binding proteins such as N-WASP, Arc/Arg3.1, candidate plasticity gene 2 (CPG2), and cortactin (Chowdhury et al., 2006; Cottrell et al., 2004; DaSilva et al., 2016; Loebrich et al., 2016; Parkinson et al., 2018), as well as the actin-based motor protein myosin VI (Osterweil et al., 2005), have been shown to directly affect AMPAR internalization via regulation of actin dynamics. For example, the activity-regulated protein CPG2 was identified as a mediator of endocytosis coupling filamentous actin (F-actin) to endophilin-B2 (Cottrell et al., 2004; Loebrich et al., 2013, 2016). Knockdown of endophilin-B2 inhibits activity-dependent internalization of AMPARs, and CPG2 knockdown resulted in an accumulation of clathrin-coated vesicles in spines, hampering the recycling process (Cottrell et al., 2004). Another immediate early gene product, Arc/Arg3.1, which is locally translated, interacts with dynamin and endophilin to accelerate endocytosis of AMPARs (Chowdhury et al., 2006). Interestingly, these effects are selective for AMPARs, suggesting that Arc might act as a specific adaptor protein targeting AMPARs for endocytosis (Fig. 23.4). Recently, a similar role for PICK1 has been suggested. PICK1 binds GluA2-containing AMPARs in an activity-dependent manner (Citri et al., 2010) and promotes the rate of AMPAR endocytosis by coupling to AP2, promoting dynamin polymerization and regulation of actin dynamics (Fiuza et al., 2017; Rocca and Hanley, 2015; Rocca et al., 2008). The molecular intermediates that sort AMPAR-containing endosomes to the recycling compartment remain to be identified, but recent evidence suggests that specific proteins such as protein kinase C, casein kinase substrate in neurons (PACSIN), and the actin-binding protein cortactin, promotes sorting of AMPARs to recycling endosomes and prevents sorting to the lysosomal degradation system (Fig. 23.4) (Parkinson et al., 2018; Widagdo et al., 2016).

After endocytosis into early endosomes, receptors can undergo selective sorting either to the endocytic recycling compartment (ERC) for reinsertion into the membrane or to late endosomes and lysosomes for degradation (Fig. 23.4) (Anggono and Huganir, 2012; Ehlers, 2000). The endosomal trafficking steps are guided by distinct members of the Rab family of small GTPases (Anggono and Huganir, 2012). For instance, Rab5-dependent trafficking of early endosomes is required for NMDAR-dependent LTD (Brown et al., 2005), whereas Rab7-dependent trafficking of late endosomes underlies the targeting of AMPARs to lysosomes for proteolytic degradation (Fig. 23.4) (Fernandez-Monreal et al., 2012). Importantly, live cell imaging experiments have shown that Rab11-dependent recycling of AMPARs maintains a recycling pool that is required for the maintenance of synaptic receptor levels, as well as for the rapid supply of AMPARs during LTP induction (Park et al., 2004, 2006). Recently, retromer-associated endosomes have been implicated in the delivery of AMPAR-containing vesicles in response to activity specifically (Choy et al., 2014; Temkin et al., 2017). Thus, it seems that different pools of AMPAR-containing endosomes might coexist in dendrites and spines that can be recruited by different molecular mechanisms to differentially sustain constitutive and activity-dependent exocytosis of AMPARs.










23.6. Conclusion and future perspective

The regulated recruitment of AMPARs to the postsynaptic membrane is a defining step in the development and maturation of synaptic contacts. In the past few decades, extensive investigations have shed light on the composition and function of AMPARs and the mechanisms that control the sorting and trafficking of receptors to synapses during development and in mature neurons. Yet, while the dynamic, activity-dependent changes in synapse composition and function during development have been identified at a global level, it becomes clear that AMPAR trafficking is highly regulated on the level of single synapses. It will thus be important to study the developmental processes that govern synapse maturation at higher spatial and temporal resolution to reveal synapse-specific mechanisms.

Encouragingly, exciting recent advances in microscopy techniques now enable live cell imaging at much higher spatial and temporal resolution. Together with rapid advances in labeling techniques, and new optogenetic tools to manipulate receptor trafficking, these approaches now allow the study of AMPAR trafficking in much greater detail (Bourke et al., 2018; Reiner and Levitz, 2018). In particular, with superresolution microscopy, the composition and organization of the postsynaptic membrane can be studied at the nanoscale level. For instance, using single-molecule localization and tracking microscopy, an unprecedented level of subsynaptic organization of AMPARs has been revealed (MacGillavry et al., 2013; Nair et al., 2013). Moreover, gene editing technologies based on the CRISPR/Cas9 system have now been established for deletion of synaptic proteins (Incontro et al., 2014) and to introduce fluorescent tag sequences in the genome of postmitotic neurons (Nishiyama et al., 2017; Suzuki et al., 2016). Such genetic knock-in strategies could be used to localize and track the dynamics of synaptic components in live cells. These strategies are arguably preferred over overexpression studies, as exogenous expression of AMPAR subunits, or other synaptic proteins can have unfavorable side effects on synapse formation and function. As a complement to these labeling methods, several new techniques manipulating AMPAR trafficking have been described, such as refined assays to visualize endocytic events (Rosendale et al., 2017) and light-inducible systems to temporally control receptor recruitment to synapses (Sinnen et al., 2017) or receptor endocytosis (Wood et al., 2017). These approaches will greatly contribute to our understanding of the mechanisms of receptor trafficking at individual synapses. For instance, while the relatively late recruitment of functional AMPARs to synapses has consistently been observed, it remains unclear whether silent synapses do not contain AMPARs at all or rather contain nonresponsive, silent AMPARs. And, importantly, the exact molecular mechanisms underlying the maintenance of silent synapses and their transition to mature, functional synapses remain poorly identified. Also, whether these mechanisms vary between different brain regions and different developmental stages is unknown. Further studies combining advanced imaging techniques in combination with molecular biological tools to precisely label and manipulate receptor levels at synapses would clarify these aspects at single synapses in different brain regions and at different developmental stages. Intriguingly, glutamatergic synapses appear to develop normally in the absence of synaptic transmission, suggesting that intrinsic programs can drive the core developmental steps of excitatory synapses in the absence of activity. Nevertheless, synaptic activity patterns are critical for guiding the development of neuronal networks. But, how synaptic activity impinges on this intrinsic molecular blueprint or even further, how the development of synapses is tuned by experience-dependent changes in neuronal activity that shape synaptic connectivity of neuronal circuits remains to be resolved.

In this chapter, we highlighted the current understanding of AMPAR trafficking during development and in mature neurons. Intriguingly, AMPAR trafficking defects have been implicated in a wide variety of neurodevelopmental disorders such as autism spectrum disorder, schizophrenia, Fragile X syndrome, and bipolar disease. Indeed, these disorders are associated with severe defects in synapse development and synaptic functioning. Thus, identifying how the spatiotemporal control of AMPAR trafficking is established during synapse development and maturation would greatly contribute to our understanding of synaptic transmission and plasticity but will also provide a basis for understanding disease mechanisms.
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, 
129


Serotonin (5-HT), 389–390



in Xenopus CNS, 398




Sex-determining region Y-box (Sox)


Sox2, 237





Sox9, 264




SGZ, See 
Subgranular zone (SGZ)



SH3/GK domain, See 
Src homology 3/guanylate kinase domain (SH3/GK domain)



Shank1, 6



Shank3 gene, 473–476


Shh, See 
Sonic hedgehog (Shh)



Short axon cells (SA cells), 258


Short dendritic spines, 492


Short hairpin RNA (shRNA), 154
, 
241


Short-term frequency-dependent facilitation, 351–352
, 
351f


shRNA, See 
Short hairpin RNA (shRNA)



Signal transducer and activator of transcription-3 (STAT3), 67


Signaling mechanisms


of Trk and p75NTR, 177–183



balancing act on excitation and inhibition, 182–183





postsynaptic responses, 180–181





presynaptic responses, 179–180









putative responses of trans-synaptic BDNF ligands, 177t





rapid and slow responses, 181–182





receptor signaling pathways on synapse, 178t






Silent synapses, 355


SIM, See 
Structured illumination microscopy (SIM)



Single-cell


electroporation, 40





mRNA expression–based clustering, 423–424




Single-cell labeling of endogenous proteins by CRISPR-Cas9-mediated homology-directed repair (SLENDR), 34–35


Single-molecule localization microscopy, See 
Localization-based microscopy



Single-neuron Labeling with Inducible Cre-mediated Knock-out (SLICK), 44


Single-nucleotide polymorphism (SNP), 96
, 
168
, 
446


Single-particle tracking PALM (sptPALM), 127–128


Single-stranded breaks (SSBs), 100


Site-specific recombinases (SSRs), 101


Sleeping Beauty (SB), 99–100


SLENDR, See 
Single-cell labeling of endogenous proteins by CRISPR-Cas9-mediated homology-directed repair (SLENDR)



SLICK, See 
Single-neuron Labeling with Inducible Cre-mediated Knock-out (SLICK)



Slitrk1, 7


Slitrk5 molecule, 476


Slot hypothesis, 516


Small cell assemblies (SPAs), 283–284


SMECs, See 
Spines with multiple excitatory contacts (SMECs)



Smell, 256


SN, See 
Substantia Nigra (SN)



SNc, See 
Substantia Nigra pars compacta (SNc)



SNP, See 
Single-nucleotide polymorphism (SNP)



SNr, See 
Substantia Nigra pars reticulata (SNr)



Sodium–potassium–chloride cotransporter (NKCC1), 240



expressions in human epileptic tissues, 307–308




SOFI, See 
Superresolution optical fluctuation imaging (SOFI)



SOM, See 
Neuropeptides somatostatin (SOM)



SOM-INs, See 
Somatostatin-INs (SOM-INs)



Somatostatin (SST), 204
, 
328–329
, 
393
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Somatostatin-INs (SOM-INs), 236–237


Sonic hedgehog (Shh), 63
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65–66


SorCS, 177


Sortilin, 168
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174–176


SP, See 
Subplate (SP)



Sp8, 264–265


SPARC, See 
Secreted protein acidic and rich in cysteine (SPARC)



SPAs, See 
Small cell assemblies (SPAs)



Spike timeedependent (STD), 358


Spike timeedependent plasticity (STDP), 357



functional role of, 357–360





pairing GDPs with MF stimulation, 357f




Spinal cord, 335–336



developmental changes in GABAA receptor subunits in, 327




Spinal cord injury (SCI), 67


Spines with multiple excitatory contacts (SMECs), 60


Spinning disk confocal microscopes, 121


Spiny projection neurons (SPNs), 468–469



development of SPN physiological properties


electrophysiological maturation, 473





synapses genesis on striatal SPNs, 473–476
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SPNs, See 
Spiny projection neurons (SPNs)
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SPNs of direct pathway (dSPN), 469–470
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sptPALM, See 
Single-particle tracking PALM (sptPALM)



Src homology 3/guanylate kinase domain (SH3/GK domain), 12–13


SSBs, See 
Single-stranded breaks (SSBs)



ssET, See 
Serial section electron tomography (ssET)



SSRs, See 
Site-specific recombinases (SSRs)



ssTEM, See 
Serial section TEM (ssTEM)



STAR proteins, 198


Starburst amacrine cells (SACs), 225


Stargazin, 13–14


STAT3, See 
Signal transducer and activator of transcription-3 (STAT3)



Stathmin-2, 16–17


STD, See 
Spike timeedependent (STD)



STDP, See 
Spike timeedependent plasticity (STDP)



STED, See 
Stimulated emission depletion microscopy (STED)



Stellate cells, 235–236
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Stem cells, 237


Stimulated emission depletion microscopy (STED), 122
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Stochastic optical reconstruction microscopy (STORM), 127


STORM, See 
Stochastic optical reconstruction microscopy (STORM)
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corticostriatal pathways development, 470–471
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early morphogenesis, 468
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Structured illumination microscopy (SIM), 122–125
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Synaptic vesicle protein transport vesicles (STVs)
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electrophysiological properties, 493–495
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SV2, See 
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SVs, See 
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SYD-1, See 
Synapse defective 1 (SYD-1)
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, 
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Synaptic vesicle protein transport vesicles (STVs), 10–12
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cell-based genomic screens, 96





genetic approach to study of nervous system, 78–79





jump escape defective mutants with disrupted giant fiber flight circuit, 92–93





microscopy-based genetic screens for protein misexpression patterns, 93–95





microscopy-based screens in C. elegans, 94
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SynCAM1–3, 7
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Synaptotagmin-4, 172


Synaptotagmin-6, 172


SynCAM, See 
Synaptogenetic cell adhesion molecules (SynCAM)
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Syntabulin, 11
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T cell factor (TCF), 151


T-box brain 1 (Tbr1), 226


TA, See 
Transcriptional activator (TA)



TAL, See 
Transcription activator-like (TAL)



TALENs, See 
Transcription activator-like effector nucleases (TALENs)



Tandem dimer Eos (tdEos), 127


Targeting-Induced Local Lesions in Genomes (TILLING), 100


TARPs, See 
Transmembrane AMPAR regulatory proteins (TARPs)



TBI, See 
Traumatic brain injury (TBI)



Tbr1, See 
T-box brain 1 (Tbr1)



TCF, See 
T cell factor (TCF)



tdEos, See 
Tandem dimer Eos (tdEos)



Technical leap, 3–4


TEM, See 
Transmission electron microscopy (TEM)



Temporal lobe epilepsy (TLE), 337


Tenascin-C (TN-C), 67


Tergotrochanteral muscle (TTM), 92–93


Tetanus toxin (TNT), 104
, 
219–220


Tetramers, 13–14


Tetrodotoxin (TTX), 43
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488–489


TGF-β, See 
Transforming growth factor-β (TGF-β)



TGN, See 
Trans-Golgi network (TGN)



TH, See 
Tyrosine hydroxylase (TH)



Thalamostriatal projections development, 471


Thorny excrescences, 345



in pyramidal and mossy cells, 245–246
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imaging, 120





reconstruction, 129–132
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130f–131f




Threshold of action potential generation (V
thr), 280


Thrombospondin (TSP), 58–60
, 
67
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69



TSP1, 198–199




TILLING, See 
Targeting-Induced Local Lesions in Genomes (TILLING)



Time-lapse imaging, 260



of fluorescently tagged AMPAR subunits, 14




TIRF, See 
Total internal reflection microscopy (TIRF)



Tissue-type plasminogen activator (tPA), 169
, 
173
, 
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TLE, See 
Temporal lobe epilepsy (TLE)



TLR4, See 
Toll-like receptor 4 (TLR4)



TMD, See 
Transmembrane domain (TMD)



TMS, See 
Transcranial magnetic stimulation (TMS)



TN-C, See 
Tenascin-C (TN-C)



TNF, See 
Tumor necrosis factor (TNF)



TNT, See 
Tetanus toxin (TNT)



Toll-like receptor 4 (TLR4), 68


Tonic GABAA receptors, 324
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354–355
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355f


Tonic inhibition, 324


Total internal reflection microscopy (TIRF), 128






tPA, See 
Tissue-type plasminogen activator (tPA)



TPLSM, See 
Two-photon laser scanning microscopy (TPLSM)



TRACER, See 
Transposase and Recombinase-Associated Chromosomal Engineering Resource (TRACER)
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of AMPARs, 13–14





of STVs, 11





of synaptic proteins, 4
, 
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Trans-Golgi network (TGN), 10
, 
168
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Trans-synaptic


CAMs, 17–18





cell adhesion molecules, 7–8





viral infection, 135




Trans-Tango method, 137


Transcranial magnetic stimulation (TMS), 402


Transcription activator-like (TAL), 100


Transcription activator-like effector nucleases (TALENs), 34–35


Transcriptional activator (TA), 103


Transcriptional network, 389–390


Transforming growth factor-β (TGF-β), 62
, 
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control of excitatory synaptic connectivity by, 62




Transgenesis, 97–98


Transient receptor potential channels (TRP channels), 16


Transmembrane, chloride gradient, 240


Transmembrane AMPAR regulatory proteins (TARPs), 15
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Transmembrane domain (TMD), 512


Transmission electron microscopy (TEM), 122


Transport packets, 9–10


Transposase and Recombinase-Associated Chromosomal Engineering Resource (TRACER), 100


Transposon-mediated mutagenesis, 98–100


Traumatic brain injury (TBI), 67


1,4,5-Trisphosphate receptors (IP3 receptors), 328


Trk, See 
Tropomyosin-related kinase (Trk)



TrkB, See 
Tropomysin-related kinase B (TrkB)

, Tyrosine receptor kinase B (TrkB)



TrkB signalling, 19


TrkRs, See 
Tropomyosin-related kinase receptors (TrkRs)



Tropomyosin-related kinase (Trk), 174



signaling mechanisms of, 177–183




Tropomyosin-related kinase receptors (TrkRs), 447


Tropomysin-related kinase B (TrkB), 447
, 
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TRP channels, See 
Transient receptor potential channels (TRP channels)



TRPCs, 16–17



TRPC5 channels, 16–17





TRPC6 channels, 16




Truncated receptors, 176


TSC, See 
Tuberous sclerosis complex (TSC)



TSP, See 
Thrombospondin (TSP)



TTM, See 
Tergotrochanteral muscle (TTM)



TTX, See 
Tetrodotoxin (TTX)



Tuberous sclerosis complex (TSC), 338


Tubulin, 5–6


Tufted cells, 258


Tumor necrosis factor (TNF), 447
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excitation microscopes, 121
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Two-photon laser scanning microscopy (TPLSM), 33–34
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Type 1 cells, 328
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Type-1 dopamine receptor (Drd1 receptor), 469–470


Tyrosine hydroxylase (TH), 225
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Tyrosine receptor kinase B (TrkB), 62
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UAS, See 
Upstream activator sequence (UAS)



UBE3A, See 
Ubiquitin protein ligase E3A (UBE3A)



Ubiquitin protein ligase E3A (UBE3A), 337–338


UBP, See 
(S)-1-(2-Amino-2-carboxyethyl)-3-(2-carboxybenzyl) pyrimidine-2,4-dione (UBP)



Ultrastructural analysis, 59–60


Unicellular alga (Chlamydomonas reinhardtii), 134–135


Universal point accumulation for imaging in nanoscale topography (uPAINT), 127


Unsilencing, 242
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Universal point accumulation for imaging in nanoscale topography (uPAINT)



Upstream activator sequence (UAS), 101
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Untranslated regions (UTRs)
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V1, See 
Visual cortex (V1)



Vacuolar sorting protein 10 (VPS10), 168


Vagus dorsal motor nucleus, 299–300


Val66 prodomains, 174


Val66Met polymorphism, 168


VAMP, See 
Vesicle-associated membrane protein (VAMP)



Vascular endothelial growth factor (VEGF), 264


Vasoactive intestinal peptide (VIP), 328–329
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425–426


VEGF, See 
Vascular endothelial growth factor (VEGF)



Ventral posterior medial (VPM), 45


Ventral suprachiasmatic nucleus (VSC), 392


Ventral telencephalon, 468

Ventricular zone (VZ), 328



waves, 369




Ventrotegmental area (VTA), 453–454


Vertebrate retina development, synapse formation in
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synaptic organization of the vertebrate retina, 214f





synaptogenesis in inner plexiform layer, 221–229




Very low-density lipoprotein receptor (VLDLR), 490


Vesicle-associated membrane protein (VAMP), 11
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Vesicular GABA transporter (VGAT), 62
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346–347


Vesicular glutamate transporter (VGLUT), 346–347



VGluT1, 59–60
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VGLUT2, 393




VGAT, See 
Vesicular GABA transporter (VGAT)



VGCCs, See 
Voltage-gated calcium channels (VGCCs)



VGLUT, See 
Vesicular glutamate transporter (VGLUT)



VIP, See 
Vasoactive intestinal peptide (VIP)



Visual cortex (V1), 36
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46
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VLDLR, See 
Very low-density lipoprotein receptor (VLDLR)



Voltage-dependent Ca2+ channels, 11


Voltage-gated calcium channels (VGCCs), 60


Volume-sensitive anion channels, 330


Von Willebrand factor A (VWF-A), 59–60


VPM, See 
Ventral posterior medial (VPM)



VPS10, See 
Vacuolar sorting protein 10 (VPS10)



VSC, See 
Ventral suprachiasmatic nucleus (VSC)



VTA, See 
Ventrotegmental area (VTA)



VWF-A, See 
Von Willebrand factor A (VWF-A)



VZ, See 
Ventricular zone (VZ)
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WES, See 
Whole-exome sequencing (WES)



WGA, See 
Wheat germ agglutinin (WGA)



Wheat germ agglutinin (WGA), 104


Whole-exome sequencing (WES), 69
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Wnt factor, 149
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signaling pathways, 150–152
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regulation of synaptic distribution, 158





Wnt/β-catenin signaling at vertebrate neuromuscular junction, 159




Wnt/β-catenin signaling at vertebrate neuromuscular junction, 159


Wnt5, 155



signaling, 220
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Wild-type (WT)
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central nervous system
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serotonin and dopamine in, 398







spinal cord, 392





Xenopus laevis
, See 
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Area and cell type

Kccl

KCC2

NKCC1

Gerebral cortex

Pyramidal neuron (layer V) n.d. +4+++ n.d
Hippocampus

Pyramidal neuron ++ 4+ + 4+
Granular neuron ++ 4 4+ + 4+
Reticular thalamic nucleus + n.d. +

Suprachiasmatic nucleus

Dorsomedial part n.d. n.d. +
Ventrolateral part + +++ +
Paraventricular nucleus

Dorsolateral part n.d. n.d. +
Ventromedial part + +++ +
Cerebellum

Purkinje neuron n.d. ++++ n.d.

Granular neuron ++ 4 4+ + 4+
Spinal cord

Motor neuron + +4+++ +
Dorsal root ganglion ++ n.d. + 4+
Choroid plexus epithelium +++ n.d. +++
Olfactory bulb

Mitral cell +4+ 4+ 4+
Granule cell +4+ +++ 4+
Cerebellum

Purkinje cell n.d. ++++ n.d.
Granule cell +4+ +++ +++
Trigeminal nucleus

Mesencephalic trigeminal nucleus + n.d. +
Motor trigeminal nucleus + +++ +
Principal trigeminal nucleus ++ ++ +
Spinal trigeminal nucleus

Oral part + + 44+ +
Interpolar part + + 44+ +
Caudal part + + 44+ +
Trigeminal ganglion + n.d. +
Piriform cortex

Pyramidal neuron (layer II) ++ 4 +4+++ 4+
Amygdala

Lateral and basolateral + 4+ ++ 4+ + 4+
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Ligands Source Secretion Receptor Synaptic effect

Mature BDNF Autocrine or paracrine Constitutive TrkB full length Formation, maintenance

Mature BDNF Autocrine or paracrine Activity-dependent TrkB full length Formation, maintenance, plasticity, strength

Mature BDNF Constitutive TrkB-truncated isoforms Formation, maintenance, plasticity, strength

Mature BDNF Activity-dependent

Autocrine or paracrine TrkB-truncated isoforms Formation, maintenance, plasticity, strength

ProBDNF Autocrine or paracrine Constitutive p75NTR Elimination, plasticity, strength

ProBDNF Autocrine or paracrine Activity-dependent p75NTR Elimination, plasticity, strength

Constitutive Sortilin and SorCS 1-3 Elimination, plasticity, strength

Propeptide Autocrine or paracrine

Propeptide Autocrine or paracrine Activity-dependent Sortilin and SorCS 1-3 Elimination, plasticity, strength

p75NTR

Propeptide Autocrine or paracrine Constitutive Elimination, plasticity, strength

Elimination, plasticity, strength

Propeptide Activity-dependent

Autocrine or paracrine
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were labeled (Klassen and Shen, 2007)
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marker AChR in DA motor neurons;
synaptic vesicle proteins SNB-
1/synaptobrevin, RAB-3, and SNG-
1/synaptogyrin in addition to active
zone marker SYD-2/liprin-a and
voltage-gated calcium channel CCB-1
were labeled (Poon et al., 2008)
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Site Cell type mRNA E18 PO-1 P34 P7-10 P14-15 P21 P28 P40 Adult
Cortex Cortical plate KCC1 ++ ++ ++ +
Layer II/III
Kce2 | nd + + ++ +++ +++ [ +++
NKCC1 +++ +++ +++ ++ + + +
KCC1 ++ ++ ++ n.d.
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Methodology of genetic screens

Cell-based gene

profiling

Visualization within subsynaptic region
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regulator RNAi mutants that
destabilized NMJs; dia, dlar, and trio
acted in the same pathway to regulate
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(Pawson et al., 2008)
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circuit

Analysis of programmed behavior
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molecules: (reviewed
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et al., 2007)
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MARCM screens for abnormal
axonal projection patterns of
single neurons in adult brain
(Zheng et al., 2003); Baboon
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encoded by glass bottom boat to
regulate NMJ growth from the
muscle side (Ellis et al., 2010)
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overexpressing the dominant-
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Gene/Mutation

NLGN1
CNV (deletion)

Associated Disease

Development delay, intellectual

disability, seizure,

Reference

(Millson et al.,
2011)

Phenotypes in mouse model®

NLGNI KO:

Impairments in associative fear learning and spatial learning, increased

microcephaly repetitive grooming behavior, normal PPI
NLGN2 missense mutations (R215H, Schizophrenia (Sun et al.,, 2011a) NLGN2 KO: Decreased motor coordination, increased anxiety
V510M, R621H, and A637T) R215H: Reduced GABAergic transmission,anxiety-like behavior,
impaired PPI, and impaired spatial learning and memory
NLGN3 ASD (Jamain et al., NLGN3 KO: reduced USVand lack of social novelty preference, reduced
R451C mutation isoforms with or ASD 2003) brain size, normal PPI, loss of social recognition and social
without exon 7 ASD (Talebizadeh conditioned place preference
Certain polymorphisms ASD et al., 2006) R451C: Improved spatial memory, decreased social approach
Deletion (Ylisaukko-oja
et al., 2005)
(Levy et al.,
2011)
NLGN4 ASD (Jamain et al., | NLGN4 KO: deficits in social behavior, social memory, reduced USV,
Premature stop codon ASD and mental 2003) reduced brain size
Premature stop codon retardation (Laumonnier
Point mutations (G99S, K378R, ASD and pervasive et al., 2004)
V403M, R704C), deletions (exons developmental disorder (Yan et al.,
4, 5, and 6) ASD and Tourette 2005)
MMutation in promoter syndrome (Lawson-Yuen
region/increased expression ASD and mental et al., 2008)
level retardation (Daoud et al.,
Point mutation (R87W) ASD 2009)
Point mutation (K378R) isoform ASD (Zhang et al.,
lacking exon 4 ASD 2009)
(Pampanos
et al., 2009)
(Talebizadeh
et al., 2006)
NRXN1 ASD (Feng et al., NRXN1 KO: decreased PPI, impairment in nest-building activity, improved
Mutations (S14L) in the first exon of Schizophrenia 2006) motor learning, normal social interaction
beta isoform Mental retardation (Ikeda et al.,
Deletion ASD, mental retardation, 2010)
Deletion of exon 1-4 and premature language delays, (Zweier et al.,
stop in exon 15 hypotonia 2009)
Deletions ASD and schizophrenia (Ching et al.,
Truncating and missense mutations ASD 2010)
Disruption Schizophrenia (Gauthier
Disruption Nicotine dependence et al., 2011)
SNP associations Nicotine dependence (Kim et al.,
SNP associations Schizophrenia 2008)
SNP associations ASD (Rujescu et al.,
Deletion 2009)
(Bierut et al.,
2007)
(Nussbaum
et al., 2008)
(Yue et al.,
2011)
(Levy et al.,
2011)
NRXN2 ASD and schizophrenia (Gauthier Social interaction deficits, increased anxiety-like behavior, reduced mEPSCs
Truncating and missense mutations ASD et al., 2011) frequency
SNP associations (Wang et al.
2018)
NRXN3 ASD (Vaags et al.,
Deletion Nicotine dependence 2012)
SNP associations Alcohol dependence (Novak et al.,
Altered splicing at AS5 Opioid dependence 2009)
SNP associations ASD (Hishimoto
SNP associations et al., 2007)
(Lachman
et al., 2007)
(Wang et al.

2018)
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